
Hidden Players in Marine Pollution: Investigating Polycyclic Aromatic Hydrocarbon Co-

metabolism in Marine Bacteria 

  

 

 

 

 

 

 

 

 

A Dissertation Presented for the 

Doctor of Philosophy 

Degree 

The University of Tennessee, Knoxville 

 

 

 

 

 

 

 

 

 

 

 

 

Jillian Walton 

May 2025  



ii 

Copyright © 2025 by Jillian Walton. 

All rights reserved. 

 

 

 

 

 

 

 

 

 

 

 

 

 

 



iii 

DEDICATION 

To my grandfather,  

who taught me there is more to nature than meets the eye. 

 

 

 

 



iv 

ACKNOWLEDGEMENTS 

There are many people who I need to thank for helping me get to where I am today. I 

could write pages on each interaction, conversation, and experience that allowed me to 

end up here. I don’t have endless pages, but I do have a couple. 

To Alison, thank you for allowing me to join your lab and supporting my many interests. 

Thank you for taking a chance on my wild idea to explore PAH co-metabolism. Without 

your faith in me, I wouldn’t be where I am today. 

To my lab, specifically, April, Mustafa, Madeline, and Saloni, thank you for making me 

smile and laugh no matter what experiment was making me bang my head against the 

bench. You made the grueling hours in lab worth it and helped me leave each day with a 

smile on my face more often than not. 

To Taylor and Ellen, mentoring both of you was the highlight of my graduate school 

experience. Watching you both grow into brilliant scientists motivated me to do my best 

as your mentor. I know you both will go on to do amazing things and I am grateful to 

have been part of your scientific journey. 

To Dr. Zachary Burcham, I know your time in our lab was short, but I appreciated your 

willingness to help and collaborate with me. You brought much needed expertise to our 

lab, and I am grateful to have you as a co-author. 

To Dr. Edward Wright, I know for a fact that this dissertation would not exist without 

you. Thank you for your patience with me and assistance with HPLC. No matter how 

stressful experiments became, you were always willing and ready to help me troubleshoot 

any problems. 

To my committee, Dr. Todd Reynolds, Dr. Andrew Steen, and Dr. Jennifer DeBruyn, 

thank you for being a consistent source of encouragement, giving me your honest 

feedback even if it was difficult to hear, and for pushing me to live up to my potential. 

To Dr. Jean Lim, without your mentorship during my undergraduate training, I wouldn’t 

have believed that I could accomplish what I did in this dissertation. You taught me that 

failure comes often, success should be celebrated, and there is no problem that cannot be 

solved by talking it out with someone else. You inspired me to mentor undergraduates of 

my own, and I hope I was able to live up to your example. 



v 

To my dad, we didn’t always know I would get here, but I wouldn’t be here without you. 

Thank you for always picking up the phone not knowing if there would be tears or laughs 

on the other side. You have always been there when I needed you and I will never take 

that for granted. 

To my mom, thank you for supporting my love of science. You have been one of my 

biggest cheerleaders throughout this entire process. 

To my sisters, Jenna and Julia, thank you for being patient with me as I went through this 

process. Thank you for the joy, the laughs, the inside jokes, and the hugs. I promise to be 

better at texting back now. 

And finally, to my husband, my best friend, and the love of my life, you followed me to 

Knoxville, leaving behind your friends and your job. You have seen me excited and 

devastated, curious and overwhelmed, and joyful and anxious, and never once did you 

leave my side. Thank you for growing with me, humoring me, and loving me. 

 

 



vi 

ABSTRACT 

Polycyclic aromatic hydrocarbons (PAHs) are toxic, carcinogenic pollutants that are 

found in nearly every environment. The recalcitrance of these pollutants makes their 

removal difficult, but microbial degradation has been investigated as a remediation 

technique. Marine environments are the final destinations for many PAHs, thus 

investigating marine microbes able to degrade these compounds is crucial to the 

mitigation of PAH pollution. While investigation into microbial PAH degraders has been 

conducted, most studies only focus on sole-metabolism, or the degradation of PAHs not 

dependent the presence of a labile carbon source. The following work investigates 

another PAH transformation strategy: co-metabolism. Co-metabolism, as defined in this 

dissertation, is the degradation of PAHs only in the presence of a labile carbon source. 

Despite coastal PAH pollution co-occurring with high DOC concentrations, little research 

has investigated co-metabolism, and even less has focused on co-metabolism within 

marine environments. Here, I show that PAH co-metabolism appears to be a widespread 

metabolic strategy among marine bacteria, with evidence from both culture collection 

isolates and environmental isolates. In addition, this co-metabolism appears to proceed by 

a different mechanism than sole-metabolism due to the lack of PAH degradation genetic 

biomarkers in strains capable of co-metabolism. The lack of biomarkers may explain the 

underrepresentation of co-metabolism PAH degraders in literature as many studies only 

experimentally investigate sole-metabolism and heavily rely on biomarkers to determine 

PAH degradation activity. Using a model marine bacterium, Ruegeria pomeroyi DSS-3, 

we found that the mechanism of co-metabolism appears to be carbon source dependent 

and is likely mediated by non-specific dioxygenases, one of which appears to be common 

in Roseobacteraceae PAH co-metabolizers. Furthermore, evidence in this dissertation 

suggests that co-metabolism degraders play an important role in natural attenuation of 

PAHs within non-chronically polluted environments. This dissertation provides a 

foundation for future research into PAH co-metabolism by establishing methods and 

contributing to the known diversity and ecology of marine bacterial PAH co-

metabolizers.  
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CHAPTER 1 INTRODUCTION 

Polycyclic aromatic hydrocarbon properties and distribution 

Polycyclic aromatic hydrocarbons (PAHs) are persistent organic pollutants constructed of fused 

benzene rings. The pi-distributed electrons of the aromatic rings increase the stability and 

hydrophobicity of these pollutants. Their stability in turn decreases their bioavailability, 

contributing to their recalcitrance in the environment (1). PAHs are split into two categories 

based on the number of rings: low-molecular weight (LMW; <4 rings) and high-molecular 

weight (HMW; ≥4 rings) (Figure 1.1). Stability and hydrophobicity increase with increasing 

molecular weight, whereas bioavailability decreases with increasing molecular weight. PAHs are 

formed through pyrogenic and petrogenic processes. Pyrogenic PAHs occur from the combustion 

of organic carbon, whereas petrogenic PAHs originate from petroleum (2). These compounds are 

distributed in the atmosphere, soil, and water, and can enter the environment as byproducts of 

anthropogenic (e.g., crude oil, industrial wastewater, and solid waste combustion) and natural 

(e.g., volcanic eruptions and forest fires) processes (Figure 1.2) (3, 4). 

Not only are these compounds recalcitrant in the environment, but many are also carcinogenic, 

mutagenic, and toxic. Over 100 known PAHs are present in the environment, with 16 listed on 

the U.S. Environmental Protection Agency’s Priority Pollutant List (Figure 1.1) (2). In humans 

these compounds cause cancer, cardiovascular problems, adverse birth effects, and immune 

system suppression. Much like their other chemical properties, toxicity also increases with 

increasing molecular weight (2). While some evidence of bioaccumulation of these compounds 

has been reported, PAHs do not appear to undergo biomagnification in higher trophic levels due 

to detoxifying enzymes, such as cytochrome P450 monooxygenases able to oxidize PAHs (5, 6). 

In addition to the hazard of the parent PAH compounds, the degradation intermediates, such as 

epoxides and dihydrodiols, form covalent bonds with proteins and genetic material, leading to 

cell damage (2, 7). Thus, while higher trophic level organisms, such as humans, have enzymes 

that oxidize PAHs, the intermediates from this oxidation can cause further negative health effects 

rather than reducing toxicity. 
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Figure 1.1: Sixteen polycyclic aromatic hydrocarbons listed on the Environmental 

Protection Agency's Priority Pollutant List. (“Structure of the 16 PAHs enlisted as priority 

pollutants by US EPA” by Ghosal et al., 2016 in Frontiers Microbiology is licensed under CC-

BY 4.0; https://doi.org/10.3389/fmicb.2016.01369) (2)  
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Figure 1.2: Natural and anthropogenic sources of marine pyrogenic polycyclic aromatic 

hydrocarbon pollution. (“Main sources of pyrogenic PAHs entering the marine environment.” 

by Duran & Cravo-Laureau, 2019 in FEMS Microbiology Reviews is licensed under CC-BY 4.0; 

https://doi.org/10.1093/femsre/fuw031) (4)  
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Polycyclic aromatic hydrocarbons in marine ecosystems 

Coastal communities, such as salt marshes, are ecologically productive areas that provide a 

plethora of ecosystem services (e.g., coastal protection, water purification, and carbon 

sequestration). Marine ecosystems act as a sink for PAH pollution with these compounds 

entering from terrestrial runoff, atmospheric deposition, and direct sources (e.g., industrial 

wastewater and oil spills). Within marine ecosystems, PAH pollution is commonly reported at oil 

and petroleum spill sites, since crude oil contains 0.2-7% PAHs by weight (1, 8). PAH 

concentration ranges from 0.0003 to 42,350 μg/L in the water column and 0 to 1.266 kg/kg in 

sediment in contaminated aquatic sites around the world (9). In addition to their high abundance 

in crude oil, higher molecular weight PAHs increase in relative abundance at these polluted sites 

as more bioavailable LMW compounds are degraded, leaving persistent PAH pollution in local 

ecosystems (10). Furthermore, PAHs are more toxic and persistent than other crude oil 

components, causing long-term environmental damage (11).  

For marine life, PAHs can bioaccumulate in fish and bivalve species and result in similar health 

effects as in humans with the addition of deformities, cataracts, and reproductive cycle disruption 

(6, 12). Coastal PAH pollution can also cause aboveground and belowground vegetation death 

and decreased ecosystem recovery, ultimately resulting in habitat loss and increased shoreline 

erosion (10, 13). The microflora also has reports of PAH pollution affecting the community 

composition after exposure to PAHs. At marine crude oil spill sites, Alcanivorax spp. and 

Cycloclasticus spp. commonly dominate microbial communities but only Cycloclasticus spp. 

have been reported to degrade the aromatic fraction of crude oil (11).  Known PAH degraders, 

such as Mycobacterium spp., Sphingomonas spp., Pseudomonas spp. and Rhodococcus spp. are 

commonly found at PAH polluted sites (14, 15). While microflora community shifts have been 

reported, these shifts do not describe the degradation potential of the organisms or the 

mechanisms of degradation that may be occurring. Since coastal marine ecosystems have 

constant influx of PAH through various sources, understanding natural attenuation by both 

abiotic and biotic means can help to sustain the longevity of these ecosystems. 

While LMW PAHs, such as naphthalene readily volatize from marine surface water, most PAHs 

of higher molecular weight cannot volatize at ambient temperatures (7). PAHs readily adsorb to 

organic and inorganic particulate matter and sink to the sediment, thus increasing the 



5 

concentration of PAHs in marine sediment compared to the water column (1, 4, 16). One study 

that investigated PAH transport through the water column found that each day 3.1%–6.7% of 

particulate PAHs sank to the ocean floor in the Gulf of Mexico (17). During this vertical 

transport, particulate PAHs decrease due to desorption and degradation. Sediment adsorbed 

PAHs can also be remobilized in the water column by processes that disturb the sediment (e.g., 

currents, storms, bioturbation, dredging) (4). Beyond adsorption of PAHs, abiotic factors in 

marine environments affect PAH concentrations and bioavailability. While photooxidation of 

PAHs appears to happen rapidly in surface water, the sinking of PAHs prevents abiotic 

degradation by this process (18). Photooxidation produces oxy-PAHs, which can be more toxic 

than the parent compounds (4). Other than photooxidation, abiotic transformation of PAHs in 

marine environments has not been extensively studied. Chemical oxidation of PAHs has been 

studied in soils, where reactive oxygen species produced by sediment particles can transform 

these compounds. (19). 

Microbial degradation of polycyclic aromatic hydrocarbons 

While a plethora of chemical and physical removal methods have been established for PAH 

environmental remediation, microbial degradation of PAHs has been proposed as a more 

efficient, sustainable, and cost-effective solution (1). Due to the recalcitrance of PAHs, few 

microbes can overcome the metabolic hurdle they pose, so investigating microbes and pathways 

that degrade PAHs is of particular interest. PAHs can be degraded via aerobic and anaerobic 

metabolic processes, but the focus of this dissertation will be on aerobic (oxygen-dependent) 

degradation. Furthermore, while some fungi and archaea degrade PAHs, this dissertation will 

only discuss bacterial PAH degradation (2, 7). 

Bacterial polycyclic aromatic hydrocarbon degraders 

A variety of taxa have been reported to degrade PAHs as a sole carbon and energy source. 

Mycobacterium spp., Rhodococcus spp. Pseudomonas spp., Sphingomondaceae strains, and 

many others have been well studied both for their ability to degrade PAHs (e.g., enzymes and 

mechanisms of degradation) (20). Mycobacterium spp. have received significant study due to 

their prevalence in and contribution to PAH-degrading soil communities (20, 21). Specifically, 

Mycobacterium vanbaalenii PYR-1 was one of the first organisms found to degrade PAHs and 

has undergone extensive study since its isolation from sediment in a chronically polluted bay 
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(Figure 1.3) (22). Its complete PAH metabolic pathway has been identified; conversely other 

organisms have not received the same level of study (23). Thus, investigations into other 

bacterial degradation mechanisms and pathways are needed to explore the landscape of PAH 

biodegradation. 

Alphaproteobacteria are metabolically versatile, thus many PAH degraders have been discovered 

in this phylum. Most of these bacteria belong to the Sphingomondaceae family (24). Within the 

family, the PAH degrative gene clustered differ between surface and subsurface isolates. In 

addition, genes involved in PAH degradation for family members are generally plasmid-

associated (25).  While some Betaproteobacteria have been reported to degrade PAHs, 

Gammaproteobacteria are more well-known for their PAH degradation ability, specifically their 

ability to degrade HMW PAHs (24). Several Pseudomonas spp. and Cyclocasticus spp. show 

high degradation efficiency of pyrene (24). Outside of Proteobacteria, much of the study of 

Actinobacteria has been focused on Mycobacterium spp. as mentioned above, but a variety of 

Rhodococcus spp. have also been shown to degrade PAHs. Specifically, the naphthalene (a 

LMW PAH) degradation pathway within Rhodococcus spp. has been well investigated and these 

strains rely on three structural genes for the degradation of this compound (2). Numerous 

Bacillus spp. have also been reported to degrade pyrene, a HMW PAH (24). 

While utilizing a single organism for PAH degradation has shown promise, microbial 

consortiums of PAH degraders are also of interest as degradation efficiencies and rates can 

increase by utilizing multiple bacteria (2). Consortiums can have a drastic effect on PAH 

degradation with degradation rates increasing from ~50% degradation to nearly 100% (26, 27). 

Such increased degradation is attributed to cross-feeding, where PAH degradation intermediates 

can act as substrates for other organisms (28). Beyond PAH metabolism, mixed communities can 

also overcome the inhibitory effects of PAHs or increase the solubility of PAHs through 

biosurfactant production (26, 29). In addition, different bacterial groups can degrade different 

PAHs, allowing multispecies consortia to increase degradation efficiency of mixed PAHs (14, 

30). Despite the plethora of bacteria and consortium investigated for their ability to degrade 

PAHs, most studies only focus on the ability of PAHs to be used as a primary growth substrate 

without considering the presence of other degradation mechanisms.  
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Figure 1.3: Proposed Mycobacterium vanbaalenii PYR-1 polycyclic aromatic hydrocarbon 

degradation pathway. (“Overview of degradative pathway for HMW PAHs. Solid arrows 

indicate one-step reactions and dashed arrows show two or more steps. Roman numbers 

represent enzymatic steps in the pathway. Enzyme names are shown with the number of genes 

identified in the PYR-1 genome.” by Kim et al., 2008 in Biodegradation licensed under CCC 

5899420508390) (38) 
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Bacterial polycyclic aromatic hydrocarbon transport 

Despite the interest in bacterial PAH degradation, few studies have been conducted on how 

PAHs enter the cell. Unlike fungi, bacterial degradation of PAHs requires the compounds to be 

transported inside the cell as the enzymes that degrade these compounds are generally 

intracellular. From what little research has been conducted, PAHs are able to enter bacteria 

mainly through passive diffusion (32). Some bacteria also can actively transport PAHs into the 

cell through transporters, but much evidence is restricted to transcriptional analysis only. For 

instance, both Burkholderia vietnamiensis G4 and Mycolicibacterium spp. strains, had several 

transporters induced during PAH exposure and degradation (29, 31). This evidence aligns with 

PAH transport experiments conducted with Arthobacter sp. Sphe3, where its active uptake 

system utilizing proton motive force is induced by phenanthrene (32). While these active 

transport systems exist, little is known about if such transport systems are conserved among 

different bacterial species or not. In addition to this active transport into the cell, some bacteria 

also contain efflux pumps to remove PAHs from the cell. Pseudomonas fluorescens LP6a can 

passively transport PAHs into the cell, but also has an efflux pump that is dependent on the 

intracellular concentration of PAHs. This mainly occurs in the presence of another carbon source 

when PAHs are not being used as a carbon and energy source, similar to the active transport 

system in Arthobacter sp. Sphe3 (31, 33).  

Bacteria also change their membrane structure in the presence of PAHs due to the accumulation 

of PAHs in bacterial membranes. Evidence suggests that only PAHs with fewer than six rings, 

regardless of configuration are capable of membrane accumulation (34). When PAHs are present 

in bacterial membranes, they disrupt the hydrogen and dipole-dipole bonds in the lipid bilayer, 

thus changing the structure and function of the membrane. To overcome this, bacteria will 

modify their membrane lipids to make the membrane more hydrophobic and reduce fluidity (31, 

35). Specifically, such membrane changes have been well documented in Mycobacterium spp., 

where they decrease the mycolic acid and increase unsaturated fatty acid proportions of their 

membranes to compensate for PAH accumulation. 

Bacterial polycyclic aromatic hydrocarbon degradation pathways 

Three types of PAH biodegradation exist: sole-metabolism which is growth-linked degradation 

and results in the complete degradation of PAHs to H2O and CO2, co-metabolism which is non-
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growth linked and requires a more labile carbon source for PAH degradation to occur, and 

detoxification which is non-growth linked and results in a structural change to the PAH (36). 

Most canonical sole-metabolism pathways, such as the one present in M. vanbaalenii PYR-1, 

follow similar degradation mechanisms. M. vanbaalenii PYR-1 shows the characteristic 

catabolic funneling effect seen in PAH and monocyclic aromatic compound degradation 

pathways where a limited number of ring-cleaving enzymes break down a plethora of aromatic 

compounds (37). A common feature of PAH degradation is initial hydroxylation of an aromatic 

ring (via dioxygenase or monooxygenase) and subsequent re-aromatization and ring cleavage 

reactions, resulting in monocyclic intermediates that can be funneled to the TCA cycle (Figure 

1.3; Figure 1.4) (1). The initial ring-hydroxylation is conducted by PAH ring-hydroxylating 

dioxygenases with various specificities. These multimeric dioxygenases have two subunits: large 

iron-sulfur protein (alpha) and a small iron-sulfur protein (beta) (40). The alpha subunit is 

involved in substrate specificity and dioxygenases have been reported to have both wide and 

narrow specificity for PAHs. This initial hydroxylation is the rate limiting step of the pathway as 

it destabilizes the ring for further downstream enzymatic attack. After the addition of hydroxyl 

groups, the ring re-aromatizes before getting cleaved. Once the ring is cleaved, a substituent is 

removed by a PAH hydratase-aldolase (38, 41, 42). Generally, a pyruvate molecule is removed 

and then funneled to the TCA cycle (43). The following reactions continue until a single ring is 

left, generally in the form of salicylate or phthalate (2, 23). Depending on the organism, 

phthalate is converted to protocatechuate, proceeding down the protocatechaute (pca) 

degradation pathway, and salicylate is either converted to gentisate or catechol, proceeding down 

the gentisate (gen) or catechol (cat) degradation pathways, respectively. Evidence also suggests 

that PAHs can be broken down into benzoate or p-hydroxybenzoate and then funneled through 

the cat and pca pathways, respectively. In downstream pathways, these monocyclic aromatic 

compounds are converted to TCA cycle intermediates and may be used as primary growth 

substrates (Figure 1.4) (39). 
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Figure 1.4: Poly- and monocyclic aromatic compound degradation through intermediate 

products. (“Aerobic routes for the degradation of aromatic compounds: Polycyclic aromatic 

compounds are metabolized to mono-aromatic intermediates (red circle and open arrow) which 

are further funneled through limited central common aromatic intermediates (blue circle and 

thick arrow) to central carbon pathway aliphatic intermediates (green circle and thin arrow).” by 

Phale et al., 2020 in Advances in Applied Microbiology licensed under CCC 5899421110711) 

(39)  
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Bacteria can also detoxify PAHs instead of pursing degradation via the addition of substituents to 

form glucuronide, reduced glutathione, sulfate, or methyl conjugates. One example of this is in 

M. vanbaalenii PYR-1 that contains a catechol o-methyltransferase and form an o-methylated 

PAH derivative (44). This forms a dead-end product, where oxidation cannot occur due to the 

methoxy groups (3). While bacterial detoxification of PAHs exists, little investigation has 

occurred outside of M. vanbaalenii PYR-1. 

Even within a single microbe, diverse genetic pathways to degrade PAHs may exist, suggesting 

that PAH degradation pathways arise from adaptation of existing pathways (20). Even though 

many pathways have evolved, there are conserved genetic biomarkers for degradation: PAH 

ring-hydroxylating dioxygenases (RHDs), PAH hydratase-aldolases, and monocyclic aromatic 

compound dioxygenases (Table 1.1) (42, 45, 46).  

PAH RHDs have been commonly used as genetic biomarkers for PAH degradation because they 

are the rate limiting step in PAH degradation. Most often the large alpha subunit is used as the 

biomarker of interest (47). Unfortunately, PAH RHDs, and even dioxygenases as a group, are 

highly similar despite their differences in substrate specificity, thus many dioxygenases 

identified as potential PAH RHDs likely act on different compounds. In terms of substrate 

specificity, the active site size can predict the range of PAHs it acts on. Smaller active sites 

generally bind LMW PAHs and larger active sites bind HMW PAHs (47). Examples of PAH 

RHDs include the PahA, NahA, NarA, and NidA enzymes (Table 1.1). Recently, PAH 

hydratase-aldolases involved later in the upper pathway of PAH degradation, have been 

suggested as a more specific and conserved biomarker for PAH degradation (42). The 

conservation of this enzyme may come from its function in the PAH degradation pathway, where 

it results in the release of at least one carbon atom containing compound to be funneled into the 

TCA cycle. This is the first step where the cell gains energy from the costly breakdown of PAHs 

(42). The distribution of this biomarker has also been shown to correlate with PAH-pollution 

concentration and pahE gene abundance was significantly positively related to PAH removal rate 

(48, 49). While not directly used as a biomarker, monocyclic aromatic dioxygenases, such as 

those involved in cat and pca pathways are used as evidence of PAH funneling to the TCA cycle. 

Since these enzymes act on a variety of PAH intermediates as well as plant-derived aromatic  
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Table 1.1: PAH biomarkers used to assess PAH degradation potential in bacteria. 

Protein Type Substrate Pathway Citation 

PahAc Ring-

hydroxylating 

dioxygenase 

PAH Upper Liang et al., 2019 

(50) 

PahE Hydratase-

aldolase 

(3E)-4-(2-hydroxyphenyl)-

2-oxobut-3-enoate 

Upper Liang et al., 2019 

(50) 

NarAa Ring-

hydroxylating 

dioxygenase 

PAH Upper Huang et al., 2023 

(45) 

NarC Hydratase-

aldolase 

(3Z)-4-(2-carboxyphenyl)-

2-oxobut-3-enoate 

Upper Huang et al., 2023 

(45) 

NidA Ring-

hydroxylating 

dioxygenase 

PAH Upper Huang et al., 2023 

(45) 

PhdG Hydratase-

aldolase 

(E)-4-(1-

hydroxynaphthalen-2-yl)-2-

oxobut-3-enoate 

Upper Huang et al., 2023 

(45); LeVieux et 

al., 2016 (42) 

NahAc Ring-

hydroxylating 

dioxygenase 

PAH Upper Huang et al., 2023 

(45) 

NahE Hydratase-

aldolase 

(3E)-4-(2-hydroxyphenyl)-

2-oxobut-3-enoate 

Upper Huang et al., 2023 

(45) 

PcaH/G Ring-cleavage 

dioxygenase 

Protocatechuate Lower Zhang et al., 2019 

(51) 

PcaA/LigB Ring-cleavage 

dioxygenase 

Protocatechuate Lower Zhang et al., 2019 

(51) 

CatA Ring-cleavage 

dioxygenase 

Catechol Lower  

CatE/YfiE Ring-cleavage 

dioxygenase 

Catechol Lower  
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compounds, their presence alone cannot determine whether an organism is able to degrade PAHs 

(Table 1.1; Figure 1.3) (50). 

Co-metabolism, nutrient requirements, and biostimulation of PAH degradation 

While the presence of another carbon source can prevent active transport of PAHs, it also can 

increase or stimulate PAH degradation. Recent evidence suggests that co-metabolism, or the 

degradation of PAHs only in the presence of a more labile carbon substrate, may be a prevalent 

metabolic strategy for the degradation of PAHs (36). The lack of catabolite repression in some 

PAH degradation pathways is unique as other aromatic compound transformations are generally 

under catabolite repression (39). Most studies investigating co-metabolism in bacteria have 

focused solely on PAHs with a LMW PAH used to increase degradation of a HMW PAH, rather 

than using a non-PAH carbon source (51, 52). Recently more study has focused on the ability of 

non-PAH carbon sources to stimulate PAH co-metabolism. Vanillate, yeast extract, tryptone, 

peptone, glucose, starch, sucrose, sodium succinate, and sodium citrate have all been shown to 

increase bacterial degradation of HMW PAHs (51, 53–55). The mechanism of this co-

metabolism is currently unknown, but several explanations exist. One explanation, not 

considered “true” co-metabolism, is that by providing a more labile carbon source, bacterial 

biomass increases, thus increasing degradation (55).  While some PAH degradation pathways 

appear to be under catabolite repression, PAH co-metabolism pathways do not appear to be 

regulated by catabolite repression (56–58). Other hypotheses suggest that bacteria that co-

metabolically degrade PAHs likely are not receiving a direct benefit from degradation and may 

only be involved in the initial ring-hydroxylating step of PAH degradation (54). Another line of 

evidence suggests that bacterial PAH mineralization increases even with a more labile carbon 

source present (53). Whether this co-metabolic transformation allows bacteria to garner energy 

from PAHs or acts as a detoxification mechanism for PAHs is still unknown. Currently, co-

metabolism appears to be a promising mechanism to stimulate PAH degradation, but further 

investigation into the ecology and mechanisms co-metabolism is needed. 

Beyond additional carbon substrates, low nutrient concentrations (N and P) can inhibit 

degradation, as can high concentrations (2). Nitrogen is commonly limited in hydrocarbon 

contaminated environments where PAHs are commonly found, making it necessary for nitrogen 

amendments or nitrogen fixing by other bacteria to stimulate PAH degradation (11). An example 



14 

of this cross feeding can be seen with Paracoccus aminovorans HPD-2, a PAH degrading strain, 

and Azotobacter chroococcum HN, a nitrogen fixing strain, where pyrene degradation was 

increased in co-culture versus a P. aminovorans HPD-2 culture (59). Stimulating degradation by 

adding additional nutrients has also been shown to increase PAH degradation. Adding a general 

NPK fertilizer (15:15:15) increased pyrene degradation for a variety of marine strains (51). For 

soil bacteria and Fungi, a 10:1 C:N ratio was found to increase PAH degradation the most 

compared to other C:N ratios (54). A 100:10:1 C:N:P molar ratio was found to stimulate PAH 

degradation in both Sphingomonas sp. strains and Mycobacterium sp. strains in soil (60). Similar 

results were found for an enriched consortium of marine bacteria where the C:N ratio 

significantly affected biodegradation of phenanthrene and fluorene (61). While nutrient addition 

is a well-known biostimulation strategy, most of the work has been focused on soil ecosystems 

rather than marine ecosystems. 

Biostimulation of bacteria to degrade PAHs depends on both nutrient addition as well as the 

addition of substrates that alter the solubility of PAHs. Humic acids have been shown to increase 

PAH solubility, mineralization, and diffusion of PAHs in Mycobacterium spp. (62, 63). Humic 

acids have surfactant-like properties that increase the bioavailability of PAHs (63). Surfactants, 

such as Tween-80 and Triton X-100, have been shown to increase PAH degradation by 

increasing their solubility (64). In addition to commercially produced surfactants, several 

bacteria produce biosurfactants, such as glycolipids, lipopeptides, surfactins, lichenyins, and 

phospholipids (64). Despite their ability to increase the bioavailability of PAHs, at certain 

concentrations they can also inhibit microbial activity or be used as a growth substrate instead of 

PAHs (64, 65). Surfactants have been shown to increase degradation of PAHs in a variety of 

bacteria, including Mycobacterium sp., Sphingomonas paucimobilis EPA 505, Lysinibacillus sp. 

AK1, Kocuria flava AK6, Nocardioides sp. AK9, Staphylococcus sp. A14, Bacillus spp., and 

Arhtrobacter sp. AK5 (65–67). 

The effect of temperature, pH, salinity, and oxygen on PAH degradation 

Beyond nutrient availability, surfactant production, and PAH bioavailability, PAH degradation 

efficiency and degradation rate depends on a variety of environmental factors (2). As 

temperature increases, PAH solubility increases. Higher temperatures within the optimal growth 

temperature range of a microbe will generally result in increased degradation of PAHs (2). 
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Despite warmer temperatures increasing PAH degradation, microbial PAH degradation can still 

occur at low temperatures (0-5°C) (68). Little research has investigated the effect of pH on PAH 

degradation. Of those studies, most focus on soil and sediment bacteria, so the broad effect of pH 

on PAH degradation is currently unknown (61, 69). Since PAHs are degraded intracellularly, it is 

likely that external pH does not play a large role in degradation of PAHs but could influence the 

bioavailability of PAHs (33). For instance, pH can influence the ability of surfactants to increase 

the solubility of PAHs, but the impact of pH is inconsistent in present studies (64). Despite 

marine environments being a sink for PAHs, PAH degradation generally decreases with 

increasing salinity (70, 71). Prior adaptation to environmental conditions may also lead to PAH 

degradation under higher salinities (61, 72). Oxygen is required for PAH RHDs in aerobic PAH 

degradation; thus, the availability of oxygen can further limit the rate-limiting step for PAH 

degradation. A common biostimulation technique involves injecting air into the contaminated 

site to increase biological degradation (2). Understanding how these different factors influence 

PAH degradation can assist in increasing PAH degradation ex situ and in situ. 

Roseobacteraceae: A prevalent marine Alphaproteobacterial family 

Members of the Roseobacteraceae family of bacteria are prevalent in marine microbial 

communities and are most abundant in productive regions, including coastal marine ecosystems 

where they can make up to 25% of bacterial communities (73). While new members are 

constantly being identified, the family contains over 320 species and over 120 genera (74). 

Collectively, Roseobacteraceae members display tremendous metabolic and genetic diversity, 

even among closely related strains (74, 75). The metabolic capabilities displayed by members 

allow them to play a central role in marine carbon and sulfur cycles (73). As a family, 

Roseobacteraceae are found in high salinity environments, can utilize 

dimethylsulfoniopropionate, and have acyl-homoserine lactone-based quorum sensing systems 

(74). 

Roseobacteraceae aromatic compound degradation 

Many family members are adept at transforming aromatic compounds and possess numerous 

ring-cleaving pathways for their complete degradation (i.e.  pca protocatechuate ortho-cleavage, 

gdo gentisate ortho-cleavage, hgd homoprotocatechuate meta-cleavage, box benzoyl-CoA, and 

paa phenylacetyl-CoA pathways). These monocyclic aromatic compounds pose a metabolic 
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hurdle for many bacteria due to their stability in the environment and their toxicity to bacteria. 

Furthermore, the degradation of these compounds proceeds through catabolic funneling, where 

there are few ring-cleaving enzymes with a broad substrate specificity. Roseobacteraceae strains 

typically employ these pathways to degrade plant-derived aromatic compounds (e.g., 4-

hydroxybenzoate, vanillate, and coumarate); however, mounting evidence indicates that group 

members may also degrade anthropogenic aromatic compounds, such as PAHs (Figure 1.4) (39, 

75, 76). 

Roseobacteraceae polycyclic aromatic hydrocarbon degradation 

Marine bacteria have been investigated as a potential source of diverse PAH degraders due to the 

stress of changing environmental conditions they must adapt to (77). Microbial adaptation can 

confer biodegradative ability through community composition shifts, mutations, horizontal gene 

transfer, and recombination events (36). Select Roseobacteracae members have already been 

investigated for their ability to degrade PAHs (Table 1.2). For instance, Celeribacter indicus P73 

and Celeribacter persicus SBU1 showed degradation of several PAHs, suggesting that 

Celeribacter spp. strains may have adapted to degrade PAHs (78, 79). A more recent study 

showed pyrene, phenanthrene, and benzo[a]pyrene degradation by Ruegeria pomeroyi DSS-3, 

Dinoroseobacter shibae DFL 12, and Pelagibacter bermudensis HTCC2601, as well as several 

Roseobacteraceae environmental isolates (76). This study also revealed that some 

Roseobacteraceae members increase their PAH degradation rate in the presence of more labile 

carbon sources, likely attributed to PAH co-metabolism (76). Broad phenanthrene degradation 

capabilities and putative PAH degrading enzymes have also been identified for the Roseovarious 

genera (80). A new species of Lutimaribacter, L. degradans sp. nov, has been proposed with the 

identification of three strains able to degrade at least one PAH (81). Furthermore, a variety of 

environmental isolates with close phylogeny to this family have also shown the ability to degrade 

PAHs (61, 82, 83). In addition to these ex-situ investigations, several studies have demonstrated 

an increase in Roseobacteraceace relative abundance in areas with oil contamination, both in situ 

and ex situ (82, 84, 85). While several genera have been initially screened on PAHs (Table 1.2), 

the Roseobacteraceae family has incredible genetically and metabolically diversity, underscoring 

the need to investigate the PAH degrading capabilities of a plethora of genera to determine if 

PAH degradation is a clade-wide characteristic (86, 87). 
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Table 1.2: Experimentally determined Roseobacteraceae isolate PAH degradation. 

 

 

 

Table 1.2 Continued 

Strain PAH Screened Citation 

Celeribacter indicus 

P73 

biphenyl; naphthalene; 2-methylnaphthalene; 2,6-

dimethylnaphthalene; acenaphthene; anthracene; 

phenanthrene; dibenzothiophene; dibenzofuran; 

fluorene; 4-methyldibenzothiophene; fluoranthene 

Cao et al., 

2015 (89) 

Ruegeria pomeroyi 

DSS-3 

Pelagibacter 

bermudensis 

HTCC2601 

Dinoroseobacter 

shibae DFL 12 

pyrene; phenanthrene; benzo[a]pyrene Zhou et al., 

2020 (77) 

Celeribacter persicus 

SBU1 

fluorene; phenanthrene Shahriari 

Moghadam et 

al., 2014 (62) 

Citreicella 

thiooxidans DLFJ3-3 

Celeribacter 

neptunius DIFJ8-2 

Crude oil Wang et al., 

2014 (83) 

Roseovarius sp. 

SCSIO 43702 

Roseovarius indicus 

Roseovarius 

pacificus 

Roseovarius 

atlanticus 

Roseovarius 

nanhaiticus 

Roseovarius sp. 

GCL8 

Roseovarius 

spongiae 

Roseovarius 

nitrareducens 

Roseovarius 

salinarum 

phenanthrene Zhang et al., 

2022 (81) 

Lutimaribacter 

degradans sp. nov 

EGI FJ00013 

phenanthrene Gao et al., 

2023 (82) 
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Despite the initial investigations into Roseobacteraceae PAH degradation, little is known about 

what genes/proteins are involved in these pathway(s). The only strain whose degradation 

Lutimaribacter 

degradans sp. nov EGI 

FJ00014 

naphthalene; benzo[b]fluorathene; 

benzo[a]fluoranthene; pyrene; phenanthrene 

Gao et 

al., 2023 

(82) 

Lutimaribacter 

degradans sp. nov EGI 

FJ00015 

2-methylnaphthalene; anthracene; benzo[b]fluorathene; 

benzo[a]fluoranthene; acenaphtylene; pyrene; fluorene; 

phenanthrene; acenaphthene 

Gao et 

al., 2023 

(82) 
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pathway has begun to be explored is C. indicus P73. This strain is reported to have 138 genes 

related to aromatic hydrocarbon catabolism. Based on these genes, a putative fluoranthene 

degradation pathway for this strain has been published and a ring-hydroxylating dioxygenase 

was confirmed to be involved in this fluoranthene pathway. This pathway has not been 

experimentally validated (88). Since the Roseobacteraceae family is incredibly diverse, 

widespread screening of strains for degradation of PAHs and investigation into their PAH 

degradation pathway(s) is necessary. Furthermore, as ecologically relevant and abundant 

bacteria, it is crucial to understand the degradation pathways of family members to understand 

their intrinsic PAH bioremediation potential. 

Dissertation Objectives 

This dissertation aims to investigate the ecology, diversity, and mechanisms of marine bacterial 

PAH co-metabolism, specifically focusing on the Roseobacteraceae family. Chapter 2 

investigates the diversity of marine microbial PAH degraders and introduces PAH degradation as 

a widespread metabolic strategy for marine bacteria. In addition, this chapter reveals that these 

marine bacteria may be missing genetic biomarkers for PAH degradation, thus providing 

evidence for the existence of a novel PAH co-metabolism pathway. Chapter 3 builds off 

evidence of a novel co-metabolism pathway and attempts to study the mechanisms and genes 

governing the PAH co-metabolism pathway of Ruegeria pomeroyi DSS-3. To put the findings of 

Chapters 2 and 3 in context, Chapter 4 investigates the abundance and metabolic strategies of 

marine microbial communities using an enrichment study. This chapter presents the diversity and 

abundance of bacterial PAH co-metabolizers and posits their role in coastal marine systems. 
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CHAPTER 2  

EVIDENCE FOR NOVEL POLYCYCLIC AROMATIC HYDROCARBON 

DEGRADATION PATHWAYS IN CULTURABLE MARINE ISOLATES 
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    Abstract  

Polycyclic aromatic hydrocarbons (PAHs) are common toxic and carcinogenic pollutants in 

marine ecosystems. Despite their prevalence in these habitats, relatively little is known about the 

natural microflora and biochemical pathways that contribute to their degradation. Approaches to 

investigate marine microbial PAH degraders often heavily rely on genetic biomarkers, which 

requires prior knowledge of specific degradative enzymes and genes encoding them. As such, 

these biomarker-reliant approaches cannot efficiently identify novel degradation pathways nor 

degraders. Here, we screen 18 marine bacterial strains representing the Pseudomonadota, 

Bacillota, and Bacteroidota phyla for degradation of two model PAHs, pyrene (HMW) and 

phenanthrene (LMW). Using a qualitative PAH plate screening assay, we determined 16 of 18 

strains show some ability to degrade either or both compounds. Degradative ability was 

subsequently confirmed with a quantitative HPLC approach, where an additional strain showed 

some degradation in liquid culture. Several members of the prominent marine Roseobacteraceae 

family degraded pyrene and phenanthrene with varying efficiency (1.2-29.6% and 5.2-52.2%, 

respectively) over 26 days. Described PAH genetic biomarkers were absent in all PAH degrading 

strains for which genome sequences are available, suggesting that these strains harbor novel 

transformation pathways. These results demonstrate the utility of culture-based approaches in 

expanding the knowledge landscape concerning PAH degradation in marine systems. 

Introduction 

Polycyclic aromatic hydrocarbons (PAHs) are pollutants generated from incomplete combustion 

of organic compounds, such as wood, coal, petroleum oil, and municipal solid waste, that are 

ubiquitously found in atmospheric, terrestrial, and aquatic environments (1, 2). PAHs are 

composed of fused aromatic rings and are classified based on their molecular weight: low (<4 

rings; LMW) and high molecular weight (>4 rings; HMW). These compounds are toxic and 
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carcinogenic, presenting a hazard to both human and environmental health (2). The removal of 

these compounds from the environment is difficult due to their stability, hydrophobicity, and low 

bioavailability (2). Because of their recalcitrance and hazardous nature, the U.S. EPA has 

designated 16 PAHs as priority pollutants (3). HMW PAHs are of particular concern as the 

recalcitrance of these chemicals increases with number of aromatic rings (4). While chemical and 

physical methods have been designed to remove PAHs from the environment, many of these 

methods have low degradation efficiency and high costs relative to biological removal methods, 

including microbial degradation (4).  

Marine ecosystems are frequently final destinations for PAHs through terrestrial run-off, 

atmospheric deposition, industrial discharge, and oil spills (2, 5, 6). Despite the abundance of 

PAHs in marine ecosystems, relatively few marine bacteria have been investigated for their PAH 

biodegradation pathways. In contrast, significant research has been conducted with soil and 

freshwater PAH degrading bacteria, including Mycobacterium spp., Pseudomonas spp., and 

Sphingomonas spp. (7). While, in principle, these bacteria can be applied to marine environments 

for bioaugmentation, such approaches have challenges, most notably bacterial survival and the 

ability to degrade a compound in non-native environments (8). Additionally, halophilic and 

halotolerant marine bacteria may be useful in remediation of high salinity waste effluents that 

commonly contain PAH contaminants, such as industrial wastewaters (9, 10). To effectively 

remediate marine environments and high salinity wastes, marine bacteria isolated from 

ecosystems of interest should be investigated for ability to degrade PAHs.  

Bacteria are capable of transforming PAHs in various ways. The marine sediment bacterium 

Mycobacterium vanbaalenii PYR-1 was one of the first strains demonstrated to utilize pyrene, a 

HMW PAH, as a sole carbon source. The enzymes required for the complete mineralization of 

several PAHs have been characterized in this strain (11–13). Most other characterized PAH 

degraders employ similar enzymatic reactions to those identified in M. vanbaalenii PYR-1. 

Accordingly, the M. vanbaalenii PYR-1 pathway and highly homologous pathways form the 

basis for identification of PAH degradation capabilities in both isolated strains and in culture-

independent gene surveys. In general, complete PAH catabolism is initiated by hydroxylation of 

an aromatic ring (via a dioxygenase or monooxygenase), followed by subsequent re-

aromatization and ring cleavage reactions, resulting in monocyclic intermediates that are 
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funneled to central metabolism (i.e., TCA cycle). Not all PAH degraders are capable of complete 

mineralization, instead, transforming these compounds into less toxic intermediates, such as the 

addition of methoxy groups (12). Metabolically, these intermediates are dead-end products and 

further degradation is generally prevented due to the methylation of hydroxyl groups (1). Finally, 

co-metabolism of PAHs is increasingly observed in diverse bacteria. This phenomenon usually 

occurs with LMW and HMW PAH mixtures, where the presence of more labile LMW PAH 

increases the rate or efficiency of HMW PAH degradation (4, 14, 15). While some evidence 

exists that other labile carbon sources (e.g., starch and yeast extract) can be used for co-

metabolism of PAHs, less information is available about the mechanism of co-metabolism and 

which compounds effectively induce co-metabolism (16, 17).  

Several genetic biomarkers for PAH degradation have been established. First, is the initial ring-

hydroxylating dioxygenase (RHD), which catalyzes the initial rate-limiting step for PAH 

degradation: hydroxylation of an aromatic ring. These enzymes (e.g., PahA, NidA) have been 

reported to be substrate specific but may be able to hydroxylate several different ring structures 

(13, 18). Specifically, the alpha subunit of this enzyme is responsible for substrate specificity and 

is used as a biomarker for PAH degradation. Second, the PAH hydratase-aldolase (pahE), has 

been shown to be the most specific and conserved biomarker within conventional PAH 

degradation pathways. This is the first step from which an organism may gain energy from the 

breakdown of PAHs through liberation of substrates feeding into the TCA cycle (19). Third, the 

final ring cleaving reaction acts on the monocyclic aromatic derivatives to produce TCA cycle 

intermediates, supporting growth. Generally, PAHs are converted into the monoaromatic central 

intermediates, protocatechuate or catechol, and funneled through their respective catabolic 

pathways (20). Each of these three steps provides a necessary reaction for complete PAH 

mineralization in conventional degradation pathways. 

A variety of culture-independent approaches are used to probe for PAH degraders in marine 

environments, including PCR amplification of biomarker genes (most often PAH RHD), 16S 

rRNA gene libraries of PAH enrichments, and biomarker homology and identity searches in 

metagenomes and genomes (21–23). These approaches have broadened the view of PAH 

degradation in marine habitats by increasing the number of predicted PAH degraders, identifying 

phylogenetic distribution of genetic biomarkers, and discovering diverse genetic organization of 
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pathways (19, 24, 25). For example, a recent study demonstrated the utility and specificity of 

pahE as a genetic biomarker and used an amplicon-based library to recover sequences that led to 

the prediction of PAH degradative abilities for several previously unreported taxa (e.g., Nevskia 

ramose DSM 11499 and Rhodovulum sp. N122) (19). While these culture-independent 

approaches have increased our knowledge of the genetic diversity and distribution of putative 

PAH degraders, these efforts frequently fail to: (i) link functionality to specific organisms and 

(ii) identify novel pathways for PAH degradation. Additionally, the focus on only those isolates 

capable of using PAHs (single or mixed) as a sole carbon source limits our understanding of 

strains that may play critical roles in co-metabolic transformation of PAHs in the environment. 

To aid in expanding the landscape of known marine PAH degraders and pathways, we screened 

18 diverse marine bacterial isolates for the ability to degrade pyrene and/or phenanthrene. After 

our initial screen, we focused our efforts on members of the marine Roseobacteraceae family as 

prior studies have indicated that representatives (e.g., Roseovarius species, Ruegeria pomeroyi 

DSS-3, and Celeribacter indicus P73) of this abundant and active group of bacteria are able to 

degrade both LMW and HMW PAHs, including pyrene, phenanthrene, and fluoranthene (17, 24, 

26). From this work, we hypothesize that some marine bacteria: (i) harbor novel pathways for 

PAH degradation and (ii) may likely not degrade PAHs as a sole carbon source, explaining the 

limited marine bacterial PAH degraders and pathways identified via omics-based approaches and 

culture-based approaches that investigate sole metabolism of PAHs. 

Results 

PAH degradative abilities identified in diverse marine bacteria 

An initial panel of 12 marine bacteria representing three phyla (Pseudomonadota, Bacillota, and 

Bacteroidota) abundant in marine ecosystems were subjected to a qualitative PAH degradation 

assay using pyrene and phenanthrene top agar plates (Marinobacterium georgiense DSM 11526, 

Bacillus-Clostridium strain SE165, Bacillus-Clostridium strain SE98, Alteromonas macleodii 

EZ55, Vibrio natriegens ATCC 14048, Rhodospirillaceae strain EZ35, Flavobacteriaceae strain 

EZ40, Alcanivorax sp. strain EZ46, Ruegeria pomeroyi DSS-3, Citreicella sp. SE45, and 

Sagittula stellata E-37). R. pomeroyi DSS-3 has previously been shown to degrade PAHs, thus 

this screening confirmed its degradative ability (17). Except for Alcanivorax sp. strain EZ46 and 

M. georgiense DSM 11526, all tested strains showed clearing zones, indicative of degradation, 
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on both pyrene and/or phenanthrene top agar plates containing complex medium after 7 days 

(Table 2.1; Figure 2.1). In contrast, no convincing indication of degradation was evident for 

strains on the PAH top agar plates containing minimal medium, suggesting that these strains 

could not utilize PAHs as sole carbon sources (Table 2.1; Figure A.2.1). Citreicella sp. SE45 

did show clearing zones on the PAH top agar plates with minimal medium, however, this was 

attributed to the strains ability to use the acetone solvent as a carbon source (data not shown). 

Following the initial screen, efforts were focused on members of the marine Roseobacteraceae 

family, an abundant and active group of heterotrophic bacteria with known abilities to degrade 

lignin-derived aromatic compounds (27) (Figure A.2.2). Three PAH degradation positive strains 

from the initial screen are family members (R. pomeroyi DSS-3, Citreicella sp. SE45, and S. 

stellata E-37). Several additional Roseobacteraceae were subsequently screened (Sulfitobacter 

sp. EE-36, Sulfitobacter sp. NAS-14.1, Ruegeria sp. TM1040, Roseovarius sp. 217, Roseovarius 

nubinhibens ISM, Rhodobacterales strain Y4I, Sulfitobacter pontiacus CB-D) using the PAH top 

agar plate assay with complex medium (Table 2.2). All showed clearing zones on the pyrene-

containing complex medium plates, and all but one (R. nubinhibens ISM) showed definitive 

clearing on phenanthrene-containing complex medium plates. Rhodobacterales strain Y4I, 

produces a blue pigment that stains the agar, obfuscating any clearing. To assess the PAH 

degradation of this organism using the PAH top agar assay, the assay was repeated with an 

unpigmented variant (igiD::Tn5) (28). This strain showed clearing zones on both pyrene and 

phenanthrene top agar plates with complex medium (Figure A.2.3). 

Quantitative assessment of PAH degradative ability 

For all strains, excluding Alcanivorax sp. EZ46, PAH loss was quantified using HPLC (Figure 

2.2). All results were consistent with the PAH top agar assay, except M. georgiense DSM 11526, 

which, despite not showing clearing zones on the PAH top agar plates, showed 6% and 16.4% 

degradation of pyrene and phenanthrene, respectively, in liquid culture. The extent of pyrene 

degradation for the marine strains ranged from 6% to 16.1% with Rhodospirillaceae strain EZ35, 

Bacillus-Clostridium strain SE165, and Flavobacteriaceae strain EZ40 showing the highest 

average pyrene degradation at 14.7%, 14.8%, and 16.1% loss, respectively. Phenanthrene 

degradation ranged from 0.7% to 24% with M. georgiense DSM 11526, Alteromonas macleodii  
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Table 2.1: Screening of marine strains using pyrene and phenanthrene top agar plate 

assay. 

Bacterial 

Strain 

Taxonomic 

Phyla/Clas

s 

Complex 

+ Pyrene 

Complex + 

Phenanthren

e 

Minimal 

+ Pyrene 

Minimal + 

Phenanthre

ne 

Marinobacte

rium 

georgiense 

DSM 11526 

Gammaprot

eobacteria 

- - - - 

Bacillus-

Clostridium 

strain SE165 

Firmicutes + + - - 

Bacillus-

Clostridium 

strain SE98 

Firmicutes + + - - 

Alteromonas 

macleodii 

EZ55 

Gammaprot

eobacteria 

+ + - - 

Vibrio 

natriegens 

ATCC 14048 

Gammaprot

eobacteria 

+ + - - 

Rhodospirill

aceae strain 

EZ35 

Alphaprote

obacteria 

+ + - - 

Flavobacteri

aceae strain 

EZ40 

Bacteroidet

es 

+ +/- - - 

Alcanivorax 

sp. strain 

EZ46 

Gammaprot

eobacteria 

- - - - 

Ruegeria 

pomeroyi 

DSS-3 

Alphaprote

obacteria 

+ + - - 

Citreicella 

sp. SE45 

Alphaprote

obacteria 

+ + + + 

Sagittula 

stellata E-37 

Alphaprote

obacteria 

+ + - - 

Escherichia 

coli DH5α 

Gammaprot

eobacteria 

- - - - 

+ clearing zones evident by day 7 or 14 

-  no clearing zones evident by day 7 or 14 

+/- inconclusive clearing zone 
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Figure 2.1: (A) Pyrene + complex medium and (B) Phenanthrene + complex medium top 

agar assay plate after 5 days of incubation. For each strain, three replicate bacterial spots were 

plated as follows: 1) R. pomeroyi DSS-3, 2) Citreicella sp. SE45, 3) S. stellata E-37, 4) Bacillus-

Clostridium strain SE165, 5) Bacillus-Clostridium strain SE98, 6) M. georgiense DSM 11526, 7) 

V. natriegens ATCC 14048, 8) Rhodospirillaceae strain EZ35, 9) Alcanivorax sp. strain EZ46, 

10) A. macleodii EZ55, 11) Flavobacteriaceae strain EZ40, and 12) E. coli DH5α. Clearing 

zones appear as dark circles on the media and are visualized after colonies are scraped from the 

top agar.  
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Table 2.2: Screening of Roseobacteraceae strains using pyrene and phenanthrene top agar 

plate assay. 

Roseobacteraceae Strains Complex + 

Pyrene 

Complex + 

Phenanthrene 

Ruegeria sp. TM1040 + + 

Ruegeria pomeroyi DSS-3 + + 

Sulfitobacter sp. EE-36 + + 

Sulfitobacter sp. NAS-14.1 + + 

Sulfitobacter sp. CB-D + + 

Roseovarius nubinhibens ISM + +/- 

Roseovarius sp. 217 + + 

Rhodobacterales strain Y4I 

(igiD::Tn5) 

+ + 

Citreicella sp. SE45 + + 

Sagittula stellata E-37 + + 

Escherichia coli DH5α - - 

+ clearing zones evident by day 7 

-  no clearing zone evident by day 7 

+/- inconclusive clearing zone 
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Figure 2.2: Degradation of (A) pyrene and (B) phenanthrene by marine strains after 26 

days. Percent degradation is relative to T0 culture and accounts for deviation from uninoculated 

controls. Standard error was calculated three replicate cultures. Strain designations are indicated 

on x-axis. 
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EZ55, and Bacillus-Clostridium strain SE165 having the highest average phenanthrene 

degradation at 16.4%, 16.6%, and 24% loss, respectively. While Flavobacteriaceae strain EZ40 

showed the greatest degradation of pyrene, it exhibited the lowest for phenanthrene in agreement 

with the PAH top agar assay. Only three strains, Bacillus-Clostridium strain SE165, 

M. georgiense DSM 11526, and Alteromonas macleodii EZ55, showed greater degradation of 

phenanthrene relative to pyrene. 

For Roseobacteraceae strains, pyrene degradation ranged from 1.2% to 29.6% (Figure 2.3). R. 

pomeroyi DSS-3, S. stellata E-37, and Citreicella sp. SE45 had the highest pyrene degradation at 

23.8%, 24.6%, and 29.6%, respectively. Most of the Roseobacteraceae strains showed greater 

degradation of phenanthrene degradation relative to pyrene ranging from 5.2% to 52.2%. 

Notably, Ruegeria sp. TM1040 showed the greatest difference from 12.4% loss of pyrene to 

52.2% loss of phenanthrene. Citreicella sp. SE45, Sulfitobacter sp. EE-36, and Ruegeria sp. 

TM1040 had the highest phenanthrene degradation averaging 33.1%, 34.4%, and 52.2%, 

respectively. The Roseobacteraceae strains also appeared to have a greater range of degradation 

for both pyrene and phenanthrene relative to other marine strains. 

PAH degradation protein identity in marine strains 

An analysis of putative PAH degradation pathways and genes was conducted for strains with 

available genome sequences: M. georgiense DSM 11526, A. macleodii EZ55, V. natriegens 

ATCC 14048, R. pomeroyi DSS-3, Citreicella sp. SE45, S. stellata E-37, Sulfitobacter sp. EE-

36, Sulfitobacter sp. NAS-14.1, Sulfitobacter sp. CB-D, Roseovarius sp. 217, Ruegeria sp. 

TM1040, Roseovarius nubinhibens ISM, and Rhodobacterales strain Y4I. E. coli DH5α, a non-

PAH degrader was included for reference (Figure 2.4). The analysis was focused on conserved 

reactions common to most characterized PAH degradation pathways (i) initial PAH ring-

hydroxylation via RHD; (ii) TCA substrate liberation via PAH hydratase-aldolase; (iii) 

monocyclic aromatic hydrocarbon catabolism via RHD) (11, 12, 29). Protein sequence alignment 

searches were conducted with representative protein sequences using BLASTP® and results 

returning an E-value below 1e-10 were further considered (Table A.2.2 & A.2.3; Figure 2.4). 

NidA (Gram + PAH/Phthalate RHD), PobA (Group I RHD), AntA (Group II RHD), PahAc 

(Group III RHD), BphA1 (Group IV RHD), and NagG (Salicylate RHD) were chosen to 

represent the known diversity of aromatic ring-hydroxylating dioxygenases involved in the first  
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Figure 2.3: Degradation of (A) pyrene and (B) phenanthrene by Roseobacteraceae strains 

after 26 days. Percent degradation is calculated relative to T0 culture and accounts for deviation 

from uninoculated controls. Standard error was calculated three replicate cultures. Strain 

designations are indicated on x-axis. 
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Figure 2.4: Summary of PAH protein BLASTP protein identity searches. Boxes are color-

coded based on the highest percent identity of the protein hits from each strain. The numbers in 

the boxes indicate protein hits for each query sequence below an E-value of 1e-10. White boxes 

with a 0 indicate no hits with an E-value below 1e-10. Protein query sequences are named either 

as the protein abbreviation or as the protein abbreviation with the first letter of the genus and 

species from which the query sequence originated from, as indicated in the text. Detailed results 

from the protein identity searches are in Table A.2.2.  
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conserved reaction (30). PahE protein sequences from Novosphingobium pentaromativorans 

US6-1 (PahE-NP), Rhodococcus opacus B4 (PahE-RO), Mycobacterium vanbaalenii PYR-1 

(PahE-MV), and Pseudomonas aeruginosa PaK1 (PahE-PA) were chosen as representatives of 

PAH hydratase-aldolase diversity (the second conserved reaction). Four different monocyclic 

aromatic dioxygenases were chosen, two from pathways that degrade protocatechuate (PcaH and 

PcaA/LigB) and two from pathways that degrade catechol (CatA and CatE/YfiE). To 

complement this analysis, HMMs for proteins in the upper PAH degradation pathway (PAH 

RHDs – NahAc, NarAa, NidA; PAH hydratase-aldolase – NahE, NarC, PhdG) were used to 

further assess potential protein homologs.All strains appeared to be missing proteins involved in 

PAH-specific degradation (Figure 2.4; Figure 2.5). Most strains encode putative protein 

sequences with an E-value below 1e-10 for non-PAH specific RHD groups, with identities 

ranging from 22% to 36% for Group I (PobA), 22% to 47% for Group II (AntA), and 24% to 

47% for Group IV (BphA1). The Salicylate Group RHD, NagX, had no strong protein hits. For 

NidA (Gram + PAH/Phthalate RHD) and PahAc (Group 

III RHD) query sequences, E. coli DH5α had a higher identity than almost all protein hits for 

both of these query sequences, with 36% (E-value 1E-91) and 37% (E-value 2E-88) identity 

respectively (Table A.2.3). When compared to NahAc, NarAa, and NidA HMMs, E. coli DH5α 

had the highest bit scores for all, with V. natriegens ATCC 14048 and Marinobacterium 

georgiense having bit scores closer to E. coli DH5α than other strains, similar to the results for 

the PAH RHD query sequences. None of the strains appear to encode a putative PahE protein, 

most showing <30% sequence identity or a bit score of <120. Interestingly, for the query 

sequences only R. nubinhibens ISM had any PahE identity greater than 35%, but all strains had a 

higher bit score than E. coli DH5α for the NahE and NarC HMMs. Most of the putative PahE 

results were annotated as dihydropicolinate synthases or related enzymes, which are commonly 

found in microorganisms where they are expected to play a role in lysine biosynthesis (31). The 

PcaA/LigB, PcaH, CatE/YfiE, and CatA proteins are involved in the lower pathway of PAH 

degradation, steps that occur after monocyclic aromatic compounds are formed. 
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Figure 2.5: Summary of HMM searches for available strain genomes. Boxes are color-coded 

by the highest bit score of the protein hits for each strain. The numbers in the boxes indicate 

protein hits for each query sequence below an E-value of 1e-10. White boxes with a 0 indicate no 

hits with an E-value below 1e-10. Each HMM on the x-axis is named after the proteins that the 

model was constructed from. Detailed results from the protein identity searches are available 

from the KBase narrative (https://narrative.kbase.us/narrative/175164). 
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Roseobacteraceae strains encode similar proteins to PcaH (≤59% identity) (32). Other than the 

Roseobacteraceae strains, only V. natriegens ATCC 14048 encoded proteins with similarity to 

PcaH (35%; E-value ≥1E-18). No Roseobacteraceae strains had any similar proteins for 

PcaA/LigB, whereas V. natriegens ATCC 14048, E. coli DH5α, and M. georgiense DSM 11526 

all showed proteins with >30% identity to PcaA/LigB. Thus, of the strains with genomes 

analyzed, only A. macleodii EZ55 appears to be missing enzymes involved in protocatechuate 

degradation. Of the catechol dioxygenases, Rhodobacterales strain Y4I, Roseovarius sp. 217, and 

S. stellata E-37 had protein hits for both investigated dioxygenases (CatA and CatE/YfiE) with 

≤31% and ≤49% percent identities, respectively. Out of the non-Roseobacteraceae strains, only 

V. natriegens ATCC 14048 had a protein hit for CatA. While no strains showed strong similarity 

to proteins specific to upper PAH degradation pathway proteins (i.e., PahE, NahE, NarC, NidA, 

NahAc, NahE, PhdG, and PahAc), proteins involved in lower PAH degradation pathways strains 

had much higher protein identities. 

Roseobacteraceae PahE biomarker homology 

To further explore the Roseobacteraceae family and their potential PAH degradation ability, 

over 750 Roseobacteraceae genomes were searched for PahE proteins. Only 7 genomes had 

>50% percent amino acid identity (E-value ≤ 2E-133) to the PahE from Pseudomonas aeruginosa 

PaK1 (UniProt ACN P0A142) (Figure 2.6). Of the Roseobacteraceae collection analyzed, all 

possessed at least 1 similar protein but at low identity (≤31%). Clear phylogenetic differences 

appear between these two groups of bacteria. Roseobacteraceae strains with over 50% identity to 

PahE had several bacteria previously reported to degrade PAHs (Figure 2.6) (26, 33–36). 

Additionally, putative PahE homologs of Roseobacteraceae strains screened in this study were 

investigated for the presence of conserved residues that would support activity of these enzymes 

in PAH degradation. This analysis revealed that the putative PahE homologs are missing several 

active site residues although some strains possess the catalytic residue (Figure A.2.4). 

Discussion 

To expand the knowledge of bacterial PAH degradation in marine systems, 18 strains 

representing diverse bacterial taxa were screened for their ability to transform phenanthrene (a 

LMW PAH) and pyrene (a HMW PAH). From an initial collection of 12 strains, three 
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Figure 2.6: Maximum likelihood phylogenetic tree of select Roseobacteraceae to PahE 

homologs. Red squares indicate prior reports of PAH degradation for a given strain (17, 19, 26, 

35). Blue triangles indicate strains for which PAH degradation ability was demonstrated in this 

study. Protein accession numbers are provided in parentheses. Bootstrap values (1000 iterations) 

are shown at branch nodes with circle size corresponding to the value as indicated in the key. 

Tree scale represents branch length (the number of substitutions per site generated from the 

Jones-Taylor-Thornton model). P. aeruginosa PaK1 was used included as the original query 

sequence that identified the putative PahE proteins. 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Roseobacteraceae strains demonstrated the highest degradation of PAHs (~20% degradation by 

26 days relative to < 20% for the remaining taxa) in a quantitative assay. As such, additional 
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family members were included in subsequent quantitative analyses. Despite the fact that none of 

the strains assayed here were derived from PAH enrichments nor from contaminated sites, all but 

one (Alcanivorax sp. strain EZ46), showed evidence of pyrene and/or phenanthrene 

transformation was found under the cultivation conditions used. Roseobacteraceae family 

members are well-known for their ability to degrade lignin-derived monocyclic aromatic 

compounds and recent evidence suggests that some strains can transform PAHs (17, 21, 22, 35). 

For example, R. pomeroyi DSS-3 has been previously reported to degrade phenanthrene, pyrene, 

and benzo[a]pyrene in complex media containing additional carbon sources (tryptone and yeast 

extract)(17). Similarly, Flavobacteriaceae and marine Alteromonas strains have been strongly 

implicated in PAH as well as oil degradation due to the appearance of strains in enrichment 

cultures (5, 37, 38).  Consistent with prior reports of numerous Bacillus species, the two 

Bacillus-Clostridium strains examined in this study were able to degrade pyrene and 

phenanthrene (39, 40). In contrast, reports of PAH degradation by other Gammaproteobacterial 

genera (Vibrio, Rhodospirillaceae, and Marinobacterium) included in the collection screened 

here are scant. A Vibrio cyclotrophicus strain has been shown to degrade LMW PAHs but not 

use them as a growth substrate (41).  Rhodospirillaceae strains have been identified in PAH 

enrichment experiments, but little specific information exists regarding their ability to transform 

PAHs (42, 43). Marinobacterium georgienes isolate (IAM 1419T) was found in a PAH enriched 

microbial consortium, but no confirmation of its degradation has been reported (42). Finally, 

Alcanivorax species are known degraders of n-alkanes from oil hydrocarbons, but little evidence 

exists regarding their ability to degrade PAHs, aligning with the findings of this study (56, 57). 

Marine bacteria are recognized to possess high metabolic and physiological diversity amongst 

closely related strains, thus variation in PAH degradation abilities is unsurprising (44–46). 

However, it does highlight the necessity of documenting PAH degradation ability of marine 

isolates, even within closely related strains, if we are to improve our understanding of the 

ecology and evolution of these degraders.  

 

While none of the strains were able to utilize PAHs as a sole carbon source, nearly all strains 

showed PAH degradation when also provided labile carbon substrates in the complex medium 

(yeast extract and tryptone), suggestive of co-metabolism of pyrene and phenanthrene amongst 
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this cohort of marine bacteria. Co-metabolism, the synergistic degradation of two carbon 

sources, is a common feature among PAH degraders, with most studies reporting the synergistic 

breakdown of HMW PAHs and LMW PAHs (47, 48). Co-metabolism of PAHs with non-

aromatic, labile carbon sources is recognized, but often not considered in PAH degradation 

studies (16, 49). This study emphasizes the need to assess both sole-metabolism and co-

metabolism of PAHs to identify contributing degraders in natural environments. In addition to 

the carbon source provided, growth mode appears to also influence degradative abilities in some 

strains. For example, M. georgienes DSM 11526 showed degradation only in liquid culture and 

not with PAH overlay plates. Exploring co-metabolic growth substrates as well as growth 

conditions will provide further evidence for the role of marine microbes in natural attenuation of 

PAHs. 

While a plethora of strains have been found to degrade LMW PAHs, fewer degraders have been 

discovered that transform HMW PAHs, presumably due to their decreased bioavailability and 

increased stability.  All but one strain analyzed here showed some ability to degrade both a 

HMW PAH and a LMW PAH, with many strains demonstrating greater degradation of LMW 

PAHs. While these compounds are generally degraded by substrate specific RHDs, flexibility in 

these enzymes is evident with some acting on both LMW and HMW PAHs (13, 18).  The 

available genomes analyzed revealed that strains encoded genes with low similarity to PAH-

specific RHDs, suggesting that non-PAH specific RHDs act on these compounds. For 

conciseness, ‘similarity’ will be used to refer to both the % identity and HMM bit score results. 

This is consistent with evidence that some marine bacteria use various RHDs, with broad 

substrate ranges, to degrade PAHs (26, 50). We suggest enzymes involved in the degradation of 

other aromatic compounds may act on PAHs, as has been demonstrated for the 

Roseobacteraceae member, Celeribacter indicus P73 (26). All Roseobacteraceae members 

possessed proteins with high protein identity to PcaH, a marker for protocatechuate degradation 

(32). Additionally, of the remaining strains, both M. georgiense and V. natrigens are predicted to 

encode enzymes that may be required for lower pathways of PAH degradation. It is important to 

recognize, however, that enzymes involved in the lower pathway of PAH degradation lack the 

specificity to solely be used as PAH degradation biomarkers due to the plethora of compounds 

that are funneled through these pathways (51). It is also relevant to highlight that high protein 
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identity to specific RHDs does not necessarily indicate an ability to degrade PAHs. For example, 

E. coli DH5α had proteins more similar to PAH RHDs than most strains tested in this study, yet 

this strain showed no evidence for degradation in the assays. Collectively, these findings indicate 

that strains may use different enzymes than those present in conventional PAH degradation 

pathways. Finally, further studies are needed to assess whether any strains utilize PAH-derived 

carbon for biosynthetic or energetic purposes. 

PahE has been recently implicated as a biomarker due to its specificity for PAH degradation and 

its conservation across taxonomically diverse organisms but could not reliably indicate PAH 

degradation ability with strains in this study (19, 48, 52). To consider the utility of this gene as an 

indicator for PAH degradation, a broader analysis of 750 Roseobacteraceae genomes showed 

low sequence identity and an absence of conserved residues to validate PahE proteins. This 

approach was also unable to identify many known Roseobacteraceae PAH degraders from this 

study and others (17, 24). Due to the lack of PahE, it is possible that these strains have novel 

pathways for biodegradation of PAHs that are not currently detected by bioinformatic 

approaches that rely on such biomarkers as indications of PAH degradation ability. 

PAHs are common pollutants in marine ecosystems and degradation of these pollutants 

frequently occurs via native bacteria, albeit at limited rates (6, 37). Consequently, PAH 

degraders are crucial to systems subject to contamination and serve as potential candidates for 

remediation purposes and indicators of active PAH biodegradation. Bioinformatic and omics-

based research depend on prior culture-based work to define genetic biomarkers for PAH 

degradation. Current biomarkers have challenges with specificity for PAH degradation pathways 

and the ability to identify novel pathways and/or PAH degraders. The evidence presented by this 

study suggests that we have yet to uncover the full diversity of bacterial PAH degraders as well 

as biochemical pathways employed to transform these compounds. Bridging the gap between 

culture-based investigations and modern bioinformatic approaches holds the key to elucidating 

the full landscape of PAH biodegradation in marine ecosystems. 

Methods 

Bacterial strains 

The following  eighteen strains were analyzed in this study: Marinobacterium georgiense DSM 

11526 (53), Bacillus-Clostridium strain SE165 (54), Bacillus-Clostridium strain SE98 (54), 
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Alteromonas macleodii EZ55 (55), Vibrio natriegens ATCC 14048 (56), Rhodospirillaceae 

strain EZ35 (55), Flavobacteriaceae strain EZ40 (55), Alcanivorax sp. strain EZ46 (55), 

Ruegeria pomeroyi DSS-3 (57), Citreicella sp. SE45 (54), Sagittula stellata E-37 (58), 

Sulfitobacter sp. EE-36 (59), Sulfitobacter NAS-14.1(60), Ruegeria sp. TM1040 (46), 

Roseovarius sp. 217 (61), Roseovarius nubinhibens ISM (57), Rhodobacterales strain Y4I (28), 

Sulfitobacter pontiacus CB-D (62), and Escherichia coli DH5α (See Table A.2.1 for strain 

descriptions). These strains were routinely grown on YTSS (Yeast Tryptone Sea Salt) agar [per 

liter: 15 g Instant Ocean (Thermo Fisher Scientific), 15 g agar (Thermo Fisher Scientific), 4 g 

tryptone, 2.5 g yeast extract] or YTSS broth at 30°C in the dark, unless otherwise noted. 

PAH degradation screening plates 

To screen for PAH degradation, a modification of the plate screening assay described in Bogardt 

& Hemmingsen was used (63). For this modified screening assay, strains were inoculated on top 

of a PAH-containing top agar rather than within the top agar layer. This allows colonies to be 

scraped off the agar surface to evaluate clearing zones directly beneath the colonies. In addition, 

we decided to use a complex medium to screen marine strains for co-metabolism in conjunction 

with screening initial marine strains for degradation of PAHs as a sole growth substrate (17). For 

PAH co-metabolism screening, YTSS agar was used as a complex medium base layer, and, for 

PAH degradation as a sole carbon source, Aromatic Basal Media (ABM) agar (ABM - per liter 

8.7 mM KCl, 8.7 mM CaCl2, 43.5 mM MgSO4, and 174 mM NaCl with 225 uM K2HPO4, 13.35 

mM NH4Cl, 71 mM Tris-HCl [pH 7.5], 15 g agar (Thermo Fisher Scientific), 68 uM Fe-EDTA, 

trace metals [7.85 mM nitriloacetic acid, 0.53 mM MnSO4∗H2O, 0.42 mM CoCl2 ∗6H2O, 0.35 

mM ZnSO4 ∗7H2O, 0.038 mM CuSO4, 0.11 mM NiCl2 ∗6H20, 1.16 mM Na2SeO3, 0.41 mM 

Na2MoO4∗2H2O, 0.33 mM Na2WO4∗2H2O, 0.25 mM Na2SiO3∗9H2O] and trace vitamins 

[0.0020% vitamin H (Biotin), 0.0020% folic acid, 0.0100% pyridoxine-HCl (B6), 0.0050% 

riboflavin (B2), 0.0050% thiamine (B1), 0.0050% nicotinic acid, 0.0050% pantothenic acid (B5), 

0.0001% cyanocobalamin (B12), 0.0050% p-aminobenzoic acid]) was used as a minimal 

medium base layer. The PAH top-agar overlay was constructed using 5 mg/ml stock solutions of 

pyrene or phenanthrene dissolved in acetone (Thermo Fisher Scientific, ≥99.5%) and 5 ml of 

0.7% top agar, using either agar (Thermo Fisher Scientific) for complex or Agar Noble (Difco™) 

for minimal media. The final concentration of pyrene (Millipore Sigma, 98%) and phenanthrene 
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(Millipore Sigma, 98%) in the agar overlay was 286 µg/mL and 430 µg/mL, respectively. Due to 

the difference in solubility of phenanthrene relative to pyrene, a higher concentration of 

phenanthrene was added to the top agar to ensure precipitation. The top agar was mixed and 

poured evenly on the base layer plate. PAH top agar plates were left in a fume hood for at least 2 

hours to allow residual acetone to vaporize.  

To prepare strains for the PAH top agar screening assay, all strains were grown to stationary 

phase in YTSS broth and densities adjusted to OD540 ~1.6. For PAH top agar complex medium 

plates, 5 µl of each strain was directly spotted onto plates in triplicate. For PAH top agar minimal 

medium plates, 1 mL aliquots were first gently centrifuged (2200 x g for 5 min.) and washed 

twice with ABM broth prior to inoculating plates with 5 µl of each strain in triplicate. Plates 

were incubated at 30°C in a polypropylene humidity chamber to prevent plates from drying out. 

PAH top agar complex medium plates were incubated for 7 days with 2 technical replicate plates 

scraped per day for each PAH (Figure 2.1). PAH top agar minimal medium plates were 

incubated for 14 days with 2 technical replicate plates scraped after 7 days and after 14 days. 

One strain (Citreicella sp. SE45) was able to use acetone as a carbon source, complicating our 

ability to ascertain its ability to use PAHs as a sole carbon source. Only PAH top agar plates with 

complex medium were used for the Roseobacteraceae screen as all marine bacteria showed 

degradation only via co-metabolism and previous results suggested that Roseobacteraceae 

members used in this study could not degrade PAHs as a sole carbon source (17). E. coli DH5α, 

previously reported to not degrade PAHs, was used as a negative control (19). 

HPLC quantification of pyrene and phenanthrene degradation 

Marine and Roseobacteraceae strains (triplicates), except for Alcanivorax sp. EZ46, were 

inoculated into 10 mL 5% YTSS and grown overnight, shaking at 200 rpm. Alcanivorax sp. 

EZ46 was excluded as it would not grow in liquid culture conditions. Densities were adjusted to 

an OD540 of ~1.6 in 5% YTSS prior to inoculation (100 µl) in 9.9 mL 5% YTSS with 25 µg/mL 

pyrene or phenanthrene. Before inoculation, 5% YTSS and PAH tubes were incubated overnight 

at 30°C to evaporate off residual acetone. A subset of cultures were immediately extracted (T0 

controls) and the remaining cultures were incubated for 26 days. Uninoculated controls were 

incubated and processed in parallel. PAHs were extracted as follows:10 mL of HPLC-grade ethyl 

acetate (Thermo Fisher Scientific) was added to each tube, mixed, and allowed to separate. The 
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top aqueous layer was transferred to a 15mL polypropylene conical tube and directly injected 

into an Agilent 1100 High Performance Liquid Chromatography System (Agilent Technologies 

Co. Ltd.). The following conditions were used with an injection volume of 20 µl: A C18 column 

(Acclaim™ PolarAdvantage II C18 5µm 120Å 4.6 X 250 mm, Thermo Fisher Scientific Inc.) 

was operated at 30 °C with methanol as the mobile phase at a flow rate of 1 mL min−1 (17). Both 

pyrene and phenanthrene were detected using a UV detector at 254 nm. Peak area was compared 

to the initial inoculum and peak area was normalized to uninoculated controls. 

Genomic analyses 

For strain with available genome sequences: M. georgiense DSM 11526, A. macleodii EZ55, V. 

natriegens ATCC 14048, R. pomeroyi DSS-3, Citreicella sp. SE45, S. stellata E-37, 

Sulfitobacter sp. EE-36, Sulfitobacter NAS-14.1, Ruegeria sp. TM1040, Roseovarius sp. 217, R. 

nubinhibens ISM, Rhodobacterales strain Y4I, S. pontiacus CB-D, and E. coli DH5α. Protein 

identity searches were done using BLASTP against available genomes at the Joint Genome 

Institute Integrated Microbial Genomes & Microbiomes System (https://img.jgi.doe.gov/). Query 

amino acid sequences were selected to cover a diverse range of proteins involved in PAH 

degradation and obtained from NCBI. Query sequences had their function experimentally proven 

(Table A.2.2) except for PahE sequences from Novosphingobium pentaromativorans US6-1 and 

Rhodococcus opacus B4, included to cover the known diversity of PahE proteins as previously 

described in Liang et al. (52). 

Hidden Markov Models were constructed from a PAH biomarker sequence database (64). 

Sequences for each biomarker were aligned in BioEditv7.2.5 using CLUSTALW (65). KBase 

(www.kbase.us) and HMMERv3.3.2 were used to search each PAH biomarker model (NarC, 

NarAa, NahAc, NahE, NidA, and PhdG) against the available genomes above. 

Phylogenetic analysis was conducted for putative PahE proteins from over 750 

Roseobacteraceae strains using BLASTP in JGI IMG (Table A.2.4). PahE from Pseudomonas 

aeruginosa PaK1 was used as the search query. Strains that showed at least one protein over 

50% amino acid identity and highest amino acid identity results for Roseobacteraceae strains in 

this study were used to construct a maximum likelihood phylogenetic tree. Protein sequences 

were aligned using BioEditv7.2.5.(65), and the tree was constructed using MEGAXv10.2.2. (66). 

To further investigate the functionality of these proteins, we aligned putative PahE sequences of 
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Roseobacteraceae strains listed in this paper with the PahE sequence from P. aeruginosa PaK1 

(UniProt ACN P0A142). Catalytic residues and putative active sites were predicted based on 

conserved residues from the NCBI Conserved Domains Database 

(https://www.ncbi.nlm.nih.gov/cdd) of the CHBPH_aldolase subfamily, containing trans-o-

hydroxybenzylidenepyruvate hydratase-aldolase and trans-2'-carboxybenzalpyruvate hydratase-

aldolase, both of which are PAH hydratase aldolases. 
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APPENDIX A 

Appendix Table A.2.1: Marine strains used in this study. 

Bacteria 

name 

Taxa Colony 

Morpho

logy 

Genom

e 

Sequen

ce 

Availa

ble? 

16S 

rRNA 

Gene 

Accessio

n 

Number 

WGS Accession Isolation 

Site 

Marinobact

erium 

georgiense 

Gamma-

Proteobac

teria 

small, 

circular, 

transluce

nt, white 

Yes U58339.

1 

NZ_CP022297.1 Coastal 

Georgia 

(USA) 

seawater by 
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enrichment 

with 

lignocellul

ose from a 

pulp mill 

(1) 

Bacillus-

Clostridium 

strain 

SE165 

Bacillus-

Clostridiu

m group 

Large, 

orange 

colonies 

No AY0389

05.1 

N/A Spartina 

leaves; 

Skidaway 

Island, 

Georgia 

(USA) (2) 

Bacillus-

Clostridium 

strain SE98 

Bacillus-

Clostridiu

m group 

Large, 

white 

flat 

colonies 

No AY0389

26.1 

N/A Spartina 

leaves; 

Skidaway 

Island, 

Georgia 

(USA) (2) 

Alteromona

s macleodii 

strain EZ55 

Gamma-

Proteobac

teria 

Medium, 

white, 

flat 

colonies 

Yes EU7041

14 

NZ_CABDXN010

000001.1 

Isolated 

from a 

Prochloroc

occus strain 

MIT 9215 

lab culture 

(3) 

 

 

 

 

 

 

Appendix Table A.2.1 Continued. 

Vibrio natriegens 

ATCC 14048 

Gamma-

Proteobacte

ria 

Large, 

beige, 

flat 

colonie

s 

Ye

s 

NR_11789

0.1 

ASM145625

v1 

Salt marsh 

sediment; 

Sapelo 

Island, 

Georgia 

(USA) (4) 

Rhodospirillaceae 

strain EZ35 

Alpha-

proteobacte

ria 

Mediu

m, 

beige, 

flat 

colonie

s 

No AF493974 N/A Isolated from 

a 

Prochlorococ

cus strain 

MED4 lab 

culture (3) 
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Flavobacteriaceae s

train EZ40 

Bacteriodet

es 

small, 

flat, 

yellow 

colonie

s 

No EU591706 N/A Isolated from 

a 

Prochlorococ

cus strain 

MIT 9312 

lab culture 

(3) 

Alcanivorax sp. 

strain EZ46 

Gamma-

Proteobacte

ria 

Slow 

grower

, small, 

white 

colonie

s 

No EU591711 N/A Isolated from 

a 

Prochlorococ

cus strain 

NATL2A lab 

culture (3, 5) 

Ruegeria pomeroyi 

DSS-3 

Alpha-

proteobacte

ria 

Small, 

beige 

(turns 

dark 

brown)

, raised 

colonie

s 

Ye

s 

NR_02872

7 

NC_003911.

12 

Coastal 

seawater; 

Sapelo 

Island, 

Georgia 

(USA), via 

enrichment 

on DMSP (6) 

 

 

 

 

 

 

 

 

 

 

Appendix Table A.2.1 Continued. 

Citreicella 

sp. SE45 

Alpha-

proteobacter

ia 

Mediu

m, 

mucoid, 

whiteis

h-

yellow 

colonies 

Ye

s 

AF388308 ACNW00000000.1 Spartina 

alterniflora 

(smooth 

cordgrass) 

detritus; 

southeastern 

US salt 

marshes off 

Skidaway 

Island, 

Georgia 

(USA) (2) 
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Sagittula 

stellata E-

37 

Alpha-

proteobacter

ia 

Small, 

white, 

raised 

colonies 

Ye

s 

NR_02601

6 

NZ_AAYA0000000

0.1 

Coastal 

Georgia 

(USA) 

seawater by 

enrichment 

with 

lignocellulo

se from a 

pulp mill (7) 

Sulfitobact

er sp. EE-

36 

Alpha-

proteobacter

ia 

Small, 

white 

colonies 

with 

orange 

center 

Ye

s 

AF007254 GCA_000152605.1 Salt marsh; 

Sapelo 

Island, 

Georgia 

(USA) (7) 

Sulfitobact

er sp. 

NAS-14.1 

Alpha-

proteobacter

ia 

Small, 

white 

colonies 

Ye

s 

64297315

9 (IMG) 

NZ_AALZ00000000

.1 

Surface 

waters in 

North 

Atlantic 

Ocean via 

enrichment 

on DMSP 

(8) 

 

 

 

 

 

 

 

 

Appendix Table A.2.1 Continued. 

Ruegeria sp. 

TM1040 

Alpha-

proteobacte

ria 

Small, 

yellow 

colonies 

Ye

s 

64071508

1 (IMG) 

NC_008044.1 Phycospher

e of the 

dinoflagell

ate 

Pfiesteria 

piscicida 

(9) 

Roseovarius 

sp. 217 

Alpha-

proteobacte

ria 

Tiny, 

white 

colonies 

Ye

s 

64297307

4 (IMG) 

NZ_AAMV000000

00.1 

Surface 

waters near 

Plymouth, 

England 

enriched 

for growth 
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on methyl 

halide (10) 

Roseovarius 

nubinhibens 

ISM 

Alpha-

proteobacte

ria 

Small, 

orange 

colonies 

Ye

s 

AF098495

.1 

GCF_000152625.1 Surface 

waters of 

the 

Caribbean 

Sea (6) 

Rhodobactera

les strain Y4I 

Alpha-

proteobacte

ria 

Small, 

blue/whi

te 

colonies 

Ye

s 

AF388307

.1 

ABXF00000000.1 Spartina 

alterniflora 

(smooth 

cordgrass) 

detritus; 

southeaster

n salt 

marshes 

off 

Skidaway 

Island, 

Georgia 

(USA) (11) 

 

 

 

 

 

 

 

 

 

 

Appendix Table A.2.1 Continued. 

Sulfitobacte

r pontiacus 

CB-D 

Alpha-

proteobacteri

a 

Small, 

white 

colonies 

Ye

s 

JN121396 IV89_000278 Emiliania 

huxleyi 

bloom in 

Raunefjorden

, Norway 

enriched for 

growth on 

DMSP (12) 

Escherichia 

coli DH5α 

Gamma-

Proteobacteri

a 

Medium

, 

mucoid, 

white 

colonies 

Ye

s 

KC16128

3 

JRYM00000000.

1 

N/A 
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Appendix Figure A.2.1: Minimal medium PAH plate screening for marine strains. (A) 

Pyrene top agar screening plates after 7 days of incubation. Colonies have been scraped from 

plates to score for clearing zones. B) Phenanthrene top agar screening plates after 7 days of 

incubation. Colonies have been scraped from plates to score for clearing zones. 1) R. pomeroyi 

DSS-3, 2) Citreicella sp. SE45, 3) S. stellata E-37, 4) Bacillus-Clostridium strain SE165, 5) 

Bacillus-Clostridium strain SE98, 6) M. georgiense DSM 11526, 7) V. natriegens ATCC 14048, 

8) Rhodospirillaceae strain EZ35, 9) Alcanivorax sp. strain EZ46, 10) A. macleodii strain EZ55, 

11) Flavobacteriaceae strain EZ40, and 12) E. coli DH5α. Clearing zones appear as dark circles 

on the media. 
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Appendix Figure A.2.2: Complex medium PAH plate screening for Roseobacteraceae 

strains. A) Roseobacteraceae strains in pyrene top agar screening plates after 4 days of 

incubation. Colonies have been scraped from plates to score for clearing zones. B) 

Roseobacteraceae strains on phenanthrene top agar screening plates after 3 days of incubation. 

Colonies have been scraped from plates to score for clearing zones. 1) R. pomeroyi DSS-3, 2) S. 

stellata E-37, 3) R. nubinhibens ISM, 4) Sulfitobacter sp. EE-36, 5) Citreicella sp. SE45, 6) 

Rhodobacterales strain Y4I, 7) Ruegeria sp. TM1040, 8) Roseovarius sp. 217, 9) Sulfitobacter 

sp. NAS-14.1, 10) S. pontiacus CB-D, 11) E. coli DH5α, and 12) None. Clearing zones appear as 

dark circles on the media. 
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Appendix Table A.2.2: Query sequences for protein identity searches. 

Protein Group Query Strain Name GenBank 

Accession 

Number/NCBI 

Reference 

Sequence 

Number 

Reference 

PahE-

NP 

PAH Hydratase 

Aldolase 

Novosphingobium 

pentaromativorans US6-1 

AIT82654.1 Liang et 

al., 2019; 

Liang et 

al., 2022 

(13, 14) 

PahE-

RO 

PAH Hydratase 

Aldolase 

Rhodococcus opacus B4 BAH47216 Liang et 

al., 2019; 

Liang et 

al., 2022 

(13, 14) 

PahE-

MV 

PAH Hydratase 

Aldolase 

Mycobacterium vanbaalenii 

PYR-1 

ABM11319 Liang et 

al., 2019; 

Liang et 

al., 2022 

(13, 14) 

PahE-

PA 

PAH Hydratase 

Aldolase 

Pseudomonas aeruginosa 

PaK1 

BAA12246.1 Takizawa 

et al., 1999 

(15) 

NidA Gram + 

PAH/Phthalate 

Mycobacterium vanbaalenii 

PYR-1 

AF249301.2 Kim et al., 

2012 (16) 

PobA I Pseudomonas 

pseudoalcaligenes POB310 

CAA55400.1 Dehmel et 

al., 1995 

(17) 

AntA II Pseudomonas resinovorans 

CA10  

WP_011077861.1 Urata et 

al., 2004 

(18) 

PahAc III Pseudomonas putida 

OUS82 

BAA20391.1 Kiyohara 

et al., 1994 

(19) 

BphA1 IV Rhodococcus globerulus P6 CAA56346.1 McKay et 

al., 1997 

(20) 

NagG Salicylate Ralstonia sp. U2 AAD12607.1 Fuenmayor 

et al., 1995 

(21) 
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PcaH Protocatechuate 

3,4-

Dioxygenase 

Pseudomonas sp. Strain 

HR199 

CAB43484.1 Overhage et 

al., 1999 

(22) 

PcaA/Lig

B 

Protocatechuate 

4,5-

Dioxygenase 

Pseudarthrobacter 

phenanthrenivorans Sphe3 

ADX75303.1 Tsagogianni

s et al., 2021 

(23) 

CatA Catechol 1,2-

Dioxygenase 

Acinetobacter calcoaceticus SUU57696.1 Neidle 

&Ornston, 

1986 (24) 

CatE/YfiE Catechol 2,3-

Dioxygenase  

Bacillus subtilis 168 BAA09109.1 Thi Tam et 

al., 2006 

(25) 
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Appendix Figure A.2.3: Rhodobacterales strain Y4I and igiD- pyrene and phenanthrene 

screening. Wild type Y4I is shown on the top of the plate and the igiD- mutant strain is shown 

on the bottom of the plate. A) Pyrene top agar screening plate and B) Phenanthrene top agar 

screening plate after 5 days of incubation. 
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Appendix Figure A.2.4: Alignment of Roseobacteraceae strain putative PahE sequences. 

Putative active site residues are marked in red and the catalytic site is marked in blue. Amino 

acid consensus is denoted in the last line of the alignment (* indicates Fully Conserved Residue; 

։ indicates Strong Similarity; · Weak Similarity). Active and catalytic sites were derived from the 

CHBPH_aldolase subfamily using the NCBI Conserved Domains Database 

(https://www.ncbi.nlm.nih.gov/cdd). 

  

https://www.ncbi.nlm.nih.gov/cdd


71 

APPENDIX A REFERENCES 

1.  González JM, Mayer F, Moran MA, Hodson RE, Whitman WB. 1997. Microbulbifer 

hydrolyticus gen. nov., sp. nov., and Marinobacterium georgiense gen. nov., sp. nov., two 

marine bacteria from a lignin-rich pulp mill waste enrichment community. Int J Syst 

Bacteriol 47:369–376. 

2.  Buchan A, Neidle EL, Moran MA. 2001. Diversity of the ring-cleaving dioxygenase gene 

pcaH in a salt marsh bacterial community. Appl Environ Microbiol 67:5801. 

3.  Morris JJ, Kirkegaard R, Szul MJ, Johnson ZI, Zinser ER. 2008. Facilitation of robust 

growth of Prochlorococcus colonies and dilute liquid cultures by “helper” heterotrophic 

bacteria. Appl Environ Microbiol 74:4530–4534. 

4.  Austin B, Zachary A, Colwell RR. 1978. Recognition of Beneckea natriegens (Payne et 

al.) Baumann et al. as a member of the genus Vibrio, as previously proposed by Webb and 

Payne. Int J Syst Bacteriol 28:315–317. 

5.  Moran MA, Buchan A, González JM, Heidelberg JF, Whitman WB, Klene RP, Henriksen 

JR, King GM, Belas R, Fuqua C, Brinkac L, Lewis M, Johri S, Weaver B, Pai G, Elsen 

JA, Rahe E, Sheldon WM, Ye W, Miller TR, Carlton J, Rasko DA, Paulsen IT, Ren Q, 

Daugherty SC, Deboy RT, Dodson RJ, Durkin AS, Madupu R, Nelson WC, Sullivan SA, 

Rosovitz MJ, Haft DH, Selengut J, Ward N. 2004. Genome sequence of Silicibacter 

pomeroyi reveals adaptations to the marine environment. Nature 432:910–913. 

6.  González JM, Covert JS, Whitman WB, Henriksen JR, Mayer F, Scharf B, Schmitt R, 

Buchan A, Fuhrman JA, Kiene RP, Moran MA. 2003. Silicibacter pomeroyi sp. nov. and 

Roseovarius nubinhibens sp. nov., dimethylsulfoniopropionate-demethylating bacteria 

from marine environments. Int J Syst Evol Microbiol 53:1261–1269. 

7.  Buchan A, Collier LS, Neidle EL, Moran MA. 2000. Key aromatic-ring-cleaving enzyme, 

protocatechuate 3,4-dioxygenase, in the ecologically important marine Roseobacter 

lineage. Appl Environ Microbiol 66:4662–4672. 

8.  Slightom RN, Buchan A. 2009. Surface colonization by marine Roseobacters: Integrating 

genotype and phenotype. Appl Environ Microbiol 75:6027–6037. 

9.  Moran MA, Belas R, Schell MA, González JM, Sun F, Sun S, Binder BJ, Edmonds J, Ye 

W, Orcutt B, Howard EC, Meile C, Palefsky W, Goesmann A, Ren Q, Paulsen I, Ulrich 



72 

LE, Thompson LS, Saunders E, Buchan A. 2007. Ecological genomics of marine 

Roseobacters. Appl Environ Microbiol 73:4559–4569. 

10.  Schäfer H, McDonald IR, Nightingale PD, Murrell JC. 2005. Evidence for the presence of 

a CmuA methyltransferase pathway in novel marine methyl halide-oxidizing bacteria. 

Environ Microbiol 7:839–852. 

11.  Buchan A, Neidle EL, Moran MA. 2004. Diverse organization of genes of the β-

ketoadipate pathway in members of the marine Roseobacter lineage. Appl Environ 

Microbiol 70:1658–1668. 

12.  Ankrah NYD, Lane T, Budinoff CR, Hadden MK, Buchan A. 2014. Draft genome 

sequence of Sulfitobacter sp. CB2047, a member of the Roseobacter clade of marine 

bacteria, isolated from an Emiliania huxleyi bloom. Genome Announc 2. 

13.  Liang C, Huang Y, Wang H. 2019. pahE, a functional marker gene for polycyclic 

aromatic hydrocarbon-degrading bacteria. Appl Environ Microbiol 85. 

14.  Liang C, Ye Q, Huang Y, Wang Y, Zhang Z, Wang H. 2022. Shifts of the new functional 

marker gene (pahE) of polycyclic aromatic hydrocarbons (PAHs) degrading bacterial 

population and its relationship with PAHs biodegradation. J Hazard Mater 437. 

15.  Takizawa N, Iida T, Sawada T, Yamauchi K, Wang YW, Fukuda M, Kiyohara H. 1999. 

Nucleotide sequences and characterization of genes encoding naphthalene upper pathway 

of Pseudomonas aeruginosa PaK1 and Pseudomonas putida OUS82. J Biosci Bioeng 

87:721–731. 

16.  Kim S-J, Song J, Kweon O, Holland RD, Kim D-W, Kim J, Yu L-R, Cerniglia CE. 2012. 

Functional robustness of a polycyclic aromatic hydrocarbon metabolic network examined 

in a nidA aromatic ring-hydroxylating oxygenase mutant of Mycobacterium vanbaalenii 

PYR-1. Appl Environ Microbiol 78:3715. 

17.  Dehmel U, Engesser KH, Timmis KN, Dwyer DF. 1995. Cloning, nucleotide sequence, 

and expression of the gene encoding a novel dioxygenase involved in metabolism of 

carboxydiphenyl ethers in Pseudomonas pseudoalcaligenes POB310. Archives of 

Microbiology 1995 163:1 163:35–41. 

18.  Urata M, Miyakoshi M, Kai S, Maeda K, Habe H, Omori T, Yamane H, Nojiri H. 2004. 

Transcriptional regulation of the ant operon, encoding two-component anthranilate 1,2-



73 

dioxygenase, on the carbazole-degradative plasmid pCAR1 of Pseudomonas resinovorans 

strain CA10. J Bacteriol 186:6815–6823. 

19.  Kiyohara H, Torigoe S, Kaida N, Asaki T, Iida T. 1994. Cloning and characterization of a 

chromosomal gene cluster, pah, that encodes the upper pathway for phenanthrene and 

naphthalene utilization by Pseudomonas putida OUS82. J Bacteriol 176:2439–2443. 

20.  McKay DB, Seeger M, Zielinski M, Hofer B, Timmis KN. 1997. Heterologous expression 

of biphenyl dioxygenase-encoding genes from a gram-positive broad-spectrum 

polychlorinated biphenyl degrader and characterization of chlorobiphenyl oxidation by the 

gene products. J Bacteriol 179:1924–1930. 

21.  Fuenmayor SL, Wild M, Boyes AL, Williams PA. 1998. A gene cluster encoding steps in 

conversion of naphthalene to gentisate in Pseudomonas sp. strain U2. J Bacteriol 

180:2522–2530. 

22.  Overhage J, Priefert H, Steinbüchel A. 1999. Biochemical and genetic analyses of ferulic 

acid catabolism in Pseudomonas sp. strain HR199. Appl Environ Microbiol 65:4837–

4847. 

23.  Tsagogiannis E, Vandera E, Primikyri A, Asimakoula S, Tzakos AG, Gerothanassis IP, 

Koukkou AI. 2021. Characterization of protocatechuate 4,5-dioxygenase from 

Pseudarthrobacter phenanthrenivorans Sphe3 and in situ reaction monitoring in the NMR 

tube. Int J Mol Sci 22. 

24.  Neidle EL, Ornston LN. 1986. Cloning and expression of Acinetobacter calcoaceticus 

catechol 1,2-dioxygenase structural gene catA in Escherichia coli. J Bacteriol 168:815–

820. 

25.  Le TT, Eymann C, Albrecht D, Sietmann R, Schauer F, Hecker M, Antelmann H. 2006. 

Differential gene expression in response to phenol and catechol reveals different 

metabolic activities for the degradation of aromatic compounds in Bacillus subtilis. 

Environ Microbiol 8:1408–1427. 

 

 



74 

CHAPTER 3  

CHARACTERIZATION OF POLYCYCLIC AROMATIC HYDROCARBON CO-

METABOLISM BY RUEGERIA POMEROYI DSS-3  
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Abstract 

Ruegeria pomeroyi DSS-3 is a model Roseobacteraceae able to degrade polycyclic aromatic 

hydrocarbons (PAHs) via co-metabolism. As R. pomeroyi DSS-3 lacks described PAH 

degradation biomarkers, including PahE and characterized PAH ring-hydroxylating 

dioxygenases, its mechanism of PAH transformation is unknown. To address this knowledge 

gap, we investigated the growth stage, labile carbon sources, and protein-coding genes involved 

in the PAH co-metabolism of this organism. Growth dynamics and pyrene concentration (via 

HPLC) demonstrated the co-metabolism of R. pomeroyi DSS-3 is dependent on both labile 

carbon source and growth phase. Pyrene degradation was evident when either p-

hydroxybenzoate or a yeast extract and tryptone mixture were provided as labile carbon sources. 

Conversely, acetate did not support pyrene degradation. To identify genetic loci involved in PAH 

co-metabolism, a > 6000 member Tn5 random mutant library of R. pomeroyi DSS-3 was 

generated and screened for pyrene degradation using a qualitative PAH top agar assay. Two Tn5 

mutants with diminished pyrene degradation mapped to a putative catabolic region, harboring 

genes with homology to proteins predicted to mediate monocyclic aromatic compound 

degradation. After constructing additional mutants in this genetic locus, we confirmed the 

involvement of SPO3678, a predicted Rieske 2Fe-2S domain protein, in co-metabolism and 

hypothesized its role in the initial hydroxylation of pyrene. Homologs of this protein are found in 

other Roseobacteraceae, including several capable of degrading PAHs via co-metabolism, 

suggesting a conserved mechanism for PAH transformation in lineage members. 

Introduction 

Polycyclic aromatic hydrocarbons (PAHs) are toxic, carcinogenic pollutants present in 

atmospheric, terrestrial, and aquatic environments (1). These pollutants enter environments 

through various natural (i.e., volcanoes and forest fires) and anthropogenic (i.e., oil spills and 

industrial waste discharge) sources (2). Coastal marine ecosystems are a common final 

destination for PAHs, where they can enter via atmospheric deposition, terrestrial run-off, or 

direct discharge into aquatic environments (1, 3, 4). While these pollutants are found 

ubiquitously in the environment, their removal poses a challenge. The stability, hydrophobicity, 
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and low bioavailability of these compounds increase their recalcitrance, thus categorizing them 

as persistent organic pollutants (5, 6). While physical and chemical removal methods are 

available, these methods often have low degradation efficiencies and high costs. In contrast, 

biological removal methods, such as biodegradation by microorganisms, present a potentially 

more efficient and cost-effective solution to PAH pollution (2).  

Significant research has been done to investigate the PAH degradation ability of bacteria, with 

particular focus on Mycobacterium spp., Pseudomonas spp., Rhodococcus spp. and 

Sphingomonadales representatives. These taxa demonstrate high degradation efficiencies as well 

as the ability to utilize PAHs as sole carbon substrates (7–10). From studies of these bacteria, a 

limited number of degradation pathways have been described and degraders are frequently 

identified by the presence of one or more genetic biomarkers (i.e., PahAc, PahE) from these 

pathways (5, 11). While prior studies overwhelmingly focused on microbes capable of sole-

metabolism (i.e., use of PAH as a sole carbon and energy source), recent studies suggest that 

alternative pathways, including co-metabolism, exist and warrant further study (12, 13). Here, 

we define co-metabolism as the ability of a microbe to degrade a recalcitrant compound only in 

the presence of a more labile carbon source. 

One group capable of PAH co-metabolism is the Roseobacteraceae family of 

Alphaproteobacteria. Family members are commonly found in marine systems, most notably 

coastal regions where they can represent upwards of one-quarter of bacterial communities (14). 

Collectively, family members display tremendous metabolic and genetic diversity, even among 

closely related strains (15, 16). Representatives are adept at transforming monocyclic aromatic 

compounds, principally those derived from lignin, and possess numerous ring-cleaving pathways 

that facilitate the complete degradation of these compounds (15, 17). Mounting evidence 

indicates they also degrade polycyclic aromatics, including those of anthropogenic origin, such 

as PAHs. Yet the pathways utilized by these strains are relatively unknown (15, 18–20). 

Recently, we suggested that Roseobacteraceae family members possess a novel pathway(s) for 

PAH degradation due to the lack of previously characterized genetic biomarkers (Chapter 2; 12). 

Furthermore, while some members possess the ability to degrade PAHs via sole-metabolism, co-

metabolism appears to be a prevalent degradation strategy in this family (12, 18). 
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 Here, we investigate the PAH degradation pathway and co-metabolism mechanism of Ruegeria 

pomeroyi DSS-3, a model Roseobacteraceae family member. Despite previous documentation of 

PAH co-metabolism in this strain, the function and mechanism of this metabolic strategy is 

currently unknown (12, 18, 21). To investigate the role of co-metabolism in survival and growth 

of the strain when exposed to PAHs, we assessed both the labile carbon source and growth 

requirements for co-metabolism to occur. While co-metabolism in this strain has been shown to 

occur in the presence of complex carbon substrates (e.g., yeast extract and tryptone) here, we 

assessed whether a monocyclic aromatic compound and/or central metabolism precursor was 

sufficient to promote co-metabolism (12). Finally, we identified a genomic region within R. 

pomeroyi DSS-3 that may be involved in PAH catabolism. From this, we propose that a gene 

within the region, SPO3678, encodes an uncharacterized dioxygenase that is able to act on PAHs 

and may be a candidate biomarker for PAH degradation. 

Results 

Evidence of co-metabolism of PAHs with different carbon sources 

To assess PAH co-metabolism requirements of Ruegeria pomeroyi DSS-3, both growth and 

pyrene degradation of the strain were monitored with three different carbon sources: a complex 

carbon mixture containing yeast extract and tryptone (YTSS), a common organic acid and central 

metabolism precursor (acetate), and a monocyclic aromatic compound commonly derived from 

lignin (p-hydroxybenzoate; POB) (Figure 3.1). YTSS was previously shown to support co-

metabolism in this strain, while acetate and POB had not yet been investigated (12). Pyrene was 

utilized in this study as a model PAH due to its abundance and structural similarity to 

carcinogenic PAHs (5, 22). 

Each carbon source supported growth of R. pomeroyi DSS-3 in the presence of pyrene, albeit at 

different rates. YTSS cultures reach stationary by 13 hours, acetate cultures by 25 hours, and 

POB at around 170 hours (7 days). POB cultures also had an extended exponential period (130 

hours; >5 days), compared to ~10 hour exponential period for YTSS and the ~22 hour for 

acetate. Substantial pyrene degradation was only detected in the YTSS cultures (14%) and the 

POB cultures (13%), whereas little to no degradation was observed in the acetate cultures (1%). 

In addition, while pyrene degradation appeared to occur in early exponential phase (5 hours) for 

the YTSS cultures, degradation started early exponential phase and continued until late 
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exponential phase  in the POB cultures (153 hours; >6 days). Both YTSS and acetate cultures 

with pyrene reached 108 viable cells/mL, whereas POB only reached a magnitude of 107 

cells/mL. The solvent controls lagged in growth compared to the pyrene containing cultures for 

YTSS and POB, whereas there is little difference between the control and treatment cultures for 

acetate. 

Identification of R. pomeroyi DSS-3 transposon mutants with altered pyrene degradation 

phenotype 

A 6,060 member Tn5 mutant library was constructed and screened for pyrene degradation using 

a top agar screening approach (12). Sixty-two pyrene degradation deficient mutants were 

selected for further study (Figure 3.2; Table B.3.4). Mapping of the Tn5 insertions revealed 53 

were located on the chromosome of R. pomeroyi DSS-3 and nine on a megaplasmid. Disrupted 

genes included those predicted to be involved in energy production and conversion (9.6%), 

transcription and translation (9.6%), amino acid metabolism and transport (9.6%), carbohydrate 

transport and metabolism (6.5%), lipid metabolism and transport (6.5%), inorganic ion 

metabolism and transport (4.8%), motility (3.2%), coenzyme metabolism and transport (3.2%), 

signal transduction (3.2%). Nearly 20% of the insertions were mapped to conserved hypothetical 

genes and 11% to non-coding regions. All mutants were screened for growth anomaly and those 

showing defects (18-E9; 33-F8; 56-D11) were not analyzed further (Table B.3.5). 

Ten mutants had disruptions in putative oxidoreductase genes and one in a hydratase gene. These 

enzymes have the potential to play a role in the upper catabolic pathway required for PAH  

degradation based on the presence of homologous genes in canonical PAH degradation pathways 

 (7). In addition, three mutants had disruptions within one of the two LuxRI-type quorum sensing 

systems, which is of interest due to the previously documented role of quorum sensing in PAH 

degradation in other strains (Figure B.3.2) (23, 24).  

Identification of a putative PAH catabolic region 

Two mutants (8-5F and 41-G7) were mapped to a putative catabolic region and found to disrupt 

a FAD-binding oxidoreductase (SPO3666) and a Rieske 2Fe-2S domain protein (SPO3678), 

respectively (Figure 3.3; Table B.3.4). The Rieske 2Fe-2S domain protein was of particular 

interest because it showed limited amino acid sequence similarity to the characterized PAH ring-

hydroxylating dioxygenases, PahAc (35%) and NidA (25%) (12). Within this ~60 kb catabolic  
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Figure 3.1: Pyrene degradation during R. pomeroyi DSS-3 growth on A) 5% YTSS, B) 

5mM Acetate, and C) 2.5mM p-hydroxybenzoate (POB). Percent degradation is relative to T0 

culture and accounts for deviation from uninoculated controls. Standard error was calculated for 

three replicate cultures. Viable cell counts were taken from three replicate cultures at discrete 

timepoints during growth on each carbon source. Acetone control and no carbon added controls 

were also assessed for viable cells to account for any inhibitory effect of the pyrene and any 

growth in the medium. The 5% YTSS did not have no carbon added controls since it is a 

complex medium. 
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Figure 3.2: Genome map of 62 Tn5 insertion sites identified using arbitrary PCR from the 

deficient pyrene degradation R. pomeroyi DSS-3 mutants. Locus IDs for insertion locations 

are found in Table B.3.4. 
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region, genes encoding for homologs to characterized aromatic compound catabolism genes are 

found, including genes for gentisate (SPO3690; SPO3691) and benzoate (SPO3692; SPO3697; 

SPO3700; SPO3701; SPO3703) degradation (Figure 3.3). Another Rieske 2Fe-2S domain 

protein (SPO3681) was also present, proximal to SPO3678 and within the same putative operon 

(Figure 3.3). To further characterize this region, targeted insertional mutagenesis was conducted 

on several genes within this region, including SPO3678. The four additional genes selected for 

mutagenesis were: (i) SPO3690 predicted to encode a gentisate 1,2-dioxygenase (GtdA-1), (ii) 

SPO3700 predicted to encode a 2,3-dihydro-2,3-dihydroxybenzoyl-CoA ring cleavage enzyme 

(BoxC), (iii) SPO3688 predicted to encode an extradiol ring-cleavage dioxygenase family 

protein, and (iv) SPO3681 predicted to encode a Rieske 2Fe-2S domain protein (Figure 3.3). 

Pyrene co-metabolism was quantified for these seven mutants using HPLC. While all mutants 

retained some ability to transform pyrene, SPO3666::Tn5-KanR, SPO3678::Tn5-KanR, and 

SPO3678::pKnock-Km showed (58-70%) diminished activity (Figure 3.4). Conversely, 

SPO3688::pKnock-Km and SPO3681::pKnock-Km showed only slight impairment of activity 

(5-18%). Finally, SPO3690::pKnock-Km and SPO3700::pKnock-Km had increased degradation 

(130-155%). 

After confirming the phenotype of the SPO3678 disruption, we wanted to further investigate this 

locus and thus obtained additional Tn5 mutants from an existing arrayed library targeting the 

following genes: SPO3677, SPO3679, SPO3680, and SPO3682 (25). All but one mutant 

(SPO3682::Tn5) had no pleiotropic deficiency (Table B.3.5). Each mutant was subjected to the 

same HPLC analysis as previously conducted. These mutants only showed slight impairment in 

degradation compared to WT: SPO3677::Tn5 (2%), SPO3679::Tn5(8%), SPO3680::Tn5(10%), 

and SPO3682::Tn5(2%) (Figure 3.4). 

SPO3678 is conserved in some Roseobacteraceae PAH degraders 

To determine the distribution SPO3678 homologs and determine the potential for this gene to be 

involved in PAH co-metabolism in other bacteria, both sequence identity and gene neighborhood 

investigations were conducted on all whole genome sequences available through JGI IMG 

(https://img.jgi.doe.gov/mer/) as of October 2023. While a large diversity of queried strains had 

proteins with >40% amino acid identity (a higher threshold than SPO3678 relative to other PAH 
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Figure 3.3: Putative PAH catabolic region in R. pomeroyi DSS-3. Gene insertions from this 

study are marked in black for transposon insertions and red for pKnock-Km insertions. 

Transposon insertions for the array mutants used from Mejia et al., 2022 are marked in orange 

(25). Genes are colored by predicted category of the annotated protein-coding genes listed in the 

legend. Numbers under the gene symbols represent chromosomal position from the ASN: 

GCA_000011965 reference. 
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Figure 3.4: Percent degradation of pyrene for A) Tn5 mutants, B) pKnock mutants, and C) 

Tn5 array mutants. Percent degradation is relative to T0 culture and accounts for deviation 

from uninoculated controls. Standard error was calculated for three replicate cultures. Tn5 

mutant names and gene locus disrupted with pKnock are listed on the x-axis. 
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ring-hydroxylating dioxygenases) to SPO3678, most were Alphaproteobacteria either closely 

related to Roseobacteraceae or within the family. Within the Roseobacteraceae family, 49 

strains had above 40% identity to SPO3678. Three Roseobacteraceae family members that 

previously had reports of PAH degradation, Aliiroseovarius sp. PrR006, Roseovarius 

nubinhibens ISM, and Ruegeria sp. PrR009, had high amino acid identity (62.8-80%) at this 

locus. In addition, an investigation into the gene neighborhoods revealed that these strains have 

high gene synteny to R. pomeroyi DSS-3 due to the presence of 4 to 6 homologous genes within 

the putative operon (Figure 3.5) (18).  

To further explore the possible function of SPO3678 in PAH hydroxylation, a protein model of 

SPO3678 was constructed using ColabFold and compared against publicly available protein 

databases using FoldSeek (26, 27). Of the protein models in the AlphaFold database, a predicted 

biphenyl dioxygenase from Roseobacteraceae member Shimia thalassica was the top hit with an 

E-value of 9.02e-65, a TM-score of 0.9929, and an RMSD of 0.6, which confirmed that it had a 

highly similar fold to SPO3678. In addition, this protein sequence had an amino acid identity of 

74% to SPO3678. Furthermore, the FoldSeek results also revealed that several experimentally 

proven protein structures were similar to the SPO3678 model. Many of the top hits in the PDB 

database were for a quaternary ammonium Rieske monooxygenase CntA from Acinetobacter 

baumannii, which is involved in the cleavage of carnitine, a non-cyclic compound (28). 

Additionally, several biphenyl, terephthalate, and naphthalene dioxygenases as well as 

dioxygenases for other aromatic compounds showed similar protein structure to the SPO3678 

model (Figure 3.6; Table B.3.7). Each of these dioxygenases was experimentally found to act 

on their predicted substrate and the protein structure was obtained via X-ray diffraction (29–31). 

Discussion 

The objective of this work was to investigate the mechanism of co-metabolic PAH degradation 

in Ruegeria pomeroyi DSS-3. Based on the results of this study, pyrene co- metabolism does not 

appear to be cell density dependent, but rather dependent on the labile carbon source present. 

This is supported both by the lack of degradation in the acetate cultures as well as the 

degradation in early exponential phase for the YTSS cultures. Both YTSS and POB were able to 

promote pyrene degradation, suggesting that enzymes induced by these carbon sources also act  
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Figure 3.5: SPO3678 putative homologs in other known Roseobacteraceae degraders. 

Putative homologs to R. pomeroyi DSS-3 genes are listed for each strain with the color 

corresponding to the gene and the percent amino acid identity (BLAST) of each compared to R. 

pomeroyi DSS-3 is above each gene. Gene annotations are derived from JGI IMG records. 
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Figure 3.6: SPO3678 structural similarity to other aromatic pollutant dioxygenases. A) R. 

pomeroyi DSS-3 strucuture constructed from ColabFold. B) Crystal structure of naphthalene 1,2-

dioxygenase from Rhodococcus sp. (red) aligned with SPO3678 from R. pomeroyi DSS-3 

(blue)(31). C) Crystal Structure of terephthalate dioxygenase from Comamonas testosteroni KF1 

(red) aligned with SPO3678 from R. pomeroyi DSS-3 (blue) (29). D) Biphenyl dioxygenase 

(BphA1A2) from Rhodococcus sp. strain RHA1 (red) aligned with SPO3678 from R. pomeroyi 

DSS-3 (blue) (30).  
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on PAHs. POB is degraded via the protocatechaute branch of the β-ketoadipate pathway and is 

also the most recalcitrant of the three labile carbon sources due to its monocyclic aromatic 

structure (32). The acetate had slightly more carbon available for growth than POB, but the 

aromatic structure of POB also likely contributed to its extended lag and exponential phases. The 

different degradation rates during different growth phases also indicate that degradation rate may  

be related to enzyme induction rate rather than cell growth, further supporting that this co-

metabolism mechanism is an enzymatic response, not a growth response. 

The random Tn5 library failed to generate a null mutant for pyrene degradation, suggesting that 

the strain likely possesses functional redundancy, with multiple oxidoreductase-like proteins 

contributing to PAH co-metabolism. Similar functional redundancy has been reported in 

Mycobacterium vanbaalenii PYR-1 and Cycloclasticus sp. P1 (33, 34). This hypothesis is further 

supported by both POB and YTSS acting as sufficient carbon sources for co-metabolism and the 

degradation deficiency shown by both 41-G7 and 8-5F Tn5 mutants which had disrupted 

putative oxidoreductase genes. While these two mutants showed degradation deficiency in the 

putative PAH catabolic region, disruption to other genes within this region did not show the 

same deficiency. In addition, the monocyclic aromatic degradation genes that were disrupted, 

SPO3700 and SPO3690, showed increased degradation despite not having a significant growth 

rate difference (Table B.3.5). As this appears to be a carbon source specific response, this 

phenomenon could be explained by directing regulation to those dioxygenases able to act on 

PAHs, rather than a slew of aromatic ring dioxygenases, for a more specific and targeted 

response to PAHs. While PAH co-metabolism occurs partly in the catabolic region discussed 

here, only a subset of genes in this locus are involved in degradation, suggesting that R. 

pomeroyi DSS-3 likely does not have dedicated regions for PAH degradation. This suggests that 

this may be a promiscuous function (35, 36). 

Due to the seven degradation deficient mutants with disruptions in transport-related genes, it is 

possible that R. pomeroyi DSS-3 can uptake pyrene by both passive and active transport as is 

common for diverse PAH degraders (37–39). Few stress response genes showed deficient pyrene 

degradation, thus R. pomeroyi DSS-3 likely has several stress response systems to combat PAH 

stress or PAH stress may have little to no effect on degradation in this organism. Viable cell 

count data revealed that pyrene showed no inhibitory effect on growth when compared to solvent 
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control cultures, which supports the hypothesis that R. pomeroyi DSS-3 can mediate pyrene 

toxicity. Quorum sensing may be an important regulation system for pyrene degradation during 

surface attached growth in R. pomeroyi DSS-3. Several quorum sensing gene disruptions showed 

decreased degradation on the pyrene top agar assay. This same degradation deficiency disappears 

when grown in liquid culture, suggesting that biofilm formation during surface attached growth 

may aid in its pyrene degradation (Figure B.3.3). Previous reports of PAH degradation state that 

biofilm formation and quorum sensing system assist organisms in their ability to degrade PAHs. 

Specifically, quorum sensing has been implicated in activating PAH degradation genes (23, 24, 

40). 

One disrupted gene of particular interest was SPO3678, a predicted Rieske 2Fe-2S domain 

protein. SPO3678 disruptions in both 41-G7 and SPO3678::pKnock-Km had decreased pyrene 

degradation, thus this protein-coding gene likely encodes for a ring-hydroxylating dioxygenase. 

Specifically, this gene may encode for the alpha subunit involved in substrate specificity due to 

its limited homology to other PAH ring-hydroxylating dioxygenase alpha subunits. In addition, 

another Rieske 2Fe-2S domain protein (SPO3681) is located two genes downstream that may be 

another ring-hydroxylating dioxygenase subunit, despite the SPO3681::pKnock-Km mutant 

showing little degradation deficiency. This evidence suggests that SPO3678 likely is a non-

specific dioxygenase induced by certain carbon sources that is able to act on PAHs. 

Further protein analysis using Colabfold and FoldSeek, revealed that this protein is related to 

dioxygenases that are involved in the degradation of other aromatic pollutants, such as biphenyl, 

terephthalate, and naphthalene. All matches to the SPO3678 protein model had RMSD scores 

above 2Å but TM-scores above 0.5, suggesting that they have a similar fold. This protein model 

had a similar structure to another Roseobacteraceae member previously shown to degrade PAHs 

via co-metabolism, Ruegeria sp. TM1040, with a high RMSD of 4.83 but a TM-score of 0.74802 

(12). In addition, this gene appears to be present in a plethora of Roseobacteraceae strains, 3 of 

which are known Roseobacteraceae PAH degraders that degrade PAHs via co-metabolism (12, 

18). Outside of the Roseobacteraceae family, similar proteins appear to be present in other 

Alphaproteobacteria and Gammaproteobacteria (Table B.3.6). Thus, SPO3678 has the potential 

to act as an additional biomarker for PAH co-metabolism for strains related to the 

Roseobacteraceae family. While further investigation is needed to determine the diversity of this 
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enzyme in bacteria and the precise function of the protein homologs, initial evidence suggests 

that this protein is involved in PAH co-metabolism and is found in a diverse array of marine 

bacteria. 

Due to its ability to co-metabolize PAHs, R. pomeroyi DSS-3 likely possesses a novel 

degradation pathway. This pathway is carbon source dependent with only certain labile carbon 

sources supporting PAH degradation. In addition, the rate of enzyme induction as well as what 

enzymes are induced likely influence PAH co-metabolism rate. Many diverse genes appear to 

play a role in its degradation, including quorum sensing genes, transport genes, and several 

oxidoreductases. The pathway of R. pomeroyi DSS-3 does not contain PAH degradation 

biomarkers, but biomarker-based approaches are important for surveying environmental PAH 

degraders (12). Thus, SPO3678, a putative ring-hydroxylating dioxygenase able to act on PAHs, 

may act as an additional genetic biomarker, targeting PAH co-metabolism in Roseobacteraceae-

related organisms. Since PAH co-metabolism with non-PAH carbon sources has not been readily 

investigated, more study is needed into these co-metabolic PAH degradation pathways and 

enzymatic reactions to uncover the true diversity of PAH degraders in marine ecosystems. 

Methods 

Strains and growth conditions 

Ruegeria pomeroyi DSS-3 was originally isolated from coastal GA seawater DMSP enrichment 

cultures (21). Unless otherwise noted, wild type R. pomeroyi DSS-3 and any mutant derivatives 

were grown at 30°C in Yeast Tryptone Sea Salt (YTSS) medium [per liter: 15 g Instant Ocean 

(Thermo Fisher Scientific), 4 g tryptone, 2.5 g yeast extract]. Escherichia coli strains used for 

cloning, conjugation, and screening were grown at 37°C in LB broth (per liter, 10 g tryptone, 5 g 

yeast extract, 10 g NaCl). Pyrene screening plates were constructed as previously described in 

Walton & Buchan, 2023 (Chapter 2; 12). For the large-scale R. pomeroyi DSS-3 Tn5 library 

screening, 120mm x 15mm plates were used with the same concentration of pyrene as previously 

reported. E. coli EA145, a diaminopimelic acid (DAP) auxotroph, was grown with 1mM DAP 

unless otherwise noted. The R. pomeroyi DSS-3 Tn5 array mutant library was received as a gift 

from the Moran lab (25). 
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Pyrene degradation and growth assay 

R. pomeroyi DSS-3 pyrene degradation was assessed using High Performance Liquid 

Chromatography as done in Walton & Buchan, 2023 (Chapter 2; 12, 25). For the 5% YTSS, the 

strain was grown up in 5% YTSS overnight, then concentrated to ~109 and subcultured into 5% 

YTSS containing 25 µg/mL pyrene + acetone in triplicate cultures for each of the seven 

timepoints. For the acetate and POB cultures, they were grown in Aromatic Basal Media (ABM) 

agar (ABM - per liter 8.7 mM KCl, 8.7 mM CaCl2, 43.5 mM MgSO4, and 174 mM NaCl with 

225 uM K2HPO4, 13.35 mM NH4Cl, 71 mM Tris-HCl [pH 7.5], 15 g agar (Thermo Fisher 

Scientific), 68 uM Fe-EDTA, trace metals [7.85 mM nitriloacetic acid, 0.53 mM MnSO4∗H2O, 

0.42 mM CoCl2 ∗6H2O, 0.35 mM ZnSO4 ∗7H2O, 0.038 mM CuSO4, 0.11 mM NiCl2 ∗6H20, 1.16 

mM Na2SeO3, 0.41 mM Na2MoO4∗2H2O, 0.33 mM Na2WO4∗2H2O, 0.25 mM Na2SiO3∗9H2O] 

and trace vitamins [0.0020% vitamin H (Biotin), 0.0020% folic acid, 0.0100% pyridoxine-HCl 

(B6), 0.0050% riboflavin (B2), 0.0050% thiamine (B1), 0.0050% nicotinic acid, 0.0050% 

pantothenic acid (B5), 0.0001% cyanocobalamin (B12), 0.0050% p-aminobenzoic acid]) with 

either 5mM acetate or 2.5mM POB until cell density reached ~108. Cells were then concentrated 

to ~109 cells and subcultured into ABM containing the carbon source and 25 µg/mL pyrene + 

acetone in triplicate cultures for each of the seven timepoints. Both acetone control and medium 

control cultures were included for the acetate and POB experiments and only acetone controls for 

the 5% YTSS experiment to monitor viable cells. YTSS and acetate cultures were incubated for 

7 days, while POB cultures were incubated for 13 days due to slower rates on this substrate. 

Seven viable cell and pyrene concentration samples were taken at various points in the growth of 

R. pomeroyi DSS-3 with the intention of capturing the growth phase in which pyrene co-

metabolism occurred. Throughout the growth of R. pomeroyi DSS-3 on each carbon source, both 

viable cell counts and pyrene disappearance measurements were taken. One volume of ethyl 

acetate was used to extract pyrene from the culture media at the initial timepoint and each 

timepoint after. The disappearance of pyrene in the ethyl acetate extracts was detected using a 

UV detector (254nm).  Peak area was compared with that of the initial inoculum and peak area 

was normalized to account for any abiotic loss in the uninoculated control cultures. 
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Generation of R. pomeroyi DSS-3 random transposon library  

The R. pomeroyi DSS-3 random transposon library was constructed using a hyperactive Tn5 

transposase as previously described with the following modifications (41, 42). Mating mixtures 

of E. coli EA145 containing the pRL27::mini-Tn5-Kmr-oriR6K vector and R. pomeroyi DSS-3 

were prepared using 500 µl of early-log-phase cells (~1.7 OD; optical density at 540nm for R. 

pomeroyi DSS-3 and at 600nm for E. coli EA145). Cells were pelleted and resuspended in 15 µl 

fresh YTSS broth. The whole mating mixture was spotted onto YTSS agar plates and incubated 

overnight. The following day, cells were collected using disposable cell scrapers and re-

suspended in 1 mL of YTSS. Spot dilutions on YTSS with and without 50 µg/mL kanamycin 

were conducted to determine the number of transconjugants. Mutant R. pomeroyi DSS-3 colonies 

were picked from plates using a sterile toothpick and transferred in a 96-grid pattern to square 

120mmx15mm plates containing 50 µg/mL kanamycin to maintain selection and 25 µg/mL 

cycloheximide to prevent fungal contamination. Plates were incubated for 5 days and then 

transferred to 4°C to preserve colonies for pyrene degradation screening. 

Screening of R. pomeroyi DSS-3 Tn5 mutants 

Pyrene screening plates were constructed with the addition of 50 µg/mL kanamycin and 25 

µg/mL cycloheximide to the YTSS agar base layer. A flame sterilized 96 pin replicator was used 

to transfer mutants from library plates to pyrene screening plates. Following a 7-day incubation 

period, mutants were scraped off screening plates using disposable cell scrapers. Clearing zones 

under the colonies were assessed and any mutants that showed deficient pyrene degradation were 

selected for a second screening (Figure B.3.1). Each mutant was subsequently screened two 

additional times. At the end of the third screening, any mutants that had a consistent deficient 

pyrene degradation phenotype were stored as freezer stocks. 

Identification of R. pomeroyi DSS-3 transposon insertion site 

Mutant genomic DNA was extracted using the DNeasy Blood & Tissue Kit (Qiagen, Valencia, 

CA). Arbitrarily primed PCR was used as previously described with the following modifications 

and primers sequences are listed in Table B.3.2 (42, 43). In brief, TNPR13OUT and ARB6, 

were used to amplify DNA upstream of the 5’ end of the transposon and TNPR17OUT and 

ARB6 were used to amplify the DNA downstream of the 5’ end of the transposon. To amplify 

the transposon insert site during the first round of PCR, the following thermocycler conditions 
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were used: [95°C for 5 minutes, 94°C for 30 seconds, 30°C for 30 seconds, 72°C for 1 minute] 

repeated 4 times, [94°C for 30 seconds, 45°C for 30 seconds, 72°C for 1 minute] repeated 29 

times, and 72°C for 5 minutes. The PCR reactions of the first step were used for the subsequent 

amplification step. To enrich amplicons around the insertion site, the ARB2 primer was used in 

both subsequent PCR reactions with either TNPR13Nest or TNPR17Nest. The following 

thermocycler conditions were used to enrich for amplicons: 95°C for 5 minutes, [94°C for 30 

seconds, 45°C for 30 seconds, 72°C for 1 minute] repeated 29 times, and 72°C for 10 minutes. 

PCR products were subsequently purified using the QIAquick PCR Purification Kit (Qiagen, 

Valencia, CA) and sequenced using the corresponding Nest primer. 

Generation of R. pomeroyi DSS-3 pyrene catabolism mutants 

Antibiotics were added to either YTSS or LB medium to maintain selective pressure on R. 

pomeroyi DSS-3 pKnock-Km transconjugants or transformed E. coli cells. Plasmids, strains, and 

primers used are shown in Tables B.3.1-3, respectively. Insert sequences were amplified using 

primers containing restriction enzyme cut sites, ligated into the pKnock-Km vector, and 

introduced into E. coli EZ180 via heat shock. Constructed plasmids were verified by sequence 

analysis. Plasmids were mobilized into R. pomeroyi DSS-3 by mating with EZ180 strains and 

DSS-3 mutants were selected on YTSS plates containing 50 µg/mL kanamycin as previously 

described in Armes & Buchan, 2021 (44). Transconjugants were verified by sequence analysis 

(Table B.3.2). 

Pleiotropic assessment of R. pomeroyi DSS-3 mutants 

To assess if the transposon insertion in the R. pomeroyi DSS-3 mutants had a pleiotropic effect 

on the mutants, growth curves were conducted and compared to WT R. pomeroyi DSS-3. Three 

biological replicates of mutant and WT strains were grown up in 96-well plates (Falcon™ 96-

Well, Cell Culture-Treated, Flat-Bottom Microplate, Fisher Scientific). After 3 days of growth, 

strains were subcultured into fresh YTSS in 96-well plates and grown at 30°C to mid-to-late 

exponential (24 hrs). Strains were then subcultured again into fresh YTSS in 96-well plates and 

biological replicates were split into technical replicates for a total of 9 replicates per strain. Plates 

were incubated at 30°C with optical density (540 nm) measurements taken every hour for 48 

hours using a Cytation™5 Imaging Reader (BioTek, CA, US). After each set of growth curves, 

optical density measurements were adjusted to blank wells and a linear regression was conducted 
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to determine the growth rate of each strain. Each mutant strain’s growth rate was compared to 

that of WT using an unpaired t-test and any significantly lower growth rates were recorded 

(Table B.3.5). The same methods were used to assess pleiotropic effects of the pKnock-Km 

insertion, with the addition of 50 µg/mL kanamycin to mutant wells. SPO3678::pKnock-Km was 

also assessed for pleiotropic effects with 5% YTSS (used for pyrene disappearance experiments) 

using the above methods. 

Quantification of R. pomeroyi DSS-3 mutant pyrene degradation  

Transposon mutants, from this experiment and a previously generated R. pomeroyi DSS-3 Tn5 

mutant array, and pKnock-Km mutant strains were assessed for pyrene degradation using High 

Performance Liquid Chromatography as done in Walton & Buchan, 2023 (Chapter 2; 12, 25). In 

brief, strains grown up in 5% YTSS overnight, then subcultured into 5% YTSS containing 25 

µg/mL pyrene in triplicate. For the pKnock-Km mutant strains and the associated uninoculated 

control cultures, 50 μg/mL kanamycin was added to maintain selective pressure on the insertion. 

For the wild type strains, 10 µl of sterile MilliQ water was added to keep the same volume. One 

volume of ethyl acetate was used to extract pyrene from the culture media at the initial timepoint 

and after 7 days. HPLC methods were conducted as stated above. 

Genome analyses 

All genomic analyses were conducted using the Joint Genome Institute’s Integrate Microbial 

Genomes & Microbiomes (JGI IMG) (https://img.jgi.doe.gov/). Tn5 insertion locations were 

identified by using IMG’s BLAST function and more in-depth analysis was done by identifying 

transposon sequence from the arbitrary PCR sequence. Transposon locations were mapped onto 

the genome of R. pomeroyi DSS-3 (Figure 3.1) using Prokksee (https://proksee.ca/). 

Chromosomal region maps were generated using the gggenes package 

(https://github.com/wilkox/gggenes) in RStudio v2022.07.1. The JGI IMG Top IMG Homolog 

Hits and Conserved Neighborhood functions were used to determine the conservation of 

SPO3678 in other Roseobacteraceae (Figure 3.5).  

Statistical analyses 

Mutant growth rate differences were analyzed using GraphPad Prism 10.0.0. Exponential growth 

rates for each strain were compared to wild type via unpaired two-tailed t-test to determine any 

significant differences in growth rate. Those that had a significantly lower growth rate than wild 

https://proksee.ca/
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type was determined to have a pleiotropic effect that could have given the pyrene degradation 

deficiency phenotype. 

SPO3678 structural similarity 

ColabFold v1.5.2 was used with default settings to determine the predicted structure of SPO3678 

in R. pomeroyi DSS-3 (27). FoldSeek (https://search.foldseek.com/) was used with default 

settings to determine structural similarity of the SPO3678 model to other protein models 

previously generated by AlphaFold and experimentally proven structures in RCSB Protein Data 

Bank (26). The FoldSeek results were evaluated using the Root Mean Square Deviation 

(RMSD), Template-Modeling score (TM-score), E-value, and amino acid sequence coverage. 

Resulting protein structures of interest were visualized using ChimeraX v1.6.1 (45). 
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APPENDIX B 

Appendix Table B.3.1: Strains used in this study. 

Strains Description Reference 

Ruegeria pomeroyi DSS-3 Wild type strain Gonzalez et al., 2003 (1) 

E. coli EZ180 DAP auxotroph mating strain Dashiff &Kadouri, 2009 (2) 

E. coli EA145 DAP auxotroph mating strain 

containing pRL27 

Larsen et al., 2002 (3) 

DSS-3 SPO3678::pKnock-

Km 

Contains pKnock-Km 

insertion in SPO3678 

This study 

DSS-3 SPO3681::pKnock-

Km 

Contains pKnock-Km 

insertion in SPO3681 

This study 

DSS-3 SPO3688::pKnock-

Km 

Contains pKnock-Km 

insertion in SPO3688 

This study 

DSS-3 SPO3690::pKnock-

Km 

Contains pKnock-Km 

insertion in SPO3690 

This study 

DSS-3 SPO3700::pKnock-

Km 

Contains pKnock-Km 

insertion in SPO3700 

This study 
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Appendix Table B.3.2: Primers used in this study 

Primer Name Sequence Function 

SPO3678_300F NNNNNNGGATCCACCAAACGGTTTG

TGTGTTCC 

Insert amplification 

SPO3678_803R NNNNNNCTCGAGGCTGGCCACCTGA

GTTGG 

Insert amplification 

SPO3678_17F CGAAGCTTCAAGACCTGGC pKnock-Km insertion 

confirmation 

SPO3678_979R CGAGCTTTTCCCGATCCTCT pKnock-Km insertion 

confirmation 

SPO3681_283F NNNNNNGGATCCATGTCGACCCTCTT

GCATGG 

Insert amplification 

SPO3681_776R NNNNNNCTCGAGCGGTCATTGCTGG

GATGC 

Insert amplification 

SPO3681_185F GAGATTATGTGGCGTGCGAA pKnock-Km insertion 

confirmation 

SPO3681_949R CATCCGGATCAGCTGCAAAA pKnock-Km insertion 

confirmation 

SPO3688_182F NNNNNNGGATCCACTGCATCGTCCT

GGTTGAG 

Insert amplification 

SPO3688_671R NNNNNNCTCGAGTCGATGATGTTGA

GCGGAGT 

Insert amplification 

SPO3688_133F CATCCGGATCAGCTGCAAAA pKnock-Km insertion 

confirmation 

SPO3688_915R TCCCTCTTCGAACCAGCTTT pKnock-Km insertion 

confirmation 

SPO3690_518F NNNNNNGGATCCAGCTCGAAGGGTC

CTATGC 

Insert amplification 

SPO3690_989R NNNNNNCTCGAGCGGTCGTGGATTC

GGACC 

Insert amplification 

SPO3690_1022R TCCTCGTAGTAACCAAGTTTCTC pKnock-Km insertion 

confirmation 

SPO3690_42F CTATCGCGAACAGATGGCT pKnock-Km insertion 

confirmation 

SPO3700_166F NNNNNNGGATCCCATGCGCACAAGG

TCAACT 

Insert amplification 

SPO3700_636R NNNNNNCTCGAGCTCGGCAAAGCGT

CGGTC 

Insert amplification 

SPO3700_14F TCGACTTTCAGACCGACCC pKnock-Km insertion 

confirmation 
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Appendix Table B.3.2 Continued. 

SPO3700_807R GCGCTCCACAACGACTTC pKnock-Km insertion 

confirmation 

pKnock-Km_746F CACTTAACGGCTGACATGG pKnock-Km multiple 

cloning site primer 

pKnock-Km_895R TTAATTCGACGCGTCCTC pKnock-Km multiple 

cloning site primer 

ARB6 GGCCACGCGTCGACTAGTACNNNNN

NNNNACGCC 

Arbitrary PCR Primer 

(4) 

TNPR13Out CAGCAACACCTTCTTCACGA Arbitrary PCR Primer 

(4) 

TNPR17Out AACAAGCCAGGGATGTAACG Arbitrary PCR Primer 

(4) 

ARB2 GGCCACGCGTCGACTAGTAC Arbitrary PCR Primer 

(4) 

TNPR13Nest CTAGAGTCGACCTGCAGGCAT Arbitrary PCR Primer 

and Sequencing 

Primer (4) 

TNPR17Nest CTGACATGGGGGGGTACC Arbitrary PCR Primer 

and Sequencing 

Primer (4) 
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Appendix Table B.3.3: Plasmids used in this study. 

Plasmids Description Reference 

pKNOCK-Km Vector with kanamycin 

resistance marker used to 

disrupt R. pomeroyi DSS-3 

genes 

Alexeyev, M., 2018 (5) 

pKNOCK-Km_SPO3678 Vector with partial SPO3678 

gene insertion 

This Study 

pKNOCK-Km_SPO3681 Vector with partial SPO3681 

gene insertion 

This Study 

pKNOCK-Km_SPO3688 Vector with partial SPO3688 

gene insertion 

This Study 

pKNOCK-Km_SPO3690 Vector with partial SPO3690 

gene insertion 

This Study 

pKNOCK-Km_SPO3700 Vector with partial SPO3700 

gene insertion 

This Study 

pRL27 Vector containing 

hyperactive Tn5 transposon 

and kanamycin resistance 

marker 

Larsen et al., 2002 (3) 
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Appendix Table B.3.4: Mutant pleiotropy growth rates. 

Mutant Growth Rate Significantly 

Different (P<0.05) 

from WT? 

P-Value 

10-F10 0.01338 n.d. 0.648 

11-F9 0.01415 + 0.0029 

13-C8 0.01387 n.d. 0.0502 

1-4C 0.0145 + 0.0003 

1-5B 0.01388 + 0.0261 

1-5E 0.01385 n.d. 0.3159 

15-G5 0.01453 n.d. 0.0547 

15-H7 0.0128 + <0.0001 

1-6E 0.01346 n.d. 0.4164 

16-G9 0.01368 n.d. 0.6645 

18-10E 0.01297 + <0.0001 

18-E9 0.01343 - 0.0042 

19-G8 0.01322 n.d. 0.3317 

19-G7 0.01084 n.d. 0.2891 

2-1F 0.01467 n.d. 0.1987 

23-G8 0.009482 n.d. 0.8 

24-B7 0.01431 n.d. 0.6578 

2-4F 0.01337 n.d. 0.6826 

2-F8 0.01333 n.d. 0.4111 

32-F7 0.01444 n.d. 0.4559 

33-F8 0.01301 - 0.0057 

38-A11 0.01156 + <0.0001 

3-C11 0.01058 + 0.0041 

3-G8 0.01377 + 0.0041 

40-D9 0.01282 + <0.0001 

40-F4 0.1234 n.d. 0.214 

40-F5 0.01331 + 0.0014 

41-F3 0.01338 + 0.0002 

41-G7 0.01436 n.d. 0.3219 

41-H2 0.01337 + <0.0001 

42-B3 0.01294 + 0.0266 

43-E11 0.0119 n.d. 0.1294 

45-A4 0.01385 + <0.0001 

46-E7 0.01226 n.d. 0.9499 

47-E8 0.01431 + <0.0001 

48-B1 0.01352 + 0.004 

48-D4 0.01346 + 0.0008 
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Appendix Table B.3.5 Continued. 

48-D5 0.013 + 0.0138 

48-F11 0.0132 + 0.0018 

48-G1 0.01376 + <0.0001 

49-G8 0.01119 n.d. 0.5818 

4-G2 0.0135 n.d. 0.2832 

4-H7 0.01343 + <0.0001 

50-A9 0.01388 + <0.0001 

51-A2 0.01372 + <0.0001 

51-A8 0.01377 + <0.0001 

52-B11 0.01374 + <0.0001 

53-G11 0.01299 + <0.0001 

54-G7 0.01162 n.d. 0.1255 

54-G8 0.01323 + <0.0001 

54-H6 0.01256 + <0.0001 

55-E11 0.01145 + 0.0096 

56-D11 0.007677 - <0.0001 

58-D1 0.01349 + <0.0001 

58-E1 0.01318 + <0.0001 

60-F11 0.01218 + <0.0001 

60-F7 0.01329 + <0.0001 

60-F9 0.01386 + <0.0001 

8-5F 0.01454 + <0.0001 

8-B11 0.01368 n.d. 0.6958 

8-B6 0.01303 + <0.0001 

9-G7 0.01403 + <0.0001 

SPO3700::pKnock-Km 0.01456 n.d. 0.6757 

SPO3688::pKnock-Km 0.01499 + 0.0468 

SPO3690::pKnock-Km 0.01498 n.d. 0.0755 

SPO3678::pKnock-Km 0.01343 - 0.0007 

SPO3681::pKnock-Km 0.0147 n.d. 0.7043 

SPO3677::Tn5-Km 0.01446 n.d. 0.2173 

SPO3679::Tn5-Km 0.01473 n.d. 0.6585 

SPO3680::Tn5-Km 0.01540 + 0.0001 

SPO3682::Tn5-Km 0.01243 - 0.0018 

n.d. No difference 

+ Significantly greater  

- Significantly less 
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Appendix Figure B.3.1: Sample library screening plates. A) Third screening library plates 

before colonies were scraped. B) Third screening library plate after colonies were scraped. 

  



109 

 

 

Appendix Figure B.3.2: Quorum sensing transposon mutants and pyrene degradation. A) 

Transposon insertion locations in one of the quorum sensing regions in R. pomeroyi DSS-3. 

Gene names were assigned via annotations on JGI IMG. Numbers under the gene symbols 

represent chromosomal position from the ASN: GCA_000011965 reference. B) Percent 

degradation of pyrene for quorum sensing Tn5 mutants. Percent degradation is relative to T0 

culture and accounts for deviation from uninoculated controls. Standard error was calculated for 

three replicate cultures. Tn5 mutant names are listed on the x-axis. 
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Appendix Figure B.3.3: SPO3678::pKnock-Km pleiotropy assay in 5% YTSS compared to 

WT R. pomeroyi DSS-3. OD measurements at 540nm were taken over 48 hours in biological 

and technical triplicate. The growth rate between the two strains was not significantly different 

when analyzed with an unpaired t-test. 
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CHAPTER 4 COASTAL MARINE BACTERIAL COMMUNITY RESPONSE TO 

POLYCYCLIC AROMATIC HYDROCARBON ENRICHMENT 
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Abstract 

Polycyclic aromatic hydrocarbons (PAHs) are common pollutants in coastal marine ecosystems 

that affect both macro- and microfauna. While microbial response to and degradation of PAHs 

has been well-studied, the taxonomic diversity of marine microbial degraders and the prevalence 

of PAH co-metabolism have not received as much attention. To address these knowledge gaps, 

we established PAH seawater enrichment cultures, with and without the addition of labile carbon 

sources, using inoculants from two coastal Florida sites, a public beach and a public boat ramp. 

16S rDNA amplicon sequencing results showed that seawater inoculation site, addition of a 

labile carbon source, and PAH type affected the resulting microbial community. 

Alphaproteobacteria was the most abundant class in most of the public beach enrichment 

communities while most of the boat ramp enrichment communities had high relative abundances 

of both Alphaproteobacteria and Gammaproteobacteria. Furthermore, the Alphaproteobacterial 

proportion of the communities was primarily made up of Rhodobacteraceae/Roseobacteraceae, 

families with known PAH degraders. In addition, 98% of the bacterial isolates (52/53) from the 

enrichment cultures were only capable of PAH co-metabolism and were unable to use PAHs as a 

sole carbon source. Draft genome sequences were generated for 32 representative isolates to 

investigate the presence of characterized genetic biomarkers for PAH degradation. These 

biomarkers were absent from these genomes suggesting the presence of uncharacterized 

genes/pathways. Overall, this study supports the hypothesis that bacterial PAH co-metabolizers 

may be the first line of defense against PAH pollution in non-chronically polluted areas, whereas 

chronically polluted areas may have prior selection for sole-metabolizers. 

Introduction 

Marine ecosystems are reservoirs of persistent organic pollutants (POPs) (1). These POPs are 

problematic due to their varying recalcitrance and harmful health affects for aquatic and human 

life (2). One group of POPs, polycyclic aromatic hydrocarbons (PAHs), owe their recalcitrance 

to both their hydrophobicity and linked benzene ring structure (3). PAHs are principally formed 
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by the incomplete combustion of carbon or naturally underground as a component of crude oil. 

These compounds can be released into the environment through volcanic eruptions, forest fires, 

industrial wastewater, and oil drilling, among other sources (4). Following their release, PAHs 

enter marine environments through atmospheric deposition, terrestrial runoff, and direct inputs 

(i.e., oil spills) (3, 5, 6). In addition to their stability in the environment, these compounds have a 

variety of toxic and carcinogenic effects (3). While these pollutants are hazardous to aquatic life, 

the potential for bioaccumulation, especially in concert with microplastics, poses a significant 

threat to marine ecosystems (7). To combat PAH pollution, some marine bacteria have evolved 

the ability to utilize these compounds as a growth substrate and/or as a mechanism to detoxify 

their environment (8, 9). 

A variety of marine bacteria have been described to degrade PAHs or increase in abundance 

when exposed to them, most in the context of crude oil bioremediation (10, 11). For instance, 

Cycloclasticus spp. and Marinobacter spp. have been shown to degrade the PAH fraction of 

crude oils and are commonly found in oil contaminated marine waters and sediment (11, 12). 

Initial studies focused on bacterial response to oil spills led to further investigation of marine 

bacteria able to degrade non-petroleum derived PAHs (13). To date, bacteria able to degrade 

PAHs have been isolated in both coastal and open ocean environments as well as throughout the 

water column (14, 15). A disproportionate number of bacteria have been found to degrade low-

molecular weight (LMW) PAHs versus high-molecular weight (HMW) PAHs, the latter having 

increased stability and toxicity (4). While bacterial degradation of this compound class in marine 

environments is prevalent, the range of metabolic strategies these bacteria use to degrade both 

HMW and LMW variants and the true diversity of bacterial PAH degraders has not been well-

studied (16–19).  

Overwhelmingly, studies investigate microbial PAH degradation with these compounds acting as 

the sole carbon and energy source (i.e., requiring no additional supplemental carbon substrate). 

However, recent evidence suggests that numerous marine bacteria can co-metabolize PAHs with 

the addition of an external carbon source (i.e., yeast extract and tryptone) (16, 17). Here, we 

define co-metabolism as the degradation or transformation of PAHs only with the addition of a 

more labile carbon source. These co-metabolic degraders are suspected to have novel enzymatic 

pathways as they are missing characterized PAH degradation biomarkers in the genomes (i.e., 
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pahAc, pahE) (16, 20, 21). The lack of characterization of PAH co-metabolizing strains as well 

as their absence of genetic biomarkers, has highlighted the need for further study of the ecology 

and response of bacterial PAH co-metabolizers.  

Here, we studied the response of coastal marine microbial communities to these compounds. 

With a specific focus on bacteria capable of PAH co-metabolism, we seek to expand the known 

diversity of marine microbial degraders, investigate bacterial metabolic strategies, and begin to 

unravel the function of co-metabolism in marine environments. To study the microbial 

communities under the presence of PAHs, we established seawater enrichment cultures with 

these pollutants to isolate marine microbial PAH degraders. In addition, we determined the 

community composition of the enrichment cultures with and without an added labile carbon 

source. Finally, we analyzed the microbial PAH co-metabolism in these enrichment cultures in 

detail by searching for PAH degradation biomarkers within selected isolates and estimating the 

relative abundance of these co-metabolism degraders within the enrichment culture communities. 

Results 

To study the response of coastal marine microbial communities to PAHs in the presence and 

absence of labile carbon substrates, enrichment cultures were established. Complex carbon 

medium (CM) containing yeast extract and tryptone or minimal medium (MM) containing no 

additional carbon source were used for enrichments. PAH amendment was achieved via the 

addition of either phenanthrene (PHE), a LMW PAH, or pyrene (PYR), a HMW PAH, to the 

enrichment cultures. Finally, the enrichment cultures were inoculated with coastal surface 

seawater from a public beach (PB) or a boat ramp (BR) in the Tampa Bay. Viable cell counts for 

each biological and technical replicate were conducted over four weeks. The minimal medium 

enrichment cultures had a lower average cell density between 7 and 14 days than the complex 

medium, but minimal medium ended with a similar cell density at 28 days (~107 cells/mL) 

(Figure C.4.1). Minimal medium with PHE turned orange after only one week of incubation and 

the complex medium had a similar color change after two weeks of incubation. Previous studies 

have shown that the orange color is a product of 1-hydroxy-2-naphthoic acid accumulation from 

enzymatic degradation, suggestive of phenanthrene degradation in these enrichments (22, 23). 

After four weeks of incubation, the resulting microbial communities from biological replicate 

enrichments were characterized via 16S rDNA amplicon sequencing and 61 representative 
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strains were isolated. These strains were assessed for PAH degradation using a PAH top agar 

screening assay.  

Enrichment community composition 

To investigate the community composition of the enrichment cultures, DNA was extracted from 

cultures after four weeks of incubation and V3/V4 16S rDNA amplicon sequencing was 

conducted obtaining 0.85-2.20 million unpaired reads (132 ± 0.36 million). The resulting 

bacterial community composition in all treatment cultures showed a site and medium-based 

trend. The PB cultures had the highest relative abundance of Alphaproteobacteria (76.0±29.6%), 

while the BR cultures had high relative abundances of both Alphaproteobacteria (42.4±26.2%) 

and Gammaproteobacteria (40.1±32.3%) (Figure 4.1). Of the Alphaproteobacteria, most 

(66.9±28.9%) were Rhodobacteraceae family members and overwhelmingly represented by one 

unclassified Rhodobacteraceae ASV. The Gammaproteobacteria were made up of several 

families, Marinomonadaceae (31.2±28.8%), Vibrionaceae (18.0±23.0%), and Halomonadaceae 

(8.9±21.5%). Outside of Pseudomonadota, Bacteroidia (4.8±7.9%), Planctomycetes (2.0±4.7%), 

and Bdellovibrionia (1.2±2.3%) make up most of the resulting community composition. The boat 

ramp, minimal medium, and pyrene (BR_MM_PYR) treatment had the lowest relative 

abundance of Pseudomonadota and the highest relative abundance of Bacteroidia and 

Planctomycetes. The enrichment culture community composition was affected by seawater 

sampling site, PAH molecular weight, and the addition of a labile carbon source. Beta diversity 

of the communities showed that the communities were signficantly affected by site (Pr<0.003), 

PAH (Pr<0.037), and medium type (Pr<0.001) after 28 days of incubation (Figure 4.2B; Table 

C.4.1). Medium (R2=0.168974) had the largest impact on community composition (Figure 4.2B; 

Table C.4.1). Gammaproteobacteria (47.2±27.1%) was the most abundant class in the complex 

medium cultures, while Alphaproteobacteria (74.4±29.8%) was in the minimal medium cultures 

(Figure 4.1). The complex medium had a greater alpha diversity than the minimal medium as 

indicated by the Shannon’s diversity index (q<0.05) (Figure 4.2A; Table C.4.2). While the 

Generalized UniFrac distances showed that molecular weight of the PAH (Pr<0.037) and site 

(Pr<0.003) had a significant effect on the microbial communities, their alpha diversity was not 

significantly different (q<0.115; q<0.074) (Figure 4.2B; Table C.4.1).  
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Figure 4.1: Enrichment culture community bacterial relative abundance. Relative 

abundance of bacterial classes representing >0.07% relative abundance of enrichment cultures 

after 28 days. “Other” refers to ASVs that contributed <0.07% relative abundance in the entire 

enrichment culture dataset. Culture names are as follows: Site (PB or BR), medium (CM or 

MM), and PAH (PHN or PYR). Biological replicate cultures are beside each other.  
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Figure 4.2: Alpha and beta diversity of enrichment culture communities. A), B) & C) 

Shannon diversity index for all samples based on site, medium, and PAH. D), E), & F) 

Generalized UniFrac for all samples based on site, medium, and PAH. Significance tests can be 

found in Table C.4.1 & C.4.2. 
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Bacterial isolate degradation ability and identities  

From the minimal medium enrichments, we isolated 61 bacteria to assess their PAH degradative 

ability. All isolates were then screened on PAH-containing complex medium or minimal medium 

screening plates to assess PAH degradative ability (i.e., co-metabolism or sole-metabolism). The 

majority (81%) of the isolates showed the ability to degrade the PAH in which they were 

enriched (Table C.4.3). Thirty-one were isolated from the PYR minimal medium cultures and 22 

were isolated from the PHE minimal medium cultures. Despite being isolated from minimal 

medium, only one isolate, originating from a PHE minimal medium culture, showed evidence of 

sole-metabolism. The remaining isolates with evidence of PAH degradation only degraded PAHs 

in the presence of complex medium. Of those able to degrade PAHs via co-metabolism, 56% 

came from the PYR enrichment cultures and 44% came from the PHE enrichment cultures 

(Table C.4.3). 

The 43 PAH degraders were identified via partial 16S rRNA gene sequencing yielding 35 with 

non-duplicate identities. The majority of these strains were Alphaproteobacteria (23), with the 

remaining identified as Gammaproteobacteria (8), Flavobacteria (2), Actinobacteria (1), and 

Cytophagia (1) (Figure 4.3; Table C.4.4). Of the Alphaproteobacteria, the largest proportion of 

these isolates were Roseobacteraceae with 9 non-duplicate strains. The majority of the 

Gammaproteobacteria was made up of Idiomarinaceae with 5 non-duplicate strains. The isolate 

found to degrade PAHs via sole-metabolism was putatively identified as Alteromonas oceani. 

Representative isolate genome sequencing and biomarker HMM searches 

Thirty-two isolates were chosen for Illumina whole genome sequencing to investigate genetic 

biomarkers for PAH degradation (Table C.4.5). All genomes had a completeness score of >95% 

(with the exception of a putative Marinovum sp. isolate, which was 92%) and a contamination 

score of <2% as assessed by CheckM (24). Hidden Markov Models (HMMs) were constructed 

for PAH ring-hydroxylating dioxygenases and PAH hydratase aldolases amino acid sequences of 

various taxonomic distribution from a PAH biomarker database assembled by Huang et al., 2023 

(25). One PAH RHD associated with gram negative bacteria (NahAc) and two PAH RHDs from 

gram positive bacteria (NidA and NarAa) were selected for HMMs. The associated PAH 

hydratase-aldolases for the PAH RHDs were selected for HMMs as well (NahE, PhdJ, and 
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Figure 4.3: Maximum likelihood phylogenetic tree of bacterial isolate partial 16S rDNA 

sequences with closest relative from NCBI. Bootstrap values (100 iterations) are shown at 

branch nodes with circle size corresponding to the value as indicated in the key. Tree scale 

represents evolutionary distance calculated via the Kimura 2-parameter model.  
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NarC). Each biomarker HMM was searched against the genome of each isolate using HMMER 

and all bit scores with an E-value below 1e-10 were selected for further analysis (26). Bit scores 

were used to determine the overall quality of the protein sequence hit to the HMM where a low 

bit score represents low similarity. Escherichia coli DH5α was also assessed for PAH 

degradation biomarkers to provide a comparison in bit score between a non-degrading organism 

and the isolates. 

Despite isolation from PAH containing minimal medium, the isolates had lower bit scores 

(<202) than the highest E. coli bit score (≤422.9) (Figure 4.4). For the PAH ring-hydroxylating 

dioxygenases, E. coli had a higher bit score than all the isolate protein sequences, with  

most of the isolate protein bit scores below 200. Conversely for the PAH hydratase-aldolases, 

some isolates had higher bit scores than E. coli but they were lower than for the RHD protein hits 

with all hits below 110. PhdJ had no hits for any isolate nor E. coli with an e-value below 1e-10. 

Another PAH hydratase-aldolase, PhdG, further up in the Nid/PhD pathway was also chosen to 

assess the presence of this pathway (27). PhdG showed the same trend as NahE and NarC 

HMMs. 

16S rRNA search in amplicon data 

Near complete 16S rRNA gene (either from full genome sequencing or knitting forward and 

reverse PCR amplified fragments) were aligned against the 16S rRNA V3V4 amplicon 

representative sequences to pair isolates to the best-matching ASVs (Table C.4.4). Nearly all of  

the 32 isolates were successfully paired with an ASV (30/32), and 24 of those were paired to a 

unique ASV. After removing the isolate showing PAH sole-metabolism from the results, 14 of 

the isolates came from PB enrichment cultures and 15 isolates came from BR enrichment 

cultures. The PAH co-metabolism isolates had a higher relative abundance in the PB samples 

(57.3±32.2%) than the BR samples (6.8±4.0%) (Figure 4.5). In addition, those isolates that were 

originally isolated from BR cultures (1.2±3.0%) had a much lower relative abundance than those 

originally isolated from the PB cultures (30.0±35.0%). The isolate paired-ASVs had a lower 

relative abundance in the complex medium cultures than the minimal medium cultures. The 

complex medium and PYR treatment had the lowest relative abundance for both sites. 
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Figure 4.4: Summary of HMM searches for isolate genomes. Boxes are color-coded by the 

highest bit score of the protein hits for each strain. The numbers in the boxes indicate protein hits 

for each query sequence below an E-value of 1e-10. White boxes with a 0 indicate no hits with 

an E-value below 1e-10. Each HMM on the x-axis is named after the proteins that the model was 

constructed from. E. coli DH5α was included as a negative control. Detailed results from the 

protein identity searches are available from the KBase narrative 

(https://narrative.kbase.us/narrative/168034). 
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Discussion 

PAHs are common pollutants within marine environments, thus understanding how microbial 

communities respond to these pollutants is essential to our understanding of natural bio-

attenuation (1). Two sites were chosen to investigate the impact of PAHs: a public beach (PB) 

and a boat ramp (BR). Both sites had evidence of anthropogenic influence. The BR, in particular, 

is exposed to PAH-containing petroleum fuels and PAH-containing combustion products from 

boating activity. Chronic PAH pollution has been reported at a variety of boat ramps and marinas 

(28, 29). In addition, historical evidence indicates that chronic PAH pollution exists in Middle 

Tampa Bay where the BR samples were taken, while the PB site, at the interface of the Gulf of 

Mexico and Tampa Bay had much lower concentrations of PAHs (30). 

The location of the initial inoculum signficantly affected the community composition when 

exposed to PAHs. One main difference was the relative abundance of Alphaproteobacteria and 

Gammaproteobacteria. In general, Gammaproteobacteria have been previously attributed to 

degradation of the HMW PAH proportion and Alphaproteobacteria to the LMW PAH proportion 

in marine systems (11, 12). In this study, Marinomonas spp. and Vibrio spp. ASVs had a higher 

relative abundance in complex medium regardless of site or the molecular weight of the PAH. 

While little study has been done on Marinomonas spp., evidence suggests that this genus is able 

to degrade both HMW and LMW PAHs (31). Similarly, little evidence exists for Vibrio spp. but 

studies suggest that this genus cannot utilize PAHs as a sole carbon source but can degrade them 

through co-metabolism (16, 32). In addition, studies investigating the effect of oil spills on 

microbial communities found that Gammaproteobacteria are often strongly selected for, but in 

this study Alphaproteobacteria appear to be selected for in the PB and BR samples (5, 33). This 

difference may be attributed to the absence of Cycloclasticus spp. in all but one enrichment 

culture as Gammaproteobacterial dominance in PAH contaminated sites is strongly linked to 

Cycloclasticus spp. abundance (34, 35). Evidence from this study suggests that 

Gammaproteobacteria may have a more dynamic role in PAH degradation than previously 

established. 
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Figure 4.5: Relative abundance of isolates in enrichment culture amplicon sequences. Each 

isolate was paired to an amplicon sequence variant (ASV) based on its 16S rDNA sequence. The 

relative abundances of the ASVs that were paired with the isolates are shown above. Each ASV 

that was paired to an isolate is color-coded based on the site where the isolate originated (PB or 

BR). One isolate matched two ASVs and is noted as a PB/BR isolate. N/A refers to ASVs that 

did not correspond to an isolate. 
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Compared to Gammaproteobacteria the response of Alphaproteobacteria is less well-

characterized with studies reporting both decreases and increases in abundance when exposed to 

PAHs and oil (36, 37). In this study, Rhodobacteraceae was the most abundant family in the 

Alpahproteobacteria proportion of the microbial communities. While this family has been split 

up into the Roseobacteraceae and the Rhodobacteraceae families, the taxonomic classification 

database, SILVA v138.2, has not yet updated to reflect this change, thus only the 

Rhodobacteraceae classification appears in this analysis (38, 39). Almost all marine bacteria in 

the Rhodobacteraceae family were re-classified as part of the Roseobacteraceae family, thus it is 

likely that these ASVs belong to this family (38). Roseobacteraceae members are known to 

degrade PAHs, both with and without a more labile carbon source (16–19). Several 

Roseobacteraceae members in this study displayed co-metabolism on pyrene and phenanthrene. 

In addition, Roseobacteraceae members are highly abundant in coastal regions, making up to 

25% of the microbial communities (40). Their PAH degradation ability, along with their high 

abundance in marine ecosystems could allow them to play a large role in marine microbial 

community response to these pollutants. Previous studies have hinted at this role as 

Roseobacteraceae strains are commonly found in PAH and crude oil enrichment studies (12, 41–

43). Other studies have documented an increase in Roseobacteraceae when exposed to oil, but 

PAH degradation by this family was not assessed (44, 45). As Alphaproteobacteria relative 

abundance was higher in PB cultures than the BR cultures, Roseobacteraceae relative abundance 

follows this same trend.  

The presence of additional carbon sources significantly affected the community composition. 

Few reports of PAH co-metabolism exist, but evidence suggests that this mechanism of 

degradation could be widespread among marine bacteria (16). Interestingly, PAH co-

metabolizing isolates were found from minimal medium cultures without an added carbon source 

other than PAHs. Thus, since these bacteria were unable to use PAHs as a sole carbon and 

energy source, they would require another more labile carbon source to be able to grow and 

transform PAHs. While some amount of DOC was likely present in the initial seawater 

inoculum, microbial necromass, from microbial cell death in the enrichments, likely provided a 

source of labile carbon to facilitate co-metabolism. Thus, bacterial turnover and bacterial death 

from PAH stress could have fueled the co-metabolism of other cells. Studies found that medium 
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containing yeast extract was a sufficient carbon source for PAH co-metabolism, which supports 

the use of microbial necromass, or other forms of DOC, for PAH co-metabolism in coastal 

communities (16, 17, 46). 

The characterized enrichment isolates were also missing known genetic biomarkers for PAH 

degradation. Previous evidence suggested that bacteria able to co-metabolize PAHs likely had 

novel pathways for their degradation (16). This is further supported by Ruegeria pomeroyi DSS-

3, a PAH co-metabolizer, that has been shown to lack these biomarkers and contains a putative 

PAH ring-hydroxylating dioxygenase involved in this co-metabolism (Chapter 3). Thus, this 

study highlights the need to further study PAH co-metabolizers as we cannot rely solely on 

bioinformatic approaches to study PAH degradation in marine environments. While some of the 

enrichment isolates’ genera had reports of PAH degradation, most of these organisms are 

missing from previous reports of PAH degradation at the strain and/or species level. The absence 

of genetic biomarkers for PAH degradation and the ability to co-metabolize PAHs may have led 

to their exclusion. 

This study provides insight into how microbial communities respond to PAH pollution. While 

several other studies have investigated such a response, they do not consider the contribution of 

co-metabolism. The starting relative abundance of the bacterial communities in this study are 

unknown, but initial community composition likely influenced the response of these 

communities due to historical contingency (36). Thus, from the data presented in this study, 

preexposure to PAHs appears to impact the abundance of co-metabolism degraders in favor of 

sole-metabolism degraders which have been selected for by prior PAH exposure. In 

environments where sudden PAH pollution occurs, co-metabolism degraders may be the initial 

responders to this pollution as sole-metabolism degraders have not been previously selected for. 

Bacteria that are at high abundances from their ability to thrive with the carbon sources available, 

such as Roseobacteraceae members, may increase in relative abundance due to their ability to 

degrade PAHs as they utilize other carbon sources. Preexposure to PAHs and available DOC are 

likely important factors influencing PAH co-metabolism in marine ecosystems. 
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Methods 

Seawater sampling 

Seawater samples were taken from two sites near/in Tampa Bay, FL with anthropogenic 

influence as a product of their recreational use. Public beach site was at Sunset Beach in 

Treasure Island, FL (27.7480216, -82.7621535) and the boat ramp site was at the public boat 

ramp at Demens Landing Park in St. Petersburg, FL (27.7714434, -82.6280303). Sterile 50mL 

conical tubes were used to collect 150mL water at each site. Within 24 hours water was used to 

inoculate enrichment cultures. Seawater was kept at room temperature until inoculation. 

PAH enrichment cultures 

Seawater was used to inoculate 10% Yeast Tryptone Sea Salt (YTSS) medium [per liter: 15 g 

Instant Ocean (Thermo Fisher Scientific), 0.4 g tryptone, 0.25 g yeast extract] or aromatic basal 

medium (ABM) [per liter 8.7 mM KCl, 8.7 mM CaCl2, 43.5 mM MgSO4, and 174 mM NaCl 

with 225 uM K2HPO4, 13.35 mM NH4Cl, 71 mM Tris-HCl [pH 7.5], 15 g agar (Thermo Fisher 

Scientific), 68 uM Fe-EDTA, trace metals [7.85 mM nitriloacetic acid, 0.53 mM MnSO4∗H2O, 

0.42 mM CoCl2 ∗6H2O, 0.35 mM ZnSO4 ∗7H2O, 0.038 mM CuSO4, 0.11 mM NiCl2 ∗6H20, 1.16 

mM Na2SeO3, 0.41 mM Na2MoO4∗2H2O, 0.33 mM Na2WO4∗2H2O, 0.25 mM Na2SiO3∗9H2O] 

and trace vitamins [0.0020% vitamin H (Biotin), 0.0020% folic acid, 0.0100% pyridoxine-HCl 

(B6), 0.0050% riboflavin (B2), 0.0050% thiamine (B1), 0.0050% nicotinic acid, 0.0050% 

pantothenic acid (B5), 0.0001% cyanocobalamin (B12), 0.0050% p-aminobenzoic acid]]. To 

each medium, either 100 μg/mL pyrene or phenanthrene dissolved in acetone was added. In 

250mL ashed and sterilized flasks, 45mL of the medium + PAH solution was added. Two control 

cultures with medium only were included to monitor any contamination during sampling and 

incubation. Before inoculation, cultures were allowed to incubate overnight at 30°C to remove 

residual acetone. The next day, 5mL of seawater was used to inoculate each enrichment culture 

with biological and technical duplicates for each treatment. Initial viable cell counts were 

conducted for each treatment and cultures were incubated at 30°C for 28 days. 

After each week, enrichment culture sample was diluted and plated on YTSS agar to assess 

microbial growth and to isolate marine bacteria. Cultures were also observed for evidence of 

PAH degradation (i.e., color change). In addition, freezer stocks were made from each 

enrichment culture (2mL culture + 2mL 50% sterile glycerol). 
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Isolate screening and identification 

Cultivated strains were grown in YTSS, mixed 1:1 with 50% glycerol, and stored at -70°C. All 

53 isolates originated from ABM cultures with either pyrene or phenanthrene. To screen isolates 

for PAH degradation ability, a PAH top-agar screening assay was used, previously used in 

Walton & Buchan, 2023(16). In brief, base plates of either YTSS or ABM were topped with 

~5mL of either pyrene or phenanthrene containing top agar, forming a cloudy film with which to 

assess degradation. All strains were inoculated into YTSS broth and grown overnight at 30°C. 

Strains to be plated on complex carbon plates were immediately spotted on PAH top agar plates. 

Those on minimal media were first washed twice with ABM before plated on PAH top agar 

plates to remove residual carbon. YTSS plates were incubated for a week at 30°C with plates 

being scraped after 3, 5, and 7 days. ABM plates were incubated for 2 weeks at 30°C with plates 

being scraped after 7 and 14 days. Escherichia coli DH5α was plated alongside strains as a 

negative control. Clearing zones under the colonies indicated degradation of the PAH and were 

recorded as positive for degradation. After confirming degradative ability, strains were identified 

by extracting the DNA with the DNeasy Blood & Tissue Kit (Qiagen, Germantown, MD) and 

amplifying the 16S rRNA gene. Resulting amplicons were sent for sequencing and used to 

determine the closet relative of the isolate via blastn (47). Strains that were not able to be 

successfully identified were not included in further study. 

Phylogenetic analysis 

To determine the relatedness and the diversity of the isolated colonies, a maximum likelihood 

phylogenetic tree was constructed. 16S rDNA sequences from isolates and closest-related 

relatives were aligned in BioEdit v7.2.5 (48). A maximum likelihood tree was constructed using 

MEGAX v10.2.2 and the Kimura 2-parameter model (49). The tree was visualized using iTOL 

v6 (50). 

Enrichment culture community analysis 

To determine the composition of the final enrichment cultures, 16S rDNA amplicon sequencing 

was conducted. DNA was extracted from the biological replicate week 4 freezer stocks using the 

QIAmp Micro DNA Kit (QIAGEN, USA). The following modified procedure was used. Buffer 

ATL was added to frozen enrichment culture stocks to a volume of 100μl and then 10μl of 

proteinase K, 100μl of Buffer AL, and 1μl of carrier RNA was added. To lyse cells, tubes were 
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incubated at 56°C for 10 minutes. 50μl of absolute ethanol was added and tubes were pulse-

vortexed for 15 seconds before incubating at room temperature for 3 minutes. The lysate was 

then transferred to a QIAamp MinElute column and centrifuged at 6000xg for 1 minute. Flow 

through was discarded and then buffers AW1 and AW2 were added with the same spin and flow 

through steps after each buffer. Columns were then centrifuged at 16,000xg for 3 minutes before 

eluting DNA with 30μl of Buffer AE. Once buffer was added, the columns were incubated at 

room temperature for 1 minute before centrifuging at 16,000xg for 1 minute. 

Sample DNA was quantified using a Qubit 4 Fluorometer (Thermo Fisher Scientific, Waltham, 

MA, USA) and shipped for sequencing at SeqCenter, LLC (https://www.seqcenter.com/). In 

brief, samples were prepared using the Quick-16S Kit (Zymo Research, Irvine, CA, USA) 

targeting the V3/V4 regions of the 16S rRNA gene. After cleanup and normalization, samples 

were sequenced on a P1 600cyc NextSeq2000 (Illumina, San Diego, CA, USA) to generate 

2x301bp paired end reads.  

Raw paired-end FASTQ reads were imported into the QIIME2 amplicon conda environment 

(v.2024.5) and demultiplexed. The 16S rRNA V3-V4 primers were trimmed with the cutadapt 

plugin. Paired-end reads were denoised with the DADA2 plugin to infer exact amplicon 

sequence variants (ASVs) with the following parameters: --p-trunc-len-f 280, --p-trunc-len-r 275, 

--p-trim-left-f 0, --p-trim-left-r 0.  

The RESCRIPt plugin was used to pull the SILVA SSU r138.1 NR99 RNA sequence database 

and taxonomy for taxonomic classification. The RNA sequences were reverse transcribed to 

DNA sequences and low-quality reference sequences were culled with the RESCRIPt command 

‘cull-seqs’ with default parameters. Sequences were filtered by minimum length based on 

taxonomy so that the minimum length for Archaea, Bacteria, and Eukaryota sequences are 900 

nt, 1200 nt, and 1400 nt, respectively. The RESCRIPt command ‘dereplicate’ was used to 

dereplicate sequences and taxonomies when sequences and taxonomies match but retain all 

sequences that have unique taxonomic annotations even if the sequences are duplicates with ‘--p-

mode uniq’. Using the 16S rRNA V3-V4 primer sequences, the 16S rRNA V3-V4 region of the 

unique SILVA reference sequences were extracted in the forward read orientation using the 

feature-classifier plugin ‘extract-reads’ command. The extracted 16S rRNA V3-V4 reads were 

dereplicated as before and subsequently used to train a Naïve Bayes taxonomic classifier with the 

https://www.seqcenter.com/
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feature-classifier plugin ‘fit-classifier-naive-bayes’ command with default parameters. This 

classifier was used to predict the taxonomic classification of the DADA2 inferred representative 

ASV (i.e., feature) sequences with the feature-classifier plugin ‘classify-sklearn’ command with 

default parameters.  

The SILVA 128 database was utilized for phylogenetic tree creation with SEPP (SATé-Enabled 

Phylogenetic Placement) fragment insertion. SEPP fragment insertion performs a phylogenetic 

placement technique explicitly designed for 16S rRNA data to obtain improved phylogeny trees. 

Samples with less than 1,000 ASV abundance were considered failed microbiome samples and 

removed from the analysis. Microbial features were filtered out if they were assigned to 

mitochondria or chloroplast. Further, features were filtered to reduce noise based on frequency to 

retain features with at least 1% abundance in 10% of samples. After filtering, the data set 

included 17 samples and 738 features totaling a frequency of 6,800,574 feature counts. The 

median frequency per sample was 396,293 (minimum = 287,586; maximum =514,322). 

A rarefaction curve analysis was performed by generating alpha diversity metrics at a minimal 

sampling depth of 1 sequence to a maximum sampling depth of the median feature frequency. 

This revealed that rarefying to a depth of 285,000 feature counts per sample captures the 

majority of the alpha diversity signal within the dataset; therefore, this sampling depth was used 

for calculating diversity metrics. The QIIME2 ‘core-metrics-phylogenetic’ plugin was used to 

calculate alpha diversity metrics: Faith’s phylogenetic diversity, Peilou’s evenness, Shannon’s 

diversity, and ASV richness. The beta diversity metrics: unweighted, weighted, and generalized 

(alpha = 0.5) UniFrac distances were calculated using the generated SEPP fragmentation 

phylogenetic tree and visualized with principal coordinates analysis (PCoA). 

Differences of alpha diversity metrics were statistically tested using Kruskal-Wallis H tests. 

Unweighted, weighted, and generalized UniFrac distances were statistically compared between 

collection site, media type, and PAH carbon source using the adonis package permutational 

multivariate analyses of variance (formula = “Site * Media * PAH”; permutations = 999). The 

non-rarified ASV feature table was used to test where the abundances of ASVs differed between 

collection site, media type, and PAH carbon source using the QIIME2 ‘composition’ plugin with 

the analysis of compositions of microbiomes with bias correction (ANCOM-BC) command 

using the ‘--p-conserve’ flag as recommended for small sample sizes. The ANCOM-BC 
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reference levels for the collection site, media type, and PAH carbon source were site 1, YTSS, 

and pyrene, respectively.  

Isolate genome sequence and analysis 

DNA was extracted from bacterial isolates using the DNeasy Blood & Tissue Kit (QIAGEN, 

USA) and then quantified using a Qubit 4 Fluorometer (Thermo Fisher Scientific, Waltham, MA, 

USA). Samples were shipped to SeqCenter, LLC (https://www.seqcenter.com/) for full genome 

sequencing. In brief, the libraries were prepared using the Illumina DNA Prep kit (Illumina, San 

Diego, CA, USA) and custom IDT 10bp unique dual indices. Sequencing was conducted using 

an Illumina NovaSeq X Plus sequencer (Illumina, San Diego, CA, USA) to produce 2x151bp 

paired-end reads. Downstream demultiplexing, quality control, and adapter trimming was 

performed using bcl-convert v4.2.4. Assembly was performed with Unicycler v0.5.0 and the 

resulting assembly was assessed with QUAST v5.2.0 (51, 52). Bakta v1.8.1 was used to annotate 

assembled genomes (53). Default parameters were used for all tools. Genome completeness and 

contamination was assessed using CheckMv1.8.10 and KBase (www.kbase.us) (24, 54). CheckM 

scores are available through KBase (https://narrative.kbase.us/narrative/168034). 

Polycyclic aromatic hydrocarbon degradation biomarker Hidden Markov Model construction 

and searches 

Hidden Markov Models were constructed from a PAH biomarker sequence database (25). 

Sequences for each biomarker were aligned in BioEditv7.2.5 using CLUSTALW (48). KBase 

(www.kbase.us) and HMMERv3.3.2 were used to search each PAH biomarker model (NarC, 

NarAa, NahAc, NahE, NidA, PhdJ, and PhdG) against the isolate genomes (26, 54). HMM 

results are available through KBase (https://narrative.kbase.us/narrative/168034). 

Isolate relative abundance 

16S rDNA sequences either partial or full were extracted from the full genome sequences or knit 

together from forward and reverse sanger sequencing of 16S rDNA PCR amplified fragments. 

Forward and reverse PCR products were trimmed and then knit together using QIAGEN CLC 

Genomics Workbench v24.0.1. The full-length 16S rRNA FASTA sequences from the isolates 

were imported into the QIIME2 amplicon conda environment (v.2024.5). Using the QIIME2 

‘feature-classifier’ plugin ‘vsearch-global’ command, the full-length 16S rRNA sequences were 

treated as reference reads and the 16S rRNA V3V4 DADA2 representative sequences were 

https://www.seqcenter.com/
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treated as query reads. The query reads were aligned to the reference reads using conservative 

limits parameters: ‘--p-perc-identity 0.4’, ‘--p-query-cov 0.1’, ‘--p-maxhits all’, ‘--p-maxrejects 

all’, and ‘--p-no-search-exact’. To determine the best hit, the alignment results were manually 

curated initially by removing hits with less than 95% identity and query coverage. From this list, 

the alignment with the highest percent identity was assigned the ‘best hit’. Two isolated samples 

failed to reliably align and were removed from the analysis: BR_MM_PHN_8 (50.5% highest 

query coverage) and BR_MM_PYR_8 (48.4% highest percent identity). One isolate, 

BR_MM_PYR_7, had two equal ‘best hits’ with 99.1% identity and 100% coverage. For this 

isolate, the ‘best hit’ was determined by selecting the query ASV sequence with the highest 

abundance and prevalence within the 16S rRNA V3V4 dataset. There were some query ASV 

sequences that were ‘best hits’ for multiple isolates; therefore, the final total of unique ASV 

sequences that may correspond to the isolates was 24. The relative abundance of these features 

was investigated to determine their composition among each treatment group. 
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 Appendix Figure C.4.1: Enrichment culture viable cell counts over 28 days. Biological 

duplicate and technical duplicate cultures were plated at 0, 7, 14, 21, and 28 days. The average 

and standard error of the mean was calculated from the combined biological and technical 

replicates. Four replicate plate counts were obtained for all but the following: Day 14 

PB_MM_PYR, Day 21 PB_MM_PYR, Day 14 PB_MM_PHN, Day 14 BR_MM_PYR, and Day 

21 BR_MM_PHN.  
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Appendix Table C.4.1: Generalized UniFrac adonis results. 
 

Df SumsOfSqs MeanSqs F.Model R2 Pr(>F) 

Site 1 0.439535 0.439535 3.935233 0.15924 0.003 

Media 1 0.466401 0.466401 4.175771 0.168974 0.001 

PAH 1 0.244715 0.244715 2.190972 0.088658 0.037 

Site:Media 1 0.18945 0.18945 1.696176 0.068636 0.082 

Site:PAH 1 0.172744 0.172744 1.546605 0.062584 0.104 

Media:PAH 1 0.168109 0.168109 1.505109 0.060905 0.129 

Site:Media:PAH 1 0.185707 0.185707 1.662671 0.06728 0.09 

Residuals 8 0.893538 0.111692 NA 0.323722 NA 

Total 15 2.760199 NA NA 1 NA 
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Appendix Table C.4.2: Shannon diversity index Kruskal-Wallis results. 

 H p-value q-value 

Site 3.1875 0.074203 0.074203 

Media 5.338235 0.020863 0.020863 

PAH 2.481618 0.115184 0.115184 

  



143 

Appendix Table C.4.3: Summary of screened bacterial isolates. 

Isolation Culture Total Isolates CM + PAH MM +PAH Neither 

MM+PYR 31 24 0 7 

MM +PHN 22 19 1 3 
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CHAPTER 5 CONCLUSION 

Despite decades of research on polycyclic aromatic hydrocarbon (PAH) degradation, initial 

investigation into co-metabolism has only occurred over the past few years (1). Numerous 

studies have investigated the ability of low molecular weight (LMW) PAHs to increase 

degradation efficiency and rate of high molecular weight (HMW) PAHs as a form of co-

metabolism, but even the LMW PAHs are incredibly recalcitrant and present a metabolic hurdle 

for many bacteria (2, 3). While several studies have shown that PAH degradation may increase 

in the presence of a more labile carbon source, the mechanism, role, diversity, and conservation 

of this function is currently unknown (4–6). Bacteria only able to degrade PAHs via co-

metabolism (i.e., degradation of PAHs in the presence of another carbon source) has received 

even less attention. This knowledge gap stems from the vast number of studies that only assess 

bacteria for sole-metabolism (i.e., degradation of PAHs as a sole carbon and energy source) and 

from bioinformatic studies that utilize PAH degradation genetic biomarkers to predict microbial 

functions. While studies focusing on sole-metabolism propelled the field of PAH bioremediation 

forward, relying on these studies has narrowed our understanding of other metabolic strategies. 

In addition, several studies show that some PAH sole-metabolism pathways are under regulation 

by catabolite repression (7, 8). These bacteria may utilize PAHs as a sole carbon and energy 

source, but environmental carbon sources may trigger catabolite repression, preventing them 

from acting on PAHs. Co-metabolism degraders do not face the same challenges as they are able 

to degrade PAHs in the presence of other carbon sources. Furthermore, biomarker-based 

approaches do not capture PAH co-metabolism degraders and fail to link functions to specific 

microbes (9). PAH bioremediation research has shifted toward bioinformatic approaches, but 

until we have sufficient studies on PAH co-metabolism, these studies will not capture the true 

diversity of PAH degraders in the environment. 

Filling this gap in research is difficult as the field has progressed rapidly, leaving co-metabolism 

far behind in knowledge. With both culture-based and bioinformatic-based studies focused on 

sole-metabolism, methods to study co-metabolism similarly are underdeveloped. In Chapter 1, I 

established two methods to assess PAH co-metabolism with a specific emphasis on marine 

bacteria. First, I adapted a PAH top-agar screening assay to qualitatively assess co-metabolism 

(10). For this assay I determined what carbon source should be supplemented, PAH 
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concentration (for both pyrene and phenanthrene), and how to assess degradation using these 

plates. Initially it took weeks for clearing zones to appear around colonies, indicating 

degradation, and some bacteria grew faster than the clearing zone could develop. To circumvent 

this, I attempted to scrape cells from the plate to see whether any clearing zones appeared under 

the colonies. This allowed me to screen bacteria for PAH co-metabolism using a high-throughput 

approach. To quantify degradation, I modified a High-Performance Liquid Chromatography 

assay that extracted PAHs from culture media to determine remaining PAH concentration (6, 

11). From this assay I learned that not only is carbon source important, but also the concentration 

of that source. Although these two assays are disappearance based, disappearance-based assays 

are widely accepted in the field as measures of PAH degradation. These two assays assisted me 

in further proving the existence of PAH co-metabolism and the prevalence of this metabolic 

strategy within marine bacteria. 

An unexpected result of this work was how many bacteria were only capable of PAH co-

metabolism. Even when selecting for PAH degraders in Chapter 4, most bacteria were only 

capable of co-metabolism. Many Roseobacteraceae family members also co-metabolize PAHs, 

which is a driving theme throughout all three research chapters (6, 9). As Roseobacteraceae 

members have high genetic diversity, the number of members with evidence of PAH co-

metabolism is significant and points toward the conservation of this function within the family 

(6, 9, 12). This function is likely mediated by promiscuous enzymes able to act on PAHs in 

addition to their intended substrate. In Chapter 3, I demonstrate that several promiscuous 

enzymes are involved in co-metabolism by Ruegeria pomeroyi DSS-3. Since this function 

appears conserved within family members and functionally redundant in R. pomeroyi DSS-3, 

PAH co-metabolism likely plays an important role in Roseobacteraceae survival since these 

bacteria are likely not gaining any metabolic benefit from these enzymatic reactions.  

PAH co-metabolism as a survival mechanism in polluted marine environments would not only 

benefit bacteria able to co-metabolize these compounds by reducing their toxicity, but also 

reduce the metabolic hurdle for PAH sole-metabolizers by overcoming the stability of these 

compounds and hydroxylating them. In Chapter 4, I hypothesize that these PAH co-metabolizers 

may act as a first line of defense against PAH pollution in non-chronically polluted areas due to 

their enzymes acting on PAHs. Overcoming that first metabolic hurdle would allow for sole-
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metabolizers to more efficiently degrade PAHs, establishing a synergistic degradation 

relationship between co- and sole-metabolizers. In addition, the detoxification of the 

environment increases the survival of other genera more susceptible to PAH pollution. Overall, 

evidence suggests that these PAH co-metabolizers may play a significant role in the natural 

attenuation of PAH pollution. 

The work in this dissertation only covers a small fraction of the research needed to understand 

the mechanism of co-metabolism and the role this metabolic strategy plays in the environment. 

The goal of this dissertation was not to fill in all the knowledge gaps surrounding PAH co-

metabolism but present a starting point for future research into this topic. While initial 

hydroxylation of these compounds appears to occur during co-metabolism, further investigation 

is needed to confirm this hydroxylation and determine downstream reactions and products occur 

after this initial hydroxylation. This could provide evidence for synergistic relationships between 

co-metabolism degraders and sole-metabolism degraders in the environment. While Chapter 4 

made efforts to investigate marine bacterial community response to PAHs, in situ studies are 

required to determine if this activity occurs in marine systems and if this activity can occur using 

marine DOC. While such studies would enhance our understanding of PAH co-metabolism, 

environmental pollution is a risk when working with pollutants, thus our work focused on ex situ 

investigations. Knowledge from this dissertation as well as future work in PAH co-metabolism 

has the potential to develop new bioremediation strategies and technologies. The most obvious 

application of this work would be the formation of a biostimulant that provided the necessary 

carbon sources to stimulate bacterial co-metabolism in polluted environments to increase 

degradation efficiency. As co-metabolism appears to be a prevalent function in marine bacteria, 

this biostimulant could be applied to diverse marine systems as well as oil spill sites.  

This research has broad implications in the bioeconomy sector. Bioeconomy is the portion of the 

economy that relates products, processes, and services derived from biological organisms (13). 

The global bioeconomy is estimated to be worth anywhere from $4-30 trillion by 2023 (14). 

Specifically, the bioremediation market is estimated to grow from $15 billion in 2023 to $34 

billion by 2032 (15). This growth underscores the need for continued bioremediation research 

and development of new technologies to continue the growth in this field. Outside of the 

bioremediation market, Roseobacteraceae family members are valuable industrial assets due to 
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their ability to degrade lignin and lignin-derived compounds into high-value products via 

bioengineering (16). Such bio-based products offer a sustainable solution to production, but 

further research is needed for the optimization and scalability of these technologies (17). While 

PAH co-metabolism research is just beginning to gain traction, the budding bioremediation 

market and industrial interest in Roseobacteraceae members could lead to innovative 

technologies based off this foundational research. 
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APPENDIX D QUORUM SENSING AND ANTIMICROBIAL PRODUCTION 

ORCHESTRATE BIOFILM DYNAMICS IN MULTISPECIES BACTERIAL 

COMMUNITIES 
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Abstract 

Microbial interactions are often mediated by diffusible small molecules, including secondary 

metabolites, that play roles in cell-to-cell signaling and inhibition of competitors. Biofilms are 

often “hot spots” for high concentrations of bacteria and their secondary metabolites, which 

make them ideal systems for the study of small-molecule contributions to microbial interactions. 

Here, we use a five-member synthetic community consisting of Roseobacteraceae 

representatives to investigate the role of secondary metabolites on microbial biofilm dynamics. 

One synthetic community member, Rhodobacterales strain Y4I, possesses two acylated 

homoserine lactone (AHL)-based cell-to-cell signaling systems (pgaRI and phaRI) as well as a 

nonribosomal peptide synthase gene (igi) cluster that encodes the antimicrobial indigoidine. 

Through serial substitution of Y4I with mutants deficient in single signaling molecule pathways, 

the contribution of these small-molecule systems could be assessed. As secondary metabolite 

production is dependent upon central metabolites, the influence of growth substrate (i.e., 

complex medium versus defined medium with a single carbon substrate) on these dynamics was 

also considered. Depending on the Y4I mutant genotype included, community dynamics ranged 

from competitive to cooperative. The observed interactions were mostly competitive in nature. 

However, the community harboring a Y4I variant that was both impaired in quorum sensing 

(QS) pathways and unable to produce indigoidine (pgaR variant) shifted toward more 

cooperative interactions over time. These cooperative interactions were enhanced in the defined 
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growth medium. The results presented provide a framework for deciphering complex, small-

molecule-mediated interactions that have broad application to microbial biology. 

Importance 

Microbial biofilms play critical roles in marine ecosystems and are hot spots for microbial 

interactions that play a role in the development and function of these 

communities. Roseobacteraceae is an abundant and active family of marine heterotrophic 

bacteria forming close associations with phytoplankton and carrying out key transformations in 

biogeochemical cycles. Group members are aggressive primary colonizers of surfaces, where 

they set the stage for the development of multispecies biofilm communities. Few studies have 

examined the impact of secondary metabolites, such as cell-to-cell signaling and antimicrobial 

production, on marine microbial biofilm community structure. Here, we assessed the impact of 

secondary metabolites on microbial interactions using a synthetic, five-member 

Roseobacteraceae community by measuring species composition and biomass production during 

biofilm growth. We present evidence that secondary metabolites influence social behaviors 

within these multispecies microbial biofilms, thereby improving understanding of bacterial 

secondary metabolite production influence on social behaviors within marine microbial biofilm 

communities. 

Introduction 

Microbial interactions play critical roles in defining microbial community structure and function. 

These microbial interactions span from cooperative interactions, such as resistance to 

antimicrobials and cometabolism (1–3), to more competitive interactions, including the 

production of inhibitory compounds and resource acquisition (4–6). Many types of microbial 

interactions are mediated by small molecules. While not essential to primary metabolism, these 

small molecules (i.e., secondary metabolites) facilitate interactions between microbes and their 

biotic and abiotic environments (7). Two common classes of secondary metabolites produced by 

microbes are signaling molecules and antimicrobial compounds. A well-known group of small, 

diffusible signaling molecules, the acylated homoserine lactones (AHLs), are common to 

many Proteobacteria where they are used to coordinate gene expression, often in a population-

density-dependent manner (i.e., quorum sensing [QS]) (8). Canonical AHL-mediated QS consists 

of a two-component system consisting of a transcriptional regulator (LuxR-type protein) and an 
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AHL synthase (LuxI-type protein) that produces a diffusible ligand. When bound, these protein-

ligand complexes can elicit global changes in gene expression (9). Common bacterial traits that 

are QS regulated include, but are not limited to, bioluminescence, motility, biofilm formation, 

and antimicrobial production (10–13). Antimicrobials are thought to contribute to microbial 

interactions principally through growth inhibition of competitors. However, for some microbes, 

these compounds may themselves function as intermicrobial signals at low concentrations (14). 

In addition, antimicrobials have been demonstrated to influence biofilm formation in some 

bacterial species (15, 16). Thus, these two classes of molecules can have overlapping roles and 

are crucial to competitive and cooperative microbial interactions. 

In many environments, diverse microorganisms are enclosed in biofilms where they are in close 

physical association with one another and encased in a self-produced polymeric matrix (17, 18). 

The biological and physicochemical properties of biofilms make them ideal systems to study 

microbial interactions, especially those that are mediated by diffusible small molecules. In 

addition, biofilms play critical roles in ecosystem functioning, where they mediate 

transformations key to biogeochemical cycling (19), bioremediation (20), and biofouling (21). In 

turn, biofilm-associated microorganisms are afforded some degree of protection by the biofilm 

matrix from external environmental stressors, predators, toxins, and antibiotics (22). 

The current understanding of QS-mediated microbial interactions within biofilms is based 

principally on coculture and natural assemblages (23, 24). While valuable, coculture studies can 

be limited by the oversimplification of microbial interactions. On the other hand, mesocosm 

experiments using complex natural communities introduce a wide range of variables to consider 

when trying to tease apart microbial interactions (25–27). Synthetic intentional communities 

provide an opportunity to limit community complexity while still allowing for a higher order 

level of interactions beyond pairwise interactions. In addition, synthetic communities have been 

used recently in surface colonization and biofilm studies to mimic interactions found in natural 

ecosystems (28–30). Despite the recent emergence of synthetic multispecies-based biofilm 

studies, our knowledge of microbial interactions within natural biofilm communities is still 

relatively incomplete, specifically those cooperative and competitive interactions influenced by 

small molecules, such as secondary metabolites. A critical aspect to understanding these small-

molecule-linked interactions within multispecies biofilm communities is to evaluate the fitness, 
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physiological, and ecological aspects between individual species and a multispecies biofilm 

consortium. 

Due to their predilection to form biofilms on a variety of surfaces and robust secondary 

metabolite production, members of the heterotrophic Roseobacteraceae family of bacteria are 

ideal model organisms for examining the molecular mechanisms that mediate the cooperative 

and competitive microbial interactions within biofilm communities (31). These bacteria comprise 

upward of 20% of microbial communities in coastal marine ecosystems, possess a large genetic 

repertoire, and demonstrate high metabolic diversity (32, 33). Diverse family members have 

been found to be primary and aggressive colonizers of a variety of surfaces in coastal oceans 

(32, 33). The production of secondary metabolites likely contributes to the competitive fitness 

of Roseobacteraceae strains in marine biofilms. For example, genomic evidence suggests the 

majority of sequenced strains possess at least one QS gene (34). Furthermore, nonribosomal 

peptide synthases and polyketide synthases (PKSs) are pervasive in marine strains (35). 

To evaluate the impact of secondary metabolite production, specifically AHLs and 

antimicrobials, on microbial interactions in biofilms, we conducted synthetic community 

experiments using a five-member Roseobacteraceae community. The selected strains (Sagittula 

stellata sp. E-37, Rhodobacterales strain Y4I, Roseovarius nubinhibens ISM, Sulfitobacter sp. 

EE-36, and Citreicella sp. SE45) are representatives of those found in high abundance in marine 

environments, where they have been reported to be metabolically active (36, 37). These strains 

have been studied extensively in their ability to degrade plant-derived aromatic compounds, and 

each possess genes encoding the protocatechuate pathway, which is responsible for the 

catabolism of a variety of aromatic compounds, including p-coumaric acid (33, 38–40). 

Additionally, these strains have been used previously in a synthetic community study to evaluate 

the interactive effects that combinations of labile and recalcitrant substrates have on microbial 

growth and metabolism (31). One of these strains, Rhodobacterales strain Y4I, has been the 

focus of studies examining the contribution of both quorum sensing and antimicrobials to 

competitiveness fitness (5, 41, 42). We have access to previously generated Y4I mutants 

impaired in various aspects of secondary metabolite production and detection (Table D.1). Using 

this synthetic community and substituting different Y4I mutants, we assessed the contribution of 

secondary metabolites to community dynamics (i.e., community composition and biofilm 
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formation as well as cooperation and competition over time). To achieve this goal, we expanded 

upon the previous definition of biofilm community cooperation and competition presented by 

Ren et al. (28). Here, community cooperation is assessed as an increase in biofilm formation 

compared with the best biofilm producer in monoculture without the loss of total cell viability in 

the community. Community competition is defined as a decrease in biofilm formation compared 

with the worst biofilm producer in monoculture or a decrease in viability in the community (28). 

As secondary metabolite production is linked intrinsically with central metabolism, we also 

considered the influence of growth medium (i.e., complex versus defined). 

Results 

Genomic analysis of QS and secondary metabolites in synthetic community members. 

Previous studies have reported that both QS systems and biosynthetic pathways for antimicrobial 

production (e.g., PKS and nonribosomal polypeptide synthase [NRPS]) are prevalent 

in Roseobacteraceae genomes (5, 39, 43). All five strains used in this study possess at least one 

QS component. Three of the five strains (E-37, SE45, and Y4I) contain one or more 

canonical luxRI paired QS system(s). Additionally, these strains each harbor an unpaired (i.e., 

orphan or solo) LuxR homolog. In contrast, two members (ISM and EE-36) possess only orphan 

LuxR and LuxI homologs (Table D.2). It has been demonstrated previously that Y4I possesses 

two QS systems (pgaRI and phaRI) which coordinately regulate the production of the blue 

pigmented antimicrobial indigoidine, encoded by a nonribosomal polypeptide synthase (NRPS) 

termed igiD (41). NRPS-like genes encode secondary metabolites, such as toxins, antimicrobials, 

and pigments (reviewed in reference 44). Two other community members have been reported to 

possess NRPS-like genes, namely, E-37 and ISM (38), but neither these genes nor their products 

have been characterized. Both SSE37_17955 and ISM_16730 share more than 90% sequence 

identity to luciferase-like monooxygenase (LLM) class flavin-dependent oxidoreductases in 

more closely related organisms (i.e., organisms in their respective genera) and are distinct 

from igiD in Y4I. ISM produces a dark brown-orange pigment, while E-37 does not produce 

pigmentation (45, 46). The gene(s) responsible for pigmentation in ISM have yet to be identified. 

Whether the NRPS genes found in E-37 and ISM confer antimicrobial properties is currently 

unknown. 
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Appendix Table D.5.1: Rhodobacterales strain Y4I mutant variant secondary metabolite 

gene expression and indigoidine phenotypes.  

 QS2 QS1 Indigoidine biosynthesisi 

  pgaRi pgaI2 phaR2 phaI2 igiD2 Pigmentation2,ii 

pgaR::TN5-KmR - - - - - -  

phaR::TN5-KmR + + - - - +/-  

phaI::pKNOCK + ++ + - - -   

igiD::TN5-KmR + ++ - - - -   

 

1 For indigoidine biosynthesis expression of the biosynthetic igiD gene was assessed as well as 

degree of pigmentation when grown on an agar surface, which correlates with indigoidine 

concentration. 
2 Armes and Buchan 2021 
3 Cude et al 2015 
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Appendix Table D.5.2: Table of community members, their luxRI homologous genetic loci, 

and putative AHLs produced by community members.  

 

Species LuxR gene locus LuxI gene locus 

Sagittula stellata E-37 SSE37_11169ac SSE37_11164ac 

 SSE37_06082bc  

Sulfitobacter sp. EE-36  EE36_01635bc 

 EE36_03628bc  

Roseovarius nubinhibens ISM  ISM_03755bc 

 ISM_09921bc  

 ISM_15650bc  

Citreicella sp. SE45 CSE45_4055ac CSE45_4054ac 

 CSE45_1818bc  

Rhodobacterales strain Y4I RBY4I_1689ac RBY4I_3631ac 

 RBY4I_1027ac RBY4I_3464ac 

  RBY4I_896bc   

a Paired QS system, b Solo luxR/luxI (grey), cCude et al., 2013, dCude et. al 2015 
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Pairwise comparisons between synthetic community member LuxI homologs to PgaI and PhaI in 

Y4I revealed that E-37 and SE45 possess more than 50% amino acid identity to PgaI. Both EE-

36 and ISM shared more than 25% amino acid identity with PhaI in Y4I (data not shown). The 

high protein similarity in AHL synthases between community members suggests the synthesis of 

AHLs with similar structures. Here, we present preliminary evidence that community members 

likely produce AHLs with overlapping masses corresponding to C5-HSL, C10-HSL, and C12-

HSL (see Figure S.D.1 in the supplemental material). 

Secondary metabolites may underlie interactions between synthetic biofilm members. 

In order to determine whether secondary metabolite production among individual community 

members could inhibit the growth of community residents, we performed a pairwise assessment 

of interactions between the five synthetic community members using a fully factorial growth 

inhibition assay. Only one strain, Rhodobacterales strain Y4I, was able to inhibit the growth of 

any of the other strains (2 of 4) (Table D.3). Using mutants that are either abolished in 

indigoidine pigment production (igiD::Tn5-Kmr) or hyper-pigmented (clpA::Tn5-Kmr), the 

inhibition of strains EE-36 and E-37 was strictly correlated with indigoidine production 

capability as determined previously (5, 42) (Table D.3), indicating this compound could be an 

important community determinant in this synthetic community. Previous studies demonstrate the 

competitive nature of Y4I in community members in both coculture and synthetic community 

studies, likely resulting from indigoidine production (31, 42). Given that competition and surface 

attachment have been linked to both QS systems and indigoidine, we used Y4I strains harboring  

disruptions in these pathways to independently assess the impact of secondary metabolites on 

biofilm community composition and dynamics. 

Y4I is an aggressive surface colonizer compared with other community members. 

We assessed the surface colonization of the five individual synthetic community members as 

well as the Y4I QS and indigoidine variants in monoculture (Figure D.1) at 12, 24, and 48 h 

postinoculation. Twelve hours after inoculation, the number of viable Y4I cells colonizing the 

glass beads was at least an order of magnitude higher than that of all other strains and remained 

significantly greater than all community members at 24 h and 48 h (P < 0.05), with the exception 

of EE-36 at the final time point (Figure D.1). Attachment rate and viable cell abundance among 

Y4I variants were comparable (see Figure S.D.2 in the supplemental material). 
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Appendix Table D.5.3: Factorial growth inhibition of synthetic community members. 

 Inhibitor Organism 

Lawn Y4I †clpA::Tn5

-KmR 

‡igiD::Tn5-

KmR 

E-37 EE-36 ISM SE45 

Y4I X X X - - - - 

E-37 + + - X - - - 

        

EE-36 + + - - X - - 

        

ISM +/- - - - - X - 

        

SE45 - - - - - - X 

(+) growth inhibition, (+/-) inconsistent growth inhibition, (-) no growth inhibition, (X) not 

tested; †hyperpigmented Y4I variant, ‡indigoidine null Y4I variant 
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Secondary metabolites influence biofilm composition. 

We next assessed whether QS or antimicrobial production influenced microbial biofilm 

community structure (composition) and dynamics (cooperation or competition) in the five-

member synthetic Roseobacteraceae community. Each synthetic community contained one of 

the following Y4I variants: wild type (WT), pgaR::Tn5-Kmr, phaR::Tn5-Kmr, phaI::pKNOCK, 

and igiD::Tn5-Kmr (Table D.1). Both the pgaR and phaR variants are unable to sense their 

cognate AHLs, C8-HSL and 3OHC12:1-HSL, respectively. Additionally, the pgaR mutant is 

unable to produce the indigoidine, while the phaR variant expresses delayed and reduced 

amounts of indigoidine (41). To eliminate this leaky phenotype, we previously generated a 

mutant in the corresponding AHL synthase gene, phaI. This mutant is unable to produce 

3OHC12:1-HSL, but transcriptional regulators PhaR and PgaR remain functional. Upon 

exogenous addition of AHLs, a partial restoration of indigoidine production was restored  

only in the PhaR/I system with the addition of C8-HSL, alone or in combination with 

3OHC12:1-HSL. Thus, the phaI variant is able to sense AHLs corresponding to 

the phaRI and pgaRI QS systems (42). The indigoidine biosynthesis mutant, igiD::Tn5-Kmr, is 

unable to produce indigoidine but expresses WT levels of both QS systems (42). These 

indigoidine phenotypes were evident even within synthetic communities Thus, we could  

quantitatively assess the discrete and compounded impact of QS systems and antimicrobial 

production. 

Viable cellular abundances for each synthetic community were assessed, and the relative 

abundance of each community member over time (days) was determined. Across all 

communities, the relative abundance of each strain remained moderately stable. However, 

composite community viable cell abundance varied over time according to the presence of 

specific Y4I variants within synthetic communities. For example, synthetic communities 

harboring either wild-type Y4I or the phaR variant stabilized after day 1, whereas total viable 

cells in synthetic communities containing an indigoidine null mutant decreased in viability on 

day 2. In contrast, communities possessing the pgaR mutant increased continually in viability 

over time. Synthetic communities harboring the phaI variant decreased initially in viability but 

rebounded on day 3. Despite the modality of community dynamics within each synthetic 

community, biofilm communities within the complex medium were characterized by an 
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Appendix Figure D.1: Surface colonization of Roseobacter strains to glass beads in a 

complex medium over 48 hrs. Viable cell abundance of five Roseobacter strains: Y4I (closed 

circles), E-37 (open squares), SE45 (open circles), ISM (open upward triangles), and EE-36 

(open downward triangles). Initial seeding density from liquid culture tubes was ~ 108 cells mL-1. 

Each data point represents the average of three biological replicates. Error bars represent the 

standard error of the mean. Some error bars are not visible due to low variance between 

replicates. All cultures were statistically significant from Y4I at 24 hrs and 48 hrs, except EE36 

which was only significantly different at 24 hrs (p <0.05). Y4I variants (not shown) were not 

significantly different from WT Y4I (Figure S.D.2). Two-way ANOVA for all strains used in 

this assay can be found in Table S.D.3.  
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overwhelming dominance of Y4I regardless of the variant, comprising 57% to 89% of the 

community (Figure D.2A). 

We used a defined medium containing p-coumaric acid as the sole carbon source to (i) decrease 

the competitive advantage of Y4I and (ii) determine if the carbon source affected community 

interactions. When providing a growth disadvantage using this lignin-related phenolic 

compound, all Y4I variants displayed an initial decrease in viability in synthetic communities 

(Figure D.2B). This result is consistent with previous findings and is posited to be a result of 

toxicity due to p-coumaric acid, a weak acid (31). In fact, Y4I variants demonstrated a loss of 

viability compared with no carbon controls in liquid monocultures when grown on p-coumaric 

acid (see Figure S.D.3 in the supplemental material). However, when grown in the synthetic 

communities, the number of viable cells of each Y4I variant increased in the presence of p-

coumaric acid, which is suggestive of a detoxification provided by other community members. 

This increase in viable cells was comparable to no-carbon controls (see Figure S.D.4 in the 

supplemental material). Despite an initial lag relative to complex medium experiments, all Y4I 

variants dominated their synthetic communities by the end of the experiment under the defined  

medium condition (Figure D.2). All synthetic communities grew on p-coumaric acid and 

displayed similar growth dynamics to those observed in complex medium (Figure D.2). 

Communities harboring wild-type Y4I and the phaR variant stabilized on day 9, while the 

synthetic community possessing the pgaR mutant continued to increase in viability. At day 14, 

communities containing the phaI variant appeared to stabilize. From day 1 to day 14, the 

dominant community member in defined medium biofilms switched from SE45 (75% to 87% on 

day 1) to Y4I (61% to 87% on day 14), regardless of the Y4I variant included (Figure D.2B). 

To investigate the diversity and treatment effects on community structure, we performed alpha 

and beta diversity analyses using the Shannon index and Bray-Curtis dissimilarity index, 

respectively. In addition, we used permutational multivariate analysis of variance 

(PERMANOVA) to measure species richness, species diversity, and significant differences 

between various communities and growth substrates in each time point (Figure D.3; see Figure 

S.D.5 and Table S.D.6 to S.D.10 in the supplemental material). Within each growth substrate 

experiment, synthetic communities were not significantly different at day 0 (Figure D.3) 
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Appendix Figure D.2: Relative abundance of biofilm community members over time in a 

complex (A) and defined (B) medium. Each synthetic community is designated by the Y4I 

variant included (gray boxes): Wild type Y4I, pgaR::Tn5-KmR (pgaR-), phaR::Tn5-KmR (phaR-), 

phaI::pKNOCK (phaI-), igiD::Tn5-KmR (igiD-). Relative abundance was calculated from the 

mean CFU mL-1 count of at least six replicates for each strain within each mix and the total CFU 

mL-1 for each mix. Individual strains are color-coded according to the key.   
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 (P < 0.05). From day 0 to day 1 community structures of each synthetic community were 

dissimilar between growth substrates (i.e., complex versus defined media) but became more 

similar at later time points (Figure D.3). Across all time points, the structures of each 

community were significantly different based on growth substrate (P < 0.05) (Table S.D.6 to 

S.D.10). Additionally, the structures of synthetic communities on day 1 were significantly 

different based on not only growth substrate but also which Y4I variant was included in the 

synthetic community (P < 0.05) (Table S.D.8). Each time point also was significantly different 

from other time points between medium types (P < 0.05) (Table S.D.6 to S.D.10). The alpha 

diversity of each synthetic community dropped from day 0 to day 1, corresponding to a drop in 

evenness of the community structure (Figure S.D.5). 

Secondary metabolites influence biofilm interactions. 

Viable cell abundance alone cannot fully explain the interactions within mixed species 

communities. Thus, we assessed the total biofilm production of our five-member synthetic 

communities across both growth substrates. To determine interactions within mixed  

communities, biofilm production was measured in both monocultures and synthetic communities 

using a crystal violet assay where synthetic communities were compared to the “best” and 

“worst” biofilm producers in monoculture grown on glass beads (Figure D.4 and D.5). 

When cultures were grown on a complex medium, biofilm production was initially similar 

among mono- and mixed cultures (optical density at 600 nm [OD600], ~0.5), except for EE-36. In 

this medium, EE-36 produced the most biofilm during each sampling effort (OD600 of 0.6, 0.79, 

and 1.00 on days 1, 2, and 3, respectively). The worst biofilm producer in monoculture switched 

from ISM (OD600, 0.41) on day 1 to Y4I on days 2 (OD600, 0.31), and 3 (OD600, 0.41) 

(Figure D.4A to C). Biofilm production in synthetic communities increased over time, with 

synthetic communities harboring the phaI::pKNOCK mutant showing the greatest increase in 

biofilm production (from OD600 of 0.44 to 0.92), over the course of the experiment 

(Figure D.4B and C). Biofilm formation in all synthetic communities increased over time 

compared with that of individual monoculture controls (see Figure S.D.6 in the supplemental 

material). 
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Appendix Figure D.3: PCoA plot using Bray Curtis Dissimilarity Index to determine beta 

diversity between each carbon source, mixed community, and time point. Media type is 

denoted by closed (complex medium) and open shapes (defined medium), synthetic community 

harboring Y4I variants are differentiated by color, and time point is denoted by shape. At day 0, 

synthetic communities were not significantly different (p < 0.05). Statistical analyses are 

provided in Tables S.D.6-10.  
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Similar to biofilm production observed on day 1 with the complex medium, biofilm production 

for all mono- and mixed cultures was comparable, with the exception of E-37, in a defined 

medium containing a less labile carbon source (p-coumaric acid). Initially, E-37 produced the 

least biofilm in monoculture (OD600, 0.36) (Figure D.5A). However, the worst biofilm producer 

switched between ISM (OD600 of 0.35, day 4), and Y4I variants (wild type [OD600 of 0.43, day 

14] and phaR::Tn5-Kmr [OD600 of 0.38 0, day 4]) at later time points (Figure D.5B to D). Y4I 

variants produced the most and least biofilm throughout this experiment. On day 1 and day 4, the 

wild type produced the most biofilm (OD600 of 0.42 and 0.45, respectively), and the phaI variant 

produced the most biofilm on day 14 (OD600 of 0.51) (Figure D.5A, C, and D). Synthetic 

communities harboring a pgaR variant produced slightly more biofilm (OD600 of 0.46) than the 

best biofilm producer in monoculture on day 4, whereas communities containing the igiD variant 

produced less biofilm (OD600nm = 0.41) than the worst biofilm former in monoculture on day 14 

(Figure D.5B and D; Table S.D.2). Synthetic communities harboring Y4I variants produced 

similar amounts of biofilm compared with their monoculture counterparts, with the following 

exceptions: at day 4, synthetic communities containing the pgaR variant had significantly 

(P < 0.05) more biofilm production than its monoculture counterpart (Figure D.5B, see Figure 

S.D.7 in the supplemental material). Conversely, the synthetic community, including 

the igiD variant showed a decrease in biofilm formation compared with its monoculture 

counterpart at day 14 (Figure D.5B, Figure S.D.7). In general, synthetic communities 

demonstrated a similar modality in biofilm production compared with their monoculture 

counterparts as either an increase in biofilm production over time or variations of cyclic 

increases and decreases in biofilm formation. 

A Pearson correlation coefficient was used to analyze the growth dynamics of individual species 

within synthetic communities harboring Y4I variants over time. We focused on investigating 

interactions observed in minimal media, as the potential influence of secondary metabolite 

production is more evident within these communities (Figure D.6; see Figure S.D.8 in the 

supplemental material). In synthetic communities harboring Y4I variants capable of producing 

indigoidine, strong negative correlations between Y4I and the community members it has been 

demonstrated to inhibit, namely, E-37 and EE36 (ρ > −0.75, n = 3) (see Table S.D.5 in the 

supplemental material), were observed. This negative correlation was evident in both medium 
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Appendix Figure D.4: Biofilm production of monoculture community members and five-

member synthetic communities in complex medium over time (A-C). Synthetic communities 

are designated by the Y4I variant in each community [Wild type Y4I, pgaR::Tn5-KmR (pgaR-), 

phaR::Tn5-KmR (phaR-), phaI::pKNOCK (phaI-), igiD::Tn5-KmR (igiD-)]. Each data point (black 

dots) was collected by quantifying biomass production using a standard crystal violet assay. 

Error bars represent the standard error of the mean of three biological replicates and three 

technical replicates. Some error bars are not visible due to low variance between replicates. Gray 

dotted line represents biomass production of the best biofilm former in monoculture, red dotted 

line indicates biomass production of the worst biofilm former in monoculture at that time point.  
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Biologically relevant statistical significances are depicted (p < 0.05 [*], 0.01 [**], 0.001 [***]). 

For full statistical results see Table S.D.1.  
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Appendix Figure D.5: Biofilm production of monoculture community members and five-

member synthetic communities in defined medium over time (A-D). Synthetic communities 

are designated by the Y4I variant in each [Wild type Y4I, pgaR::Tn5-KmR (pgaR-), phaR::Tn5-

KmR (phaR-), phaI::pKNOCK (phaI-), igiD::Tn5-KmR (igiD-)]. Each data point (black dots) was 

collected by quantifying biomass production using a standard crystal violet assay for at least six 

replicates for mixed and monocultures. Error bars represent the standard error of the mean. Some 

error bars are not visible due to low variance between replicates. Gray dotted line represents 

biomass production of the best biofilm former in monoculture, red dotted line indicates biomass 

production of the worst biofilm former in monoculture at that time point. Asterisks represent 

statistical significance between cultures (p < 0.05 [*], 0.01 [**]). ANOVA table of significance 

can be found in Table S.D.2.  
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Appendix Figure D.6: Biofilm production index of synthetic communities harboring Y4I 

variants in defined medium over time. Y4I variants within communities are color coded 

according to the legend and time point varies by size of dots. Each data point represents the 

average of at least six replicates. Communities outside of gray box indicate greatest evidence for 

community cooperation (II) or competition (I, III, IV). 
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types. Most community members were positively correlated with each other, excluding Y4I. 

These positive correlations became more evident with the inclusion of Y4I variants in which 

secondary metabolite production was disrupted within synthetic communities. For example, ISM 

is positively correlated with E-37 or EE36 (ρ > 0.65, n = 3) (Table S.D.5) within communities 

harboring Y4I variant with disruptions to their QS systems. These correlations were significant 

(P < 0.05) only in synthetic communities harboring the phaI variant. ISM is positively correlated 

only with both E-37 and EE36 when the indigoidine synthase gene is disrupted (ρ > 0.65, n = 3) 

(Table S.D.5). 

Discussion 

Here, we assessed the effect of secondary metabolite production and growth substrate on 

community dynamics and composition in a five-member synthetic community. It has been  

hypothesized that competitive interactions shape community structure while cooperative 

interactions stabilize it, thereby affecting the overall function and dynamic of  the biofilm (47). 

In order to visualize these shifts in community dynamics in response to secondary metabolite 

mutant variants of one strain (Y4I) within a given community, we compared biofilm production 

and total viable cell abundance over time. We considered an increase in biofilm formation 

compared with the best biofilm producer in monoculture without the loss of total cell viability in 

the community to represent cooperation. In contrast, a decrease in biofilm formation compared 

with the worst biofilm producer in monoculture, or a decrease in viability in the community, 

represented community competition. We found community cooperation to become increasingly 

evident in synthetic communities harboring various Y4I secondary metabolite mutants. When 

secondary metabolite production, such as QS or antimicrobials, are disrupted in Y4I by genetic 

manipulation, community members have more similar growth dynamics to one another over 

time, suggesting overall community cooperation. The influence of secondary metabolite 

production on community dynamics was most evident within the synthetic community where 

wild-type Y4I was replaced with a QS mutant (pgaR variant). This community shifts toward 

cooperation over time in the presence of either growth substrates, but it is most noticeable in 

the p-coumaric acid growth condition (Figure D.6 and Figure S.D.8). The pgaR variant is 

impaired in both QS pathways harbored by the parental strain and is unable to produce 

indigoidine (41, 42). This information may account for the measurable shift toward community 
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cooperation in the synthetic community harboring this mutant when in the presence of a defined 

growth medium. Given access to more diverse growth substrates (i.e., complex medium), 

however, fewer competitive interactions were observed (Figure S.D.8). This finding is 

analogous to synthetic soil communities in which biofilms evolved to decrease negative 

interactions and increase cometabolism among community members (28). Further evidence of 

cooperation is demonstrated by communities containing a different QS mutant, the phaI variant. 

Cooperation within this synthetic community is exhibited by continual increase in biofilm 

formation and the stability of community member abundance over time (Figure D.2B and D.5). 

The phaI variant is also impaired in indigoidine production as well as in the synthesis of its 

cognate AHL (42). Inclusion of this mutant in synthetic communities allowed us to explore the 

possibility of QS cross talk between related species. 

QS cross talk has been modeled to contribute to competition or cooperation in diverse 

microorganisms (48). Possible evidence for QS cross talk within these mixed communities is 

apparent within the synthetic community harboring the phaI variant. Three community members 

(E37, ISM, and EE36) that were always positively correlated in synthetic communities harboring 

QS mutants and were significantly correlated in the synthetic community containing phaI may 

share overlapping AHLs. Preliminary evidence indicates AHLs with masses corresponding to 

3OHC10-HSL (E-37 and ISM), and C5-HSL (E-37, EE36, and ISM) as well as C12-HSL (all 

examined strains) (Figure S.D.1). The phaI mutant variant is unable to produce 3OHC12:1-HSL 

but is able to sense both AHLs predominantly produced by Y4I (C8-HSL and 3OHC12:1-HSL) 

(42). It is plausible the QS systems in Y4I are able to recognize AHLs with similar masses and 

acyl-chain lengths, including those produced by community members (e.g., C12-HSL) (Figure 

S.D.1B). Previous reviews have discussed the promiscuity of AHL ligand binding with 

noncognate LuxR-like regulatory proteins (49–51). Preliminary cross-talk experiments suggest 

that the phaR and phaI mutants produce indigoidine in response to extracellular metabolites 

produced by other community members. However, the exact metabolite eliciting this response is 

unknown. Future efforts to determine the molecular structure of these metabolites produced by 

community members may lead to more robust evidence for QS cross talk. Given that 

the phaRI pathway in Y4I is likely involved in regulating biofilm formation (42), the putative 

cross talk between strains presented here may contribute to the increased biofilm formation 
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observed in the synthetic community harboring the phaI mutant. This type of QS cross talk has 

been demonstrated in host-microbe models. For example, in plant-associated biofilms, cross talk 

among rhizosphere bacteria is hypothesized to enhance the biosynthesis of secondary 

metabolites, compared with nonadherent soil community counterparts, thereby increasing 

biofilm formation (52). 

Community-level competition is evident in synthetic communities harboring either wild-type 

Y4I or the igiD variant (Figure D.6). Given that the igiD mutant is unable to inhibit community 

members in pairwise inhibition assays and yet possesses functional QS systems (Table D.1) (see 

references 41 and 42), interactions beyond those mediated by antimicrobials contribute to 

competition within these synthetic biofilms. Using a Pearson correlation analysis to investigate 

how every strain responded to each Y4I variant, we observed more positive correlations and 

fewer strongly negative correlations between community members within synthetic communities 

containing the igiD variant than communities harboring other Y4I variants. This finding suggests 

less competition among individual community members with those communities harboring 

the igiD-deficient strain. Overall, WT Y4I displays a strong competitive advantage against other 

members within synthetic communities. Each member of the synthetic community was 

negatively correlated with WT Y4I in the Pearson correlation coefficient matrix regardless of 

growth medium (see Table S.D.4 and S.D.5 in the supplemental material). The findings 

presented here provide support that secondary metabolite production influences growth dynamics 

within a biofilm and that Y4I orchestrates community dynamics within these synthetic 

communities through competitive interactions. These results support previous findings that the 

majority of species interactions may be competitive in natural environments (53, 54). 

In a previous study, primary growth substrates have been shown to impact 

Roseobacteraceae community composition (31). Another study demonstrated that nutrient 

availability and concentration impact microbial community interactions, specifically growth 

inhibition (55). Here, we show that synthetic community structures stabilize in a similar manner 

independent of the growth substrate. Each medium type significantly impacted community 

structure at day 1 and all subsequent time points. The Y4I variants experienced growth inhibition 

in liquid monoculture supplemented with p-coumaric acid. However, these strains dominate in 

multispecies communities provided this aromatic acid as a sole carbon substrate. The deviation 
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in growth dynamics between liquid monocultures and multispecies biofilms across all Y4I 

variants can be explained by the following two possibilities: (i) evidence for cometabolism and 

(ii) biofilm-mediated defense against harmful substrates. Two strains, namely, SE45 and E-37, 

have been reported previously to use p-coumaric acid as a sole carbon source. An intermediate 

of p-coumaric acid catabolism is p-hydroxybenzoic acid (POB), which all community members 

can degrade through the protocatechuate pathway (31, 39). The degradation of p-coumaric acid 

into exudate metabolites, such as POB, may explain the delayed increase in Y4I variants in these 

biofilm communities. Alternatively, p-coumaric acid is posited to be toxic at high concentrations 

(>5 mM) (31). It is possible that in a multispecies biofilm, Y4I is protected against the inhibitory 

action of these metabolites. Previous reports support the protective nature of biofilms against 

toxic compounds resulting in increased bacterial stress tolerance (56). 

The observations presented here provide a direct link between secondary metabolite production 

in the form of AHLs and antimicrobials on biofilm community structure and dynamics. As AHLs 

and antimicrobial production are commonly associated with mixed-species biofilms, these 

findings have broad relevance. Our results support that primary surface colonizers, such as those 

in Roseobacteraceae, influence community interactions through their diverse metabolic 

capabilities, perhaps irrespective of growth substrate. This conclusion may be particularly 

relevant in natural systems where growth substrates fluctuate. This work lays the foundation for 

understanding how small diffusible molecules, including those involved in cell-to-cell 

communication, influence cooperative and competitive social behaviors within microbial biofilm 

communities in marine ecosystems. 

Materials and Methods 

Synthetic community bacterial strains, growth conditions, and maintenance. 

A synthetic, five-member Roseobacteraceae community was used to assess the role of secondary 

metabolites on marine biofilm community structure and formation. Four of the five strains were 

isolated previously from southeastern United States estuaries or coastal waters 

(Rhodobacterales strain Y4I, Sagittula stellata sp. E-37, Citreicella sp. SE45, 

and Sulfitobacter sp. EE-36 [57]). The final strain, Roseovarius nubinhibens ISM, was isolated 

previously from the Caribbean Sea (46). Previously established Y4I secondary metabolite 

mutants igiD::Tn5-Kmr, pgaR::Tn5-Kmr, phaR::Tn5-Kmr, and clpA::Tn5-Kmr were generated 



177 

using a mini Tn5 transposon system (5, 41). The phaI::pKNOCK mutant was generated 

previously using targeted insertional mutagenesis (42). All Y4I mutant variants carry a 

chromosomally located kanamycin resistance gene. The growth rates of all mutants in liquid 

medium have been assessed previously and found to be the same as that of the wild type (5, 42), 

indicating no gross growth defects. 

For routine maintenance, all strains were maintained on yeast extract tryptone and sea salt 

(YTSS) agar (per L, it included 15 g Instant Ocean [Thermo Fisher Scientific], 15 g agar 

[Thermo Fisher Scientific], 4 g tryptone, and 2.5 g yeast extract). Y4I strains were passaged 

routinely in 20% YTSS (per L, it included 15 g Instant Ocean, 0.8 g tryptone, and 0.5 g yeast 

extract) to reduce flocking in these strains. Each strain was passaged onto basal medium (BM; 

per L it included 8.7 mM KCl, 8.7 mM CaCl2, 43.5 mM MgSO4, and 174 mM NaCl with 225 μM 

K2HPO4, 13.35 mM NH4Cl, 71 mM Tris-HCl [pH 7.5], 68 μM Fe-EDTA, trace metals [7.85 mM 

nitriloacetic acid, 0.53 mM MnSO4 × H2O, 0.42 mM CoCl2 × 6H2O, 0.35 mM ZnSO4 × 7H2O, 

0.038 mM CuSO4, 0.11 mM NiCl2 × 6H2O, 1.16 mM Na2SeO3, 0.41 mM Na2MoO4 × 2H2O, 

0.33 mM Na2WO4 × 2H2O, and 0.25 mM Na2SiO3 × 9H2O], and trace vitamins [0.0020% 

vitamin H {biotin}, 0.0020% folic acid, 0.0100% pyridoxine-HCl {B6}, 0.0050% riboflavin 

{B2}, 0.0050% thiamine {B1}, 0.0050% nicotinic acid, 0.0050% pantothenic acid {B5}, 

0.0001% cyanocobalamin {B12}, 0.0050% p-aminobenzoic acid]) containing either 10 mM 

sodium acetate or 2 mM p-hydroxybenzoic acid (POB). All strains were incubated at 30°C in the 

dark unless otherwise noted. 

Surface attachment to glass beads. 

Surface attachment to glass beads was assessed as described previously by Cude et al. (5). 

Briefly, sterilized 4-mm glass beads (Pyrex, Corning Incorporated Corning, NY) in a 96-well 

polystyrene plate (Costar, Corning Incorporated Corning, NY) were inoculated in triplicate with 

the following strains in monoculture: E-37, SE45, EE-36, ISM, wild-type Y4I, igiD::Tn5-

Kmr, pgaR::Tn5-Kmr, phaR::Tn5-Kmr, and phaI::pKNOCK. Cells were allowed to attach to 

glass beads for 12 h, 24 h, and 48 h. Following incubation, glass beads were removed from wells, 

and cells were dislodged from beads as described previously (5, 42). Following extraction from 

glass beads, cells were serially diluted and plated onto YTSS and incubated at 25°C. 
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Synthetic community biofilm experiment design. 

All experiments assessed interactive effects of QS by comparing viable cell counts or biofilm 

biomass in a mixed species community containing different Y4I variants using a complex 

medium (20% YTSS) or a defined medium containing 2 mM p-coumaric acid as the sole carbon 

source. Five different synthetic community mixes were assembled. Each synthetic community 

consisted of E-37, SE45, EE-36, ISM, and one of the following Y4I variants: wild-type 

Y4I, pgaR::Tn5-Kmr, phaR::Tn5-Kmr, or phaI::pKNOCK, igiD::Tn5-Kmr. 

For complex medium experiments, overnight monoculture liquid YTSS cultures were diluted 10-

fold in fresh YTSS and allowed to grow until mid-exponential growth was reached (~3 h). For 

each culture, cells were harvested by transferring 1-mL culture to a 1.5-mL centrifuge tube and 

spun at 8,000 rpm for 10 min. The supernatant was withdrawn, and cells were resuspended in 

fresh YTSS. All cultures were diluted to ~1 × 106 cells mL−1. One milliliter of each culture was 

combined to establish a master mix of ~5 × 106 cells mL−1 mixed cultures containing E-37, 

SE45, EE-36, ISM, and a Y4I variant. Synthetic mixed cultures were then diluted to 1 × 106 cells 

mL−1 and used to inoculate 96-well plates with a final concentration of ~1 × 105 cells mL−1. Final 

dilutions were plated to assess cell abundance of mixed cultures at the time of inoculation. 

Monoculture controls (~105 cell mL−1) were included in both viable cell abundance and total 

biomass assays. Six replicates of each plate were made to assay viable cell abundance and total 

biomass on glass beads over time. 

Following the inoculation of 96-well plates, each plate was wrapped with dampened cellulose 

fiber sheets, stored in a sealing high-density polyethylene (HDPE) bag, and incubated at 30°C. 

At 20 h (day 1), 44 h (day 2), and 68 h (day 3), cells were extracted from beads. Viable cells, 

community structure, and biofilm biomass were assessed as described below. 

For defined medium containing p-coumaric acid, the experimental design was similar to the 

complex medium, with the following exceptions: all cultures were primed by inoculation into 

BM containing 2 mM POB and were allowed to grow overnight at 30°C. POB cultures (10 mL) 

were spun down and washed with BM to remove any residual carbon. BM containing p-

coumaric acid (2 mM) was inoculated with 0.01 to 0.1 mL of culture to achieve an inoculum of 1 

× 106 cells mL−1. Cells were extracted for assaying at 24 h (day 1), 96 h (day 4), 216 h (day 9), 



179 

and 336 h (day 14). Eight replicates of each plate were made to assay viable cell abundance and 

total biomass on glass beads over time. 

(i) Community structure. 

Attached cells were extracted as described above for surface attachment assays and plated onto 

YTSS agar and allowed to incubate at 25°C until colony morphology was discernible (~5 days). 

The colony morphology of each strain was readily identifiable except for Y4I mutant variants, 

which lacked the blue pigmentation diagnostic of the wild-type strain (5, 31, 41, 42). Thus, all 

mixed cultures containing Y4I mutant variants were also plated onto YTSS containing 

kanamycin (50 μg/mL) as a control to differentiate between Y4I variants from other community 

members. 

(ii) Biofilm biomass. 

The total biomass on biofilm-grown cultures was assessed by performing a crystal violet stain on 

glass beads as described previously (42). Briefly, liquid was aspirated out of wells. Glass beads 

were washed with a 1.5% sea salt solution (Instant Ocean) to remove loosely attached cells. 

Glass beads were extracted using a vacuum apparatus and moved to a clean 96-well plate. Cells 

attached to glass beads were stained using a 2% crystal violet solution and solubilized with 95% 

EtOH. Absorbance was read at 600 nm using a microplate reader (Bio Tek Instruments, Inc.; 

Synergy HT multi-mode microplate reader, SN 270212). 

Inhibition assays. 

A factorial growth inhibition assay using synthetic community members was utilized to assess 

antagonistic interactions among community members. Briefly, liquid cultures 

of Roseobacteraceae strains were grown overnight in YTSS medium at 30°C with shaking. 

These overnight cultures were diluted 10-fold, and each of the five strains were spread evenly 

onto individual YTSS agar plates. All strains were grown to mid-exponential phase and then 

spotted (10 μL) on top of the spread plates. Y4I variants included an indigoidine null mutant 

(igiD::Tn5-Kmr) and an indigoidine hyper-producing mutant (clpA::Tn5-Kmr). QS 

mutants pgaR::Tn5-Kmr, phaR::Tn5-Kmr, and phaI::pKNOCK were not included in inhibition 

assays as they have been demonstrated previously to lack inhibitory activity (5, 41, 42). Growth 

inhibition assays were incubated at 30°C. Zones of clearing surrounding inhibitor organisms 

were assessed at 24 h postinoculation. 
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Data analysis. 

Viable cell counts were analyzed and visualized using RStudio v1.4.1106. All viable cell count 

data were normalized to the mean relative abundance within replicates. Area plots were 

constructed based on the mean relative abundance of the strains in each mix over their respective 

time points for each medium type. Beta diversity analysis was performed using the bcdist() 

function in the ecodist package (58) for each time point for the complex medium and defined 

medium. Beta dispersion was calculated using the betadisper() function in the vegan package 

(59). The adonis() function in the vegan package was used to conduct a permutational 

multivariate analysis of variance (PERMANOVA) on the paired time points and on the 

aggregated time points for both carbon sources (59). Alpha diversity was calculated within each 

time point using the Shannon diversity index in the vegan package (60, 61). 

Surface attachment assays and total biomass via crystal violet assays were analyzed and 

visualized using Prism v9.0.0 (GraphPad Software, San Diego, CA; http://www.graphpad.com). 

Statistical significance was calculated using a two-way analysis of variance (ANOVA). The 

variability of differences was corrected using Geisser-Greenhouse correction. Multiple 

comparisons were assessed using Dunnett’s multiple comparisons for surface attachment assays 

and Tukey’s honestly significant difference (HSD) for crystal violet assays (see Table S.D.1 to 

S.D.3 in the supplemental material). 

In order to assess community dynamics of paired viable cell counts and surface attachment 

assays, we first generated a biofilm index for synthetic communities relative to the best and 

worst biofilm production in monoculture (set to 1 and 0, respectively). We then compared this 

biofilm index to total community abundance to visualize how the microbial community shifts 

over time in response to the Y4I variant included in the community. To further investigate 

interactions within the synthetic communities, we then assessed the correlation of each 

individual strain’s growth dynamics over time via a Pearson correlation coefficient matrix. The 

Pearson correlation coefficient matrix was performed using the corr() function, subsequent 

visualization was done using the corrplot() function, and significance values were computed 

using the rcorr() function (62, 63). To compare the complex and defined medium communities, 

we selected correlation values that were above 0.6 or below −0.6 for both medium types to 

further analyze growth dynamics. 
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Data availability. 

Code and raw data for this study are available online at 

https://github.com/jwalto12/RoseobacterSynComm. Bacterial strains are available upon request. 
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