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ABSTRACT
The unicellular cyanobacterium Prochlorococcus is the numerically dominant photosynthetic
organism throughout the temperate and tropical open oceans, but it is difficult to grow in pure
cultures. We developed a system for rendering spontaneous streptomycin-resistant mutants of
Prochlorococcus axenic by diluting them to extinction in the presence of “helper” heterotrophic
bacteria, allowing them to grow to high cell concentrations, and then killing the helpers with
streptomycin. Using axenic strains obtained in this fashion, we demonstrated that
Prochlorococcus experiences a number of growth defects in dilute axenic culture, including
reduced growth rate, inability to form colonies on solid media, and higher incidence of mortality
(i.e., catastrophic failure of liquid cultures). These defects were eliminated when
Prochlorococcus was grown in co-culture with a phylogenetically diverse array of helper
bacteria. The primary mechanism of helping was enzymatic removal of hydrogen peroxide
(HOOH) from the culture medium. Axenic Prochlorococcus cultures were profoundly sensitive
to HOOH additions in comparison with reported tolerance levels for all other wild-type aerobic
bacteria, but in co-culture their resistance was similar to that of the helpers. Neither is
dependence on helpers limited to the laboratory. Sterile-filtered seawater exposed to sunlight
accumulated enough HOOH in 24h to kill ecologically relevant cell concentrations of
Prochlorococcus. We also refined a method for delivering HOOH at a defined, steady rate using
the buffer HEPES to more accurately simulate the steady accumulation of HOOH in natural
waters. Even at the lowest production rates that could sustain the in situ HOOH concentration in
the ocean, HEPES-generated HOOH was lethal to Prochlorococcus; again, co-culture with
helpers prevented this effect. We speculate on the ecological consequences of Prochlorococcus’
dependency on other organisms for survival, as well as the evolutionary forces that have led to
this lack of self-sufficiency.
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CHAPTER 1
Hydrogen Peroxide in the Marine Environment
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ABSTRACT
Hydrogen peroxide (HOOH) is generated in nature through a number of primarily photochemical
processes. Although HOOH is a known toxin, and ubiquitous in natural waters, it has largely
been overlooked by biologists due to its generally low in situ concentrations and the relatively
high level of resistance exhibited by most cultured microbes. However, there is ample reason to
suspect that HOOH may be of ecological importance. By altering the availability of important
resources such as dissolved organic matter and trace metals, HOOH may provide a benefit to
microbes, but it may also create stresses due to its ability to alter biological molecules. This
chapter reviews what is known about the origins and fates of HOOH in the environment, as well
as the conditions under which this common molecule may be beneficial or harmful to natural
populations.
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I. Introduction
The vast gyres of the open oceans cover an enormous fraction of Earth’s surface area.
Despite absorbing a sizable fraction of the total solar energy available to the planet,
photosynthetic primary productivity in this biome is low per unit area [1]. For this reason, the
open oceans have been described as “watery deserts.” Phytoplankton productivity in the open
ocean is strongly nutrient-limited, mostly by N and/or P [2,3], although in some areas Fe may be
more important [4,5,6]. In many areas, strong, year-round thermohaline stratification prevents
vertical mixing of surface and deep waters, isolating sunlit regions from nutrient-rich sediments.
Coriolis-driven movement of bulk waters and freshwater inflow lead to strong density gradients
separating gyre waters from terrestrially-fertilized coastal waters. Thus, the surface, lightexposed stratum (the euphotic zone) of the gyres is, for the most part, permanently oligotrophic
[7].
The combination of near-constant temperature regimes and predictably low nutrient
concentrations has led to a pervasive conception of the open ocean as a “stable” environment.
Supporting this description is the observation that the microbial communities inhabiting the open
ocean are clearly dominated by a small number of taxa such as Prochlorococcus and
Pelagibacter [8,9,10]. The remarkable stability of the gyres is often cited as a major driving
force in the evolution of open ocean organisms, explaining, for instance, the reductive evolution
apparent in both of these genera [11,12].
However, closer inspection reveals that the gyres are not as immutable as they first
appear. Nutrient levels can change rapidly, both locally (e.g., through atmospheric deposition of
terrestrial dust [13,14]) and regionally (e.g., by deep mixing from storms [15]). The
photochemistry and photobiology of the ocean are also quite complex and clearly will vary
dramatically due to changes in cloud cover and season. The impact of heterogeneously
distributed, relatively rare organisms – “keystone” species – such as nitrogen fixing algae [16,17]
and baleen whales [18] also cannot be ignored. In the wake of these stochastic perturbing forces,
it is clear that the apparent stability of the open oceans is a holistic illusion, and local conditions
are actually quite malleable. To a large degree, the chemical stability of the open ocean is a
product of biological activity rather than abiotic stasis [19]. Thus, discovering the physiological
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and evolutionary engines preserving marine homeostasis is an important ongoing task for
oceanographers.
In this review chapter we will discuss one mutable element of seawater chemistry that is
not widely acknowledged in aquatic biology, namely the formation and degradation of hydrogen
peroxide (HOOH) in light-exposed natural water. First, we will discuss the basics of reactive
oxygen chemistry, particularly as they apply to this system. We will then review research on the
sources and sinks of HOOH in marine water, with a lesser focus on other aquatic environments.
Finally, we will discuss what is known about the chemical and biological effects of HOOH in
natural waters, with a focus on the impacts HOOH has on aquatic microorganisms. In
conclusion, and to segue into the remainder of this dissertation, we will discuss ideas about the
influence HOOH has had on the evolution of photosynthesis.
II. Reactive oxygen (bio)chemistry: from O2 to H2O
Molecular dioxygen (O2) comprises approximately 20% of the modern atmosphere. Its
solubility in water follows Henry’s law, and is a function of its partial pressure at sea level and
water temperature. O2 solubility increases as temperature decreases, usually leading to higher
availability in polar and deep ocean waters [7]. Because of its strongly positive reduction
potential, O2 is the most energetically attractive terminal electron acceptor for organisms
inhabiting aerobic environments [20]. O2 is also a primary product of algal and plant
photosynthesis, which uses electrons obtained from splitting water molecules (via the Mncontaining oxygen evolving complex (OEC) enzyme) to regenerate the photosystem II reaction
center (RCII) following the light-driven reduction of the primary photosynthetic electron carrier
plastoquinone (PQ) (eq. 1 and 2, Table 1.1).
Ultimately, almost all O2 derives from photosynthetic water-splitting. Earth’s
atmosphere was essentially free of O2 until the evolution of oxygenic photosynthesis in
cyanobacteria [21,22] more than 3 billion years ago [23]. As much of the biosphere experienced
increasing levels of O2 from this point onwards, organisms not only gained the energetic
advantages of using O2 metabolically, but also had to face the tendency of O2 to enter into
various “activated” states capable of nonspecifically oxidizing many chemical species, including
all of the macromolecules responsible for cellular structure and function (e.g., nucleic acids,
4

Table 1.1. Equations describing the formation and degradation of ROS.

Type

Equation

Equation
Number

B1

RCII + 2h + 2H + + PQ 
 RCII 2+ + PQH 2

(1)

B

1
H 2O + RCII 2+ OEC

 O 2 + 2H + + RCII
2

(2)

h
O•2 + D 
• O2 + D+

(3)3

A2

•

•

O2 + H + 
 HO•2

(4)

A/B4

SOD
2• O2 + 2H + spont,

 HOOH

(5)

A/B

catalase
2HOOH spont,


 H 2O+ •O•2

(6)

B

HOOH + DH 2 peroxidase

 2H 2O + D

(7)

A

HOOH + Fe 2+ 
• OH + OH + Fe 3+

(8)

A

h
Fe 3+ + DOM 
 Fe 2+ + DOM +

(9)

A

•

A/B
A/B



OH + DH 
 H 2O+ • D+




(10)


O•2 +e• O2 + 2H + +e HOOH +e OH  + • OH +e H 2O

(11)

A

h
H 2O 
• OH + H

(12)

A

2• OH spont

 HOOH

(13)

•

1

B, Enzymatic (biological) reaction
A, Abiotic reaction
3
D, electron donor
4
A/B, Abiotic reaction that may be enzymatically catalyzed
2
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proteins, and lipids) [24]. This section will cover the chemistry of O2 activation, including both
strictly abiotic processes and enzymatic reactions.
O2 is unusual in that its most stable state is a diradical, with 2 degenerate (i.e., of equal
energies) molecular orbitals containing unpaired electrons [25]. This configuration, called a
“triplet” state as the spins of the electron pair are uncoupled and can therefore exist in three
possible combinations, is unusual. Most molecules are only stable in the “singlet” state, with all
molecular orbitals filled and, therefore, having only a single possible combination of spins.
There is a substantial energy barrier preventing reaction of triplet systems with singlets, so the O2
diradical is very stable in comparison to the huge majority of free radicals. However, O2 can
become “activated” by one of two pathways to from a variety of “reactive oxygen species”
(ROS). In the first, O2 can absorb energy from electromagnetic radiation, often indirectly
through light-absorbing compounds such as pigments, leading to the collapse of its unfilled
degenerate orbitals and formation of a highly reactive singlet state (i.e. singlet oxygen, 1O2) [26].
1

O2 is a very important toxic by-product of photosynthetic light harvesting, and many of the

accessory pigments found in plants and algae are effective scavengers of this compound [27].
Importantly, 1O2 is a physically excited state of O2 rather than a chemically unique species.
Because its half-life is too short to affect structures distant from its point of origin, and because it
bears no causal relationship to HOOH, we will not consider it further in this review.
In the second pathway, O2 may be chemically reduced by another molecule that has been
excited and entered a triplet state. Like the formation of 1O2, this process can begin with the
absorption of light energy by a compound [28], although it can also be facilitated in the active
sites of enzymes such as xanthine oxidase [29]. Typically, this pathway begins with the transfer
of a single electron from the excited compound to O2 resulting in the formation of the superoxide
anion radical O2- (eq. 3, Table 1.1), which may also exist in an uncharged protonated state as
HO2 (eq. 4, Table 1.1).
A subsequent single-electron transfer to O2- (or HO2) produces HOOH. Perhaps the most
common abiotic route to HOOH formation is the disproportionation of two O2- molecules (eq. 5,
Table 1.1), resulting in the oxidation of one to O2 and the reduction of the other to HOOH [25].
This reaction proceeds spontaneously, but in biological systems it is often accelerated by the
enzyme superoxide dismutase (SOD).
6

Since it lacks the radical character of O2 and O2-, HOOH is quite stable on its own. The
disproportionation of two HOOH molecules to H2O and O2 (eq. 6, Table 1.1) occurs
spontaneously at a slow rate, but in biological systems is commonly catalyzed by
hydroperoxidase enzymes called catalases, many of which have the shortest turnover times
known in biochemistry [30]. “Peroxidase” enzymes accomplish a similar reaction, but replace
one of the HOOH molecules with a secondary electron donor (e.g., ascorbate, glutathione, or
thioredoxin, eq. 7, Table 1.1) [31]. Overall, electron flow from O2 through catalase is cyclical
(O2 is regenerated by the enzyme), whereas peroxidase activity results in net O2 consumption.
In the absence of biological hydroperoxidases, the most common route of HOOH loss is
the Fenton reaction [32], in which HOOH is heterolytically cleaved by ferrous iron to form ferric
iron, hydroxide ion, and hydroxyl radical (•OH) (eq. 8, Table 1.1). The rate of the Fenton
reaction in natural systems is likely limited by the availability of free Fe(II), which is typically
quite dilute (often <10-9 M in seawater [33]) due to its rapid oxidation at higher pH values [34],
the low solubility of Fe(III) in the presence of O2 [35], and the presence of strong chelators in
natural waters [36]. However, the reduction of Fe(III) by photochemical reactions involving
dissolved organic matter (DOM) [37] maintains higher Fe(II) concentrations than predicted by
redox equilibria (eq. 9, Table 1.1). Thus, the rate of the Fenton reaction is controlled by this
photochemical step, and most discussions of Fenton chemistry from an environmental
perspective speak of the “photo-Fenton reaction” [38]. It has been suggested that direct
reduction of Fe(II) by O2- -- the Haber-Weiss cycle – is important in perpetuating Fenton
chemistry in natural systems, but the very existence of this reaction, much less its role in natural
waters, is controversial [39,40].
•

OH is among the most reactive species known, oxidizing electron-rich biomolecules at

near diffusion rates (eq. 10, Table 1.1) [26]. Hence, it is also one of the most toxic species
known. Photo-Fenton chemistry is exploited in antimicrobial systems such as wastewater
treatment [41], and •OH is implicated in a number of chronic afflictions of humans and other
multicellular organisms [26]. Organisms deal with •OH by producing low molecular weight
antioxidants, often containing conjugated double bonds capable of forming relatively stable
cation radicals after reducing •OH [26]. While not specific scavengers of •OH in the sense that
SOD and catalase are specific for their targets, these molecules are thermodynamically better
7

targets for •OH than the biomolecules they are meant to protect. They are also expendable,
unlike the cell’s DNA, membranes, and metabolic proteins. Since most antioxidants have
conjugated bonding systems, they also tend to absorb visible light. Hence, many are colored,
including well-known plant/algal antioxidants such as -carotene and lycopene.
Thus, chemical ROS production proceeds by four sequential single-electron reductions of
O2, ultimately resulting in the complete reduction of O2 to H2O (eq. 11, Table 1.1, and Fig. 1.1).
Overall, this is a chemical reversal of the photosynthetic production of O2. Plants and eukaryotic
algae exploit this fact to draw down O2 generated by photosynthesis using the “water-water cycle
[42,43]). First, electrons are transferred from the photosynthetic electron transport chain to O2
near the OEC (the Mehler reaction). Then, nearby SOD and ascorbate peroxidase enzymes,
sometimes actually affixed to the photosynthetic membranes, rapidly convert the reduced O2 to
H2O. This results in a broad cycle, where electrons from the splitting of H2O are ultimately
returned to H2O, protecting the organism in the process. Cyanobacteria undergo a similar
process, only using flavoenzymes to reduce O2 directly rather than proceeding through a ROS
intermediary [44].
III. Sources of environmental HOOH
Naturally occurring HOOH in the ocean was first reported in the 1960’s [45], although its
significance was not appreciated until much later. In situ concentrations of HOOH rarely exceed
0.2 μM in seawater (see Appendix I), well below the detection limit of traditional titrimetric
methods used for HOOH quantification. As will be discussed in more detail in sections IV and
V, this has led to the perception of HOOH as a trace component of seawater, and has led many
researchers to discount its importance except in very specific chemical reactions (e.g., redox
cycling of Fe). Over the decades, two models for the ultimate source of HOOH in natural waters
have been developed, one biological, the other photochemical (Fig. 1.2). We will first consider
the evidence for each model, then discuss the role each likely plays in controlling the actual
HOOH flux in nature.
A) Biological sources. It has long been recognized that the formation of ROS is an
unavoidable consequence of aerobic metabolism. Many enzymes capable of single-electron
transfer to a substrate are also capable of reducing O2, and the ubiquity of O2 in aerobic
8

Figure 1.1. The reactive oxygen cycle of aquatic environments. O2 arises as a consequence
of photosynthesis, through the water-splitting activity of the oxygen evolving complex (OEC).
In the Cooper Reaction [46], sunlight, particularly UV radiation, excites dissolved organic matter
(DOM) into a triplet state that can reduce O2 to superoxide (O2-), two molecules of which may
spontaneously unite to form hydrogen peroxide (HOOH). In the Fenton reaction [32], HOOH
oxidizes Fe(II) to Fe(III), producing hydroxyl radical (•OH), which may oxidize virtually any
other compound by abstracting a hydrogen atom, producing H2O and a radical species. Fe(II)
can be regenerated to Fe(III) using electrons from an obscure source – probably UV-excited
DOM – allowing the Fenton reaction to proceed without saturating the Fe(II) pool. Since this
reaction involves solar irradiation, it is called the photo-Fenton reaction [38]. Some researchers
also mention the Haber-Weiss reaction, in which O2- can reduce Fe(III) in a light-independent
fashion; the existence of this reaction is, however, controversial [39,40].

9

Figure 1.2. The sources and sinks of HOOH in and above the open ocean. Solar radiation
produces HOOH in atmospheric water, which may be deposited in the ocean via rainfall. At the
same time, sunlight excites dissolved organic matter (DOM), producing excited molecules that
can reduce O2, leading ultimately to the formation of HOOH. HOOH may also arise as a byproduct of cellular metabolism, which may readily escape cells since biological membranes are
approximately as permeable to HOOH as to water. Once in seawater, HOOH can react with
Fe(II) to produce hydroxyl radicals (the Fenton reaction), it may be photochemically degraded
(perhaps also by the Fenton reaction), or it may be enzymatically degraded either intra- or
extracellularly. Artwork courtesy of L. A. Morris.
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environments (and even more so in photosynthetic organisms) ensures that some ROS will
escape. Leakage to O2 is dependent on the relative concentrations of O2 and the preferred
substrate of the enzyme. Excess O2 near photosynthetic membranes can lead to ROS production
by the Mehler reaction as described in the previous section. Similar reactions can occur with
other electron transport enzymes such as NADH dehydrogenase [24] when O2 is in excess.
Another source of HOOH important when O2 is in excess comes from the photorespiration
pathway [47]. The first enzyme in the Calvin cycle, ribulose 1,5-bisphosphate
carboxylase/oxygenase (Rubisco), can catalyze either its primary, CO2-fixing reaction or a
competing, deleterious O2-fixation reaction (photorespiration). The byproduct of this latter
reaction is glycolate, and must be processed by a series of enzymes to regenerate ribulose 1,5bisphosphate. One enzyme in this cycle, glycolate oxidase, produces HOOH. In eukaryotic
autotrophs this reaction occurs in the peroxisome, in the presence of high concentrations of
catalase that rapidly eliminate HOOH. While the photorespiratory glycolate cycle is essential in
cyanobacteria [48], they replace glycolate oxidase with a dehydrogenase that does not appear to
produce HOOH [49].
O2 reduction can also occur when a primary electron transport carrier is not available in
sufficient quantities due either to excess electron flow, nutrient deficiency, or other problems. In
Fe-starved cyanobacteria, oxidative stress occurs likely due to a lack of ferredoxin, the Fecontaining primary cytoplasmic electron acceptor for photosystem I [50]. When more electrons
flow through the photosynthetic electron transport chain than can be accepted by ferredoxin, O2
reduction becomes practically inevitable. ROS buildup from unbalanced metabolism could also
explain the toxicity of high-nutrient media to organisms adapted to oligotrophic lifestyles [51].
Lastly, ROS accumulation is often observed as a general consequence of cellular stresses, such
as temperature, osmotic, and dehydration stress [52,53,54,55,56,57], probably as a result of
changes in protein and membrane structure. As the physical machines responsible for electron
transfer become distorted by environmental perturbation, their capacity to discriminate between
“proper” electron acceptors and O2 is likely diminished.
HOOH release is not inevitably a result of cellular “accidents” caused by stress, however.
Animals use HOOH at low concentrations as a signaling compound [58] and in high
concentrations as an antimicrobial defense [59,60]. In plants, HOOH released by wounded
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tissues can warn nearby cells to activate anti-herbivore defenses [61], and HOOH in the
apoplastic space is used by peroxidases to catalyze the cross-linking of low molecular weight
compounds into the chaotic, refractive net of lignin [62]. HOOH release is also a hallmark of
programmed cell death (PCD) in the hypersensitive “immune” response of land plants [63].
Similar reactions occur in aquatic microorganisms. Green algae have been shown to produce
HOOH as part of a defense mechanism to plug wounds [64]. Some dinoflagellates apparently
produce HOOH as an allelopathic compound, producing very high local concentrations capable
of seriously damaging many microbial species and even killing fish [65,66,67]. A relation
between HOOH and PCD has also been observed for various algal taxa [68,69,70,71], and
HOOH has been shown to accumulate in algal cultures during viral infection [72]. In both of
these cases, however, it remains unclear whether HOOH formation is triggered as part of PCD,
or rather is a consequence of general failure of cellular metabolism during necrotic death.
Cells have a number of HOOH scavenging systems (see section II), but it is possible that
the generation of ROS will exceed these capacities and HOOH will accumulate. While
intracellular ROS accumulation can result in direct damage to the cell, ROS can also diffuse out
of the cell into the extracellular medium. Due to its charge, O2- is not membrane permeable, but
HOOH is essentially as permeable as H2O. Therefore there is no impediment to its diffusion out
of the cell [26], and internal HOOH rapidly equilibrates with external HOOH. For this reason, it
is possible that organisms under various kinds of stress could contribute significant amounts of
HOOH to their environments.
B) Abiotic sources. Many studies in a wide variety of water types have supported the
hypothesis that most HOOH in pelagic waters arises by the photooxidation of DOM
[46,73,74,75]. As suggested by eq. 3 (Table 1.1), colored DOM can absorb photons and enter
excited triplet states capable of reducing O2. The rate of HOOH accumulation is generally
correlated with DOM concentration [76], although analysis of this rate is complicated in very
oligotrophic waters where the concentration of DOM is near the limit of detection. Measurement
of the rates of HOOH formation are also problematic in eutrophic waters where abundant Fe,
often chelated by elements of the DOM pool, degrades HOOH by the Fenton reaction. Under
such circumstances, rates of •OH formation are more commonly measured [37,77,78].
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HOOH production is stimulated by light in the visual range, but is much faster under UV
irradiation. While only a small fraction of the irradiance impacting natural seawater, photons in
the UV-B range cause the majority of HOOH accumulation [79]. HOOH can also form in the
atmosphere by the photolysis of water into hydrogen atoms and •OH (eq. 12, Table 1.1) [80].
These radicals can then join to form HOOH (eq. 13, Table 1.1). Models suggest that this was a
primary route of HOOH formation and accumulation in primordial oceans, but in the modern
atmosphere it is largely limited to the stratosphere and higher [81]. Still, photolysis of water can
be an important source of HOOH in rainwater, as HOOH formed in the gas phase is recruited
into rain droplets [82]. Rainwater typically contains 100 times the HOOH concentration found
in surface seawater [82], and has been shown to dramatically impact the in situ HOOH of
seawater following rainfall events [82,83,84,85,86,87,88].
While few reports have attempted to directly compare the two, the consensus seems to be
that the abiotic route of HOOH formation is dominant in most natural waters. However, this
could be a biased estimate, as biologists have largely ignored natural HOOH, probably because
they perceive its concentration to be too low to impact biological processes. HOOH
accumulation has been documented in the extracellular environment for a number of algal
species, however, including both macro- and microscopic forms [52,56,65,66,67,89,90,91,92].
One recent study measured significant rates of HOOH production in dark-incubated samples of
natural seawater [93] and suggested that a steady state between biological production and
decomposition of HOOH was sufficient to explain in situ HOOH concentrations, at least in the
Gulf of Alaska. More work is needed to separate these two sources in order to determine their
relative influence on natural HOOH.
IV. Sinks of environmental HOOH
As early as the 1920’s researchers were aware that HOOH added to seawater was not
stable, but disappeared with enzyme-like kinetics [94]. Like HOOH production, we now know
that HOOH removal in natural waters has both an abiotic and a biotic component (Fig. 1.2). The
abiotic route – Fenton chemistry – has already been discussed in previous sections. This
reaction is unquestionably an important route of HOOH elimination in acidic waters rich with
humic substances [37,78] due to the greater solubility of Fe at low pH. Photochemical
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degradation of HOOH has also been observed in the coastal ocean [95], and simultaneous
decreases in HOOH and DOM in the presence of UV light have been measured in the open
ocean [76]. Production rates for •OH were correlated with DOM concentrations across a wide
variety of natural waters, including several open ocean stations [77]. All of these observations
are consistent with photo-Fenton degradation of DOM in the ocean, despite the extremely low Fe
concentrations in these waters. Laboratory experiments suggested that, in humic-rich, low pH
freshwater, •OH production via photo-Fenton consumption of HOOH exceeded other
mechanisms by orders of magnitude [37]. As Fenton rates increase with increasing pH in
seawater [96] it is reasonable to conclude that the photo-Fenton reaction is also an important sink
for HOOH in the ocean.
Even a low rate of abiotic HOOH consumption is important due to the toxicity of •OH.
For the same reasons, it is unsurprising that microbiota appear to be the primary agents
responsible for HOOH removal in pelagic ecosystems. Cooper and Zepp [97] found that HOOH
decomposition in freshwater was arrested in chemically sterilized samples. Similarly, Petasne
and Zika [98] found that 0.2 μm filtration of samples greatly reduced HOOH decay rates, and
that most of the HOOH degradation ability was contained within the 0.2-1 μm size fraction,
implicating bacteria as the predominant players in HOOH removal. Both of these studies found
that re-seeding sterilized samples with cultured organisms restored HOOH degradation. In a
study of HOOH decomposition using 18O-labelled HOOH, Moffett and Zafiriou [99] determined
that the majority of HOOH was disproportionated to O2. As this reaction proceeds slowly
without catalase, these investigators concluded that most of the HOOH was broken down by
microorganisms. Many (perhaps most) aerobic organisms are able to eliminate HOOH from
their environment for the reasons described in the previous sections. Since HOOH is freely
membrane-permeable, any HOOH generated extracellularly should rapidly be available to
intracellular enzymes for degradation. Hence, the bulk HOOH concentration of the medium is
drawn down by the collective action of microorganisms detoxifying their immediate
environment.
While 0.2 μm filtration removed most dark HOOH degradation capacity from seawater
[98], some remained. It is possible that this residual capacity was Fenton-related, but it is also
possible that it is a consequence of extracellular ROS scavengers. Extracellular SODs are well
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characterized [26], and some bacteria and fungi [100,101,102] are known to produce
extracellular catalases. Extracellular catalase activity was reported in polluted waters of the
Mediterranean [103]. It is possible that extracellular enzymatic HOOH degradation is caused by
enzymes that are actively secreted by organisms, but it is also possible that those enzymes are
released as a product of cellular lysis. Enzymes responsible for other processes have been
reported to retain activity for several days after cell death from viral lysis, apoptosis, or sloppy
grazer feeding [51]. More work needs to be done to determine whether or not a biotic,
extracellular sink for HOOH plays any role in the HOOH dynamics of natural waters.
V. Effects of HOOH on the aquatic chemical environment
The large majority of work to date on HOOH in aquatic ecosystems has focused on its
biogeochemical role. Specifically, researchers have studied the relationships between HOOH,
DOM, and redox-active metals such as Fe and Cu, considered in detail in previous sections (Fig.
1.1). In particular, much attention has been given to the importance of HOOH in controlling Fe
speciation, and degrading DOM.
As previously mentioned, Fe is very scarce in the open ocean and potentially limits
productivity in some regions. While Fe(II) is much more soluble than Fe(III) at the pH of
seawater, it is rapidly oxidized to Fe(III) in the presence of O2 [104]. In a dark, oxygenated
ocean, all free Fe would probably exist as Fe(III). Due to its greater solubility, any Fe(II)
produced by photochemistry (i.e., the photo-Fenton reaction) increases the pool of soluble Fe,
with potentially profound implications for primary productivity [104]. The role of DOM in
maintaining Fe(II) concentrations is pleiotropic: it provides electrons for the photoreduction of
Fe(III) on the one hand, and O2 on the other (leading to HOOH production and Fenton
chemistry). DOM is therefore both a source and a sink for Fe(II). Elucidating the rates of these
opposing stages in the photo-Fenton reaction is important for modeling the availability of Fe in
the ocean.
HOOH may also be important in transformations of DOM. The DOM pool is highly
heterogeneous, including species that are highly labile due to their predictable structure (e.g.,
nucleic acids and proteins) or their relative simplicity (e.g. straight-chain polysaccharides, low
molecular weight acids), whereas other compounds are extremely resistant to degradation due to
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their complex and/or energetically stable structures (e.g., aromatic compounds, lignin) [105].
This latter DOM fraction can have residence times in seawater of 103 yr or more, longer than the
mixing time of the ocean as a whole [51]. However, as described above, the interaction of DOM
with solar radiation can generate reactive oxygen species including HOOH and •OH. As the
strongest oxidant in the ocean, •OH is theoretically capable of breaking the more refractive
components of the DOM pool into smaller, easily accessible compounds, potentially making
them more bioavailable [106]. It is not clear to what extent this affects DOM bioavailability,
however. Some investigators have reported an unambiguous increase in DOM lability following
treatment of natural DOM-rich freshwater with UV or •OH generated by ionizing radiation
[107,108]. Other results are less clear, reporting that •OH fluxes in nature are not sufficient to be
an important factor in degrading natural DOM [109] or that UV/•OH treatment actually makes
some DOM less bioavailable [110,111]. In the latter case, it was suggested that radicalization of
DOM species by •OH may encourage linkage of otherwise labile, low molecular weight
compounds in a manner analogous to the HOOH-catalyzed formation of lignin, decreasing their
bioavailability. The fact that assessments of lability are dependant on measurements of
microbial growth offers another explanation of these results. It is possible that treatments
designed to produce •OH could also lead to undetected accumulation of HOOH in the samples.
If important elements of the microbial community were susceptible to HOOH damage, this could
create an impediment to bacterial production that could counteract any benefit gained from •OHmediated DOM degradation [110]. A more thorough appreciation of the toxicity, or lack thereof,
of HOOH to various microbial communities will help in the interpretation of experiments such as
these.
VI. Effects of HOOH on aquatic organisms
Compared to the chemistry of HOOH in natural waters, much less research has been done
on its direct biological effects, despite the fact that ROS are well known to biologists as potent
toxins. In this section, we will review the cellular targets of ROS attack as well as biological
defenses against ROS. This review is not intended to be comprehensive, and interested readers
are directed to the outstanding textbook of Halliwell and Gutteridge [26] for a more complete
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treatment. In the next section, we will consider the current evidence that exogenous HOOH is a
source of stress for aquatic organisms.
A) Targets. ROS, especially •OH, can attack all classes of biological macromolecules,
potentially causing extensive modifications with predictably deleterious results. DNA is
vulnerable to several modifications caused by •OH. First, •OH may attack the backbone
deoxyribose sugars, fragmenting them in a variety of ways leading to single- or double-strand
breaks [26,112]. Also, the nucleotide bases themselves may be modified, either before or after
incorporation into a DNA molecule. 8-hydroxyguanine, one result of •OH attack on guanine,
base pairs with thymine rather than cytosine, so if it is not repaired, it leads to GC-AT mutations
[26]. RNA, including relatively long-lived rRNA and tRNA molecules, is even more vulnerable
to oxidation than DNA [113], and oxidative mRNA damage predictably correlates with
translational errors [114].
Proteins, too, are targeted by ROS, although their structural heterogeneity greatly
amplifies the range of lesions that may be caused. •OH is capable of many non-specific reactions
on proteins, oxidizing both side chains and polypeptide backbones. The typical result of such
oxidation is the formation of carbonyl groups, and the detection of this “carbonylation” using
antibodies is the primary method for measuring oxidative protein damage in vitro. Compared to
•

OH, other ROS have more well-defined protein targets. O2- degrades proteins that bind Fe, such

as ferritin, catalase, and Fe-S cluster enzymes [26,115,116], causing the release of free Fe into
the cytoplasm, allowing destructive Fenton chemistry. HOOH itself, while more stable than
either O2- or •OH, attacks certain proteins even in the absence of free Fe, including important,
constitutively expressed proteins such as the -subunit of ATPase and translation elongation
factor G [117,118].
Lipids are also prone to attack by •OH, and oxidized lipids are capable of dramatically
magnifying the effects of ROS attack via radical propagation (Fig. 1.3). In a typical scenario,
•

OH attacks a double bond in an unsaturated lipid and abstracts a hydrogen atom, leaving a

carbon radical and water (Fig. 1.3A). This new lipid radical may react with any other radical
with no energy barrier. One possible reaction is with a second lipid radical, quenching the
radical character of the system and forming a stable, cross-linked species that terminates radical
propagation (Fig. 1.3C). This reaction will be rare in aerobic systems, however, compared to
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Figure 1.3. Propagation of lipid peroxides. A) A common initial step, where •OH abstracts a
hydrogen atom from an unsaturated fatty acid, leaving water and a more stable lipid radical. B)
The most common reaction of a lipid radical in an aerobic atmosphere is with •OO• (i.e., O2),
forming a lipid peroxyl radical, which is then capable of abstracting another hydrogen atom from
a nearby fatty acid, producing a lipid peroxide and a new lipid radical. Thus, step B may repeat
itself many times as long as O2 is available. C) The cycle terminates when two radicals
encounter each other. In this case, two lipid radicals quench each other, resulting in a crosslinked species. Red moieties, free radicals; green moieties, “quenched” radicals.
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reaction with a much more abundant radical – O2 – to form a lipid hydroperoxide and a new
lipid radical (Fig. 1.3B). This propagation step may be carried out hundreds of times before the
original lipid radical is quenched by a termination reaction. Lipid hydroperoxides are capable of
attacking membrane proteins as well as facilitating the transition of 3O2 to 1O2 in the cytoplasm
[119]. Because of this propensity for magnification, lipid peroxidation is perhaps the most
problematic biological effect perpetrated by ROS.
B) Defenses. The most effective strategy for a cell to protect itself from ROS is simply
to avoid O2. While this is clearly not feasible for most organisms in aerobic environments, O2
exposure can be minimized. For instance, filamentous cyanobacteria such as Anabaena sp.
sequester their ROS-sensitive nitrogen-fixing proteins in special cells called heterocysts that a)
retard diffusion of O2 from the extracellular environment with 3 extra layers of extracellular
matrix and b) consume O2 faster than vegetative cells by accelerating aerobic metabolism [120].
In terrestrial and benthic environments bacteria are protected from ROS by being buried in lowO2 biofilm matrices (e.g., [121]). At first glance, this seems to be an unlikely means for
planktonic organisms to avoid O2, but there is increasing evidence that microscale associations
between bacteria and inanimate particles provide biofilm-like habitats in pelagic ecosystems
[122,123].
When O2 cannot be avoided, a variety of systems exist to deal with the inevitable
formation of ROS. The most conspicuous defenses are ROS-scavenging enzymes, including
catalase and SOD (section II). Enzymes exhibiting these functions are phylogenetically diverse
(i.e., not all catalases are homologous), but they share in common the use of redox-active metal
cofactors, including Fe, Mn, Cu, and Ni, to facilitate the reduction of ROS. Canonical catalase
disproportionates HOOH directly into water and O2, but other catalases as well as a number of
metal-cofactor peroxidases reduce HOOH using electrons from other metabolites such as
ascorbate. Still other peroxidases, including some that are common in marine bacteria – the socalled “peroxiredoxins” – do not have metal cofactors at all. Rather, they use redox-competent
cysteine residues to reduce peroxides (e.g., HOOH as well as lipid and other organic peroxides)
using electrons from small molecules (e.g., glutathione and thioredoxin) that are common
intermediaries in cellular redox processes [124]. While some peroxiredoxins are clearly front-
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line defenses against HOOH (e.g., AhpC in Escherichia coli [125]), the function of others
appears to be directed more toward scavenging of lipid or other organic peroxides [126].
Enzymatic scavengers offer effective protection against O2- and HOOH, but the
extremely rapid reaction rate of •OH presents a more difficult challenge. Cells typically counter
•

OH by one of two strategies. On the one hand, formation of •OH may be inhibited by limiting

the availability of Fenton-reactive metals using, for instance, Fe-sequestration proteins such as
Dps [127]. Alternatively, cells can accumulate high concentrations of “traps,” or molecules that
can react with ROS and leave stable products. Examples of such molecules include vitamin E,
which scavenges lipid peroxides [128], phenolic compounds derived from the shikimic acid
pathway in plants and algae [47], and carotenoid pigments, which are also effective in preventing
the formation of 1O2 during photosynthesis [26,129].
VII. Evidence of HOOH-induced stress in aquatic ecosystems
Very few studies have been performed to examine the effects of exogenous HOOH on
aquatic ecosystems. This is probably because in situ HOOH concentrations are much lower than
concentrations reported to be toxic to bacteria in older studies. For instance, E. coli was able to
tolerate acute exposure to 15 mM HOOH with only a moderate loss of viable counts and a short
lag period [130]; this value is almost 5 orders of magnitude higher than any in situ concentration
measured in the surface ocean. However, an E. coli population in natural river water exposed to
light experienced ~99% mortality after 3 days unless catalase or sodium pyruvate (a •OH trap)
was added to the water prior to illumination [131]. Protection from oxidative stress has also
been linked to survival in stationary phase in E. coli and other bacteria [59,101,132,133,134],
and it has been argued that the “viable but nonculturable” (VBNC) state of microbes is in fact
indistinguishable from HOOH-induced cell damage [54,135]. Both stationary phase and VBNC
states are commonly reported in planktonic microorganisms [51,136], consistent with oxidative
stress being a common problem in natural waters. Regardless of whether the oxidative stress
arises from external ROS or from metabolic imbalances, the membrane permeability of HOOH
assures that stressed cells will leak oxidants into their environment, potentially amplifying the
problem.
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Cyanobacteria in particular appear to be vulnerable to lower doses of HOOH than most
other studied organisms. Both unicellular cyanobacteria and filamentous forms experienced high
mortality when exposed to ~10 μM HOOH, a value that was consistent across numerous
experiments in different laboratories [137,138,139,140]. On the other hand, eukaryotic
microalgae (green algae, diatoms) survived doses as high as 1 mM [138,139]. It is striking that
even the “resistant” eukaryotes in these studies were much less resistant than cultured E. coli. As
the toxicity of HOOH for both bacterial and eukaryotic algae increased with irradiance, it seems
reasonable to conclude that photosynthesis is somehow responsible for the reduced resistance of
algae relative to heterotrophic microbes.
While reports of HOOH tolerances for cultured aquatic organisms are rare, field studies
are virtually non-existent. Xenopoulus and Bird [141] reported ~50% reduction of freshwater
bacterioplankton productivity following exposure to 10 μM HOOH. Algal primary productivity
was more variable in these experiments, with different study sites exhibiting a wide range of
tolerances, although 1 mM HOOH essentially eliminated primary production in all experiments.
A large body of work from Russia and the former Soviet Union, summarized in English by
Skurlatov and Ernestova [142], suggested that environmental HOOH has the positive effect of
reducing the frequency and severity of toxic algal blooms. Consistent with laboratory results,
these researchers found that cyanobacteria were more vulnerable to the toxic effects of ROS than
eukaryotic algae. As a consequence, toxin-producing freshwater cyanobacteria were rare in
waters where the concentration of HOOH exceeded 0.3 μM. When waters became loaded with
ROS “traps” from wastewater effluents, however, toxic blooms frequently formed. In addition to
killing cyanobacteria, joint addition of HOOH and Fe also destroys cyanotoxins via photoFenton chemistry [143,144]. As HOOH is generally toxic at lower concentrations to
microorganisms than macroorganisms, it is an attractive treatment against nuisance plants and
algae, and its effectiveness has been demonstrated in a number of cases
[142,145,146,147,148,149]. Skurlatov and Ernestova [142] report the successful use of HOOH
to control toxic algae in an industrial aquaculture facility, but to our knowledge no large-scale
implementations of such plans have been attempted outside of Russia. These studies indicate
that large-scale HOOH addition should be reconsidered as a cost-effective, non-toxic, and useful
treatment for harmful cyanobacterial blooms. They also support the hypothesis that natural
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populations of cyanobacteria are particularly vulnerable to HOOH compared to most cultured
microbes.
Other studies provide indirect evidence of HOOH toxicity to microbial populations in the
field. The toxic effects of UV radiation on aquatic communities are well documented
[150,151,152,153,154], and anthropogenic increases in UV are a major future concern for the
health of the oceans [155,156]. While UV mediates certain specific types of damage on its own
(e.g., thymine dimers in DNA), it also is intimately linked to the production and cycling of
HOOH in natural waters (Fig. 1.1). There have been many reports of UV-related inhibition of
aquatic organisms, including macroalgae [157,158] and microalgae and cyanobacteria
[154,159,160,161,162,163,164,165,166,167], caused both by the direct (DNA modification) and
indirect (ROS generation) toxic effects of UV. Importantly for the work described in this
dissertation, field samples of Prochlorococcus, but not their sister group Synechococcus, were
extremely vulnerable to UV radiation, experiencing ~100% mortality after less than 24 hours of
exposure to unfiltered sunlight [154,167]. While these experiments do not directly test the
possibility, given the known susceptibility of cyanobacteria to HOOH it is likely that some of
this damage is due to the generation of extracellular HOOH and the photo-Fenton reaction.
Similarly, there is ample reason to suspect that some of the toxicity of heavy metals to
algae is mediated by ROS [168]. Redox-cycling metals, such as Fe and Cu, have a clear
relationship to ROS through Fenton chemistry , and their toxicity probably involves the
generation of •OH from HOOH. However, redox-stable metals, like Pb and Cd, are also
associated with oxidative stress. In these cases, ROS probably arise from metal-stimulated
metabolic impairment, leading to intracellular O2 reduction. A number of studies have reported
increases in phytoplankton productivity following Fe addition to seawater (e.g., [104]).
However, Willey et al. [85,88] demonstrated that, in the presence of elevated HOOH such as that
found in rainwater, the growth benefit of Fe addition was eliminated. Willey et al. [85]
interpreted these results as indicating that HOOH reduced the bioavailability of Fe by changing
its redox state; however, an explanation invoking •OH toxicity is equally attractive. These
results should give pause to policymakers who would consider large-scale Fe additions to the
oligotrophic oceans as a palliative for global CO2 pollution. Cyanobacteria are numerically
dominant throughout these waters [9], and their established HOOH vulnerability suggest that
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they could be selectively impaired by such a scheme, with unpredictable consequences for the
long-term health of the oceans.
In conclusion it is quite possible that the importance of naturally-occurring, low
concentrations of HOOH as a toxin has been underestimated. HOOH is also probably involved
in enhancing other environmental toxins, including UV and metal stress. As such, future work is
needed to elucidate its exact role in structuring marine microbial communities.
VIII. HOOH and the evolution of oxygenic photosynthesis
It is intuitively clear that the oxygenation of the Earth’s atmosphere by photosynthetic
cyanobacteria had a profound impact on the evolution of the biosphere. However, the evolution
of oxygenic photosynthesis has always been difficult to explain. First, what was the selective
pressure to evolve a complex water-splitting mechanism, when, in an anaerobic world, reduced
inorganic compounds (e.g. H2S) were abundantly available as electron donors for anoxygenic
phototrophs? Second, given the toxicity of ROS, how could the earliest water-splitters survive
the by-products of their new ability? Clearly, they must have already had ROS detoxification
capabilities – but why, if they lived in an anoxic environment?
Figure 1.4 shows a scenario wherein HOOH is instrumental in the evolution of oxygenic
photosynthesis. Models suggest that in the ozone-free Archean atmosphere UV photolysis of
water vapor could have led to an accumulation of HOOH at sea level even in the absence of an
appreciable source of O2 [80,81]. HOOH has been detected on the Martian surface [169], which
is similar in terms of its irradiation profile to early Earth [170]. Thus, HOOH has probably
always existed in the surface layers of the ocean, even before the presence of abundant DOM and
gaseous O2. It is possible that the earliest phototrophs were forced to develop an antioxidant
capacity in order to exploit the sunlit surface waters, leading to “pre-adaptation” to the presence
of O2. The presence of HOOH would also have necessitated strong Fe scavenging systems, as
Fe(II) would have been abundant in the absence of O2. This could explain the extreme antiquity
and phylogenetic ubiquity of iron-binding proteins such as ferritin [171].
Another interesting possibility is that O2 production by catalase could have pre-dated
oxygenic photosynthesis and actually could have created the selection pressure for the evolution
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Figure 1.4. A scenario for HOOH involvement in the evolution of oxygenic photosynthesis.
In the ozone-free Archean atmosphere, UV radiation cleaves water, allowing formation of
gaseous HOOH from •OH radicals. In order to harvest sunlight, anoxygenic phototrophs must
evolve anti-HOOH defenses such as catalase to survive at the surface. Unfortunately, O2
generated from the disproportionation of HOOH oxidizes photosynthetic electron donors such as
H2S. This problem is exacerbated when HOOH concentrated in glacial ice is released, oxidizing
most of the euphotic zone. In the absence of reduced compounds, phototrophs evolve the ability
to split water into O2, harnessing electrons for photosynthesis in the process. It is possible that
the Mn-containing oxygen evolving complex evolved from ancient Mn catalases. Oxygenic
photosynthesis radically changed Earth’s atmosphere; one effect of this was the generation of an
ozone (O3) layer that greatly restricts HOOH formation in the modern troposphere.

24

of water-splitting [172]. While most modern organisms use catalases that have a heme co-factor
containing Fe, a less common version uses a Mn cofactor [173]. The active sites of Mn catalases
share structural similarity to the active sites of the OEC of photosystem II, and these are among
the very few enzymes capable of producing O2. Thus, it is reasonable to conjecture that Mn
catalases were evolutionary intermediates in the development of the OEC [174]. Moreover, the
activity of catalases at the ocean surface by anoxygenic phototrophs could have led to an
accumulation of O2 that, while insufficient to radically alter planetary geochemistry, could have
oxidized the local environment to the point that electron sources for anoxygenic photosynthesis
could have become scarce. This phenomenon would have been exacerbated during melt-out
from Snowball Earth events, as ice (like rain) can concentrate atmospheric HOOH [81,175].
Thus, protection from H2O-derived HOOH could have been critical in oxidizing the euphotic
ocean, providing strong selective pressure for evolution of a new form of photosynthesis deriving
electrons from an even more abundant source – water.
IX. Conclusion: Prochlorococcus and the Catch-22 of phototrophy
In the above sections we laid out the framework for the studies described in the
forthcoming chapters. HOOH is an important and understudied player in the oceans, particularly
in terms of its biological effects. Evidence is strong that it may restrict the range of organisms
that can survive in the photon-rich surface layer of the ocean. Light follows a “Subsidy/Stress”
model [176], where both low and high abundances of a resource are problematic, with
productivity peaking somewhere in the middle. Biological processes are only partly capable of
controlling the pathways through which solar energy flows in their systems. The greater the
energy flux, the greater the possibility of energy “escape” causing unwanted side reactions.
Organisms that subsist on low levels of energy – e.g., deep-water chemoautotrophs, abyssal
decomposers, etc. – have low risk of damage from radicals, at the cost of very slow metabolic
rates. However, a great bounty awaits organisms that develop the capability of survival –
however tenuous – in higher-energy environments. From the earliest days of life, the surface
oceans have been rich with solar and chemical energy but also fraught with danger for systems
requiring complicated, ROS-vulnerable macromolecules to function. Clearly, lineages have
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conquered this environment several times, with huge consequences for Earth’s biogeochemical
history.
Prochlorococcus, the most abundant photosynthetic genus in the modern oceans, is one
of these lineages. The earliest-branching Prochlorococcus species are obligately limited to the
bottom of the euphotic zone where they are strongly light-limited [177]. At some point, this
lineage developed a number of adaptations that granted them the ability to “return to the
surface,” where they are able to exploit the greater solar energy resources and grow much faster.
These organisms have enjoyed almost unparalleled success, outnumbering their sister taxon
Synechococcus by at least an order of magnitude throughout the temperate and tropical open
ocean gyres. As for all organisms that live in surface waters, the cost of abundant solar energy
and the productivity it allows is that they must contend with HOOH and other ROS. As we will
see, Prochlorococcus’ solution is at the same time unexpected and fascinatingly simple, with
profound implications for our understanding of evolutionary forces shaping microbial
assemblages in the ocean.
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CHAPTER 2
Facilitation of Robust Growth of Prochlorococcus Colonies and Dilute Liquid
Cultures by “Helper” Heterotrophic Bacteria
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ABSTRACT
Axenic (pure) cultures of the marine unicellular cyanobacterium Prochlorococcus grow
efficiently only if the inoculation concentration is large; colonies form on semisolid media at low
efficiency. In this work we describe a novel method for growing Prochlorococcus colonies on
semisolid agar that improves recovery to approximately 100%. Prochlorococcus grows robustly
at low cell concentration, in liquid or solid media, when co-cultured with marine heterotrophic
bacteria. Once the Prochlorococcus cell concentration surpasses a critical threshold, the
“helper” heterotrophs can be eliminated with antibiotics to produce axenic cultures. Our
preliminary evidence suggests that one mechanism by which the heterotrophs help
Prochlorococcus is to reduce oxidative stress.
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I. Introduction
Prochlorococcus is the most abundant marine photosynthetic organism, and as such is a
major contributor to photosynthesis in the ocean [9]. Over 30 strains of Prochlorococcus have
been brought into culture, isolated from many locations within the 40° N to 40° S band,
including the North Atlantic, North and South Pacific Oceans, the Mediterranean Sea and the
Arabian Sea [9]. Despite this success, very few pure cultures of Prochlorococcus have been
obtained (e.g. PCC 9511 and MIT 9313 [179,180]). The vast majority of cultures contain
heterotrophic microbes as contaminants; these heterotrophs were co-cultured from the marine
environment during the isolation procedure, which has relied thus far exclusively on liquid
cultivation. While plating for contiguous lawns of Prochlorococcus has proven productive [181],
attempts at colony formation (by pour plating or surface streak plating) have thus far met with
significantly less success. Recovery efficiencies of 0.1 – 10 % have been reported for some
strains with the pour plating technique [181,182], but have yet to produce pure cultures [181].
The inability to readily obtain clonal, pure cultures of Prochlorococcus has severely limited
progress in the genetic and physiological analysis of this ecologically-important lineage.
II. The “helper” phenotype of heterotrophic bacteria
Standard dilution streaking of contaminated Prochlorococcus cultures onto semisolid
media failed to produce axenic colonies. Colonies only formed within a visible mass of the
contaminant heterotrophic bacteria; this mass was typically in the earliest, heaviest dilution
streak(s) (data not shown). One interpretation of these results was that Prochlorococcus was
only able to grow in the presence of the contaminating bacteria, perhaps because the bacteria
provide a growth factor and/or remove an inhibitory factor. Co-culturing with heterotrophic
bacteria is required for growth of some bacterial isolates [183], and is known to improve the
growth of other cyanobacteria as well as dinoflagellates [184,185], suggesting a similar
interaction may help Prochlorococcus. To test this hypothesis, a heterotrophic contaminant
(EZ55) of a culture of the Prochlorococcus strain MIT 9215 was isolated on ProAC medium
[75% Sargasso Sea water (pre-filtered with a 0.2 μm polycarbonate filter), supplemented with 17
g L-1 of AC Difco Broth, 800 μM NH4Cl, 50 μM NaH2PO4, 1X Va vitamin mix [186], and 15 g
L-1 granulated agar (unless noted, all chemicals are from Sigma)] and tested for its ability to help
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Prochlorococcus grow on semisolid media. The 16S rRNA gene of EZ55 was PCR-amplified
[187], cloned with the TOPO TA cloning kit (Invitrogen), and sequenced, identifying the strain
as a member of the Alteromonas genus.
A “lawn” of 4.0 * 106 cells of EZ55 (pre-washed in un-supplemented Sargasso seawater)
was spread evenly onto the 60 mm diameter Pro99-based agar plate [Pro99 nutrients [181] plus 1
mM sodium sulfite (all filter-sterilized separately), 0.42% Difco Agar Noble (Becton Dickinson)
in a blend of 18 M water and Sargasso seawater (75% v/v final concentration, autoclaved
separately)], using acid-washed, autoclaved 2.5 mm glass beads (Bio Spec). As the Pro99 plates
contained no organic carbon supplement, any growth of the EZ55 cells on the plates was
undetectable, and no visible lawn formed. A dilution series of a late-log phase Prochlorococcus
MIT 9215 culture was then titrated onto the plates, and was incubated under the standard
incubation conditions for this study: 22 °C with continuous light at 30 μmol quanta m-2s-1,
provided by cool white fluorescent bulbs. Plating efficiency was determined by comparing
colony forming units (CFU) to counts determined by flow cytometry, which quantifies
Prochlorococcus particles based on size and chlorophyll-based fluorescence [188,189]. The
flow cytometry count for the culture was 3.3 * 108 cells mL-1, while viable counts (Fig. 2.1A)
averaged 2.7 ± 1.6 * 108 CFU mL-1. Thus, in the presence of EZ55, essentially every cell of
MIT 9215 planted on the agar formed a colony. No colonies formed on control plates lacking
EZ55 (data not shown), confirming that heterotrophs were necessary for the development of MIT
9215 colonies.
III. Elimination of the “helpers” to obtain axenic Prochlorococcus
To utilize this method to obtain axenic cultures of MIT 9215, a genetic selection was
developed. We first obtained a streptomycin-resistant (Smr) mutant of MIT 9215 by inoculating
approximately 1010 cells into 1L of Pro99 medium containing 100 μg mL-1 streptomycin (Sm100).
The Smr culture that grew out of this selection was not pure, as Smr heterotrophs could be
isolated if grown on ProAC rich medium plates (data not shown). Axenic MIT 9215 Smr was
then obtained by spread-plating a dilution of the culture (approximately 100 MIT 9215 Smr cells
per 60 mm agar plate) with ~5*105 cells of wild-type, streptomycin-sensitive (Sms) EZ55. The
wild-type EZ55 facilitated the growth of MIT 9215, which was spatially separated from the Smr
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Figure 2.1. Helper heterotrophs facilitate Prochlorococcus growth on solid media. (A)
Dilution series of Prochlorococcus MIT 9215 on a dilute lawn of approximately 1,000,000 cells
of EZ55 on Pro99 agar media lacking organic carbon. Numbers above the dilution spots indicate
the fold dilution of the 3.5 * 108 cells mL-1 MIT 9215 source culture.; 10 μL volumes were
spotted for each dilution. (B) Approximately 106 Prochlorococcus MIT 9215 cells were spread
evenly on the agar. Cells of heterotrophic Roseobacters Phaeobacter sp.Y4I and Sagittula
stellata E-37 were then applied over the MIT 9215 cells as horizontal streaks (indicated by
arrows). (Green) MIT 9215 cells grew only where the heterotrophs were streaked.
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contaminants on the plates. Green colonies were transferred with a sterile wooden toothpick or
plastic pipette tip into 5 mL of liquid Pro99 medium. At the first visible sign of growth, the
liquid cultures were diluted 64-fold into Pro99 Sm100 medium to eliminate the EZ55 cells, and
thus establish a pure culture of MIT 9215. Due to the (low rate of) spontaneous mutation to
streptomycin-resistance in EZ55, it was important to transfer as small a volume of cells as
possible from Pro99 into Pro99 Sm100, to ensure that all contaminants were killed upon exposure
to streptomycin. Purity was confirmed by sub-culturing stationary-phase cultures into two types
of purity test broth: a rich medium (1/10 ProAC: ProAC with only 1.7g L-1 AC Difco broth) and
a minimal medium (PLAG: 75% Sargasso seawater supplemented with 0.05% (w/v or v/v) each
of sodium pyruvate, sodium lactate, sodium acetate, and glycerol; 800 μM NH4Cl; 50 μM
NaH2PO4; 1X Pro99 trace metal mix; and 1X Va vitamin mix). Cultures with no growth in the
1/10 ProAC or PLAG test media after four weeks of incubation were considered axenic.
IV. The helper phenotype in liquid media
The “helping” phenomenon was found to occur in liquid as well as on semisolid media.
A dilution series of axenic MIT 9215 Smr was inoculated into fresh Pro99 medium, and
chlorophyll-based fluorescence, quantified with a TD700 fluorometer (Turner Designs), was
used to measure relative Prochlorococcus cell concentration during the incubation [177]. At the
highest cell inoculum tested, 3.5 *106 cells mL-1 (determined by flow cytometry), axenic MIT
9215 Smr grew well as pure cultures (Fig. 2.2A), confirming that the “helping” phenomenon is
not necessary for concentrated cultures of axenic Prochlorococcus. However, growth of cultures
with lower inocula was severely limited. Cultures at an initial concentration of 3.5 * 105 cells
mL-1 grew, but exhibited a variable and overall lower final yield of chlorophyll-based
fluorescence than the cultures initiated with ten times as many cells. Cultures inoculated with 35
- 35,000 cells mL-1 failed to grow to detectable levels of fluorescence.

Hence, the ability of

r

pure cultures of MIT 9215 Sm cultures to grow was strongly dependent upon the initial cell
density.
In contrast, there was effectively no density dependence for growth of MIT 9215 Smr
when co-inoculated with approximately 106 cells ml-1 of EZ55. From 35 to 3,500,000 cells mL-1
inoculum, growth was robust and highly reproducible: triplicate cultures exhibited the same
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Figure 2.2. Growth of MIT 9215 in liquid Pro99 medium with or without helper
heterotrophs. Dilutions of MIT 9215 were grown in the absence (A) or presence (B) of ~5*105
CFU mL-1 EZ55. Initial concentrations of MIT 9215 were 3.5 * 100 (), 101 (), 102 (), 103
(), 104 (), 105 (), or 106 () cells mL-1. Error bars indicate one standard deviation of the
mean for three replicate cultures. The dotted horizontal line is the limit of detection for
chlorophyll-based fluorescence [10 arbitrary units (AU)]; values below this limit were reported
as 10 AU.

34

growth rates and yields (Fig. 2.2B). The lowest initial cell dilution assayed, 3.5 cells mL-1, was
the one exception, exhibiting a slower growth rate and maximum fluorescence yield.
Nevertheless, all three cultures started at this very low inoculum grew to detectable levels of
fluorescence by day 40 post-inoculation. Thus, as with semisolid media, the ability of initially
low concentration cultures of MIT 9215 Smr to grow was dependent on the presence of
heterotrophic helper bacteria.
V. The helping phenomenon is common in marine heterotrophs
To address the specificity of the “helping” interaction, one member of each ecotype
(ecologically-distinct lineage) of Prochlorococcus [190] was assayed with (i) marine
heterotrophs isolated as for EZ55 above, from seven cultures of Prochlorococcus representing all
six ecotypes, (ii) representatives of the Roseobacter clade, and (iii) bioluminescent species of the
genus Vibrio. Several Roseobacters have been shown to improve the growth of phototrophic
dinoflagellates and algae [184,185], suggesting that they may be able to perform a similar role
for Prochlorococcus. A rapid screening assay was developed to facilitate the high throughput
Prochlorococcus-by-heterotroph interaction survey. In contrast to the prior plating method, the
Prochlorococcus strain, rather than the heterotroph, was spread on the plate as the dilute lawn
(approximately 106 cells of exponentially-growing cultures per 60 mm diameter plate).
Heterotrophs were then overlayed on top of the Prochlorococcus by streaking a patch of cells
from a colony using a wooden toothpick. Accumulations of green biomass indicating
Prochlorococcus growth occurred only where “helpers” were streaked (Fig. 2.1B). While the
Prochlorococcus cultures tested in this assay were not axenic, the contaminants did not affect the
assay, since Prochlorococcus grew only where the much denser test heterotrophs were streaked
on top. For the low-light ecotype strains NATL2A, SS120, MIT 9211, and MIT 9313 [191,192],
plates contained only 0.29% agar, as this provided more robust growth than the 0.42% plates
(data not shown).
The majority of strains tested helped strains MIT 9215, MED4, NATL2A, and MIT 9313
grow, although the amount of time required for visible cyanobacterial growth to appear varied
extensively both between heterotrophic and Prochlorococcus strains (Table 2.1). In contrast, far
fewer heterotrophic strains facilitated the growth of Prochlorococcus strains SS120 and MIT
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Roseobactersi

Vibrio spp.h

Co-isolates with Prochlorococcus strains

Table 2.1. Streak plate assay results. Numbers are the number of weeks required for
Prochlorococcus growth to become visible on at least two of three replicate streaks of the
indicated heterotrophic bacteria. ‘--' indicates that no growth occurred in the allotted time (16
weeks).
j

Organism

Catalase

Alteromonas sp. EZ32a
Rhodospirillaceae str. EZ35a
Alteromonas sp. EZ33b
Halomonas sp. EZ34b
Rhizobiaceae sp. EZ36b
Flavobacteriaceae str. EZ40c
Sphingomonas sp. EZ41c
Alteromonas sp. EZ42c
Marinobacter sp. EZ43d
Marinobacter sp. EZ44d
Alteromonas sp. EZ45e
Alcanivorax sp. EZ46e
Pseudoalteromonas sp. EZ48f
Rhodospirillaceae str. EZ49f
Alteromonas sp. EZ55g
Rhodospirillaceae str. EZ54g
Vibrio fischeri ES114
V. fischeri 7744
V. harveyi B392
V. logei 15382
Phaeobacter sp. Y4I
Phaeobacter sp. Y3F
Ruegeria lacuscaerulensis ITI-1157
Ruegeria sp. TM1040
Ruegeria pomeroyi DSS-3
Sagittula stellata E-37
Sulfitobacter sp. NAS-14.1
Sulfitobacter sp. EE36
Sulfitobacter pontiacus ChLG10
Rhodobacteraceae str. SE62
Rhodobacteraceae str. PSPC-2
Citricella sp. SE45
Roseovarious nubinhibens ISM

+/+/+
++
++
+/+
+/+
+/+/+
+/+/+/+/+
+
+/+
+
+
+/+/+
+/+
++
+
+/++
+
+

MIT
9215
1
2
1
2
2
1
1
2
2
5
5
-5
2
2
2
3
3
2
2
3
3
3
3
2
2
3
2
3
2
2
1
2

Prochlorococcus Strain
MIT
SS120
MED4 NATL2A
9211
3
---3
3
--2
5
--3
7
--3
5
--3
5
--3
3
--3
5
--3
5
--3
3
--3
3
--3
3
--3
---3
1
-9
2
1
--2
3
--2
4
10
-3
5
10
-2
3
9
-3
3
14
-3
3
14
-3
---2
5
14
9
----3
3
--5
5
-9
----4
3
--4
5
-9
5
5
---4
--3
3
--2
6
---

MIT
9313
-----9
9
9
9
----7
7
7
9
9
-9
-7
5
5
5
7
5
5
5
5
5
5
5

a

Isolated from Prochlorococcus MED4 culture (S. Bertilsson, unpub.)
Isolated from Prochlorococcus MIT 9313 culture (S. Bertilsson, unpub.)
c
Isolated from Prochlorococcus MIT 9312 culture (this study)
d
Isolated from Prochlorococcus MIT 9211 culture (this study)
e
Isolated from Prochlorococcus NATL2A culture (this study)
f
Isolated from Prochlorococcus SS120 culture (this study)
g
Isolated from Prochlorococcus MIT 9215 culture (this study)
h
source: P. Fidopiastis
i
source: A. Buchan
j
Relative vigor of bubble formation upon exposure to HOOH
b
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9211. Additionally, the amount of time before growth was evident was typically greater for
these strains. Only one heterotroph, Ruegeria lacuscaerulensis, universally helped all 6 strains
of Prochlorococcus grow, although 7 others (including all 4 Vibrio spp. tested) helped 5 strains.
Heterotrophs isolated from the Prochlorococcus cultures exhibited no preferential “helping” of
their cognate Prochlorococcus strains over the other Prochlorococcus strains tested, and not all
isolates from the Prochlorococcus cultures were able to help their cognate strains. Hence, these
initial studies indicate that the helping phenomenon appears to be common, though not universal
for all marine heterotrophs. Despite the relative crudity of this assay, it is nevertheless a
significant observation that all strains of Prochlorococcus tested in this study - representing each
of the six known ecotypes - were helped by at least 4 of the heterotrophic species surveyed.
VI. The helping phenomenon is linked to oxidative stress
Heterotrophs appeared to play an active role in the facilitation of Prochlorococcus
growth. EZ55 Sms cells helped MIT 9215 Smr form colonies on standard Pro99 plates (see
above), but not on plates containing Sm100 (data not shown). Thus, streptomycin-killed cells
were unable to facilitate MIT 9215 growth. One heterotroph activity we hypothesized to be
important in the helping phenomenon is the scavenging of reactive oxygen species (ROS) from
the medium. There is growing evidence that standard agar media contain levels of ROS that
restrict the growth of many bacteria: the overall plating efficiency of bacteria from marine, soil,
and atmospheric environments can be dramatically improved by the introduction of hydrogen
peroxide (HOOH) scavenging agents such as catalase or pyruvate to the medium
[54,193,194,195,196,197,198]. Of note, cells of the marine heterotroph Vibrio vulnificus that
appear to have entered a “viable but non-culturable” (VBNC) state during exposure to low
temperature have lost their catalase activity (9), and can in fact be cultured if the medium
contains catalase [198]. In light of these earlier studies, we found it intriguing that the genomes
of Prochlorococcus lacked homologs to all known catalases and heme-containing peroxidases
[199]. We therefore hypothesized that the removal of ROS from the medium by ROSscavenging heterotrophic bacteria might be an important component of the “helping”
phenomenon.
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Our preliminary evidence supports this oxidative stress reduction hypothesis. Unlike its
wild-type parent (ESR1, a derivative of ES114) (Table 2.1), a katA mutant (KV433) of Vibrio
fischeri, which lacks the periplasmic catalase [59], was unable to help MIT 9215 grow on plates
(data not shown). This indicates that catalase activity is necessary for the helping phenomenon
in this strain. The katA mutant has no growth defects (rate or yield) in rich medium; indeed katA
expression is low during logarithmic growth but is induced by HOOH additions or entry into
stationary phase [59]. These results thus suggest that elimination of extracellular HOOH by V.
fischeri’s periplasmic catalase is a necessary component of this organism’s helping phenotype.
Direct tests for the sufficiency of purified catalase to help Prochlorococcus grow were
complicated by the fact that catalase is vulnerable to photoinactivation [200,201,202]. This loss
of activity is likely very significant given the long incubation periods in the light that are
required for growth on solid media (1-2 months for colonies). Nevertheless, purified catalase
showed a significant positive effect on the growth of dilute lawns of Prochlorococcus. Without
catalase, an even spread of 106 cells of MIT 9215 was unable to form a lawn on Pro99 semisolid
media. However, on plates containing 50, 100, and 200 U mL-1 catalase, the same amount of
cells grew robustly into lawns (data not shown), demonstrating it can significantly enhance the
growth of Prochlorococcus on plates.
Clearly, hydrogen peroxide scavenging is implicated as a mechanism of helping by V.
fischeri, and may play a similar role for the other helpers. All of the heterotrophs assayed for
ability to help Prochlorococcus grow also demonstrated visible signs of catalase activity (as
judged by “bubbling” of colonies upon exposure to 3 or 30% HOOH, at 22°C) (Table 2.1).
However, there was no clear correlation between the intensity of catalase activity and the ability
of an organism to help; indeed, Ruegeria lacuscaerulensis, the only organism capable of helping
all strains of Prochlorococcus tested, also had the lowest catalase activity. Whether peroxidases
(which do not form gas bubbles) substitute for catalase in the low-catalase-activity helpers or not
is currently unknown, but we suspect that ROS scavenging may not be the only mechanism of
helping. The apparent specificity of some helpers for certain strains of Prochlorococcus (e.g.
EZ46, Table 2.1), and the identification of only one “universal helper” out of 33 tested suggests
that multiple factors are responsible for the helping phenomenon.
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VII. Conclusion
In this work we have presented a two-step method whereby strains of Prochlorococcus
may be made clonal and eventually pure. By plating with heterotrophic helper bacteria, isolated
clones can be obtained as colonies, with plating efficiencies approaching 100%. Subsequently,
the clones can be grown in liquid culture and made axenic by the addition of streptomycin to
eliminate the helpers once the Prochlorococcus is dense enough to grow as a pure culture. This
advance in our ability to grow Prochlorococcus colonies should dramatically enhance our ability
to isolate new, clonal strains from the oceans and to improve the genetic manipulation of this
organism, which has thus far been limited by the inability to isolate individual mutants [182]. In
addition, our preliminary evidence indicates that a wide range of marine heterotrophs can
facilitate the growth of the different ecotypes of Prochlorococcus, with reduction of oxidative
stress as an important component of this “helping” phenomenon. Clearly, much work remains to
understand the mechanism(s) of this helping phenomenon, and to determine what connection, if
any, this interaction between heterotroph and phototroph plays in the oceans.
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CHAPTER 3
Light-driven Hydrogen Peroxide Production
by Biological Buffers in Culture Media
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ABSTRACT
Researchers in mammalian cell culture have previously observed the generation of toxic levels of
hydrogen peroxide (HOOH) in light-exposed culture media containing the pH buffer HEPES.
Seeking to bring this work to the attention of environmental microbiologists, we investigated the
production of HOOH in seawater media containing a variety of zwitterionic “Good’s buffers.”
Production rates varied extensively amongst buffers, with HEPES highest and TAPS lowest.
Further, rates for a given buffer increased linearly with buffer concentration, natural seawater
concentration, and light level. Concentrations of HEPES commonly used in culture media (1-10
mM) generated enough HOOH to kill the axenic Prochlorococcus strain MIT9215 during growth
at low, ecologically-relevant cell concentrations and/or under high light exposure. Evidence
supports a model of HOOH formation where an unknown organic contaminant in the basal
medium photosensitizes the buffer, leading to O2 reduction. HOOH accumulation is asymptotic,
with a peak level that correlates well with the rate of formation, suggesting a steady-state process
where HOOH production competes with an HOOH decomposing reaction such as the Fe(II)catalyzed Fenton reaction that converts HOOH into highly reactive hydroxyl radicals. We offer
several recommendations (e.g., replacing HEPES with TAPS) for modifying culturing practices
to avoid buffer-mediated oxidative stress. Finally, we demonstrate that HEPES can be used
experimentally to study the biological effects of chronic exposure to sublethal levels of HOOH
such as may be experienced by organisms in the euphotic zone of natural aquatic ecosystems.
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I. Introduction
Natural waters are buffered to a greater or lesser degree by the equilibrium between
dissolved CO2 and carbonate sediments [203]. In most aquatic systems, both freshwater and
marine, this results in a pH between 7.5 and 8.5. This strong chemical buffering system largely
offsets the effects of microbial metabolism on proton concentrations, resulting in a very stable
pH that is predominantly controlled by abiotic forces. On the other hand, organisms typically
attain much greater cell densities in culture than in the field, and pH often becomes dominated by
biological effects, particularly in the later stages of batch culture. Bacterial fermentation
pathways, for instance, may generate organic acids as by-products, leading to lower pH when
these products accumulate. Conversely, many aquatic algae use a carbon concentrating
mechanism (CCM) that actively transports bicarbonate (HCO3-) into the cell where it is
enzymatically converted to CO2 [204,205]. By depleting the medium of inorganic carbon more
rapidly than it can be replenished from the atmosphere, the algae shift equilibrium toward
carbonate and pH rises [206]. This may become problematic when CO2 resupply is restricted,
i.e., due to large culture volume and/or insufficient aeration. Beyond a certain point, changes in
external pH result in the loss of a cell’s ability to maintain pH homeostasis, leading to the
collapse of the transmembrane proton gradient, cessation of growth, and eventual loss of
viability [207,208].
To avoid this pH shift, it is helpful to artificially buffer culture media. Inorganic
carbonates and phosphates, commonly used as buffers in a wide range of solutions, are
macronutrients and may affect the growth of cultured organisms. This problem is particularly
acute for photoautotrophs, which are typically growth-limited by these nutrients. Tris buffer is
used in some media, but it is known to permeabilize biological membranes [209] and thus can be
toxic to many microbes. Good’s buffers [210] such as HEPES, MOPS, and TAPS, on the other
hand, appear to be optimal choices for buffering media. They each have a pKa in the range of
7.0-8.5, they are chemically stable over time, and their ring structures make them biologically
inert. Additionally, these buffers were characterized as chemically unreactive under
physiological conditions and largely optically transparent in the UV-VIS range [210]. These last
properties were emphasized because the buffers were intended to be essentially invisible in
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experimental conditions, interacting neither with the chemical matrix of the medium nor with the
detection methods, such as spectrophotometry, used to follow the progress of the experiment.
Contrary to these initial observations, however, studies have shown that HEPES is not
chemically inert, and is actually quite photoreactive, forming hydrogen peroxide (HOOH) in
light-exposed media [211]. Lepe-Zuniga et al. [212] reported that a 30 min exposure to
approximately 90 μmol photons m-2 s-1 light was sufficient to kill 99% of thymocytes cultured in
HEPES-containing media, while unbuffered cells were unaffected. While HOOH production in
HEPES-containing thymocyte cultures can be circumvented by incubation in the dark [212],
such a remedy is not possible for cultured photoautotrophs or other experiments requiring light
exposure. Notably, several recent studies demonstrate that many unicellular photosynthetic
microbes are susceptible to damage by low concentrations of HOOH [69,138,178], and some
ubiquitous marine heterotrophic bacteria such as Pelagibacter ubique [12] are conspicuously
lacking in antioxidant enzymes such as catalase. Therefore, we sought to confirm the original
findings of Zigler et al. in the context of seawater growth media, as well as to explore
alternatives to HEPES for buffering.
In this work we quantified the photochemical production of HOOH in HEPES-buffered
seawater media as a function of buffer concentration and light intensity. We also examined the
effects of HEPES on the unicellular marine cyanobacterium Prochlorococcus, known to have
high HOOH sensitivity (Chapters 2 and 4). We assayed HOOH production from several other
buffers with similar pKa values (Table 3.1) in an attempt to identify a suitable replacement for
HEPES. Finally, we show how HEPES may be exploited as a reliable, steady-state generator of
HOOH in culture media.
II. Measurement of HOOH
HOOH concentration was measured using an acridinium ester chemiluminescence
method [213] modified for use in an Orion-L microplate luminometer (Berthold Detection
Systems, Pforzheim, Germany). 10-methyl-9-(p-formylphenyl)acridinium carboxylate
trifluoromethanesulfonate (acridinium ester, AE) was a generous gift of M. Gonsior (University
of Otago, NZ). Replicate 200 μL aliquots of sample were loaded onto white, flat-bottomed 96well plates (Costar #3912, Corning Life Sciences, Lowell, MA) along with HOOH standards
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Table 3.1. Buffers studied in this work.
Buffer
Bicine

pKa
8.3

DIPSO

7.6

Glycylglycine

8.2

HEPES

7.5

MOPS

7.2

TAPS

8.4

Tricine

8.1

Tris

8.1

45

(2-fold dilutions ranging from 1000 nM to 15.625 nM) prepared using a seawater blank collected
from 900 m depth in the oligotrophic South Pacific (32° 25’ S, 159° 5’ E). The HOOH stock
solution was prepared by diluting a 30% solution to approximately 25 mM, and then
standardized using its absorbance at 240 nm on a DU-800 spectrophotometer (Beckman Coulter)
using the molar absorbance coefficient 38.1 L mol-1 cm-1 [214]. Where necessary, samples were
diluted in blank water to bring them into the useful range for the AE response (0-1000 nM).
Additionally, samples of low salinity were diluted into blank water to compensate for the
pronounced difference in clarity of seawater and deionized water after alkalinization. After
loading, plates were incubated for 10 minutes in the same room as the luminometer to allow
temperatures to equilibrate. The assay consisted of sequential injections of 50 μL 2 M Na2CO3
(pH 11.3) followed by 50 μL of 2.2 mg L-1 AE (prepared in 1 mM phosphate buffer, pH 3).
Immediately after addition of AE, light output was measured for 1 s. HOOH levels were
determined by comparison of experimental aliquots to a regression line prepared from the
HOOH standards run on the same plate; standard deviations were calculated from the means of
two mechanical replicates and the standard error of the slope and intercept of the standard curve.
To test the precision of this method, twelve different standard curves were run in pairs on
six different days, using different batches of reagents and HOOH standards. The AE responses
were linear with HOOH concentration, with an average r2 = 0.9988 ± 0.0006 for individual
curves. The limit of detection, defined as 3 times the standard error of the blank, was 2.5 ± 2.0
nM. This value is significantly higher than the 0.35 nM limit reported by King et al. [213] for
similar seawater samples using their AE method, which employed a FeLume flow injection
analysis system. However, our resolution was sufficient for our purposes and the time saved by
the higher throughput microplate format afforded us much more flexibility in our experimental
design. On average, we could process 40 samples in 30 minutes or less, counting standard
preparation and plate loading and reading. In comparison, the same number of samples and
standards took us more than 2 h to process using the FeLume. Reagent usage was also much
lower using the luminometer: 40 samples required less than 5 mL of AE reagent, compared to >
200 mL using the FeLume.
Initial measurements with the luminometer and the FeLume suggested that the
chemiluminescence response might vary over the time required to read all the samples. We
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therefore ran the standard curves in pairs, one at the beginning of the reading of a plate and again
at the end of the plate. While measurements for the same standards were significantly higher in
the second set of readings than in the first (paired one-tailed t-test, p < 0.001), the slopes of the
lines were not different (paired t-test, p > 0.5). When standard curves were made from paired
measurements, they were still strongly significant (average r2 = 0.9986 ± 0.0005). The limit of
detection increased to 7.7 ± 4.4 nM, still within an acceptable range for our experiments.
Therefore, we used these paired standard curves to calculate HOOH values in all our
experiments.
To confirm the specificity of the AE reaction for HOOH, at the end of one experiment all
tubes were treated with 5 U mL-1 bovine liver catalase (see below) overnight and then assayed
again. In all cases, the AE response was lowered to a level that was at or slightly below the level
of the seawater blank (data not shown). We also tested the possibility that buffers in the samples
could skew estimates of HOOH by perturbing the pH of the AE reaction. Standard curves
prepared either in blank water or blank water supplemented with 10 mM TAPS (pH 8.0) did not
have significantly different slopes or intercepts (t-tests, P > 0.05).
III. Kinetics of HOOH production in sterile media
A) Methods. We followed the generation of HOOH in test tubes containing seawater
amended with a variety of buffers (Table 3.1). All buffers were from Sigma (St. Louis, MO),
except tricine, which was from Fisher (Waltham, MA). All buffers were of  99.5% purity.
Buffers were prepared as 0.5 M stocks in milli-Q water, titrated to pH 8.0, sterile filtered using
0.22 μm PVDF Steriflip units (Millipore, Billerica, MA), and stored at 4º C.
Early experiments indicated that HOOH production was notably slower in Pro99 natural
seawater medium than in unamended sterile seawater. This removal of HOOH was likely a
consequence of the Fenton reaction [26] caused by the addition of Fe(III):EDTA as a nutrient.
Briefly, HOOH reacts with photoproduced Fe(II) to produce hydroxide anion (HO-) and
hydroxyl radical (HO•), the latter of which is one of the most reactive species known, oxidizing a
wide variety of molecules at near-diffusion rates [24,78]. As we wished to focus on rates of
HOOH production, we therefore minimized the Fenton reaction by using Chelex-treated, tracemetal free seawater [181] without nutrient amendments. Experiments were conducted either in
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0.22 μm filtered seawater harvested from the continental shelf near the mouth of Chesapeake
Bay (37° 6’ N, 75° 42’ W, 32 ppt salinity) or in artificial seawater (Turk’s Island Sea Salts,
Moore et al. 2007, 35 ppt salinity). In both cases, water was passed through a Chelex-100
column (Bio-Rad, Hercules, CA) into an acid-washed polycarbonate bottle in a trace metal clean
laminar flow hood [181]. Water was subsequently sterilized by boiling in a microwave oven
three times on three consecutive days. Each time, the water was allowed to cool in the trace
metal clean hood. Dissolved organic carbon (DOC) levels were assayed on triplicate samples
using a TOC-VCP analyzer (Shimadzu, Kyoto, Japan) after the above treatments. Absorption
spectra of buffer solutions and seawater pre-filtered through 0.22 μm Millex-GV syringe filters
(Millipore) were obtained using a DU-800 spectrophotometer (Beckman Coulter, Fullerton, CA)
with milli-Q water as a blank.
All experiments were conducted on 8 mL of sterile sample in acid-washed borosilicate
test tubes incubated at 22º C under cool fluorescent illumination. Aliquots were removed
aseptically periodically over the course of several weeks for HOOH determination. The zeroorder rate constant of HOOH formation, kHOOH, was calculated as the slope of HOOH vs. time
based on the first 7 d of the experiment, except in cases of very slow production when longer
periods were used to obtain statistically significant constants. In one experiment, we lowered the
dissolved oxygen content of the seawater by incubating the reaction vessels in an airtight
anaerobe chamber containing a GasPak Plus O2 removal system (BD). Samples were
equilibrated with the anoxic atmosphere in the dark for 1 week, then removed for buffer addition
(either 10 mM TAPS or HEPES, or unbuffered control). At this time, HOOH was measured as
described and the samples were re-sealed in the anaerobe chamber with a fresh GasPak, then
incubated at 22º C, 65 μmol photons m-2 s-1 for 2 weeks. At the end of this incubation period,
HOOH levels were measured again.
B) Results. We tested a number of buffers with pKa values in the relevant range for
seawater media (Table 3.1) for the ability to produce HOOH in natural or artificial seawater
when exposed to light. Control tubes lacking light, buffer, or the natural/artificial seawater
solutes (i.e., buffer prepared in milli-Q water) did not generate detectable levels of HOOH (data
not shown). Tris and glycylglycine, the two non-Good’s buffers examined, did not generate
HOOH under any conditions tested. All of the Good’s buffers produced HOOH when exposed
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to light in a seawater matrix, and the accumulation of HOOH was linear with time. For the
Good’s buffers, the zero-order rate constant of HOOH accumulation (kHOOH) varied dramatically
based on the specific buffer used and whether natural or artificial seawater was used as a basal
medium (Fig. 3.1). In natural seawater, HEPES and DIPSO were comparable, and produced
almost twice as much HOOH per day as MOPS, four times as much as tricine, and almost an
order of magnitude more than bicine or TAPS. The general pattern was similar in artificial
seawater, but with significantly lower kHOOH values in each case. In contrast to natural seawater,
however, there was no difference in kHOOH between HEPES, DIPSO and MOPS in artificial
media. Of note, HOOH generation was not detectable in TAPS-buffered artificial seawater.
Depletion of O2 in the medium drastically limited the rate of HOOH formation for HEPES (Fig.
3.1) and TAPS (data not shown), confirming that O2 is the ultimate source of HOOH in these
systems.
The linearity of HOOH formation over the first week of observation in the above
experiments suggests that the reaction rate is not sensitive to the concentration of any reactant, at
least over this time frame. One explanation for these kinetics is that the rate is limited by the
photochemical step, and the light level we used was insufficient to saturate the chromophore in
the medium involved in the photochemical production of HOOH. However, none of the Good’s
buffers had measurable absorbance in the UV-VIS range (250 nm to 800 nm), even in highly
concentrated stock solutions up to 2 M (data not shown), consistent with the original
observations [210]. Likewise, neither the natural nor artificial seawater background used for
media absorbed in the visible range. Since the rate of HOOH formation was higher in natural
seawater (110 μM DOC) than in artificial seawater (17 μM DOC), we speculate that
photochemistry proceeds through unidentified organic chromophores that are too dilute to be
detected by spectrophotometry, analogous to the formation of HOOH from DOC in the ocean
[46].
The production of HOOH thus requires four factors: the buffer, the unidentified lightabsorbing seawater component, light, and O2. To establish the relative contribution of the first
three factors, we manipulated each one separately from a “reference condition” of 1 mM buffer,
65 μmol photons m-2 s-1, and 100% natural seawater. Regardless of the light level or seawater
concentration, HOOH did not accumulate to detectable levels in buffer-free controls or media
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Figure 3.1. Formation of HOOH in media containing various Good’s buffers. The zeroorder rate constants for HOOH formation (kHOOH) in sterile, iron free natural seawater (black
bars) or Turk’s Island artificial seawater mix (gray bars) under 40 μmol photons m-2 s-1 for six
Good’s buffers at 10 mM concentration. Error bars are the standard deviation of 3 averaged
replicates.
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containing less than 10 mM TAPS (data not shown). Conversely, in HEPES-containing
solutions kHOOH increased linearly with increases in buffer concentration, percent seawater, or
light (Fig. 3.2). This suggests that all three factors co-limit the reaction rate and argues for a
mechanism in which each of these three parameters is tightly linked. One hypothesis is that the
buffer acts as a photosensitizer, facilitating the transfer of electrons from the unknown
chromophore to O2. The primary source of HOOH in natural waters is the photooxidation of
dissolved organic matter by sunlight [46,215], primarily by ultraviolet radiation [79]. We did not
observe HOOH generation in buffer-free seawater (see above), but this may be a consequence of
using light sources that do not generate significant amounts of UV, as well as light levels
significantly less intense than natural sunlight. We suspect that the presence of the buffer may
lower the energy requirement for reduction of O2 by light-excited trace carbon compounds in our
media, facilitating the generation of HOOH by a similar mechanism to that existing in the field.
In long-term exposures to light (weeks to months) HOOH concentrations in buffered
media leveled off asymptotically (Fig. 3.3A). Maximum HOOH concentration was strongly
correlated with maximum kHOOH across all experiments conducted in the same seawater
background, regardless of buffer type or concentration (Spearman Rank Order Correlation, R =
0.87, P < .001, Fig. 3.3B). If the ultimate HOOH yield was the result of a limiting reagent being
exhausted, we would expect the asymptote concentration and rate to be independent of each
other; samples with higher kHOOH values would simply achieve the asymptote more quickly. If
on the other hand the asymptote was the result of a steady-state balance with an invariable
competing reaction that consumes HOOH, we would expect it to vary based on the rate constants
of these two reactions. Our observations (Fig. 3.3) support the latter explanation, and suggest
that the competing rate – HOOH consumption – is not affected by any of the parameters we
manipulated, i.e. buffer concentration, seawater concentration, and light level.
IV. Effects of buffers on growth of Prochlorococcus
A) Methods. Non-axenic cultures of Prochlorococcus were able to grow in media
treated with 10 mM of each of the Good’s buffers we tested, but not in Tris or glycylglycine
(data not shown). However, heterotrophic contaminants present in these wild-type cultures can
confer protection against oxidative stress on Prochlorococcus (Chapters 2, 4). Therefore, to test
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Figure 3.2. Effects on kHOOH from the alteration of three parameters. A) buffer
concentration; B) light intensity; C) % natural seawater. All alterations were made from the
standard conditions of 1 mM HEPES, 65 μmol photons m-2 s-1, and 100% natural seawater.
Error bars are the standard deviation of 3 averaged replicates.
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Figure 3.3. Kinetics and yield of buffer-driven HOOH formation. A) Kinetics of HOOH
formation for six different buffers at 10 mM concentration in natural seawater under 65 μmol
photons m-2 s-1. Error bars are the standard deviation of three replicate samples. B) Relationship
between the rate of HOOH accumulation and the ultimate HOOH yield for 6 different Good’s
buffers in natural seawater.
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for toxicity of buffer-generated HOOH on laboratory cultures, we used an axenic strain of
Prochlorococcus, MIT9215AX (Chapter 2). MIT9215AX was grown in Pro99 natural seawater
medium [181] supplemented either with HEPES or TAPS under a variety of conditions.
Importantly, Pro99 contains 1 μM Fe(III):EDTA as a nutritional supplement, which may
enhance the toxicity of HOOH by accelerating the Fenton reaction. MIT9215AX was acclimated
to growth conditions (other than presence/absence of buffer) over at least two passages into fresh
media prior to the start of experiments. Mid-exponential phase cultures ( 107-108 cells mL-1)
were diluted 200-fold into Pro99 medium either with or without HEPES or TAPS as a buffer and
growth was followed by chlorophyll fluorescence using a TD700 fluorometer (Turner Designs,
Sunnyvale, CA, USA) equipped with an in vivo chl a filter set (excitation 340–500 nm; emission
 665 nm). Buffers were added either at 1 mM, the level used in several artificial seawater
media recipes for Prochlorococcus [180,181], or 10 mM, a higher level used for large-volume
batch cultures of Prochlorococcus in natural seawater [181] such as those used for a recent diel
microarray experiment [216]. If no growth was detectable after 60 d, the culture was assumed to
be dead (growth rate = 0). At the end of each experiment, samples were tested for purity by the
addition of 1/10 volume of ProAC medium (Chapter 2) to the culture tubes; if no turbidity
developed within 60 d, the culture was assumed to be axenic.
Crystallized bovine liver catalase (1,340 units • mg protein-1) was resuspended in 1 mM
sodium phosphate buffer (pH 7.0) pre-heated to 37º C at a concentration of 1000+ units mL-1.
The resulting solution was sterilized using a 0.22 μm Millex-GV syringe filter (Millipore) prior
to dilution into culture media.
B) Results. With an inoculum of 106 cells mL-1 of MIT9215AX, the deleterious effects of
buffer additions were most pronounced under constant illumination (Fig. 3.4A, first set of bars).
Under a modest light level of 65 μmol photons m-2 s-1, equivalent to approximately 3% of the
irradiance at the ocean surface, 1 mM HEPES was sufficient to prevent growth of
Prochlorococcus. Conversely, TAPS-treated cultures and controls were not significantly
different, consistent with the lower kHOOH of TAPS relative to HEPES. Addition of 1 U mL-1
catalase to HEPES cultures completely restored growth, confirming that there is no HEPESbased toxicity independent of HOOH formation.
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Figure 3.4. Effects of buffers on the growth rate of Prochlorococcus MIT9215AX. Cultures
were grown under either moderate or high light intensities (indicated values are in μmol photons
m-2 s-1). Most cultures were grown under a 12/12 light/dark photoperiod; the first set of bars in
graph A were grown under a constant light regime. Cultures were initially inoculated with 106
(A) or 105 (B) cells mL-1 of MIT9215AX. All growth rates are expressed as a percentage of the
growth rate of a simultaneously inoculated control (without buffer) culture. Single asterisks
indicate the samples are significantly different from the relevant control either based on unpaired
t-tests (P < 0.05) or because 1 or more test cultures failed to grow. Double asterisks indicate
absence of detectable growth after 60 days in all 3 replicate cultures. Error bars are the standard
deviation of three replicate cultures.
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Under the more natural light/dark cycle, 1 mM HEPES or TAPS did not affect growth at
moderate (65 μmol photons m-2 s-1) or high (250 μmol photons m-2 s-1) light levels (Fig. 3.4A).
When the buffer concentration was raised to 10 mM, however, pronounced growth rate decreases
were observed for all cultures. Both TAPS and HEPES lowered growth rates, suggesting that
even the lower rate of HOOH production by TAPS become deleterious at this buffer
concentration. Moreover, one HEPES replicate failed to grow entirely. At high light (250 μmol
photons m-2 s-1), no HEPES cultures survived, whereas 2 out of 3 TAPS cultures survived.
Catalase exerted a clear protective effect. At both light levels, catalase-treated 10 mM TAPS
cultures had higher growth rates than untreated cultures. Catalase also prevented mortality in
HEPES at low light and TAPS at high light; it was not, however, capable of allowing growth in
the presence of 10 mM HEPES at high light.
When the initial inoculum of Prochlorococcus was lowered down to the ecologicallyrelevant level of 105 cells mL-1 the effects of the buffers on growth became even more
pronounced (Fig. 3.4B). Under these conditions no HEPES-containing cultures grew, regardless
of light level, buffer concentration, or the presence of catalase. On the other hand, 1 mM TAPS
cultures continued to grow normally at moderate light, although only 1 of 3 replicates grew at
high light. The addition of catalase restored the control growth rate to the 1 mM TAPS cultures
grown at high light. Strikingly, no cultures with an ecologically relevant inoculum survived in
the presence of 10 mM buffer at either light level, even with catalase.
As a final observation, we noted that storage of media bottles on the bench top, exposed
to light, had a significant effect on the survival of cultures inoculated into that media. Buffered
media in bottles stored under ambient lab lighting (approximately 30 μmol photons m-2 s-1, 12
hours a day) for 1 week were universally lethal to cultures regardless of incubation conditions
(data not shown). This effect was observed for both HEPES and TAPS buffered media, but was
eliminated completely by the addition of catalase prior to inoculation.
V. HEPES as a steady-state HOOH generator
We used multiple linear regression of our empirical HOOH production data in natural
seawater to provide a framework for predicting kHOOH under varying light levels, buffer
concentrations, and seawater concentrations. This regression was strongly significant (r2 =
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0.958, P < 0.001 for all three experimentally manipulated parameters), suggesting HEPES
concentration (or, for that matter, light or seawater concentration) could be manipulated to
generate a variable rate of HOOH accumulation over time. Furthermore, introduction of a lightdark photoperiod, and the addition of catalase (to simulate biological HOOH decomposition) to
this system, might create a diel oscillation in HOOH concentration similar to those observed in
illuminated natural waters [217,218,219]: in both systems, HOOH consumption is constant,
while production only occurs in the light. To test this, we used 100% natural seawater, 65 μmol
photons m-2 s-1, and 10 mM HEPES, calculated to produce approximately 70 nM h-1 HOOH. We
then supplemented this medium with a range of catalase concentrations to vary the competing
HOOH removal rate and sampled the system for HOOH concentration periodically over two
photoperiods of incubation (16:16 hours of light:darkness during the first photoperiod, and 12:12
during the second).
In the catalase-free buffered samples, HOOH accumulated at a consistent rate during both
diel light periods as expected, although the rate was almost twice as fast as predicted (Fig. 3.5A).
HOOH accumulation ceased at “night” and resumed immediately upon illumination in the
“morning.” An examination of dkHOOH/dt (Fig. 3.5B) shows that, at the beginning of each light
period, HOOH accumulation was initially rapid but tapered off over the course of the day before
finally ceasing in the dark. Since the regression equation was produced using continuously
illuminated samples, this diel variation in kHOOH could explain the discrepancy between our
predictive model and our experimental results.
In catalase-treated samples, net HOOH accumulation was attenuated as a function of
catalase concentration, with net HOOH accumulation in the light and net HOOH removal over
the dark period (Fig. 3.5B). However, the degree of attenuation and night-time consumption
decreased on day 2 relative to day 1, suggesting a loss of catalase activity over the course of the
experiment. This is consistent with previous reports indicating that catalase is itself
photosensitive [202] and is also susceptible to damage from ROS [26]. Nevertheless, it appears
that 0.1 to 1 U mL-1 of catalase may be used in cooperation with HEPES to simulate the HOOH
periodicity observed in the ocean, at least for the first 1 or 2 d.
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Figure 3.5. HEPES as a steady-state HOOH generator. A) Time series of HOOH
accumulation in natural seawater with 10 mM HEPES either with or without catalase (see legend
in panel B). Samples were incubated under a light/dark regime (16/16 on day 1, 12/12 on day 2,
indicated by white and black bars at the top of the figure). Error bars are the standard deviations
of three replicate treatments. B) First derivatives of the data in 5A. Each data point is the
average change in [HOOH] between the two flanking time points in 5A.
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VI. Discussion
In this work we confirmed the photochemical production of HOOH in HEPES-buffered
media and demonstrated its toxic effects on an axenic strain of Prochlorococcus. We utilized
this relatively vulnerable organism to emphasize the toxicity of HEPES-generated HOOH, but
HEPES toxicity has also been demonstrated for Skeletonema costatum [220] despite the higher
HOOH resistance of diatoms relative to cyanobacteria [138,221]. While we readily acknowledge
that both Prochlorococcus [180,181] and diverse eukaryotic algae [222] have been successfully
cultured in HEPES-containing media, we suspect that special handling of these cultures (e.g.,
high transfer volumes, lower light levels) facilitated their survival. Even in these cases, however,
it is necessary to keep in mind that the presence of Good’s buffers in culture media produces a
constant flux of ROS whenever the media are exposed to light. Though this flux may not be
sufficient to result in cell death or growth arrest, it may still alter gene expression, metabolism,
cell composition, etc. [223,224,225,226,227], potentially leading to erroneous interpretations of
experimental results. As an example, Escherichia coli exhibits an oxidative stress response
when first exposed to rich media agar plates [228], which are known to contain HOOH [198].
While these E. coli cells do not demonstrate an obvious stress phenotype, i.e. they remain viable
and grow following a lag phase, exposure to solid media induces a cryptic response that has farreaching consequences on the organism’s physiology.
Because of its inherent buffering capacity, it is often unnecessary to add exogenous
buffers to natural seawater media. However, buffers are necessary for some applications (e.g.
artificial seawater, large volume cultures) and our work suggests a number of procedural
improvements to avoid their deleterious side effects:
1. To minimize HOOH production, buffers that are poor producers of HOOH should be
chosen. By this metric, Tris and glycylglycine, already in use for several algal media
recipes [229], may be ideal choices as they produce no HOOH. However, as both were
toxic to Prochlorococcus for reasons apparently unrelated to oxidative stress, the use of
such buffers should be determined on a case-by-case basis. If HOOH-producing buffers
must be used, the lowest concentration capable of maintaining an acceptable pH should
be empirically determined and used for all media recipes. For culturing
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Prochlorococcus, we recommend AMP-J, a modified form of AMP-1. This medium
replaces 1 mM HEPES with 1 mM TAPS. Also, it is sterilized by passage through a 0.2
μm PES membrane, as autoclaving is another major source of HOOH in culture media
(data not shown).
2. Media should be stored in the dark until inoculation.
3. When cultures are grown under high light and/or concentrated buffer conditions, starting
inocula should be kept high to counter the elevated HOOH concentrations that may
occur.
4. Catalase may be added in small amounts to ameliorate buffer toxicity in cases where
dilute cultures are required. However, our results indicate that exogenous catalase
degrades fairly quickly, so its protective power will probably not last more than a day or
two. Further, we have observed in other studies that inactivated catalase is itself capable
of catalyzing the photoproduction of HOOH, probably by means of its heme cofactor
(data not shown). If culture purity is not required, the best solution may be to
intentionally contaminate the algal culture with a heterotrophic catalase-positive “helper”
microbe to maintain a low HOOH environment (Chapter 2).
Our work has focused on the use of buffers in culture media. However, we feel that these
findings are of significance to in vitro systems as well. A number of common molecular biology
procedures such as protein purification call for HEPES or another Good’s buffer. Since ROS are
capable of extensively modifying all classes of biological macromolecules [26], researchers
using these recipes are encouraged to protect their solutions from light as much as possible.
While in some situations in nature microorganisms are exposed to acute, lethal levels of
ROS (e.g., oxidative bursts inside macrophages), a more common scenario is chronic exposure to
lower, sub-lethal levels (e.g., in corals and their symbionts [230]). Even though the toxic and
chemically reactive properties of HEPES make it undesirable as a general buffer for lightexposed cultures, it may be useful in studies of such long-term exposures of cells to HOOH.
This is not only true for microorganisms but also for the tissues of animals and plants. Several
steady-state systems exist for the generation of different types of ROS: rose Bengal for singlet
oxygen, the xanthine/xanthine oxidase (XXO) couple for superoxide anion (O2-), and the Fenton
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reaction for hydroxyl radical [26]. While the XXO couple ultimately generates HOOH via the
spontaneous disproportionation of O2-, this process is relatively slow and limited by the
concentration of xanthine in the system and the lifespan of the xanthine oxidase enzyme. The
HEPES system, in contrast, appears to produce HOOH as its primary product. HEPES does not
appear to generate stable O2- since HOOH formation does not continue into the dark period;
otherwise the light-independent process of disproportionation of O2- into HOOH would have
been observed once the light was removed. Further, the net accumulation of HOOH is
continuous over at least several days and apparently much longer in our system. The level of
HOOH production may be fine-tuned by adjusting any of the three parameters measured here:
seawater (or perhaps DOC) concentration, buffer concentration, or light level. By using an
equimolar amount of total buffer amongst treatments, but varying the ratio of TAPS:HEPES, one
may separate the effect of increased HOOH production from any effect obtained from changes in
the buffering capacity of the culture media. We feel that the HEPES system is suited for a
number of experimental applications, providing a valuable new method for exploring the longterm effects of ROS production in living cells, with the caveat that each investigator should
calibrate the rates of HOOH production in their own experimental milieu. In Chapter 4 we use
this system to simulate the diel pulse in HOOH concentrations observed in natural waters;
however, the system would be equally useful for measuring the effects of, for instance, HOOH
production on the metabolism of mammalian mitochondria in cell culture.
In conclusion, we have demonstrated that Good’s buffers, in the presence of light, O2,
and an unidentified component of seawater such as DOC, cause the rapid accumulation of
HOOH in culture media. We have provided a number of suggestions for the improvement of
culture techniques in light of this information, including the replacement of HEPES with TAPS.
Further, we hope that this work can inform future studies of chronic ROS exposure and allow for
the use of HEPES as a long-term HOOH generator rather than strictly as a pH buffer.
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CHAPTER 4
Dependence of the Cyanobacterium Prochlorococcus on Hydrogen Peroxide
Scavenging Microbes for Growth at the Ocean’s Surface
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ABSTRACT
The phytoplankton community in the oligotrophic open ocean is numerically dominated by the
cyanobacterium Prochlorococcus, accounting for approximately half of all photosynthesis. In
the illuminated euphotic zone where Prochlorococcus grows, reactive oxygen species are
continuously generated via photochemical reactions with dissolved organic matter. However,
Prochlorococcus genomes lack catalase and additional protective mechanisms common in other
aerobes, and this genus is highly susceptible to oxidative damage from hydrogen peroxide
(HOOH). In this study we showed that the extant microbial community plays a vital, previously
unrecognized role in cross-protecting Prochlorococcus from oxidative damage in the surface
mixed layer of the oligotrophic ocean. Microbes are the primary HOOH sink in marine systems,
and in the absence of the microbial community, surface waters in the Atlantic and Pacific Ocean
accumulated HOOH to concentrations that were lethal for Prochlorococcus cultures. In
laboratory experiments with the marine heterotroph Alteromonas sp., serving as a proxy for the
natural community of HOOH-degrading microbes, bacterial depletion of HOOH from the
extracellular milieu prevented oxidative damage to the cell envelope and photosystems of cocultured Prochlorococcus, and facilitated the growth of Prochlorococcus at ecologically-relevant
cell concentrations. Curiously, the more recently evolved lineages of Prochlorococcus that
exploit the surface mixed layer niche were also the most sensitive to HOOH. The genomic
streamlining of these evolved lineages during adaptation to the high-light exposed upper
euphotic zone thus appears to be coincident with an acquired dependency on the extant HOOHconsuming community. These results underscore the importance of (indirect) biotic interactions
in establishing niche boundaries, and highlight the impacts that community-level responses to
stress may have in the ecological and evolutionary outcomes for co-existing species.
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I. Introduction
The open ocean is the largest biome on the surface of the earth, but due to its distance
from coastal and deep ocean sediments, is also one of the most oligotrophic. Nutrient scarcity is
especially prevalent in the surface mixed layers of highly stratified systems, with inputs of
nutrients often restricted to new production (e.g. nitrogen fixation) or atmospheric (dust)
deposition [13]. Microbes dominate biomass in this “wet desert” [51] and the most abundant
phytoplankter in the tropics and subtropics (~ 40° N to 40° S latitude) is the unicellular
cyanobacterium, Prochlorococcus [9]. This oligotrophic specialist has the smallest cell size (0.4
to 1.2 μm in diameter) and genome (1.7-2.5 x 106 bp) [11,231] of any known photoautotroph.
The small cell size results in a superior surface to volume ratio that is believed to provide a key
advantage in nutrient scavenging versus larger competitors [232]. The small genome size,
together with a reliance on sulfo- rather than phospholipids [233], greatly diminishes its cellular
P quota, providing an additional advantage over larger competitors. As a result of these and
other adaptations, Prochlorococcus populations span the entire euphotic zone, often exceeding
105 cells mL-1, and due to this numerical dominance have been credited for roughly half of all
photosynthesis in the oceans [234,235,236,237,238].
Genetically distinct ecotypes of Prochlorococcus partition the oligotrophic euphotic zone
niche with respect to depth and latitude, in response to gradients of light and temperature,
respectively. The upper euphotic zone is dominated by two closely-related ecotypes, eMED4
(“e” for ecotype, “MED4” for the type strain of the lineage) and eMIT9312, which are high-light
adapted (HL), while the lower euphotic zone is dominated by low-light adapted (LL) ecotypes
that include eNATL2A, eMIT9313, and eSS120 [177,190,191,239,240]. In seasonally-stratified
regions of the subtropics, deep mixing events facilitate an invasion of the surface mixed layer by
the LL ecotype eNATL2A [177,241], which in certain instances may lead to numerical
dominance of the LL ecotypes in the mixed layer [242]. The high irradiances found near the
ocean surface restrict the growth of eNATL2A [177] as well as the other LL ecotypes [191] but
eNATL2A appears unique amongst the LL ecotypes in its ability to survive temporary exposures
to high light, such as would be experienced during deep vertical mixing events [241]. The two
HL ecotypes further partition the upper euphotic zone by latitude: the eMIT9312 ecotype
dominates the middle band from 30° N to 30° S latitude, while eMED4 dominates the higher
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latitudes at the extremes of Prochlorococcus’ distribution [243]. This latitudinal niche
partitioning is driven primarily by ocean temperature [177,241,242,243,244], and is consistent
with the growth properties of cultured ecotype representatives [243].
The pattern of diversification within the Prochlorococcus lineage is consistent with an
evolutionary progression from LL ancestors restricted to the deep euphotic zone, towards HL
strains able to exploit the high light niche in the surface mixed layer. The LL eMIT9313
ecotype is the earliest branching lineage from the last common ancestor of Prochlorococcus and
Synechococcus, and like all Prochlorococcus lacks the phycobilisome light harvesting
complexes characteristic of many cyanobacteria including Synechococcus [231,245]. Instead,
Prochlorococcus utilizes transmembrane light harvesting complexes containing divinyl
chlorophyll a and b, which optimize the cells for utilization of the blue light wavelengths that
penetrate deepest into the euphotic zone [246]. The LL lineages are polyphyletic, with the
eNATL2A ecotype the most recently derived. Concurrent with the emergence of the eNATL2A
lineage was the ability of Prochlorococcus to invade the surface mixed layer, albeit only in
instances of deep vertical mixing that minimize exposure to high light [177]. Acquisition of a
DNA photolyase and an elevated number of high light inducible proteins may have been
responsible for this adaptation for high light tolerance [247]. With the emergence of the eMED4
and eMIT9312 “true” high light ecotypes – the most derived lineages – Prochlorococcus gained
a sustained presence in the mixed layer, irrespective of mixed layer depth. The HL ecotypes
have a common “core” of ~100 genes not found in the LL ecotypes, and many of these may be
responsible for the exploitation of high light near the surface [247].
In addition to the high light and low nutrient stresses associated with the oligotrophic
surface mixed layer, the invasion of the mixed layer by Prochlorococcus may have also involved
elevated oxidative stress. While hydrogen peroxide (HOOH) is ubiquitous in the ocean, the
photooxidation of dissolved organic carbon (DOC) by sunlight [46], particularly by light in the
UV range [79], results in near-surface HOOH maxima. Along with iron, HOOH is enriched in
rainwater [83,84,86], and the combination of the two may cause periodic oxidative stress in
marine organisms via the generation of highly reactive hydroxyl radicals (•OH) by the Fenton
reaction [96,248]. HOOH has been shown to inhibit the growth of diverse marine algae,
including cyanobacteria, macro- and microscopic chlorophytes, diatoms, and coral-associated
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zooxanthellae [56,85,137,138,141,225], albeit at levels higher than those typically measured in
pelagic waters.
In prior work, we demonstrated that Prochlorococcus was dependent on “helper”
heterotrophic bacteria to thrive in dilute laboratory cultures (Chapter 2). Many heterotroph
strains were capable of helping Prochlorococcus, including members of the - and Proteobacteria and the Bacteroidetes cluster, suggesting the mechanism(s) are common bacterial
activities. In these experiments, the helping phenomenon occurred when Prochlorococcus and
heterotrophic bacteria were inoculated at ecologically relevant concentrations, suggesting that
the helping mechanism might also play an important role in natural communities. Preliminary
evidence suggested the helper phenotype was associated with protection from HOOH,
compensating for Prochlorococcus’ conspicuously diminished suite of antioxidant genes (e.g.
catalase) compared to other aerobes [173,231]. In this study, we were driven by the following
questions regarding the heterotroph/Prochlorococcus interactions: is the removal of HOOH
from the medium necessary and sufficient for the helping phenotype? Does this mechanism of
protection have relevance to natural communities in the open ocean? How universal is the
dependency on helpers for the growth of the Prochlorococcus lineages? Finally, what does the
apparent loss of endogenous HOOH-protection mechanisms imply regarding the genomic
streamlining of the Prochlorococcus genus?
II. Results
A) HOOH removal is necessary and sufficient for the helping phenotype. From our
prior work, we hypothesized that heterotrophs help Prochlorococcus by the removal of HOOH
from the medium (Chapter 2). To test this hypothesis we began by analyzing the impacts of
Prochlorococcus and heterotrophic growth on the medium chemistry. Standard Pro99 medium
prepared with filtered, autoclaved seawater was found to contain approximately 0.2 ± 0.02 μM
HOOH. Axenic cultures of Prochlorococcus UH18301 (a novel isolate of the eMIT9312
ecotype, Table 4.1) depleted medium HOOH either very slowly or not at all, depending on the
initial inoculum (Fig. 4.1). Compared to these axenic controls, however, co-cultures with the
“helper” strain Alteromonas sp. EZ55 rapidly depleted this HOOH to below detection (<0.01
μM) (Figure 4.1). In contrast, pH, dissolved oxygen, bicarbonate, and dissolved organic carbon
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Table 4.1. Strains used in this study.
Strain

Parent
Strain

Genotype

Ecotype/Species

Reference1

Genome Accession
Number

VOL1

MIT9215

Smr 2

[247] and
Chapter 2

NC_0098404

MIT9313

MIT9313

WT 3

[245]

NC_005071

VOL3

NATL2A

Smr

MIT9312

Smr

VOL5

AS9601

Smr

UH18301

UH18301

Smr

VOL7

MED4

Smr

VOL8

MIT9515

Smr

[247] and
this study
[247] and
this study
[247] and
this study
[247] and
this study
[245] and
this study
[247] and
this study

NC_0073354

VOL4

Prochlorococcus
eMIT9312
Prochlorococcus
eMIT9313
Prochlorococcus
eNATL2A
Prochlorococcus
eMIT9312
Prochlorococcus
eMIT9312
Prochlorococcus
eMIT9312
Prochlorococcus
eMED4
Prochlorococcus
eMED4

EZ55

WT

WT

Alteromonas sp.

Chapter 2

MMI5

EZ111

EZ55

KatA::Tn5

Alteromonas sp.

This study

MMI

ESR1

V. fischeri
ES114

Rfr 6

Vibrio fischeri

[249]

ESR1

Rfr
KatA::Erm

Vibrio fischeri

[59]

KV433

NC_0075774
NC_0088164
MMI5
NC_0050724
NC_0088174

NC_006840,
NC_0068414
NC_006840,
NC_0068414

Ruegeria
[250]
NZ_ACNX00000000
lacuscaerulensis
Ruegeria
EZ145
EZ121
KatG::Tn5
This study NZ_ACNX000000004
lacuscaerulensis
Synechococcus
WH7803
WT
WT
[251]
NC_009481
sp.
1
Reference describing strain and/or genome
2
Smr, spontaneous streptomycin-resistant mutant
3
WT, wild type
4
The published genome is from this strain’s parent.
5
Sequencing in progress. Data available from the Gordon and Betty Moore Foundation Marine
Microbiology Initiative (https://moore.jcvi.org/moore/).
6
Rfr, spontaneous rifampicin-resistant mutant
EZ121

WT

WT
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Figure 4.1. HOOH removal by Prochlorococcus spp. and Alteromonas sp. EZ55.
Prochlorococcus was added to autoclaved Pro99 media at the indicated initial inoculum (cells
mL-1) either with or without 106 cells mL-1 EZ55. Changes in [HOOH] were followed using
acridinium ester chemiluminescence (Chapter 3).
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were not significantly different in axenic versus mixed cultures of Prochlorococcus during the
first week of culture (t-tests for individual data points, df=4, p>0.05, Figure 4.2). While CO2
concentration was different in mixed versus axenic Prochlorococcus cultures, this potential
carbon source for Prochlorococcus was less abundant in co-cultures as a consequence of slightly
elevated pH (Fig. 4.2, C and E). While EZ55 on its own had the predicted effect of lowering O2
concentrations, and raising inorganic carbon concentrations, this change was relatively minor,
short-lived, and not reflected in a difference between axenic UH18301 and co-cultures with
EZ55 (Fig. 4.2). Thus, of all the potential means by which helpers may benefit Prochlorococcus
through their modification of the bulk medium, whether by adding a nutrient or removing a
growth inhibitor, the removal of HOOH was the only one consistent with a beneficial effect for
Prochlorococcus.
All confirmed helpers are catalase-positive (Chapter 2), but the helping phenotype could
not be unambiguously assigned to the catalase activity of these bacteria. While insertional
inactivation of catalase in Alteromonas sp. EZ55, Vibrio fischeri ES114, and Ruegeria
lacuscaerulensis ITI-1157 resulted in the loss of ability to help Prochlorococcus growth on agar
media (Chapter 2 and data not shown), the results in liquid media were less clear. Catalase
mutants of EZ55 and ES114 were still capable of helping dilute liquid cultures of
Prochlorococcus, but they also showed negligible loss of HOOH scavenging ability in liquid
(Table 4.2). Redundant HOOH scavenging pathways are common in aerobic heterotrophs
[252,253], and these are likely to maintain the heterotrophs in a help-competent state, at least for
experiments in liquid (semisolid agar media may have higher HOOH levels that do require active
catalase). In contrast, the R. lacuscaerulensis catalase mutant was unable to help
Prochlorococcus in liquid, but by an unknown mechanism actually raised HOOH levels in
culture media relative to sterile controls (Table 4.2). Studies with purified bovine liver catalase
likewise provided ambiguous results. While catalase provided some benefit to UH18301 in
comparison to untreated, axenic controls, it was clearly inferior in comparison to co-culture with
bacterial helpers (Table 4.2). Catalase is photo-inactivated ([202] and Fig. 4.3), and heat-killed
catalase resulted in higher Prochlorococcus mortality than unamended controls (Table 4.2).
Thus, light-driven degradation of catalase to toxic end products may account for these
ambiguous results.
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Table 4.2. Results of helper assays in liquid Pro99. Prochlorococcus was inoculated at 100
cells mL-1 in media with the indicated treatment.
Treatment
Axenic
Helper-naïve media

Catalase3
Boiled Catalase4
Alteromonas sp. EZ55

Wild-type helpers

V. fischeri ESR1
R. lacuscaerulensis
Alteromonas sp. EZ111

Catalase mutants

V. fischeri KV433
R. lacuscaerulensis
EZ145

MIT9313
186.1 ± 20.61
(9/10)2
-0.9 ± 6.4
(6/6)
159.2 ± 79.3
(1/3)
8.3 ± 14.4
(12/12)
10.7 ± 19
(3/3)
5.6 ± 7.8
(3/3)
54.1 ± 34.5
(5/5)
7.3 ± 17.4
(3/3)
78.6 ± 100.8
(2/4)

UH18301
189.9 ± 25.5
(1/7)
12.1 ± 13.6
(5/7)
153.2 ± 43.8
(0/3)
7.4 ± 14.9
(9/9)
73.1 ± 29.7
(5/5)
-1.6 ± 12.7
(5/5)
28.9 ± 25.4
(6/6)
79.5 ± 35.4
(5/5)
207 ± 137.3
(1/7)

1

Top values, integrated daily HOOH exposure ([HOOH] x ) for the first week of culture, plus or
minus the standard deviation of all replicates.
2
Bottom values in parentheses, number of cultures that survived to late exponential phase (> 107
cells mL-1)/total number of replicates tested.
3
Catalase was prepared as a 1% stock of crystals (~1340 U mg-1 solid) in 37º C milli-Q water
buffered to pH 7.0 with 10 mM phosphate buffer, then sterilized by passage through a 0.2 μm
Millex GV syringe filter. Experiments were performed with a final concentration of 1 U mL-1
catalase.
4
Catalase was inactivated by heating at 95º C for 5 min.
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Figure 4.2. Influence of Prochlorococcus UH18301 and Alteromonas EZ55 on Pro99 medium chemistry. A) EZ55 cell
concentration; B) Prochlorococcus UH18301 cell concentration; C) pH; D) HCO3- concentration; E) CO2 concentration,
representing the sum of dissolved CO2 and H2CO3; F) dissolved O2 concentration; G) Total organic carbon in 0.22 μm-filtered
media. Error bars are the standard error of three biological replicates. Black circles, sterile media; green triangles, axenic UH18301;
red circles, axenic EZ55; blue squares, co-cultured UH18301 and EZ55. The * in Panel B indicates that only 1 of 3 replicates
survived to this point, leading to a very large standard deviation for cell counts.
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Figure 4.3. Photoinactivation of purified catalase. Catalase was added to sterile Pro99 media
at 1 U/mL and incubated in a Sunbox incubator under low light conditions (see Methods).
Aliquots were removed immediately after sample preparation (circles), after 1 d (up triangles),
and after 3 d (down triangles). 0.8 μM HOOH was added to these aliquots, and the change in
HOOH was monitored for 6 h.
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Because complications obscured the results of the catalase studies, we confirmed the role
of HOOH scavenging in the helping phenotype by another line of experimentation, which was to
manipulate the HOOH and heterotroph activities in media prior to inoculation with
Prochlorococcus. Dilute (~100 cells mL-1) axenic Prochlorococcus UH18301 was unable to
lower the initial HOOH of the autoclaved medium, resulting in a mean daily exposure
( [HOOH] x ) of 0.2 μM, and consequently exhibited very poor growth over this period (Fig.
4.4A). In contrast, pre-inoculation of the medium with the EZ55 helper strain resulted in robust
growth of UH18301. This significant growth improvement was associated with a much lower

[HOOH] x (< 0.02 μM) as a result of the activity of EZ55.

The activity of EZ55 was sufficient

to pre-condition the medium for Prochlorococcus growth, as evidenced by the robust UH18301
growth in media pre-incubated with EZ55 for 24 hours, followed by removal of the EZ55 cells
via filtration prior to inoculation of the Prochlorococcus cells. As for the co-culture treatment,
this pre-conditioning treatment also resulted in a significantly lower [HOOH] x for
Prochlorococcus. Filtration of the EZ55 did not appear to release intracellular components into
the medium, as no detectable hydroperoxidase or alkaline phosphatase activity remained in the
filtrates, in contrast to the unfiltered cultures themselves (Fig. 4.5). Finally, if HOOH was added
back to the EZ55-conditioned medium, restoring the HOOH concentration to 0.2 ± 0.02 μM, the
enhanced growth effect of the EZ55 preconditioning step on Prochlorococcus growth was lost
(Fig. 4.4A). This indicates that any activity of EZ55 other than the removal of HOOH is not
sufficient to explain the helping phenotype of these cells.
The ability of axenic Prochlorococcus to grow in concentrated but not dilute cultures
(Chapter 2) suggests that Prochlorococcus can help itself in a density-dependent manner. To
confirm this, we conducted co-culture experiments between two strains of Prochlorococcus
distinguishable by quantitative PCR. Axenic VOL1 (a streptomycin-resistant mutant of
MIT9215, Table 4.1) had a minimal influence on the medium [HOOH] and was incapable of
growth from 100 cells mL-1 (Fig. 4.4B and Chapter 2). However, when co-cultured with 105
cells mL-1 of VOL7 (a streptomycin-resistant mutant of MED4, Table 4.1), VOL1 survived and
grew at approximately the same rate as VOL7 (Fig. 4.4B). VOL1 grew slower in co-culture with
VOL7 than in co-culture with the heterotroph, EZ55, and consistently, the ability of VOL7 to
remove HOOH from the medium was also substantially lower than EZ55 (Fig. 4.4B). These
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Figure 4.4. Removal of HOOH from media facilitates Prochlorococcus growth. A) Effects
of pre-treatment of Pro99 medium on growth of dilute (initially 100 cells mL-1) axenic
Prochlorococcus UH18301 cultures grown under low light. Prior to inoculation of UH18301,
medium was autoclaved (black circles), pre-inoculated with 106 cells ml-1 EZ55 (green circles),
pre-incubated for 24 hours followed by removal of EZ55 via filtration (blue triangles), and then
supplemented with HOOH to restore its initial concentration (red triangles). [HOOH]i, HOOH
concentration at the time of inoculation; [HOOH] x , mean daily HOOH exposure, obtained by
integrating [HOOH] over the first 7 d and dividing by the elapsed time. B) Growth kinetics of
dilute Prochlorococcus VOL1 under high light in axenic cultures (red circles) and in co-culture
with more concentrated Prochlorococcus VOL7 (solid blue squares) or EZ55 (solid green
triangles). Also shown are the kinetics of the co-cultured VOL7 (open blue squares, dashed line)
and EZ55 (open green triangles, dashed line). Error bars are the standard errors of 3 biological
replicates. C) HOOH accumulation in high light-exposed UH18301-inoculated seawater
containing 3.75 mM HEPES either with (blue squares) or without (red circles) EZ55, compared
to an axenic control grown in media with 3.75 mM of the non-HOOH producing buffer TAPS
(green triangles). Dashed lines, sterile media containing HEPES (black circles) or TAPS (black
triangles). D) Cell concentrations over time in buffer-treated cultures. Symbols represent the
same cultures as in 4.4C.
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Figure 4.5. Alkaline phosphatase activity in EZ55-treated media. Alteromonas sp. EZ55
was added to Pro99 at 106 cells mL-1 and incubated in the dark for 24 h. Alkaline phosphatase
activity was measured as described in the Methods either before (solid line) or after (dashed line)
0.2 μm filtration of this medium through low-protein-binding PVDF membranes. Readings were
taken every 10 min for 24 h. Error bars are the standard deviation of three replicate well on a
single 96-well plate.
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observations support the hypothesis that Prochlorococcus is a poor scavenger of exogenous
HOOH, but by mass-action at high densities can draw down HOOH to sub-lethal levels.
The experiments described above involved exposing dilute Prochlorococcus cultures to
the elevated HOOH of autoclaved media. However, the poor HOOH scavenging capacity of
Prochlorococcus and its dependency on help is also apparent when ecologically-relevant
concentrations of cells (~105 cells mL-1) are challenged with HOOH that accumulates gradually
in the medium. To avoid potential influences of the concentrated Fe, N, and P in growth media,
we performed these experiments in sterile unamended seawater. In the presence of light, HEPES
buffer generates HOOH ([211,212] and Chapter 3), and under high light (~250 μmol quanta m-2
s-1), the rate of HOOH generation in sterile seawater containing 3.75 mM HEPES was
approximately 0.4 μM d-1 (Fig. 4.4C). Axenic Prochlorococcus UH18301 was unable to prevent
HOOH accumulation to lethal levels (Fig. 4.4C), resulting in a rapid decline in cell counts
(Figure 4.4D). The same outcome was observed even when the HEPES concentration was
lowered to reduce the rate of HOOH production by 75% (Fig. 4.6). However, if the
Prochlorococcus cultures also contained EZ55, or if the HEPES buffer was substituted with the
buffer TAPS, which generates much less HOOH (Fig 4.4C), HOOH concentrations were
maintained at or below 0.1 μM, and subsequently Prochlorococcus cells survived, doubling
about once before running out of nutrients in this unamended seawater medium (Fig. 4.4D).
B) Ecologically relevant levels of HOOH inhibit axenic Prochlorococcus. For the
experiments described above, initial HOOH concentrations were between ~0-0.2 μM.
Importantly, this is well within the range observed in situ in the ocean euphotic zone
[84,87,217,254,255,256,257], and as some of these experiments (e.g., the HEPES experiments,
Fig. 4.4C-D) also involved ecologically-relevant concentrations of Prochlorococcus and helper,
our results may reflect important interactions that occur in natural communities. The primary
sources of HOOH in the ocean are rainfall events [83,84,85,86] and photochemical (especially
UV) degradation of dissolved organic carbon [73,74,79]. Accordingly, the highest
concentrations of HOOH in the oceans are in the upper euphotic zone, which we confirmed in a
2007 meridional transect in the Pacific Ocean (Fig 4.7A, Table 4.3). With a few exceptions, the
concentration of HOOH in the surface mixed layer ranged from 0.075 - 0.15 μM, whereas the
concentration rapidly dropped below the mixed layer and fell below the limit of detection (< 0.01
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Figure 4.6. Effects of chronic HOOH exposure on Prochlorococcus UH18301. UH18301
was inoculated into sterile, unamended seawater containing the indicated concentration of
HEPES at 105 cells mL-1. All cultures had a constant 10 mM concentration of buffer; the
difference was made up using TAPS. The control cultures for this experiment are plotted in Fig.
4.4C. A) HOOH accumulated in proportion to the concentration of HEPES in the medium.
Values are the zero-order rate constants for HOOH formation, in μM d-1, calculated over the first
3 d. Down triangles plot the same data shown by red circles in Fig. 4.4C for comparison. B)
Changes in cell concentration were observed over time.
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Figure 4.7. Removal of HOOH is necessary for Prochlorococcus survival at the ocean’s
surface. A) [HOOH] in the euphotic zone along a transect from Hawai’i to Australia, Jan-Feb
2007. Sampled depths (open circles) used in the linear interpolation of HOOH, and surface
mixed layer depth (black line) are reported. B) Effect of solar irradiation on [HOOH] of
seawater. “Light” and “Dark” indicate HOOH concentrations after 24h incubations as described
in Methods. Vertical line represents the mean [HOOH] in light incubations, represented by the
SMC value as described in the text. EP, Eastern Pacific stations; SS, Sargasso Sea stations. C)
Effect of HOOH exposure on the long-term growth of Prochlorococcus UH18301 cultures. Lag
phase duration, expressed as the inverse ratio of each sample to a no added HOOH control (LP-1)
as a function of HOOH dosage with (green circles) or without (red squares) EZ55. Black
triangles, LP-1 of EZ55 in YT3 medium; *, all replicate cultures failed to show detectable growth
after 60 d. Error bars are the standard error of three biological replicates. Cultures were grown
under low light with an initial inoculum of ~105 cells mL-1.
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Table 4.3. Field sites and HOOH methods.
Cruise
WP2
WP2
WP2
WP2
WP2
WP2
WP2
WP2
WP2
WP2
WP2
WP2
WP2
WP2
WP2
DCM08
DCM08
DCM08
DCM08
DCM08
DCM08
DCM08
DCM08
DCM08
DCM08
BC
BC
BC
1
2

Date
1/7/07
1/8/07
1/9/07
1/10/07
1/14/07
1/15/07
1/17/07
1/20/07
1/23/07
1/26/07
1/27/07
1/28/07
1/29/07
1/30/07
2/2/07
6/16/08
6/17/08
6/17/08
6/18/08
6/20/08
6/23/08
6/23/08
6/24/08
7/5/08
7/6/08
5/24/09
5/31/09
5/31/09

Latitude
12° 28.47' N
10° 6.15' N
7° 56.33' N
5° 41.31' N
2° 18.04' S
4° 43.25' S
9° 14.58' S
12° 34.55' S
21° 37.42' S
25° 39.5' S
29° 2.43' S
31° 54.48' S
34° 9.41' S
36° 9.31' S
34° 14.09' S
30° 7.28' N
28° 22.81' N
26° 4.22' N
24° 59.35' N
24° 59.93' N
19° 59.97' N
19° 4.15' N
17° 56.64' N
19° 21.85' N
21° 17.99' N
30° 10.98' N
31° 39.9' N
32° 13.2' N

Longitude
167° 41.46' W
170° 7.29' W
172° 17' W
174° 27.93' W
177° 26.22' E
174° 44.07' E
169° 57.64' E
169° 51.54' E
169° 39.5' E
165° 27.23' E
164° 20.27' E
163° 20.82' E
162° 31.34' E
161° 46.59' E
160° 21.28' E
118° 24.81' W
117° 16.27' W
115° 46.64' W
113° 24.86' W
117° 59.82' W
114° 0.05' W
111° 20.76' W
108° 5.99' W
105° 22.65' W
107° 48.08' W
72° 1.83' W
74° 26.4' W
75° 2.55' W

HOOH Method
FeLume1
FeLume
FeLume
FeLume
FeLume
FeLume
FeLume
FeLume
FeLume
FeLume
FeLume
FeLume
FeLume
FeLume
FeLume
Orion2
Orion
Orion
Orion
Orion
Orion
Orion
Orion
Orion
Orion
Orion
Orion
Orion

[213]
Chapter 3
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μM). From these measurements we conclude that the greatest threat of HOOH-mediated
oxidative damage for Prochlorococcus is within the mixed layer.
HOOH concentrations in the ocean are instantaneous measurements that reflect
competing rates of production and removal. While sunlight is the primary source of HOOH, the
primary sink is the microflora [97,98]. To investigate the role that the extant microbial
community plays in maintaining HOOH concentrations at the surface within the tolerable range
for Prochlorococcus, we examined the effect that removal of this primary sink had on the local
concentrations of HOOH. In total, 11 Pacific and Atlantic open ocean stations were chosen for
analysis (Table 4.3), each with mixed layer HOOH concentrations of ~0.1 μM (Figure 4.7B) and
Prochlorococcus present in typical abundance (104-105 cells mL-1, data not shown). Extant
microbiota were removed from surface seawater via 0.2 μM filtration, and samples were
assessed for gross HOOH abiotic production in the absence of the sink. After 24 hours
incubation, dark controls were not significantly different than the in situ values (paired t-test, p >
0.05), whereas the experimental samples incubated at approximately 80% of surface intensity
sunlight (visible + UV), simulating exposure at 5m depth, showed dramatic increases in HOOH
(Figure 4.7B). This maximal concentration varied from station to station but had a mean of 0.8
μM ± 0.6 μM. In the experiments that follow we refer to this HOOH concentration as the
surface monoculture (SMC) challenge, as it represents the hypothetical situation where
Prochlorococcus is exposed to naturally generated HOOH in the surface mixed layer in the
absence of HOOH-removing helpers.
In the absence of helpers, the SMC concentration of HOOH was lethal to all three of the
mixed layer ecotypes. While concentrations of HOOH within the range of observed field values
(<0.2 μM) had minimal impact on axenic cultures at ecologically relevant cell concentrations of
105 cells mL-1, exposure to the SMC concentration of 0.8 μM HOOH was lethal to representative
strains of the eMIT9312 (UH18301 and VOL1), eMED4 (VOL7) and eNATL2A (VOL3)
ecotypes (Fig 4.7C and 4.8). This lethality occurred for all these strains under both high (250
μM quanta m-2 s-1, data not shown) and low (40 μM quanta m-2 s-1, Fig. 4.7C and 4.8) light
conditions. In contrast, when co-cultured with ecologically relevant concentrations of EZ55
(106 cells mL-1) these strains were able to tolerate HOOH exposures at least an order of
magnitude higher than the SMC value (Fig. 4.7C and 4.8). Indeed, the resistance of these strains
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Figure 4.8. Effects of HOOH exposure on Prochlorococcus ecotypes. Cultures representing 2
LL (MIT9313 and VOL3) and 2 HL (VOL1 and VOL7) ecotypes with (green circles) or without
(red squares) EZ55 were exposed to the indicated [HOOH]. Cultures were inoculated at
ecologically relevant concentrations (105 Prochlorococcus and 106 EZ55 cells mL-1) in Pro99
medium and grown under low light. Vertical red line represents the SMC HOOH concentration
described in the text. LP-1, inverse lag proportion as described in the text and in the legend for
Fig. 4.7; *, no growth was detectable after 60 d in all 3 biological replicates.
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in co-cultures approached that of the EZ55 helpers themselves (Fig. 4.7C and 4.8), well beyond
any naturally occurring HOOH concentration observed in the open ocean.
C) HOOH stress results in catastrophic loss of cell integrity and photosynthetic
capacity. The lethal effects of the SMC challenge were further characterized for axenic
UH18301 in unamended seawater. Cell concentrations (detected by flow cytometry) remained
constant or increased slightly during 48 h exposure to HOOH dosages up to 0.2 μM, but
exposures of 0.4 μM and greater resulted in significant loss of cells (Fig. 4.9A). At the SMC
concentration of 0.8 μM, > 99% of the initial UH18301 cell population was undetectable after 48
h. Moreover, as time progressed, an increasing proportion of the remaining cells stained positive
for the membrane-impermeable vital stain Sytox Green (Fig. 4.9B), strongly suggesting that cell
loss is due to death and subsequent lysis. Sytox Green uptake was greatly attenuated in cocultures with EZ55 (Fig. 4.9B), suggesting that helpers protect Prochlorococcus against HOOHmediated membrane permeabilization.
Consistent with the Sytox Green results, scanning electron microscopy revealed
pronounced cell envelope damage in HOOH-stressed Prochlorococcus cells. Untreated (  0.05
μM HOOH) axenic UH18301 cells had the typical spherical morphology of HL Prochlorococcus
strains, and this strain appeared to produce an extracellular matrix (Fig. 4.10A). Damaged cells
were rare, and showed signs of lysis due to osmotic stress during the fixation process. In
contrast, after 24 h of exposure to HOOH, UH18301 exhibited profound envelope damage (Fig.
4.10B). While cell size and basic shape were unchanged, cell population density was greatly
diminished in these samples (e.g. Fig 4.9A), and no matrix of any kind was visible. Many of the
intact cells had holes in their membranes, and partial fragments of cell envelopes were also
observed (Fig. 4.10B). These images strongly suggest that the decline in cell concentration upon
HOOH exposure (Fig. 4.9A) is due to a catastrophic loss of cell integrity, such that the cells lose
the light-scattering and chlorophyll-based fluorescence properties used in their detection.
Concurrent with the decline in cell concentration, Prochlorococcus cells exposed to the
SMC concentration of HOOH also suffered in their capacity for photosynthesis. Fv/Fm, a
measure of photosynthetic efficiency and health, declined steadily in UH18301 cultures during
24 h of HOOH exposure, but was rescued by the presence of EZ55 helpers (Fig. 4.10E and Fig.
4.11). Similar results were observed for another eMIT9312 strain (VOL1), as well as
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Figure 4.9. Prochlorococcus cell viability during HOOH exposure in unamended sterile
seawater under low light. A) Change in cell concentration following exposure to the indicated
[HOOH]i for axenic UH18301 in low light. B) Proportion of Sytox Green-positive (i.e. dead)
UH18301 cells following exposure to the indicated [HOOH]i. Green triangles, axenic UH18301
with no added HOOH; red circles, axenic UH18301 with added HOOH; blue squares, co-culture
of UH18301 with EZ55 and added HOOH. C) As in A, but for MIT9313.
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Figure 4.10. Cell envelope and photophysiological effects of HOOH on Prochlorococcus
grown under low light. SEM of UH18301 (A and B) and MIT9313 (C and D) after 24 h
exposure to 0.05 μM (A and C) or 10 μM (B and D) HOOH. All scale bars = 500 nm. EPS,
extracellular polymeric substances; CEH, cell envelope hole; CF, cell fragment. Cells were
exposed to ~10 fold higher HOOH to compensate for the ~100 fold higher cell concentrations
necessary to recover sufficient biomass for imaging. Photophysiological parameters Fv/Fm and
Fm(MT/ST) (see text) of Prochlorococcus UH18301 (E and G) and MIT9313 (F and H) were
also measured during 24 h exposure to the indicated [HOOH] in sterile unamended seawater.
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Figure 4.11. Photophysiological parameters of Prochlorococcus ecotypes following
exposure to SMC (0.8 μM) HOOH exposure. Fv/Fm and Fm(MT/ST) of representative strains
of Prochlorococcus were measured after 24 h in sterile unamended seawater with 0.05 or 0.8 μM
HOOH. Low light, maximum 40 μM quanta m-2s-1; high light, maximum 250 μM quanta m-2s-1.
All error bars are the standard error of three biological replicates. *, axenic, HOOH-treated
cultures are significantly different (t-test, df=4, p < 0.05) than both untreated axenic cultures and
HOOH-treated cultures containing EZ55.
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representative eMED4 (VOL7) and eNATL2A (VOL3) strains, under high or low light
conditions (Fig. 4.11). Fv/Fm of control cultures (no added HOOH) was also significantly lower
in cells grown under high light than under low (Fig. 4.11). While the decrease in Fv/Fm
resulting from elevated HOOH was largely eliminated by the presence of helpers, the decrease
resulting from elevated light levels was not (Fig. 4.11), which may indicate that distinct
mechanisms of inhibition are at play, with the high-light associated mechanism not involving a
diffusible reactive oxygen intermediary that can be removed by helpers.
The FIRe protocol used in these studies measures two distinct types of variable
fluorescence. Fm(ST) is obtained using a rapid series of short flashlets to induce a single
turnover of the PSII pool, whereas Fm(MT) is measured during a much longer series of flashlets,
during which multiple turnovers of the system completely reduce the plastoquinone (PQ) pool.
The ratio of these two values, Fm(MT/ST), thus allows an estimate of the ratio of PQ and/or
other downstream components of the photosynthetic electron transport chain to photosystem II
reaction centers (RCIIs) [258]. Fm(MT/ST) was significantly greater in UH18301 cultures grown
in low light than in high light (Fig. 4.10G), suggesting that under low light conditions, PQ
availability increases, perhaps to maximize the efficiency of harnessing of scarce excitation
energy. Following HOOH exposure, however, Fm(MT/ST) of low light acclimated cultures
dropped to the level of high light acclimated cultures (Fig. 4.10G and 4.11). The target of this
HOOH-mediated oxidative damage is not known, but whether it is the RCII itself and/or some
downstream element (PQ, cytochrome b6f, etc.), this damage appears to result in diminished PQ
re-oxidation rates and depression of Fm(MT) in relation to Fm(ST). Like Fv/Fm, however, the
HOOH-mediated decline in Fm(MT/ST) is suppressed in co-cultures with EZ55 (Fig. 4.10G and
4.11). Like UH18301, all other strains assayed that are able to grow at high light (i.e., all except
MIT9313) had higher Fm(MT/ST) in low light conditions. Interestingly, HOOH exposure
eliminated this difference in all strains except VOL7 (Fig. 4.11), suggesting that this strain may
have unique, currently unknown, protective mechanisms.
D) Phylogenetic distribution of helper dependency. Interestingly, while the eMIT9313
ecotype has never been observed at high abundance in the surface mixed layer [177] – most
likely due to its sensitivity to high light [191] – strain MIT9313 was significantly more resistant
to HOOH than strains of the three ecotypes (eMIT9312, eMED4, and eNATL2A) that are found
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in the HOOH-enriched surface mixed layer. MIT9313 was uniquely capable of growth at the
SMC HOOH concentration (Fig. 4.8), and this concentration had minimal impact on
photosynthetic efficiency (Fig. 4.10F, 4.10H, and 4.11) or cell integrity (Fig. 4.9C and 4.10C-D).
Importantly, none of the strains tested were able to significantly lower the HOOH concentration
of the medium within the time frame of the photophysiology experiments (24h, Fig. 4.1),
suggesting that the greater resistance of MIT9313 relative to the other strains is not achieved via
higher rates of HOOH scavenging.
The results with the SMC HOOH concentrations suggested that the genetically distinct
ecotypes may have unique responses to oxidative stress. To explore this possibility at a finer
scale, we compared their growth properties at a HOOH concentration permissive to all strains,
and under a high and low light intensity that may be experienced within the surface mixed layer.
Altogether, eight axenic strains of Prochlorococcus representing two HL and two LL ecotypes,
as well as one strain of marine Synechococcus were tested. Invariably, axenic Prochlorococcus
cultures inoculated at 100 cells mL-1 into autoclaved Pro99 (containing ~0.2 μM HOOH) grew
poorer relative to co-cultures with EZ55, with higher variability in growth rate (Fig. 4.12) and
lag time (data not shown) between replicates. In contrast, there was no difference in the growth
rate or lag of Synechococcus WH7803 in the presence or absence of EZ55. Light intensity had
variable effects on the EZ55 helping phenotype for the Prochlorococcus strains (Fig. 4.12).
Amongst the HL ecotypes, eMED4 strains VOL7 and VOL8 were more reliant on help in low
light, whereas the members of the eMIT9312 ecotype did not share a single light preference:
UH18301 was less dependent on help in high light, while VOL1 was incapable of axenic growth
at this light intensity. The LL eNATL2A strain VOL3 was incapable of axenic growth under
high light, whereas growth under high light was permissible in the presence of EZ55. While it
exhibited relatively high HOOH resistance in low light (Fig. 4.9C), the LL strain MIT9313
exhibited no growth after 30 days in high light from an inoculum of 100 cells mL-1, with or
without EZ55, supporting our assertion in the prior section that photoinhibition of
Prochlorococcus [191] includes a mechanism that is independent of diffusible HOOH.
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Figure 4.12. Growth at 0.2 μM HOOH as a function of helpers and light intensity for
cultures with very dilute (~100 cells mL-1) initial cell concentrations. Growth rates for strains
representing 4 Prochlorococcus ecotypes and a marine Synechococcus ecotype with (yellow
bars) or without (green bars) EZ55 helpers in low or high light (40 or 250 μM quanta m-2 s-1,
respectively). Consensus (100% support in 1000 bootstrap replicates) neighbor-joining tree was
prepared using the entire rDNA operon ( 5.5 kb) and rooted on the Synechococcus branch.
Only topology is shown; branch lengths do not represent genetic distance. Significance levels of
t-tests (df=4): *, P < 0.05; **, P < 0.01; ***, P < 0.001. HL, high light adapted ecotypes; LL,
low light adapted ecotypes.
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III. Discussion
A) HOOH removal is the primary mechanism responsible for the helper phenotype.
In this work we have confirmed our initial report (Chapter 2) that heterotrophic bacteria help
dilute Prochlorococcus cultures grow via removal of HOOH from the environment. HOOH
diffuses freely across cellular membranes [26], and hence the heterotrophic HOOH degradation
could occur in the cytoplasm, periplasm, or extracellular milieu, perhaps with the same overall
effect. Density-dependence of HOOH resistance has also been observed in Escherichia coli, and
catalase-positive E. coli has been shown to cross-protect more vulnerable catalase-negative
mutants in co-culture [259]. Inter-species cross-protection from oxidative stress has been noted
for heterotrophic bacterial communities involved in the degradation of aromatic compounds
[260] and in oral biofilms [261], as well as in a benthic mat-forming cyanobacterium [262], but
to our knowledge this is the first demonstration that such helping can occur between planktonic
microbes of different trophic levels.
While HOOH removal is sufficient to explain the helping phenotype of heterotrophic
bacteria (at least for the EZ55 strain), other types of interactions may also contribute. For
instance, heterotrophs can help eukaryotic algae by improving carbon fixation, either via
increasing DIC concentrations [123] or lowering oxygen concentrations (thus diminishing the
competing oxygenase reaction of Rubisco [263]). However, the addition of heterotrophic helpers
to the Prochlorococcus cultures either led to no observable difference in bulk bicarbonate, CO2,
or oxygen, or a change in the opposite direction to that expected for a beneficial role (Fig. 4.2).
In other cases, heterotrophs help by supplying an essential metabolite (e.g. vitamin B12 [264] or
indole acetic acid [265]) or trace nutrient (e.g., by producing iron-binding siderophores [266]).
While we cannot rule out involvement of such cross-feeding interactions, our results suggest that
any nutritional mechanism must play a secondary role relative to oxidative stress reduction, as
adding HOOH back to helper-treated media was alone sufficient to restore the growth limitation
of dilute Prochlorococcus cultures (Fig. 4.4A). Other than inorganic C, N, P, and metals,
Prochlorococcus has no known nutritional requirements for growth [180,181], and in fact grows
better when dense versus dilute, contrary to expectations for an organism with a nutritional
deficiency. Additionally, that a dense strain of Prochlorococcus can help a dilute strain (Fig.
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4.4B) argues against a requirement for a nutrient that Prochlorococcus itself cannot produce
from the medium.
With the exception of MIT9313, exposure of all axenic cultures of Prochlorococcus to
SMC levels of HOOH results in catastrophic loss of cell envelope integrity (Fig. 4.9B, 4.10B).
Concomitant with this envelope damage is the loss of photosynthetic efficiency (Fig. 4.10G), and
both of these effects may be consequences of lipid peroxidation. The slow decline of HOOH in
sterile, light exposed media (Fig. 4.1) may be the result of the Fenton reaction, where
photochemically produced Fe(II) reacts with HOOH to produce highly reactive •OH [38]. In
turn, •OH can attack polyunsaturated fatty acids such as those found in most biological
membranes, producing relatively stable lipid peroxide radicals that can spread via radical
propagation if not countered by antioxidant defenses [26]. Both the cytoplasmic and the
photosynthetic membranes may be susceptible to lipid peroxidation, and this may account for the
coincident loss of cell envelope integrity and photosynthetic capacity we observed. Of note,
dependence of HOOH-induced lethality on free Fe(II) could explain the greater resistance of
MIT9313 to SMC challenge, as this is the only strain of Prochlorococcus to express the Febinding dpsA gene [231] which is linked to oxidative stress tolerance in other organisms [267].
Interestingly, the Synechococcus PCC7942 DpsA has a weak catalase activity [268] and if
similar, the DpsA homolog of MIT9313 may be responsible for the cell’s ability to eventually
deplete the HOOH after 2 weeks under the SMC treatment (data not shown).
HOOH may also affect photosynthesis by impinging on the turnover of RCII protein D1.
D1 proteins are continuously degraded in illuminated photosynthetic membranes, and cells must
repair or replace these proteins to maintain photosynthetic activity [269]. In the freshwater
cyanobacteria Synechococcus PCC7942 and Synechocystis PCC6803, exogenous HOOH inhibits
protein synthesis by specific inactivation of elongation factor G [117], leading to net loss of
photosystems containing functional D1. Hence, two non-mutually-exclusive mechanisms – lipid
peroxidation and interruption of D1 turnover – may be responsible for the HOOH-dependent loss
of photosynthetic efficiency in Prochlorococcus, and future studies should be aimed at testing
these hypotheses.
B) Impact of helpers on Prochlorococcus ecology. Our results suggest that
Prochlorococcus depends on the HOOH-degrading members of the microbial community to
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grow in the surface mixed layer of the open ocean. Opposing photochemical production
reactions [46,79] and microbial degradation reactions [97,98] maintain the HOOH concentration
within the permissive range (<0.2 μM) for the three ecotypes of Prochlorococcus that exploit the
mixed layer niche. Absent the mixed layer microbial community, photochemical production of
HOOH yields concentrations that are lethal to all three ecotypes (Fig. 4.7B-C, 4.8). The surface
monoculture (SMC) challenge (Fig. 4.7C, 4.8) demonstrated that, absent a counteracting
microbial community, HOOH in surface seawater from the open ocean climbs to concentrations
that ecologically relevant cell concentrations of these ecotypes are unable to survive. Curiously,
the one strain that can tolerate the SMC challenge, MIT9313, belongs to an ecotype that is
restricted from the mixed layer [177], probably due to its sensitivity to high light [191]. While
the SMC challenge reflects a worst case scenario for un-helped Prochlorococcus (e.g. sustained
presence within 5 m of the surface), we note that even modest increases of HOOH above the
steady state mixed layer concentrations (e.g. <0.2 μM, Fig. 4.7A) are enough to significantly
impact growth (Fig. 4.9), suggesting that the entire Prochlorococcus mixed layer population, not
just cells at the very surface, benefit from the activity of helpers. Hence, an important but
previously unrecognized role of the microbial community is to make the surface mixed layer
permissive for the growth of Prochlorococcus, and by doing so, to facilitate the expansion of
Prochlorococcus’ habitat range. Whether this relationship between Prochlorococcus and its
HOOH-consuming neighbors is commensal or mutualistic remains to be determined, but as the
numerically-dominant primary producer in the surface mixed layer, it is certainly conceivable
that the HOOH consumers may benefit indirectly through the release of organic carbon during
the growth [270] or lysis of Prochlorococcus.
Our study contributes to a growing body of evidence that interspecies interactions can
contribute significantly to niche expansion via stress reduction. For instance, land plants in high
altitude alpine sites subjected to high abiotic stress (e.g., low moisture, low temperature, strong
winds) experience pronounced losses in productivity as well as increased mortality in the
absence of other members of the plant community (i.e., as a monoculture), whereas this helping
effect does not occur in otherwise similar communities in less stressful, lower altitude habitats
[271]. Likewise, lichenized algae and fungi gain vastly improved resistance to desiccation and
oxidative stress in symbiosis, expanding the range of each to include subaerial habitats [272].
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Similarly, cnidarians (e.g., corals) and zooxanthellae tolerate temperature and hypoxia extremes
together that neither can tolerate separately [230]. Collectively, these studies support the broader
“stress-gradient hypothesis” that cooperation should be stronger in more stressful environments
[273], and emphasize the need to assess stress responses at the community level in order to
understand their impacts on biological distributions in nature.
The microbial community in the surface mixed layer is genetically diverse [51], and
identifying the microbes contributing most significantly to HOOH degradation is a major
challenge for future studies. We know that Prochlorococcus degrades HOOH poorly (Fig. 4.1)
and thus is not likely to contribute significantly to HOOH decomposition in the ocean.
Intriguingly, the same may be true for the most abundant heterotroph in the oligotrophic ocean as
well, as the genome of Pelagibacter ubique, the first cultured representative of the SAR11
cluster, also lacks homologs of catalase and other antioxidant defenses [10]. The lack of robust
HOOH scavenging pathways in both the numerically dominant autotroph and heterotroph
implies that this critical function may be performed by less abundant “keystone” species in the
mixed layer. Given the high catalytic rate of catalase [30] and the efficiency of HOOH removal
observed in culture (e.g. Fig. 4.1), it is conceivable that a relatively small number of catalaseexpressing organisms could protect the entire surface mixed layer community from solargenerated HOOH. We note that many of the confirmed helpers of Prochlorococcus (Chapter 2)
are catalase-positive members of the - and -Proteobacteria whose genetic signatures appear at
reasonable frequencies in the open ocean mixed layer [51,274], and are thus potential candidates
for these keystone microbes. However, there are clearly other biological mechanisms for
removing HOOH (e.g., the residual HOOH scavenging abilities of catalase mutants, Table 4.2),
any one of which may contribute to the helper phenotype of surface mixed layer communities.
C) Evolutionary implications of the helper-Prochlorococcus interaction. Our results
present an apparent paradox regarding the evolutionary history of the Prochlorococcus lineage:
the eMIT9313 ecotype, which is restricted from the HOOH-enriched mixed layer by its
sensitivity to high light, is more resistant to HOOH than the ecotypes found in high abundance in
the mixed layer. eMIT9313 is the earliest branching lineage from the last common ancestor of
Prochlorococcus and Synechococcus [247,275], and although it lacks catalase, may share other
ROS defense mechanisms with Synechococcus (e.g. dpsA). Indirect defense mechanisms may
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also be involved in eMIT9313. For example the peptidoglycan synthesis genes of MIT9313 are
more similar to those of Synechococcus than those of the HL strain MED4, and the MIT9313 cell
wall is intermediate in thickness between those of Synechococcus and MED4 [276]. A thicker
cell wall may confer enhanced resistance by limiting HOOH diffusion into cells and/or
preventing cell lysis (e.g., Fig. 4.10B versus Fig. 4.10D). It is not clear why eMIT9313 has
retained the relatively high resistance to HOOH; perhaps the genes conferring resistance are also
involved in other cellular functions that remain under selection. However, what is clear is that
for the more recently derived lineages, including the LL ecotype eNATL2A, the net genomic
reduction that has occurred relative to eMIT9313 [247] has coincided with a loss of HOOH
resistance. Thus, the evolution of the genus leading to tolerance of temporary exposures to high
light (eNATL2A) and true high light adaptation (eMED4 and eMIT9312) that allowed this
lineage to exploit the surface mixed layer habitat did not coincide with a greater resistance to
HOOH; in fact, the opposite occurred.
We believe that this paradox is resolved because the HOOH-consuming microbes present
at the ocean’s surface made the HOOH resistance genes in Prochlorococcus dispensable.
Prochlorococcus evolved in the context of an extant HOOH-scavenging community, and thus as
it developed tolerance to high light and possibly other environmental stresses in the surface
mixed layer, it had no selection pressure to maintain the high level of resistance to HOOH. As
the oligotrophic environment imposed pressure to reduce genome size [11,246,247,277,278],
genes encoding these resistance mechanisms were amongst the pool of expendable genes, and
were eventually lost. Similar mechanisms may have been at play during the genome
streamlining of the ocean’s most abundant heterotroph, P. ubique [12], although it is unknown as
yet whether or not this organism benefits from co-culture with helpers. It is intriguing to note
that both Prochlorococcus and P. ubique are conspicuously difficult to cultivate, leading to
speculation that other, as-yet-uncultured organisms may be similarly dependant on helpers in
nature (e.g., [266]). Hence, this study emphasizes the importance of community-level stress
responses not only for the ecology, but also the evolutionary history of free-living microbes.
Finally, we note that while the catalase gene could have been lost from the
Prochlorococcus lineage (either prior to or after the divergence from Synechococcus) as a
consequence of neutral genetic drift, it may also have been lost as a selectively favorable event.
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One reason may be economic: as hypothesized for the reduction of peptidoglycan in the HL
strain MED4 [276] and the reduction of phospholipids in favor of sulfolipids throughout the
Prochlorococcus lineage [233], the loss of catalase may have been selected to lower the cell
quota for scarce nutrients in the oligotrophic ocean. The catalase-peroxidase found in most
cyanobacteria is a large dimeric enzyme (160 kilodaltons) that has 4 iron-containing heme cofactors [30]. If we make certain assumptions about expression levels based on published data
(see Section IV.H below), we may estimate that loss of catalase-peroxidase would result in a
reduction of cell quotas for Fe, P, and N by 0.2%, 0.14%, and 0.05%, respectively, for
Prochlorococcus MED4 (Table 4.4). As the primary selective pressure implicated in the
genomic reductions for this oligotrophic lineage is to lower the cost of such scarce nutrients for
cell production [11,246,247,277,278], it is reasonable that such a gene would be lost in the
absence of selective pressure for its retention. Additionally, catalases in keratinocytes have been
shown to generate an unidentified form of reactive oxygen species when exposed to UV-B [279].
If similar side reactions occur for bacterial catalases, cells in the UV-exposed surface mixed
layer may experience a tradeoff, degrading HOOH while also producing another form of
activated oxygen; under these conditions the negative consequences may outweigh the positive
ones for Prochlorococcus. In the future, development of robust genetic tools for
Prochlorococcus should allow us to ectopically express catalase and determine if it indeed has a
positive or negative impact under mixed layer conditions.
IV. Methods
A) Field sites and methods. HOOH levels in the euphotic zone were measured on three
cruises (Table 4.3): Jan-Feb 2007 in the Western Pacific (WP2), Jun-Jul 2008 in the Eastern
Pacific (DCM08), and May-Jun 2009 in the Sargasso Sea (BC09). Seawater was collected in 20
L Niskin bottles and dispensed into lightproof polypropylene bottles rinsed three times with
sample water. Care was taken to shield these samples from light prior to laboratory analysis. In
situ HOOH levels were measured within 30 minutes of sample retrieval. HOOH measurements
for WP2 were conducted using an acridinium ester chemiluminescence flow-injection method
[213] implemented with a FeLume (Waterville Analytical, Waterville, ME). HOOH
measurements for DCM08 and BC09 were performed using a similar protocol modified for use
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Table 4.4. Estimated effects of katG loss from a hypothetical catalase-positive ancestor of
Prochlorococcus MED4 on cell quotas for selected nutrients.
C
1

1

N
9

P
8

Fe
6

Total cell quota

3.06 x 10

3.85 x 10

6.40 x 10

1.51 x 105

Requirements for KatG

350,230

187,620

8,784

300

% savings

0.01%

0.05%

0.14%

0.20%

All values are numbers of atoms per cell. Estimates were obtained based on the assumptions
described in Methods.
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in an Orion-L microplate luminometer (Chapter 3), and restricted to surface mixed layer ( 10
m) depths. Flow cytometry or quantitative PCR [243] confirmed that Prochlorococcus was
abundant (104 cells ml-1) in all mixed layer samples analyzed (data not shown).
To measure rates of HOOH production in sterile seawater, approximately 15 ml of the
above samples were passed through 0.22 μm Millex GV syringe filters (Millipore, Billerica,
MA) into custom-built UVT acrylic cuvettes, and sealed with threaded nylon caps. These
cuvettes permit about 90% transmission of photosynthetically active radiation, UV-A, and UVB, as assessed using PAR (QSL2100, Biospherical Instruments, San Diego, CA) and UV sensors
(Mannix UV340, General Tools, New York, NY). Both the cuvettes and the caps were sterilized
prior to use using a UV germicidal lamp. Samples in cuvettes were exposed to ambient light in a
UVT acrylic deck incubator, and HOOH levels were measured at 0 and 24 h. Samples received
between 60-80% of surface irradiance (i.e., ~1200-1600 μmol quanta m-2 s-1 on clear days), and
temperature was stabilized by continuous flow of surface water through the incubator. Control
cuvettes were treated identically, only shielded from light.
B) Cultures and culture conditions. Strains used in this study are listed in Table 4.1.
Prochlorococcus cultures were grown in Pro99 natural seawater medium [181] prepared using
water collected from 15 m at station R2 in the Georgia Bight (31° 22.35’ N, 80° 33.68’ W).
Strain UH18301 was isolated from Station ALOHA (22°45N, 158°W) in the North Pacific
Subtropical Gyre, at 125 m on July 14, 2006. Seawater was diluted onto 75% Pro99 plates preseeded with ~106 cells mL-1 of helper UH06001 (Alteromonas sp. and a close relative of EZ55)
and incubated at 22°C in a natural diel light cycle incubator with a 12:12 light:dark cycle with a
maximum irradiance of 50 μmol quanta m-2 s-1. A green Prochlorococcus colony that formed
after ~2 months of incubation was picked and grown in Pro99 liquid medium and this culture
was later rendered clonal and axenic through the antibiotic selection method described below.
Axenic MIT9313 [280] was a generous gift of L. R. Moore, whereas the other strains (Table 4.1)
were rendered axenic by a modified version of our previously described method (Chapter 2).
Spontaneously streptomycin-resistant mutants of the Prochlorococcus strains were diluted to
extinction in Falcon Microtest U-bottom 96-well microtiter plates (#35-3077, BD, Franklin
Lakes, NJ) containing 200 μL Pro99 and approximately 2x105 cells of the streptomycin sensitive
helper Alteromonas sp. EZ55. These plates were incubated at 24º C in a “Sunbox” growth
97

chamber (Percival, Perry, IA) designed to simulate a natural light regime by gradually raising
light level from darkness to a “noon” maximum of 40 μmol photons m-2 s-1 and back to darkness
again over a 12/12 light/dark photoperiod [216]. Microtiter cultures exhibiting growth of
Prochlorococcus were tested for purity (apart from the streptomycin-sensitive helper) by placing
aliquots into 1/10 ProAC broth (Chapter 2) containing streptomycin, followed by incubation in
the dark. If this purity broth did not become turbid within a week, the Pro99 culture was diluted
into fresh Pro99, grown until visibly green, and treated with 100 μg mL-1 streptomycin to remove
the helpers. Purity of cultures was routinely confirmed by diluting aliquots of the culture into
1/10 ProAC or PLAG media (Chapter 2). Cultures were considered axenic if no turbidity formed
after 60 d in purity broth, and no DAPI-stained cells other than Prochlorococcus were observed
via fluorescence microscopy and flow cytometry.
Heterotrophic bacteria were grown in YT3 medium (per L, 10 g tryptone, 5 g yeast
extract, 1 mM TAPS buffer pH 8.0, dissolved in Turk’s Island Sea Salts [181] and filter
sterilized with a 0.22 μm Supor filter [Pall]). Helpers were harvested by centrifugation from 2 d
cultures and washed twice with sterile Pro99 prior to addition to Prochlorococcus cultures.
All experiments were performed at 24º C in a Sunbox (see above). “Low light”
experiments were conducted in a Sunbox fitted with blue theater gels (Roscolux #69, Rosco,
Stamford, CT) and set to produce a noon maximum of about 40 μmol photons m-2 s-1; “high
light” experiments used unfiltered white light with a noon maximum of about 250 μmol photons
m-2 s-1. Prochlorococcus strains were acclimated to growth conditions over at least two passages
into fresh media prior to the start of experiments. All growth experiments used inocula taken
from mid-exponential phase cultures (between 107 and 108 cells mL-1). Unless otherwise
specified, all chemicals were Sigma Ultra grade (Sigma-Aldrich, St. Louis, MO).
C) Quantification of Prochlorococcus and helpers. Prochlorococcus concentrations
were determined by flow cytometry, either on a Cytopeia Influx instrument (BD, Franklin Lakes,
NJ) or a Guava EasyCyte 8HT (Millipore), using established protocols [188,243]. For some
experiments, growth was tracked by bulk chlorophyll fluorescence using either a TD700
fluorometer (Turner Designs, Sunnyvale, CA, USA) equipped with an in vivo chl a filter set
(excitation 340–500 nm; emission  665 nm) or a Synergy HT-1 96-well plate fluorometer
(BioTek, Winooski, VT). In experiments using co-cultures of different Prochlorococcus strains,
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concentrations of the different populations were distinguished using quantitative PCR (qPCR) as
previously described [240]. Helper cell viable counts were determined on YTSS plates
containing 50 U ml-1 bovine liver catalase.
Exponential growth rates (μ) were calculated as the slope of the natural logarithms of at
least three points during exponential phase; the highest of these measurements is Cend, taken at
time tend. Lag phase duration (LPD) was calculated using the equation
C 
LPD = t end  μ1ln end 
 C0 

(1)

where C0 is the initial measurement at time 0. LPD data was then expressed as an inverse lag
proportion (LP-1), given by the ratio of LPD for a control culture (LPD[HOOH]0) with <0.05 μM
HOOH and a culture with an elevated HOOH concentration (LPD[HOOH]x):

LP -1 =

LPD[HOOH]0
LPD[HOOH]x

(2)

such that cultures that did not grow (LPD[HOOH]x = infinity) could be assigned a plottable value of
~0.
Prochlorococcus viability was determined by staining with 5 μM Sytox Green
(Invitrogen, Carlsbad, CA) for at least 10 minutes prior to flow cytometry, following
manufacturer’s instructions. Dead cells were defined as events in the Prochlorococcus gate
(forward angle light scatter and red fluorescence) that exhibited green fluorescence values
similar to a glutaraldehyde-killed control.
D) Transposon mutagenesis. Genomic knockout mutants of Alteromonas sp. EZ55 and
Ruegeria lacuscaerulensis were created using a transposon, mini-Tn5, delivered by conjugation
(E. Webb, unpublished method). Insertional mutants containing the Tn5 kanamycin resistance
cassette were selected on LB agar with 25 μg mL-1 kanamycin. Catalase-deficient mutants were
discovered by screening colonies for absence of bubbling on exposure to HOOH. Independently,
a second catalase mutant of R. lacuscaerulensis was identified in an a priori screen for mutants
incapable of facilitating Prochlorococcus growth on semisolid media. An arbitrarily primedPCR protocol was employed to discover the location of transposon insertion [281]. Amplicons
were sequenced and analyzed by BLAST [282] to determine which gene was affected in the
mutant (Table 4.1).
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E) HOOH exposure experiments. The effects of elevated HOOH (i.e., different from
the concentration obtained by simply autoclaving seawater) on Prochlorococcus were tested
using cultures initially containing approximately 105 cells mL-1 of Prochlorococcus, either with
or without 106 cells mL-1 of the helper heterotroph EZ55. These concentrations represent typical
levels of Prochlorococcus and total bacteria, respectively, observed in the field [9,51]. Seawater
for the Pro99 media was prepared by ultrafiltration with a Labscale tangential flow filtration
device fitted with a Pellicon XL 30 kilodalton cutoff regenerated cellulose cartridge (Millipore),
followed by passage through a washed 0.22 μm Supor filter. This was necessary to produce a
medium with a sufficiently low initial HOOH concentration to serve as a low HOOH control.
Both autoclave and microwave sterilization led to similar HOOH levels of ~0.2 μM. While
filter-sterilized seawater had much lower HOOH levels (~40 ± 1 nM), the possible presence of
Prochlorococcus phage in natural seawater necessitated either some form of heat sterilization
prior to preparation of culture media, or else the ultrafiltration to remove virus size-class
particles. Prochlorococcus was inoculated into Pro99 media made from this ultrafiltered
seawater either unamended (< 0.05 μM HOOH) or amended with HOOH (0.1 to 200 μM), and if
no growth was detectable after 60 d, a culture was determined to be dead.
Experiments involving exposure to accumulating HOOH were designed using the buffer
HEPES that facilitates steady, light-driven production of HOOH (Chapter 3 and [211,212]). The
rate of HOOH production is linear for at least 1 week, and varies linearly as a function of buffer
concentration (Chapter 3). All cultures were set to pH 8.0 and contained 3.75 mM buffer, using
a combination of HEPES and TAPS (a non-HOOH generating buffer, Fig. 4.4C) to produce a
range of HOOH fluxes in a constant buffering capacity background. Cultures were acclimated to
the presence of 3.75 mM buffer in TAPS-containing media before being transferred into media
containing HEPES.
F) Chemical and enzymatic assays. All HOOH measurements in the laboratory were
performed using the Orion-L luminometer and an acridinium ester chemiluminescence protocol
(Chapter 2). Bulk water chemistry measurements followed standard protocols [283] using
samples filtered through washed 0.22 μm Millex GV filters. Dissolved inorganic carbon (DIC)
concentrations were determined by calculation based on measurements of alkalinity (by the
bromcresol green endpoint method) and pH (using an UltraBasic probe, Denver Instrument,
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Bohemia, NY). Dissolved O2 (DO) was measured using an Orion 4star probe (Fisher, Waltham,
MA) calibrated in water-saturated air. Dissolved organic carbon (DOC) levels were measured
using a TOC-VCP analyzer (Shimadzu, Kyoto, Japan). Alkaline phosphatase activity was
measured colorimetrically, following the increase in absorbance at 420 nm after addition of pnitrophenyl phosphate (final concentration 0.04% w/v) using a BioTek Synergy HT-1 plate
reader [284]. Total hydroperoxidase activity was measured by adding 0.5 μM HOOH to a sterile
sample and measuring HOOH concentrations every 2 h for 6 h.
G) Effects of HOOH on Prochlorococcus photophysiology and morphology.
Photophysiological parameters were assessed using a Fast Induction and Relaxation (FIRe)
fluorometer (Satlantic, Halifax, Nova Scotia) using the methodology described by Johnson [285].
Variable photosystem II fluorescence (Fv/Fm) was determined by curve fitting in MATLAB
using both a rapid single turnover (ST) flash series and a longer multiple turnover (MT) series
[286]. Photophysiological diel measurements were all performed beginning at the same point in
the diel cycle (~3 h after subjective “sunrise”). Initial decreases in photophysiological
parameters (Fig. 4.E-H) were observed in all cultures, including controls, and likely represent
normal diel cycling of these characteristics, as observed in Prochlorococcus PCC 9511 [287].
Cell morphology was assessed by scanning electron microscopy (SEM). 20 mL cultures at
approximately 108 cells ml-1 were concentrated by centrifugation at 6500 g for 15 min. Pellets
were resuspended in 0.1 M cacodylate-buffered 3% glutaraldehyde for 60 min, and then washed
three times with buffer water for 10 min. Cells were then post-fixed in 0.1 M cacodylatebuffered 2% osmium tetroxide for 60 min. After fixation cells were washed three times with
water; during the final wash cells were allowed to settle onto a clean silicon chip. Samples were
dehydrated in a graded ethanol series at 15 min intervals. Following dehydration samples were
critical point dried with liquid CO2 in a critical point dryer (Ladd, Williston, VT). Dried samples
were sputtered with a thin layer of gold before examination with a LEO 1525 scanning electron
microscope (Carl Zeiss SMT Inc, Peabody, MA). As higher concentrations of cells (108 cells ml1

) were required for the preparation of the SEM samples, we challenged the cells with 10 μM

HOOH rather than the usual 0.8 μM SMC value. That an effect of this HOOH treatment was
observed for the UH18301 cells but not for the more HOOH-resistant MIT9313 cells (Fig. 4.5)
indicates that the concentrations used were appropriate for these assays.
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H) Calculation of cell quota effects for catalase loss. Cell quotas for C, N, and P for
Prochlorococcus MED4 were obtained from [288]. Fe quotas were obtained from [289]. By
calculation the Synechococcus WH 7803 KatG polypeptide is 80 kD in size and contains two
heme cofactors. This enzyme’s active configuration is dimeric [30], so the holoenzyme is 160
kD and contains 2054 N and 4 Fe atoms. In E. coli there is an average of 2 mRNA copies/OTU
and about 1270 copies of each expressed protein [290]. The volume of an average E. coli cell is
1.1 μm3 [291]; assuming that MED4 is spherical and 0.5 μm in diameter, its volume is 0.065
μm3, or about 1/17 that of E. coli. If we assume that the abundance ratio of an average
Prochlorococcus protein to an average E. coli protein is proportional to the volume ratio of these
organisms, then the average protein would be present in about 75 copies in MED4. If we further
assume that catalase is present at average abundance, and that a MED4 cell contains a single
chromosomal katG and 2 mRNA’s, then loss of the katG gene from a putative catalase-positive
MED4 ancestor would give the savings indicated in Table 4.4.
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CHAPTER 5
The Ecological and Evolutionary Implications of the Helper Phenotype
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ABSTRACT
Prochlorococcus, the numerically dominant photosynthetic organism in the oligotrophic oceans,
shows the genomic hallmarks of reductive evolution, a process rarely observed in free-living
organisms. One consequence of gene loss in this genus appears to be dependence on co-existing
organisms for protection from naturally-occurring hydrogen peroxide (HOOH). Oxidative
stress-resistance genes such as catalase are conspicuously absent not only from Prochlorococcus,
but from other abundant marine organisms such as Pelagibacter. We show that catalase genes
are in fact dramatically over-represented in cultured organisms in comparison to in situ ocean
populations, suggesting that the assumption that all aerobic organisms are strongly protected
against HOOH may be mistaken. Further, this observation suggests that dependency on helpers
may be a common phenotype for bacteria, at least in the ocean, and that some catalase-enriched
lineages (e.g., the Proteobacteria) may serve keystone roles in protecting euphotic zone microbial
communities. We present here a theory of co-evolution, the Black Queen Hypothesis, which
seeks to explain how such relationships may come to be.
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I. Introduction
The conventional wisdom in microbiology maintains that all obligately aerobic organisms
are strongly protected against reactive oxygen species (ROS), as these dangerous molecules are
unavoidably generated whenever O2 is present [292]. However, we showed in the preceding
chapters that laboratory cultures of one abundant organism, Prochlorococcus, are incapable of
tolerating environmentally-relevant concentrations of the ROS hydrogen peroxide (HOOH)
unless they are cross-protected by other, more resistant organisms. This deficiency is
particularly surprising in Prochlorococcus, which is routinely in the presence of super-saturating
concentrations of O2 as a consequence of photosynthetic oxygen evolution. In Chapter 4 we
suggested that the ecology of Prochlorococcus could not be understood outside of a community
context, but as yet we have only begun to explore the natural euphotic zone community
implicated as helpers in the ocean. It is beyond the scope of this dissertation to exhaustively
examine the interrelationships between natural populations of Prochlorococcus and their
neighbors. However, in this concluding chapter we will review what is known about ROS
resistance in the ocean. We will also present some compelling, if preliminary, findings that
begin to shed light on the character and extent of the “helper” phenotype in the ocean, along with
some speculation as to how such interactions could have evolved. It is our hope that these
observations will drive future research on this important community interaction in marine (and
perhaps other) environments.
II. Expression of oxidative stress-related genes in Prochlorococcus
Since Prochlorococcus appeared to be dependent on helpers for survival at the ocean’s
surface (Chapter 4), we wanted to look at the genetic responses of marine microbes, including
Prochlorococcus, to changes in the oxidative regime. Hypothesizing that oxidative stress would
attend other stresses, we re-examined several existing data sets [216,293,294] for evidence of
oxidative stress responses.
The expression of Prochlorococcus’ minimal complement of genes is strongly
synchronized to the diel cycle, with about 80% of genes exhibiting periodicity, as shown in the
transcriptome study of Zinser et al. [216]. These authors did not specifically look at the
expression of stress related genes, except to note that there was evidence of a generalized stress
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response during peak illumination. In the ocean, we would expect oxidative stress to reach a
peak in the afternoon, as both photosynthetically generated ROS and UV-generated HOOH
would be maximally abundant [87,217,254]. Therefore, we hypothesized that genes responsible
for detoxifying these molecules would also have peak expression at, or slightly before, this time
period. Since Zinser et al. used a 14:10 light:dark cycle, with the lights coming on at 06:00 and
going off at 20:00, afternoon conditions occurred between 14:00 and 20:00. This study also
probably inadvertently simulated the diel production of HOOH in natural waters, as their
medium included 10 mM HEPES (see Chapter 3, but it should be noted that no measurements of
HOOH were performed by Zinser et al.). This study monitored the transcriptome of a
Prochlorococcus MED4 culture for 48 hours, so in the presence of HEPES we would expect any
ROS response to be stronger on day 2 than on day 1. Using these criteria, we re-examined the
published data from this experiment to draw some initial conclusions about the response of this
important organism to HOOH exposure.
We began by looking across the entire transcriptome for genes that fit our criteria for
involvement in oxidative stress response. We first looked for genes that had a significant diel
cycle (false discovery rate < 0.05, see [216]) and peak expression in the afternoon. Second, we
looked for genes with stronger expression on day 2 than day 1. Expression was considered
significantly higher if the day 2 maximum was more than 1 standard deviation higher than day 1,
with the standard deviation calculated across all data points for that gene. About 25% of the
genome fit into one or the other of these categories, and 7% fit into both. The stress-associated
genes found in these groups are summarized in Table 5.1. A number of genes associated with
DNA repair and recombination peaked in the target time period, which is perhaps unsurprising,
since this is also the time period when Prochlorococcus replicates its genome. However, several
such genes involved in base excision repair (e.g., mutS, uvrA) were also expressed more strongly
on day 2, suggesting they may play a role in repair of oxidative damage from HOOH. Eleven of
Prochlorococcus MED4’s high-light-inducible (hli) genes were upregulated on day 2.
Interestingly, 5 of these genes had expression peaks at night, suggesting they have a more
general stress-protection role than suggested by their name. Indeed, genes for a number of
different kinds of stress (osmotic, heavy metal, temperature) were upregulated on the second day.
Most environmental stresses have an oxidative stress component, however (Chapter 1), so it is
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Table 5.1. Genes implicated in the HOOH response of Prochlorococcus MED4.
Gene

Name/Function

Functional
Class

Diel
Cycle1 Peak2

Day
One

Day
Two

Ratio3

Diel cycling genes peaking between 14:00 and 20:00
PMM0897 dnaK
Chaperone
PMM1713 recN
DNA repair
PMM1097 recR
DNA repair
PMM0942 ruvA
DNA repair
PMM1615 ruvB
DNA repair
PMM0882 uvrC
DNA repair
PMM0637 fur
Metal stress
PMM0742 clpP1
Protease
PMM1314 clpP3
Protease
PMM1313 clpP4
Protease
PMM1409 rub (rubredoxin)
Redox control
PMM1061 trxA (thioredoxin)
Redox control

yes
yes
yes
yes
yes
yes
yes
yes
yes
yes
yes
yes

19.8
18
17.6
17.6
19.6
20
18.8
17
17.8
17.8
19.6
17

1.79
2.51
3.02
1.74
2.79
1.43
2.11
1.91
1.66
1.82
1.53
1.22

1.84
2.88
3.65
1.40
3.00
1.58
1.78
1.76
1.76
1.86
1.65
1.11

1.03
1.15
1.21
0.80
1.08
1.10
0.84
0.92
1.06
1.02
1.08
0.90

Genes more strongly expressed on day 2 than day 1
PMM0122 dnaJ
Chaperone
PMM1704 dnaK2
Chaperone
PMM1436 groEL
Chaperone
PMM0452 groEL2
Chaperone
PMM0016 grpE
Chaperone
PMM0901 htpG
Chaperone
PMM1140 polA
DNA repair
PMM0504 cutA1 (Cu resistance)
Metal stress
PMM0804 ferritin
Metal stress
PMM1594 ho1
Metal stress
PMM1118 hli4
Light stress
PMM1404 hli5
Light stress
PMM1397 hli8
Light stress
PMM1396 hli9
Light stress
PMM1385 hli11
Light stress
PMM1384 hli12
Light stress
PMM1135 hli14
Light stress
PMM0818 hli16
Light stress
PMM0817 hli17
Light stress
PMM0689 hli22
Light stress
PMM0580 clpB1
Protease
PMM0207 clpB2
Protease
PMM0903 prxQ1
Redox control

yes
yes
yes
yes
yes
no
yes
no
no
no
yes
no
no
no
yes
yes
yes
no
no
yes
no
yes
yes

20.6
21.8
20.6
22.6
22
23
2.6
23
23.8
17.2
1.6
19.4
1.2
1.4
21.6
22
1.8
1.8
1.4
1.4
0.8
20.6
2.4

1.26
1.39
1.46
1.20
1.27
1.32
1.12
1.12
1.06
1.31
2.17
1.03
1.19
1.11
1.53
1.42
1.42
1.10
1.18
1.25
1.08
1.21
1.34

1.53
2.19
1.68
1.74
1.66
2.39
1.40
1.36
1.44
1.56
3.15
1.81
1.76
1.62
1.86
1.89
2.60
1.87
1.78
1.60
1.45
1.43
1.61

1.22
1.58
1.15
1.45
1.31
1.81
1.25
1.22
1.37
1.19
1.45
1.76
1.48
1.45
1.21
1.33
1.83
1.70
1.51
1.28
1.34
1.18
1.20
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Table 5.1. (continued)
Gene

Name/Function

Genes fitting both categories
PMM0873 dnaJ
PMM1645 mutS
PMM0133 radA
PMM1562 recA
PMM1712 uvrA
PMM1390 hli10
PMM1025 osmC
PMM1656 clpP2
PMM1657 clpX
PMM0090 Serine protease
PMM1425 Serine protease
PMM1490 Serine protease
PMM1150 NTR
PMM0336 PTOX
1
2
3

Functional
Class
Chaperone
DNA repair
DNA repair
DNA repair
DNA repair
Light stress
Osmotic stress
Protease
Protease
Protease
Protease
Protease
Redox control
Redox control

Diel
Cycle1 Peak2
yes
yes
yes
yes
yes
yes
yes
yes
yes
yes
yes
yes
yes
yes

17.6
18
17.6
17.8
15.6
14.8
18
16.8
18
18.4
15.6
16.2
18.8
18.2

Day
One

Day
Two

Ratio3

1.36
1.24
2.40
2.69
1.15
1.88
1.18
1.56
2.38
1.38
1.33
1.43
1.64
3.60

2.16
1.60
3.10
3.49
1.38
2.85
1.62
2.14
2.95
2.20
1.91
1.69
2.34
4.91

1.58
1.29
1.29
1.30
1.20
1.52
1.37
1.37
1.24
1.60
1.44
1.18
1.43
1.36

Cycling was determined using Fourier transformation as described in [216].
Time of peak expression on a 24-hour clock. Lights came on at 6.0 and went off at 20.0.
Maximum expression values were determined separately for the first and second 24 h period.
The ratio is the degree of increase between day 1 and day 2.
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quite possible that these genes may offer protection against HOOH through unknown
mechanisms. Proteases and chaperones were also conspicuous, both in terms of afternoon peaks
and stronger day 2 expression. For instance, ten of 15 annotated proteases where contained in
one list or another (Table 5.1). ROS are capable of extensive modification of proteins (Chapter
1), leading to loss of function and denaturation. It is important that cells remove damaged
proteins in order to prevent aggregation of insoluble proteins, and to free “stalled” ribosomes
from damaged proteins [295]. Expression of these enzymes is a common feature of many stress
responses.
Notably missing in Table 5.1 are the most obvious proteins for ROS-protection: the
“peroxidases.” Despite misleading gene names (e.g., glutathione peroxidase, gpx), all
cyanobacterial peroxidases are thought to use thioredoxin (Trx) as a substrate for reducing
HOOH and other peroxides [126]. Amongst Prochlorococcus MED4’s peroxidases, only prxQ1
appears in Table 5.1. The 2-Cys peroxiredoxin tpx (Fig. 5.1A) was weakly periodic, with a peak
around midnight that was not significantly different on day 2 than on day 1. While prxQ1 was
more abundant on the second day, along with prxQ3 it was only very weakly periodic (Fig.
5.1B). Expression of another peroxiredoxin, prxQ2, was more cyclical, albeit with high
variability amongst replicates (Fig. 5.1B). Expression of the misnamed gene “glutathione
peroxidase” (gpx) had strong periodicity (Fig. 5.1C), but peaked at the same time as prxQ2, in
early morning. Thus, there is no clear connection between these enzymes and the most likely
time period for elevated HOOH stress. However, the gene tpx was among the most abundant
Prochlorococcus transcripts in a field metatranscriptome, and the only abundant transcript that
was clearly stress-related [294], suggesting that peroxidases may be more important in the field
than in culture.
Genes involved in the production and maintenance of Trx were found in our dataset, even
if the enzymes that potentially could use it to detoxify HOOH were not. Peroxiredoxins use
electrons from Trx to reduce peroxides, leaving an oxidized Trx that must be re-reduced by
another enzyme. In Prochlorococcus, this is accomplished by an NADPH-dependent
thioredoxin reductase (NTR) [231]. Both the gene encoding Trx and the NTR gene have peaks in
the afternoon; NTR is very strongly cyclical, and was ~50% more abundant on day 2 than day 1
(Table 5.1, Fig. 5.1D). Thus, it is possible that the abundance of Trx, rather than the various
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Figure 5.1. Diel expression of some oxidative stress-related genes for Prochlorococcus
MED4. A) Thioredoxin peroxidase, the best-characterized anti-HOOH gene in the genome; B)
other peroxiredoxins; C) “glutathione peroxidase;” D) NTR, NADPH-dependent Thioredoxin
Reductase, and PTOX, Plastoquinol Terminal Oxidase. All data were re-analyzed from the
transcriptome study of Zinser et al. [216]. Cultures were grown on a 14:10 light/dark cycle (see
bars at the top of the figure) in a Percival Sunbox incubator (see Chapter 4). Error bars are the
means of three replicate cultures.
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peroxiredoxins, limits HOOH scavenging in Prochlorococcus. It is also possible that proteins
other than the five peroxiredoxins considered here are responsible for using Trx as an
antioxidant. Thioredoxin reductase, but not any peroxiredoxin, was also among the most
upregulated proteins in a stationary phase Pelagibacter ubique culture (compared to an
exponential phase control), suggesting that maintenance of the thioredoxin pool is of central
importance for ROS-protection in heterotrophic marine bacteria as well [293].
Lastly, the gene for plastoquinol terminal oxidase (PTOX) not only fit into both
categories, but also had the highest overall diel amplitude of any gene in the genome (Table 5.1,
Fig. 5.1D). PTOX is thought to be a secondary electron acceptor for photosystem II [231],
although its function is not yet known. PTOX might be able to use electrons to quench lipid
peroxides, or oxidize pigments that have scavenged hydroxyl radicals. A homologous enzyme in
the green alga Haematococcus pluvialis was found to be involved in resistance to multiple
stresses, including oxidative stress [296]. If PTOX has a strong antioxidant role in
Prochlorococcus, it could help explain the counterintuitive observation that some strains (e.g.,
MED4, the strain used in this diel study) are more resistant to oxidative stress in high light than
in low (Chapter 4).
It must be noted that these observations were based solely on the re-interpretation of data
from an experiment whose purpose was to look at the interaction of light and gene expression.
While the authors effectively simulated natural light conditions using Sunbox incubators
(Chapter 4), other parameters were necessarily not ecologically relevant. Notably, the cells were
maintained at very high concentrations (>107 cells mL-1, E. Zinser, personal communication) in
order to have sufficient biomass for RNA extraction. At these concentrations, Prochlorococcus
is much more resistant to HOOH than at ecologically relevant concentrations of ~105 cells mL-1
(Chapter 4 and data not shown). However, we can draw some new hypotheses from this reanalysis. First, it appears that thioredoxin cycling stimulated by NTR may be more important for
HOOH defense than production of peroxiredoxins themselves. Second, either Prochlorococcus
responds to oxidative stress with a general stress response, or else various other stresses affect
Prochlorococcus mainly by causing oxidative damage. Third, the strong expression of PTOX
suggests it may be quite important in ROS defense, at least in MED4. Future experiments should
focus on NTR and PTOX to further elucidate the response of Prochlorococcus to oxidative stress.
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III. Field acclimation experiments.
We conducted a number of field experiments to measure rates of HOOH degradation in
natural communities. Most of this data is summarized in Appendix I, along with more explicit
methods, and in general follows observations made by other researchers: HOOH dark
decomposition is largely performed by organisms between 0.2 and 5 μm in size and
approximately follows first-order kinetics. One surprising finding was that addition of an HOOH
spike prior to incubation often caused samples to transiently accumulate more HOOH than we
added (data not shown). This suggests that physiological stress (ironically produced by HOOH
in this case) can lead to metabolic production of HOOH, followed by accumulation of HOOH in
the medium. Another unexpected finding was that some waters had pronounced dark production
of HOOH. Fig. 5.2A demonstrates this phenomenon with samples from the Eastern Pacific,
where HOOH concentrations in raw seawater did not consistently decrease during dark
incubations, in contrast to previously studies [98,217,255]. If the water was first passed through
a sterile 5 μm filter, however, HOOH decay was first-order as expected. When the water was
passed through a 0.2 μm filter, HOOH was again stable. This suggested that, in these waters,
something in the > 5 μm size class was producing HOOH in a light-independent manner.
Smaller organisms, on the other hand, were responsible for degradation at rates roughly equal to
dark production. One likely explanation is that larger organisms are leaking HOOH into the
seawater, perhaps as a consequence of some metabolic imbalance related to the absence of light.
Since HOOH and light are positively correlated in the water column (Chapter 1), we also
wanted to know if communities would alter their hydroperoxidase capacity when transferred to a
different light regime. To test this, we collected samples from several depths in the water
column at two stations in the South Pacific: near surface (5m), sub-surface mixed layer (25m),
and deep chlorophyll maximum (DCM, about 90 m at both stations). Duplicate samples were
placed in clear polycarbonate bottles and incubated in flow-through deck incubators at ambient
seawater temperature either at near-surface light intensity (~80% surface irradiance) or at DCMlike conditions (~6% surface irradiance). After 24 h incubation, aliquots were removed from the
bottles, spiked with HOOH to 0.5 μM, and incubated either in the dark (only for the first station,
Fig. 5.2B) or in the light (Fig. 5.2C/D) for 24 h. HOOH was measured by acridinium ester
chemiluminescence [213] at the beginning and end of this incubation period. HOOH
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Figure 5.2. Influences on HOOH degradation rates in the ocean. A) In the Eastern Pacific (24º 59.93’ N, 117º 59.82’ W), HOOH
concentrations were stable in unfiltered seawater incubated in the dark as well as in sterile-filtered seawater, whereas 5 μm filtered
samples degraded HOOH with first-order kinetics. This is consistent with the hypothesis that larger organisms were generating
HOOH in a light-independent fashion in these waters. Error bars are the standard error of three replicates. B) Duplicate seawater
samples from the Western Pacific (29º 2.45’ S, 164º 20.27’ E) were incubated in the light for 24h, either at their native light intensity
(dark bars) or under a different light intensity (light bars). After this initial incubation, samples were spiked with HOOH and
incubated in the dark for an additional 24h, at which time the remaining HOOH was measured. The rate of change of HOOH (kHOOH)
was calculated assuming first-order kinetics. “Moved” samples from surface and 25m depths were incubated at DCM conditions;
DCM samples incubated at surface conditions. Positive values indicate net decay of HOOH; negative values indicate net
accumulation. C) As B, but following addition of the HOOH spike, samples were placed back under the same light regime instead of
being incubated in the dark. D) As C, but with seawater taken from a different station (32º 25.29’ S, 159º 5.33’ E). For B-D: *,
treatments significantly different (t-test, df=2, p<0.05); DCM, deep chlorophyll maximum. Error bars are the standard error of
duplicate samples.
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concentrations decreased in all dark-incubated samples (Fig. 5.2B). Rates of dark decomposition
(calculated assuming first-order kinetics) correlated well with bacterial abundance of the samples
measured by flow cytometry using the DNA stain SYBR green (Spearman Rank Order
correlation, n=3, r = 0.99, p=0.1, data not shown). There was no significant difference, however,
between “native” and “moved” samples in dark degradation rates.
HOOH change in light-exposed samples, however, was much less straightforward. The
rate of HOOH decay was much lower in light-exposed samples than in dark samples, even for
samples incubated at very low (DCM) light intensities. At the second station, HOOH actually
accumulated in light-exposed samples incubated at their native light intensity, probably because
bacterial abundance at this site was quite low (data not shown). The discrepancy between light
and dark HOOH kinetics indicates that photochemical HOOH production occurs in these
samples. However, the greatest amount of photochemical HOOH production at both stations
was in the DCM samples incubated in their native, low light conditions. Since the DCM is
defined as a peak in abundance of chlorophyll (and hence, photosynthetic biomass), one clear
possibility is that HOOH generation is caused by phototrophs. The apparent insensitivity of
photochemical HOOH generation to light intensity suggests that HOOH may originate from a
source other than photosynthesis, or that communities may use photosynthetically derived
electrons to reduce ROS (see the discussion above on PTOX).
No surface samples appeared to modulate their hydroperoxidase activity when shifted
from high light to low. At station 26 (Fig. 5.2D), there was a moderate, but significant, increase
in HOOH decomposition in 25m samples moved to low light, but no similar change was
observed at station 21 (Fig. 5.2C). On the other hand, DCM samples strongly responded to being
moved to surface light intensities (Fig. 5.2C/D). At both stations, DCM samples at low light
generated substantial amounts of HOOH, but after 24h incubation at high light, the discrepancy
between rates of dark and light HOOH removal was significantly reduced. If our conclusion that
phytoplankton are responsible for HOOH formation in these samples is accurate, this finding
suggests that DCM phytoplankton, or their surrounding community of “helpers,” are capable of
responding to high light in some way to minimize HOOH leakage.
Collectively, the observations in this section suggest that the majority of decomposition
of HOOH at our study sites was accomplished by picoplankton – mostly by heterotrophic
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bacteria, since Prochlorococcus comprised the majority of the picophytoplankton community
(data not shown) and it clearly has little HOOH scavenging capacity (Chapter 4). Further,
phytoplankton, particularly larger organisms, may be responsible for a substantial amount of the
HOOH formed, contrary to the accepted paradigm that abiotic reactions are the source of most
oceanic HOOH. This is consistent with recent work showing active superoxide production by
microorganisms, potentially to facilitate Fe acquisition [297]. Lastly, mixed layer communities
appear to constitutively express their HOOH scavenging systems, as they neither lost nor gained
hydroperoxidase capacity when transferred to low light; however, deep communities can
acclimate to higher light by upregulating antioxidant systems. Future experiments should focus
on discovering which taxa are the predominant agents responsible for both biotic production and
degradation of HOOH.
IV. The catalase-deficient biosphere
In Chapter 2 we related the results of experiments that explored the phylogenetic breadth
of the helper phenotype. One conclusion was that all strains of Prochlorococcus tested could be
helped by at least some of the bacteria tested. Perhaps more surprisingly, none of the several
dozen bacterial strains we tested were unable to help at least one strain of Prochlorococcus.
Since then, we have explored the helper phenotypes of even more organisms, both in liquid and
on solid media. Tested organisms represent a phylogenetically broad sampling of microbial life,
including not only heterotrophic bacteria but also eukaryotes and even other cyanobacteria (Fig.
5.3). Every organism tested was able to facilitate significantly superior growth of
Prochlorococcus than that obtained with axenic cultures.
The surprising universality of the helper phenotype drove our early hypotheses for the
mechanism of helping: it had to involve some activity that was absent in Prochlorococcus, but
was common enough that our culture collection contained no strains that could not do it.
Working within the classic paradigm that all aerobic organisms are resistant to ROS, we queried
the numerous sequenced Prochlorococcus genomes and found no evidence of robust anti-ROS
systems, such as catalase and heme peroxidase, in any of them. In contrast, all of the bacterial
strains we initially tested for the helper phenotype were at least weakly catalase positive (Chapter
2). Later, the work described in Chapter 4 confirmed the key hypothesis of Prochlorococcus’
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Figure 5.3. SSU-rDNA phylogeny of microbes with the helper phenotype. Sequences were
aligned using SILVA [298]. Unrooted neighbor-joining tree was produced in MEGA 4 [299]
with pairwise deletion of gaps, using the Taimura-Nei evolutionary model to infer phylogeny.
Bootstrap values (1000 replicates) less than 75% were omitted. Unless otherwise noted, all
helper assays were performed using the streak plate assay (Chapter 2). Selected helpers were
tested in liquid media (‡, see Chapter 4), or using both methods (†). In liquid assays, helpers
were added at 106 cells mL-1 unless otherwise noted. Selected strains were tested at lower
inocula; *, 102 cells mL-1 inoculum was effective for helping; **, lower inocula were not
effective.
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vulnerability. Based on the universality of the helper phenotype in our experiments, and the
absolute dependence of cultured Prochlorococcus on help, we naturally assumed that these
catalase-positive organisms were also ubiquitous in the ocean.
As we began to extend our focus from laboratory cultures of Prochlorococcus to natural
populations, we began to question this assumption. Specifically, we wondered if our culture
collections were truly representative of the natural flora in Prochlorococcus-rich waters. While
we tested a broad variety of microorganisms for their helper phenotype, they were not
specifically isolated for any particular attribute and merely represented the breadth of strains in
our freezer. Closer consideration of this assortment revealed that most organisms were members
of clades known for their ease of cultivation. For instance, we tested numerous marine
Roseobacters, which are well-known for being more amenable to cultivation than other marine
bacteria [300]. Similarly, the strains we isolated from Prochlorococcus cultures were merely
diluted to extinction on rich agar, the most basic of all cultivation techniques (Chapter 2). Thus,
the large majority of strains we tested fell into the category of organisms colloquially known as
“weeds,” i.e., fast-growing, copiotrophic organisms with simple nutritional requirements and a
wide range of physiological tolerances [301]. This raised two questions: first, how common is
the helper phenotype in field populations, and second, are other collections of cultivated bacteria
as skewed toward catalase-positive organisms as ours? In other words, has ignorance of ROSsensitivity in natural bacteria led to a gross oversampling of ROS-resistant bacteria, and led to
the attendant, erroneous conclusion that all aerobes are robust ROS-degraders? Are these easily
cultivable, catalase positive organisms in any way representative of the diversity of life?
In order to estimate the level of ROS-resistance in cultured organisms, we looked for
catalase genes in all sequenced bacterial and archaeal genomes in the JCVI-CMR database
(http://cmr.jcvi.org). We chose catalase for several reasons. Foremost is the ease of detection of
catalases. Trivially, this is because the colloquial name “catalase” is so well established that
even the first sequenced genomes use the same terminology as those most recently sequenced.
Other anti-ROS genes, such as glutathione peroxidase, are more recently characterized and have
contradictory nomenclature. Thus, a simple keyword search was sufficient to return almost all
enzymes that are homologous to known catalases, whereas a much greater sampling effort would
be required to uncover other likely genes. Catalase is also a desirable target because of the
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unambiguous nature of its function – it degrades HOOH in order to protect cells from oxidative
stress. Other peroxidases have a wider range of substrates and different functionalities, such as
the manipulation of secondary metabolites using HOOH as an electron donor, or the repair of
lipid peroxides. While these enzymes probably provide protection from HOOH, it is not clear
how well they do this in relation to other functions, nor is it certain that they are capable of
robust defense against exogenous HOOH (as opposed to metabolically-generated ROS). Lastly,
the only clearly helper-negative organism we tested was a catalase-deficient mutant of the
Roseobacter Ruegeria lacuscaerulensis (Chapter 4).
Figure 5.4A shows the results of this search. Out of 770 genomes searched, >60%
contained at least one annotated catalase, and many contained more than one type of catalase
(average 2.4 catalases per catalase-positive genome). If we assume that these genomes are
representative of the scope of culture collections, then we must conclude that the majority of
cultured organisms are catalase-positive. Additionally, the median genome size of catalasepositive organisms was more than twice as large as that of catalase-negative genomes. We have
argued that the lack of ROS defenses in Prochlorococcus spp. is a result of adaptive gene loss
(Chapter 4); this finding is consistent with a general trend toward loss of catalase during the
process of genome size reduction across a phylogenetically broad assortment of bacteria. Also
of note, all 9 of the Candidatus species contained on JCVI-CMR were catalase-negative.
“Candidatus” is a stopgap designation for bacterial species that have been identified by their 16S
DNA signature, either in the field or in enrichment cultures, but have not been isolated in pure
culture. This also suggests analogy with Prochlorococcus; perhaps the inability of these
organisms to grow in axenic culture is also the result of oxidative stress following removal of
their helpers.
In order to quantify the prevalence of catalase genes in the open ocean, we queried the 21
stations (~ 2.1 x 109 bp) marked as “Open Ocean” in the Global Ocean Sampling database [8],
excluding the first 2 Sargasso Sea stations [302], with a database containing all of the unique
catalase sequences identified in the aforementioned JCVI-CMR genomes (1093 sequences, Supp.
File 1) using blastn [282] implemented through CAMERA (http://camera.calit2.net). We also
queried the same stations with a database of all unique rpsL sequences from the JCVI-CMR
genomes (677 sequences, Supp. File 2). This gene encodes a critical ribosomal protein and was
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Figure 5.4. Catalase is much more common in cultured organisms compared to the open ocean. A) Box plot of genome sizes
for catalase-positive and –negative sequenced genomes. ~60% of sequenced bacterial and archaeal genomes from the JCVI-CMR
website contained at least one annotated catalase. Catalase-containing genomes were significantly larger than others (t-test, df=718,
p<<0.001). B) In open ocean stations of the global ocean sampling (GOS) dataset [8], catalase-like sequences were ~20% as frequent
as sequences resembling the ubiquitous ribosomal protein rpsL (found in a single copy in almost all sequenced bacterial genomes).
The GOS metagenome was queried using blastn [282] with a database of all annotated catalases or rpsL genes from sequenced
genomes at JCVI-CMR. Only reads from open ocean stations (~2 x 109 bp) with alignments > 100 bp and E-values < 0.05 were
retained for the analysis. Most (~68%) catalases grouped with the Proteobacteria, which accounted for only ~31% of rpsL sequences.
Complete data for the catalase and rpsL GOS hits, including metadata and sequence alignments, can be found in Supp. Files 4 and 5,
respectively.
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found in >95% of genomes examined, usually in a single copy (average 1.1 copies per genome).
Thus, rpsL abundance is a reasonable proxy for mean abundance, and can be used to normalize
the catalase data. BLAST hits were curated to remove all but the best matches: any hits with E
values > 0.05 or alignments < 100 bp in length were removed. The results are summarized in
Figure 5.4B. 407 rpsL hits were recovered. Assuming the average genome is between 1.5 and 4
Mbp in size, we would expect between about 500 and 1400 “genomes” to be represented in a 2.1
x 109 bp dataset, so the abundance of rpsL hits is reasonable for the size of the database searched.
Strikingly, almost five times as many rpsL sequences as catalase sequences were discovered,
suggesting that catalase-negative organisms outnumber catalase-positive organisms by a
significant degree. This gives a low estimate of the discrepancy between catalase-positive and negative organisms, however, as many sequenced genomes contained multiple analogous
catalases (see above), but only a single rpsL. Further, catalase-encoding sequences are generally
5 times longer than those of rpsL, so they should be better represented in random shotgun clone
libraries like those used to generate the GOS dataset. Hence, catalase-negative organisms may
be more numerous by more than an order of magnitude. Based on their nearest hit in the query
database, catalase sequences were also less diverse than rpsL sequences, both in terms of
sequence richness (40 vs. 140) and evenness (Shannon index, 3.14 vs. 4.48). From these data it
would seem obvious that catalase-positive organisms are over-represented in culture collections
in comparison to the ocean.
We also assigned taxonomic identities to all catalase and rpsL hits gathered from the
GOS data based on their closest match in our database (Fig. 5.4B, Supp. File 3). We chose to
group these hits at the highest-level taxon for several reasons. First, while our query databases
were constructed with many hundreds of sequences, they were still entirely derived from
cultured organisms, so inference of low-level taxa from homology with these sequences is
problematic at best. Second, this problem is amplified by the possibility of horizontal gene
transfer, especially of functional genes like catalase. Inter-phylum gene transfer is uncommon
[303], so we felt it was reasonably safe to assume that homology to an -Proteobacterial catalase
implied that a sequence came from an -proteobacterium (but see [304]). If we accept this
assumption, our analysis shows that some lineages are much more likely to be catalase producers
than others, at least in the open ocean. More than 2/3 of the catalase hits were assigned to the
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various Proteobacteria, whereas these organisms represented less than 1/3 of the rpsL hits.
Conversely, Cyanobacteria (mostly Prochlorococcus) constituted >20% of the rpsL dataset, but
only 1 catalase was recovered from this group. Somewhat surprisingly, many rpsL sequences
were assigned to the phylum Tenericutes, which amongst cultured organisms is solely
represented by obligate parasites such as Mycoplasma spp. No catalases are known from these
organisms, which have undergone reductive evolution [305] similar to Prochlorococcus and
Pelagibacter (Chapter 4).
Several caveats should be mentioned here. First, it is possible that there are catalases in
the ocean that have no homologs in our BLAST database (e.g., from as-yet unknown free-living
Tenericutes). This seems unlikely, however, because of the strong conservation of regions of
these enzymes through all three domains of life [30]. Second, it is possible that other enzymes or
molecules are responsible for HOOH detoxification in the ocean. Escherichia coli, for instance,
is thought to rely primarily on the peroxiredoxin AhpC for front-line defense against endogenous
HOOH [125], but our analysis in section II produced little evidence that similar enzymes are
important in defending Prochlorococcus from oxidative stress. Recent work has suggested that
some helpers facilitate growth by the production of siderophores [266]; these authors suggest
that the siderophores help provide Fe to bacteria, but an equally good explanation is that they
sequester Fe and prevent Fenton-catalyzed production of •OH (Chapter 1). Catalases, however,
appear to be the weapons of choice against externally generated HOOH [140]. Third, it is
possible that catalase production, or HOOH degradation in general, is the purview of larger
organisms; the GOS sampling regime at these stations only sequenced organisms passing a 0.8
μm filter [8]. However, organisms in the <0.8 μm size class numerically dominate open ocean
waters, so the conclusion that HOOH scavenging in the ocean is accomplished by a small subset
of the population as a whole would still be sound even if all larger organisms were strong
catalase producers. The same argument would hold if some organisms over-expressed their
catalase genes, producing more mRNA per gene than other organisms. Moreover, data presented
in Section III showed that larger organisms are net producers of HOOH in some waters, but
picoplankton were net consumers. Lastly, it cannot be ignored that many of the cultured
organisms used to generate our catalase database are pathogens of human beings. As the
mammalian immune system uses ROS as one of its defenses, it is possible that over-sampling of
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pathogens could explain the prevalence of catalase in sequenced organisms. This bias should be
diminished by the fact that many of the intracellular pathogens that have been sequenced (e.g.,
the Tenericutes) are catalase-negative.
What, then, can be said about the catalase-deficient lineages represented in Figure 5.4B?
Are they all as HOOH-vulnerable as Prochlorococcus? This will require experimentation to
discover, but if so, we must conclude that they, too, are dependant on helpers for survival in the
ocean. The Proteobacteria are clear candidates for this role, although the task may be the
purview of an even narrower phylogenetic group. If these preliminary observations stand up to
rigorous experimentation, we must conclude that those organisms expressing catalase in the
ocean occupy a keystone position, disproportionately affecting the state of their community in
relation to their share of the biomass. Such a finding would have consequences for our
understanding of the evolution and ecology of the picoplankton as well as the marine food chain
they support. It would also inform efforts for conservation and bioremediation, as the health of
the generally ignored “weeds” would have to be considered alongside that of the conspicuous
primary producers.
V. Mutualists, commensals, or parasites?
So far we have only discussed the benefits of the helper phenotype to Prochlorococcus,
and potentially to other HOOH-sensitive microbes. This is sufficient to classify the helper
interaction as a form of symbiosis, broadly defined as the “living together” of different species
where there is a measurable benefit for at least one of the partners. It is not clear, however,
whether this interaction is good for both partners. In this section we will consider the question of
where the helper interaction fits in the spectrum ranging from mutualism to parasitism. We will
approach this issue first with empirical observation, and then from a theoretical perspective.
Many of the helpers we tested were isolated from mixed cultures of Prochlorococcus and
“contaminating” heterotrophic bacteria (Chapter 2). These contaminants were almost certainly
of marine origin (Alteromonads, Marinobacters, etc), isolated along with Prochlorococcus rather
than being introduced accidentally during culture propagation in the laboratory. Since
Prochlorococcus was cultured in natural seawater media containing no added carbon source, it
would be reasonable to conclude that the survival of these organisms in mixed culture for over a
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Figure 5.5. Growth kinetics of helpers in Prochlorococcus seawater media. A) Alteromonas
sp. EZ55 was not dependant on co-culture with Prochlorococcus to grow in “carbon-free”
media. When inoculated at 100 cells mL-1, this strain rapidly grew to 106 cells mL-1 whether or
not Prochlorococcus was also present. B) Vibrio fischeri required Prochlorococcus to grow in
seawater. Axenic V. fischeri gradually died off, eventually becoming completely nonculturable.
In co-culture, however, cells dropped off until Prochlorococcus exceeded them by about an
order of magnitude, and then began to grow at about the same rate as Prochlorococcus.
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decade means that they are deriving energy from Prochlorococcus’ primary production.
However, this does not appear to be the case, at least for some strains. Alteromonas sp. EZ55
was able to grow when inoculated into sterile seawater at sufficiently low cell density (Fig.
5.5A), reaching stationary phase at approximately 106 cells mL-1, a concentration that was
reasonably stable for at least a month. This was the case in all sources of seawater we tested, and
was also observed for several other heterotrophic species (R. lacuscaerulensis and
Rhodobacteraceae sp. EZ54, data not shown). Whether or not EZ55 was co-cultured with
Prochlorococcus did not significantly affect either growth rate or cell yield (Fig. 5.5A). It is
unclear what carbon source these organisms are exploiting, or whether each species uses the
same one. Indeed, there was no evidence that EZ55 significantly drew down the dissolved
organic carbon content of the medium in the process of growing from 105 to 106 cells mL-1 in
sterile Pro99 medium (Fig. 4.2G). Even more surprisingly, these strains were also able to grow
to 106 cells mL-1 in artificial seawater, even after the cells had been rinsed four times in the
medium before inoculation to remove any rich growth media that might have attended the
inoculum (data not shown). Therefore, it would appear that these copiotrophic organisms are
extremely resourceful in exploiting growth substrates (e.g., trace carbon contamination from
medium salts, culture vessels, etc.), and are not dependant on co-culture with autotrophs to
persist in natural seawater media under typical cultivation conditions. However, we cannot
conclude from these experiments that no cross-feeding between helpers and Prochlorococcus is
occurring. Prochlorococcus is known to secrete C compounds into the medium [270], and some
marine heterotrophs have been shown to be chemotactically attracted to these exudates [306].
Future experiments to address cross-feeding should focus on eliminating the obscuring effects of
media C contamination.
In contrast to the above strains, Vibrio fischeri ESR1 was incapable of surviving in
seawater media without Prochlorococcus. When inoculated axenically at 106 cells mL-1, V.
fischeri cell counts steadily dropped until they fell below the limit of detection (100 cells mL-1,
Fig. 5.5B). In axenic culture, V. fischeri eventually lost viability, and late-stage addition of rich
medium failed to recover the culture (data not shown). However, in co-culture with dilute
Prochlorococcus, some V. fischeri cells survived, and eventually re-entered exponential growth,
always lagging behind Prochlorococcus by approximately an order of magnitude (Fig. 5.5B).
125

We can make two conclusions from this. First, whatever the other helpers were growing on in
the seawater medium in unavailable to V. fischeri. Second, they are able to grow using some
exudate of Prochlorococcus. In this case, there is a clear benefit to V. fischeri of co-culture with
Prochlorococcus, indicating that helping in this case is mutualistic. It is unclear if this
relationship is of any ecological interest, however, since V. fischeri concentrations in the ocean
are very low [307].
Thus, empirical data from our Prochlorococcus:helper dyads suggest that helping is
either commensal or mutualistic. We now consider helping from a theoretical ecological
perspective. In Chapter 4 we discussed one scenario for the reductive evolution of
Prochlorococcus: that adaptation to the ultra-oligotrophic open ocean has encouraged gene loss
and concomitant resource savings in terms of N and P demand for cell division. As such, it
would seem that helpers are getting the short end of the stick: they retain costly ROS-scavenging
functions so that Prochlorococcus (or other “beneficiaries”) can improve its growth rate.
However, the actual outcome of the relationship will likely differ depending on the trophic
strategy of the partners (Table 5.2). Keeping in mind that the following discussion is probably a
gross oversimplification, let us consider individually the four possible combinations of
heterotrophs and autotrophs.
In the case of autotrophic organisms acting as helpers, the most relevant consideration is
that all autotrophs are theoretically limited by inorganic nutrients, at least in the dilute conditions
of the open ocean. Thus, if an autotroph were a helper of another autotroph, this would clearly
be a parasitic relationship, since both partners would be limited by the same resources and an
increase in the fitness of one must manifest as a cost to the other. If an autotroph were to help a
heterotroph, however, the issue is not so certain. If the heterotrophs are limited by inorganic
nutrients, helping could be seen as parasitic. However, primary production limits heterotrophic
production in the ocean [51]. Thus, there is no direct competition between the autotrophic
helpers and the heterotrophic beneficiaries, so the relationship is commensal.
Now we consider the case where heterotrophs are helpers, as in the experiments
described in this dissertation. If heterotrophs help heterotrophs, the situation is probably the
same as when autotrophs help autotrophs: parasitism. However, this assumes that the helper and
beneficiary heterotrophs are competing for the same substrate. If this is not the case, then there
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Table 5.2. Nature of the helper:beneficiary symbiosis for various trophic pairings.
Trophic Strategy of Beneficiaries

Trophic Strategy
of Helpers
1
2

Heterotroph

Autotroph

Heterotroph

Parasitic/Commensal1

Mutualistic

Autotroph

Commensal/Parasitic2

Parasitic

The relationship is parasitic only if the heterotrophs are growing on the same carbon source;
otherwise, it is commensal.
The relationship is commensal if the heterotrophs are C-limited; otherwise it is probably
parasitic.
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is no direct competition, so the interaction is commensal. Lastly, consider the case of
heterotrophs helping autotrophs, as in the Prochlorococcus:helper interaction. Let us assume
that the helpers are not limited by inorganic nutrients, but rather by primary production of the
beneficiary. If Prochlorococcus increases its rate of production as a consequence of genome
reduction, this raises the productivity of the entire community. Therefore, helping would be
equivalent to a beneficial “division of labor” in economics, improving the productivity of all
members of the population. Thus, it is likely that this last possible interaction would be
mutualistic for all possible combinations of helper heterotrophs and beneficiary autotrophs.
Note that there is no special reason to assume that the benefit (or lack thereof) to the
helper will influence the development of this relationship. All organisms probably have their
parasites, and the deleterious nature of this interaction to the host is neither an impediment for
the parasite, nor usually strong enough in its own right to lead to the host’s extinction. As we
will consider in the following section, it may be that the nature of some functions (such as
HOOH scavenging) makes the development of helper/beneficiary interactions inevitable.
VI. The Black Queen Hypothesis
Let us now consider the evolution of helping. In popular thought, evolution is a
relentless progression toward increasing complexity. However, the persistence of “simple” life
forms, as well as countless examples where “simple” organisms have “complex” ancestors,
demonstrates the naiveté of this conception (e.g., [308]). As has been mentioned, the genomes of
Prochlorococcus and several other marine bacteria show signs of reductive evolution, a process
common in symbionts and parasites but rare amongst free-living organisms [11,246,247]. In the
previous chapters we presented evidence that, for Prochlorococcus, gene loss has resulted in an
inability to grow at the ocean’s surface in the absence of helper organisms. Because HOOH is as
membrane permeable as water [26], it is essentially impossible for an organism to protect itself
from HOOH without simultaneously protecting its neighbors. We have further hypothesized that
Prochlorococcus (and perhaps other “streamlined” marine bacteria such as Pelagibacter ubique
[12]) has gained a growth advantage by losing costly antioxidant genes such as catalase, at the
expense of a minority of HOOH-degrading helpers that protect the entire community from
HOOH. Moreover, we have alluded to the fact that this process of gene loss may represent a
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previously unknown trajectory of co-evolution with implications beyond the system studied
herein.
One well-known theory of co-evolution, the Red Queen Hypothesis [309], uses a
metaphor derived from Lewis Carroll’s Through the Looking-Glass [310] – “it takes all the
running you can do, to keep in the same place” – to describe the evolutionary “arms race”
between ecological antagonists such as parasites and their hosts. This hypothesis sought to
explain the surprising constancy of extinction rates in the fossil record, and posited that all
species experience a constantly deteriorating fitness landscape as a consequence of co-evolution
with other species in their environment. In contrast, evolution toward dependency on “helpers”
favors commensal or cooperative interactions. We present here a theory of co-evolution called
“the Black Queen Hypothesis” (BQH). Similar to the Red Queen, the “Black Queen” refers to a
playing card, in this case the queen of spades in the card game Hearts. Unlike most games, the
goal of Hearts is to score as few points as possible. The queen of spades, however, is worth
more points than all other cards combined, and therefore the predominant strategy of the game is
to not be the player that ends up with that card. BQH predicts that there are genes, or more
broadly, biological functions, that are analogous to the queen of spades. Such a function is
costly and therefore undesirable, leading to a selective advantage for organisms that stop
performing it (i.e., the winner of a hand of Hearts will certainly be one of the players who
doesn’t end up with the queen of spades). At the same time, the function must be indispensable
for community survival, necessitating its retention by at least a subset of the individuals
comprising the community (i.e., one can’t play Hearts without a queen of spades). HOOH
scavenging fits both of these criteria, and therefore BQH predicts that it will be performed by a
small, phylogenetically narrow subset of species in any stable community.
In order to quantitatively model BQH, we must consider under what conditions it is
advantageous for an organism to stop performing a function. Clearly, any functional gene loss
comes with a potential cost in fitness; therefore, to be selected, function loss must also provide a
gain in fitness over the ancestor that outweighs this cost. Both gain and cost may be quantified
empirically. Fitness gain is roughly equal to the savings in resources from gene loss, relative to
the total resource demand for producing a new cell. Fitness cost is based on the fitness of the
organism in an environment where the lost function is not performed at all (S), modified by the
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degree to which other members of the community provide the service – i.e., how much “help”
the surrounding community provides. This last factor may be described by a “leakiness
coefficient” L, which measures how well an organism can selfishly retain the products of the
function in question. While the criteria for quantifying L will differ greatly for different
functions, some generalizations can be made. At low L, helping must be an “intentional”
activity, as products of the function are easily withheld from the community at large. At high L,
however, “helping” is essentially unavoidable. BQH predicts that evolution will favor
communities in which poorly partitionable functions (high values of L) are carried out by
relatively few taxa (probably those with the lowest mutation rates) to the benefit of the entire
community. Moreover, functions with low S and high L will tend to encourage the development
of symbiotic interactions, as fast evolvers become dependent on slow evolvers to perform
essential functions. When the sensitive strains also provide essential products (as in the case of
sensitive photoautotrophs), this mutualistic interaction could be both mutualistic and extremely
stable.
As an example, let us consider a simple competition between modern Prochlorococcus,
with essentially no capacity to destroy HOOH, and a putative ancestor that can perform this task
but is otherwise genetically identical. In the absence of HOOH, the mutant should win this
competition, because its smaller genome requires fewer resources to produce the next generation.
However, in the presence of HOOH, both strains must survive. Since they are otherwise
isogenic, the ancestor is just as vulnerable to any unscavenged HOOH as the mutant. Because
HOOH is membrane permeable, L is close to 1, and intracellular degradation of HOOH must
lead to a net HOOH loss for the whole community. Therefore, there is no HOOH flux where the
ancestor, but not the mutant, can persist. If the ancestor scales back degradation enough to harm
the mutants, it too will begin to accumulate damage. Thus, based on BQH, the hypothesis that
loss of antioxidant capacity was adaptive for Prochlorococcus as a member of its natural
community is reasonable. Further, BQH is consistent with the relative scarcity, and lack of
diversity, of catalases in the ocean, as described in section IV above.
As a final note, BQH makes very specific predictions that are amenable to mathematical
modeling. Equations have previously been developed to describe the conditions under which
antibiotic-sensitive and -resistant bacteria can coexist [311]. This model could easily be
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modified to include the variables S and L described above, creating a framework to test BQH
both in vitro and in silico.
VII. Final thoughts
In this dissertation, we have provided compelling evidence that the important
cyanobacterium Prochlorococcus is dependant on “helpers” to survive in its natural habitat at the
ocean’s surface. While many studies have looked at symbiotic interactions between microbes,
this is one of the first to thoroughly document such a relationship that does not obviously entail
intimate contact between the organisms. Further, we have provided preliminary evidence
supporting the idea that this could be the “tip of the iceberg,” and that much of the uncultured
diversity in the microbial world could be “unculturable” because of requirements for help from
other members of the community [183,266]. Whether such help comes in the form of HOOH
removal or other as yet uncharacterized activities remains to be seen.
In closing, we would like to point out that the discovery of HOOH sensitivity in
Prochlorococcus began with simple logic. At first, all we had were a collection of confusing
observations:

•

Prochlorococcus does not grow from dilute cultures, or on solid media as colonies,
without helpers.

•

Prochlorococcus has a very small genome.

•

Axenic Prochlorococcus cultures grow well when cell concentrations are high, but poorly
when cells are dilute.

•

Essentially all easily cultivated heterotrophic microbes are able to help.
From these observations, logic drew us inexorably to oxidative stress as an explanation.

The helping mechanism had to be ubiquitous in cultured microbes, making the invocation of
special growth factors or autoinducers unlikely. The helping mechanism also had to be more
important when cells were extremely dilute than when they were concentrated, making helper
influence on most bulk medium properties, such as pH, O2, and nutrient limitation, equally
unlikely. This left us with very few options, among them the possibility that helpers cross131

protect Prochlorococcus against a toxin found in the medium. A search of the numerous small
Prochlorococcus genomes confirmed the absence of catalase and other common antioxidant
enzymes, and early measurements confirmed that culture media had higher HOOH
concentrations than natural seawater. Hence, we concluded that protection from oxidative stress
was a reasonable hypothesis. It should be stressed that when we began this project we had no
direct evidence supporting this hypothesis, only this series of logical assumptions.
We bring this up because the trend in modern science seems to be to approach
microbiological problems using impressive technologies and massive funding. One method of
looking for a helping mechanism would have been to use microarrays, or deep sequencing of the
transcriptome, to measure the genetic response of Prochlorococcus and helpers to each other’s
presence. This would have been quite expensive, and probably would not have uncovered the
correct answer since the genetics of oxidative stress resistance are superficially similar to many
other stress responses. Instead, we used relatively inexpensive, but logical and elegant,
experimental designs to test a hypothesis that we arrived at through simple reasoning. It is
important, we believe, for we scientists to remember that many of the great discoveries in our
fields have come about in this manner, rather than as a consequence of impressive, taxpayerdraining technological overkill. More of us should reflect on the fundamental differences
between the research styles of Joshua Lederberg and Craig Venter, and find solace and
inspiration in the former.
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I. Introduction
The ubiquity of hydrogen peroxide (HOOH) in light exposed waters is well established
across all aquatic ecosystems (Chapter 1 and references therein). Studies have shown that it has
a number of sources, including both biotic and abiotic generators, and that it similarly has several
sinks, including both chemical and enzymatic reactions (Chapter 1). Since the discovery of
photochemical HOOH generation in natural waters in the 1980’s, a paradigm has arisen that
maintains that the predominant source of HOOH is photochemical and abiotic, whereas the
predominant sink is microbial. While the paradigm neither excludes biological HOOH
production nor abiotic removal (e.g., by Fenton chemistry), it suggests that these processes are,
in general, of much lesser importance, particularly in open-water environments. The paradigm
maintains, further, that these countervailing processes maintain a steady state HOOH
concentration that explains the very similar HOOH concentrations (~0.1 μM) detected at most
study sites worldwide.
However, some recent studies have called this paradigm into question. Using stable
isotopes, researchers demonstrated that surface communities in both freshwater and seawater
generated significant amounts of HOOH in the dark, presumably as a consequence of biological
activity [93,312]. By calculation they concluded that competing rates of biological production
and degradation were sufficient to maintain the steady state in situ HOOH concentration at their
study site, independently of any photochemical HOOH generation. Other studies have shown
substantial rates of Fenton chemistry in pelagic waters [76], and some have detected cell free,
enzyme-like decomposition of HOOH [103]. Precipitation contains very high concentrations of
HOOH, and can locally create dramatic increases for in situ HOOH [85,87,88,313], which could
be much higher in the wake of large (and therefore research vessel-proof) storms. Thus,
evidence exists that the prevailing paradigm of HOOH dynamics may be overly simplistic.
Studies that simultaneously measured rates of HOOH production and decay in natural
waters are rare; those that measure these rates in both dark and lighted samples are even less
common. In this section we present a large data set, spanning 10 time zones and four distinct
aquatic environments, in which we measured both in situ HOOH concentrations throughout the
euphotic zone, as well as rates of production and degradation in the light and the dark, with or
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without the biological community. Using this data, we approach the steady state from two
perspectives. First, we look at HOOH dynamics over a diel cycle at several stations to test the
paradigm’s predictions that in situ HOOH will cycle over the course of the day. Second, we
present a mathematical model of the paradigm, and then examine how well it predicts measured
in situ HOOH concentrations. Finally, we consider several possible sources of deviation from
the steady-state predictions made by the prevailing paradigm.
II. Methods
Sampling was performed on 5 cruises, ranging from January 2007 to June 2009 (Table
A.1). Water collection on station as well as HOOH measurements were performed as described
in Chapter 4. HOOH on the WP2 cruise was measured using the FeLume method [213]; on the
other cruises, it was measured using the Orion-L luminometer (Chapter 4).
HOOH dynamics were estimated using bottle incubations. Bottles were thoroughly acidwashed before each cruise [181] and soaked overnight in micro-Q detergent followed by six
rinses with milli-Q water between samples while at sea. Dark incubations were conducted in
polycarbonate bottles double-wrapped with black electrical tape or, when sterility was required,
in black, acid-washed, autoclaved conical bottom tubes (Argos, Elgin, IL). Light exposure
experiments were performed either in clear polycarbonate bottles (WP2 and AB1 cruises) or in
UV transparent vessels (MELEE XII, DCM08, and BC09, described in Chapter 4). Samples
taken from the mixed layer were incubated at ~80% surface light intensity; samples from below
this depth were incubated at <5% surface intensity. Bottles were incubated at surface water
temperatures in flow-through deck incubators. When UV transparent bottles were used, they
were either placed under neutral density screening exposed to sunlight (MELEE XII cruise) or
else placed in an incubator made from UV-transparent Plexiglas (Chapter 4). Incubations were
either performed with no modifications (i.e., with an initial [HOOH] identical to the in situ
value) or with an added spike of 0.5 – 1.0 μM HOOH. Most incubations were performed in
duplicate, although in several cases contamination or other problems required one replicate to be
discarded.
In several cases we took numerous measurements of incubations to obtain relatively highresolution estimated of the kinetics of HOOH production and degradation. Generally, HOOH
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Table A.1. Locations and dates of sampling.
Cruise
WP21
WP2
WP2
WP2
WP2
WP2
WP2
WP2
WP2
WP2
WP2
WP2
WP2
WP2
WP2
WP2
WP2
WP2
AB12
AB1
AB1
AB1
AB1
MELEE XII3
MELEE XII
MELEE XII
MELEE XII
MELEE XII
MELEE XII
MELEE XII
MELEE XII
MELEE XII
MELEE XII
MELEE XII
MELEE XII
MELEE XII
MELEE XII
MELEE XII
MELEE XII
MELEE XII
MELEE XII
MELEE XII

Station
5
6
7
8
11
12
13
14
15
18
19
20
21
22
23
24
25
26
2
6
CTD19
CTD20
CTD21
557
971
972
973
357
478
882
885
968
969
974
1163
84
958
23
589
937
948
956

Latitude
12.47
10.08
7.94
5.65
-2.30
-4.72
-7.07
-9.25
-12.58
-19.50
-21.62
-25.67
-29.04
-31.92
-34.16
-36.17
-34.23
-32.42
38.47
37.10
37.39
37.97
38.07
41.65
41.95
41.86
41.79
41.82
41.66
41.47
41.52
41.74
41.60
41.72
41.47
41.94
41.52
42.50
42.44
42.71
41.96
41.69

Longitude
-167.69
-170.14
-172.28
-174.53
177.44
174.73
172.31
170.00
169.86
170.21
169.66
165.42
164.34
163.36
162.52
161.77
160.35
159.09
-76.39
-75.72
-76.08
-76.27
-76.22
-82.81
-83.05
-83.20
-83.32
-82.97
-82.82
-82.72
-82.64
-82.73
-82.92
-83.15
-82.72
-81.65
-81.71
-79.89
-79.83
-80.24
-80.64
-81.44

Date
1/7/07
1/8/07
1/9/07
1/10/07
1/14/07
1/15/07
1/16/07
1/17/07
1/20/07
1/22/07
1/23/07
1/26/07
1/27/07
1/28/07
1/29/07
1/30/07
2/2/07
2/5/07
7/15/07
7/16/07
7/18/07
7/18/07
7/18/07
8/20/07
8/20/07
8/20/07
8/20/07
8/21/07
8/21/07
8/21/07
8/21/07
8/21/07
8/21/07
8/21/07
8/21/07
8/22/07
8/22/07
8/23/07
8/23/07
8/23/07
8/23/07
8/23/07
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Table A.1. Continued.
Cruise
DCM084
DCM08
DCM08
DCM08
DCM08
DCM08
DCM08
DCM08
DCM08
DCM08
DCM08
DCM08
DCM08
BC095
BC09
BC09
BC09
BC09
BC09
BC09
BC09
1
2
3
4
5

Station
CTD03
CTD04
CTD05
CTD06
CTD07
CTD10
CTD13
CTD16
CTD18
CTD48
CTD53
CTD60
CTD61
CTD2
CTD5
CTD39
CTD60
CTD61
CTD62
CTD63
CTD64

Latitude
30.12
28.38
27.22
26.07
24.99
25.01
19.69
18.72
17.94
17.35
18.01
21.30
22.20
33.00
30.17
30.17
31.08
31.67
32.22
33.03
33.59

Longitude
-118.41
-117.27
-116.53
-115.78
-113.41
-118.02
-113.09
-110.36
-108.10
-107.48
-105.00
-107.80
-108.80
-72.00
-72.00
-72.01
-73.53
-74.43
-75.38
-76.71
-77.08

Date
6/16/08
6/17/08
6/17/08
6/17/08
6/18/08
6/20/08
6/23/08
6/23/08
6/24/08
6/29/08
7/1/08
7/5/08
7/6/08
5/23/09
5/24/09
5/29/09
5/31/09
5/31/09
6/1/09
6/1/09
6/1/09

Cruise WP2, R/V Kilo Moana, Jan-Feb 2007, transect from Honolulu, HI to Brisbane,
Australia, Chief Scientists (CS) ER Zinser and ZI Johnson
Cruise AB1, R/V Hugh R. Sharp, Jul 2007, Chesapeake Bay, CS A Buchan
Cruise MELEE XII, CCGS Limnos, August 2007, Lake Erie, CS S Wilhelm
Cruise DCM08, R/V New Horizon, Jun-Jul 2008, transect from San Diego, CA to La Paz,
Mexico, CS K Barbeau and E Mann
Cruise BC09, R/V Cape Hatteras, May-Jun 2009, transect out from Beaufort, NC, CS B
Binder
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degradation in the dark was pseudo-first order in [HOOH], whereas HOOH production in the
light was essentially zero-order. Therefore, we calculated either first-order or zero-order rate
constants for dark or light incubations, respectively, when fewer time points were collected for
given samples.
Where indicated, seawater samples were filtered prior to incubation. Osmonics
polycarbonate filters (0.2 μm or 2 μm, General Electric) were used on the WP2 cruise, whereas
Millipore PVDF filters (0.2 μm or 5 μm) were used for the other cruises. For sterile incubations,
bottles were either autoclaved or exposed to UV radiation prior to use.
III. In situ HOOH dynamics
We measured in situ HOOH concentrations at 63 different stations on 5 cruises (Table
A.1). At most stations, multiple depths were sampled, ranging from surface waters to the bottom
of the euphotic zone (~200 m on the three open ocean cruises), although HOOH concentrations
below the mixed layer rapidly dropped below the limit of detection (<10 nM). These cruises
represented several very different pelagic regimes, including open ocean waters of the Pacific
and Atlantic (Figs A.1-3), coastal waters (Figs A.2, 3-4), an estuary (Fig. A.4), and a Great Lake
(Fig. A.5). Sample sites also ranged from extremely oligotrophic (North Pacific Gyre, Fig. A.1)
to eutrophic (the western basin of Lake Erie, Fig. A.5), and spanned a surface temperature range
from ~20º C to ~30º C. Despite this wide physicochemical range, however, in situ HOOH
concentrations were remarkably consistent at all stations. Surface concentrations occupied a
surprisingly narrow range, averaging 95.9 ± 29.3 nM. Rates of production (in sterile filtered, UV
exposed seawater) and degradation (in unfiltered, dark incubated samples), measured at 15 and
42 stations, respectively, were significantly more variable, averaging 35.6 ± 27.4 nM h-1 and 0.07
± .06 h-1. There was no significant correlation either between these rates and each other, or
between either rate and the in situ HOOH concentration (Pearson Correlation, P>0.05).
As mentioned above, the paradigm of HOOH dynamics predicts that there should be a
diel pulse in HOOH consistent with formation during the day against a constant background of
degradation. To test this hypothesis, we followed changes in HOOH concentration at three
stations over a 24 h period. We also simultaneously measured dark decomposition rates using
bottle incubations set up at each time point. At both a coastal station (Fig. A.6A) and one open
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Figure A.1. In situ HOOH concentrations along the WP2 transect. Samples were collected
from Jan-Feb 2007. A) Station locations, showing surface HOOH concentrations. B) HOOH
concentrations throughout the water column at each station. Stations are in order along the
transect outlined in panel A, with the leftmost station represented by the red asterisk. Dots,
sampled points. The color bar in panel A applies to both panels.
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Figure A.2. In situ HOOH concentrations along the DCM08 transect. Samples were
collected Jun-Jul 2008. See legend for Figure A.1 for interpretation. Empty spaces on the plot
indicate absence of data, not bathymetry.
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Figure A.3. In situ HOOH concentrations along the BC09 transect. Samples were collected
May-Jun 2009. See legend for Figure A.1 for interpretation. Empty spaces on the plot indicate
absence of data, not bathymetry.
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Figure A.4. In situ HOOH concentrations in Chesapeake Bay. Samples were collected in
July 2007. See legend for Figure A.1 for interpretation. Empty spaces on the plot indicate
absence of data, not bathymetry.
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Figure A.5. In situ surface HOOH concentrations in Lake Erie. Samples were collected in
August 2007.
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ocean station in the Western Pacific (Fig. A.6C) in situ HOOH followed the paradigm’s
prediction, peaking in the afternoon and gradually returning to roughly the initial concentration
by the next morning. At a third station, however, also in the Western Pacific, HOOH levels did
not appear to be in steady state (Fig. A.6E). Concentrations by the second morning were almost
twice as high as on the first.
Interestingly, rates of change in HOOH concentration in dark incubations also showed a
clear diel cycle at each of these stations. In incubations of surface water from Chesapeake Bay
(Fig. A.6B), degradation rates peaked in early afternoon, just as the in situ HOOH concentration
began to rise. Similarly, degradation was most pronounced in the afternoon at Station 24 in the
Western Pacific (Fig. A.6D), also coinciding with the beginning of net HOOH accumulation.
Interestingly, at both of these stations increasing HOOH was attended with a corresponding
decrease in the HOOH degradation rates. If microbes predominantly facilitated degradation in
these samples, this suggests that the population does not modulate its HOOH defenses in
response to increasing HOOH. One possible explanation is that exposure to HOOH either
damages the organisms themselves, or else aggressively inactivates elements of their antioxidant
defense systems. Catalase, for instance, is known to be inactivated by prolonged exposure to
HOOH [26]. This hypothesis is partially supported by the observation that dark incubations
spiked with 0.5 μM HOOH had lower peak degradation rates than native, unamended
incubations (Fig. A.6D).
Unlike Chesapeake Bay incubations, some dark-incubated samples collected at night at
Station 24 experienced net increases in HOOH concentration (Fig. A.6D). Since HOOH was not
accumulating in the water column during these hours, it is likely that these generally small
increases were experimental artifacts. In many cases, we observed increases in HOOH at the
onset of incubations containing microbes, but not in sterile incubations (data not shown),
suggesting that sample collection and processing created stress for these populations that
manifested in leakage of HOOH. However, the possibility that these increases represented
ecologically relevant biological HOOH production cannot be excluded.
HOOH dynamics at Station 26 were quite different than the other two diel stations (Fig.
A.6F). At this station, net HOOH accumulation occurred in dark incubations of samples taken in
the afternoon from throughout the water column. In samples collected at night, net decay of
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Figure A.6. Diel fluctuations for in situ HOOH concentration and dark HOOH dynamics. A,C,E) Changes in HOOH
concentration in situ throughout the water column at three different marine stations. B,D,F) Changes in rates of HOOH change in dark
incubated samples from each diel experiment. B) Incubations performed with unamended surface seawater. D) Incubations
performed with surface seawater either unamended (circles) or with a 0.5 μM HOOH spike added (triangles). F) Incubations
performed with unamended seawater collected from the same sample depths as in panel E. Error bars in B and D are the standard
error of the slope of ln([HOOH]) vs. time for 2 replicate incubations. khooh, pseudo-first order rate constant for HOOH change in dark
incubations.
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HOOH was measured, with degradation rates peaking early in the morning. It is noteworthy that
this apparently biological generation of HOOH during the day preceded the buildup of in situ
HOOH, which peaked in early evening and remained high throughout the night (Fig. A.6E). The
HOOH dynamics at this station suggest that the primary source of HOOH is biological, and is
not directly related to either photochemistry or photosynthesis.
These experiments support the hypothesis that HOOH has a diel cycle in nature.
However, they suggest that the current paradigm of formation and degradation of HOOH is
overly simplistic. For instance, at Station 26, solar irradiation of the water column does not
appear to be an important source of HOOH. Rather, dark production, probably biological,
appears to be more important, leading to an overnight HOOH peak. It is unclear what process is
responsible for HOOH production in these waters, since both biotic and abiotic photochemical
reactions are excluded. Future work at this station, or other stations near the Southern Ocean,
should be directed toward discovering what makes these waters different from others that have
been studied.
The paradigm of biological HOOH degradation suggests that biological decomposition of
HOOH is more or less constant, whereas generation only occurs during the day. Our evidence
suggests that decomposition is in fact strongly cyclical, and becomes essentially non-existent
during certain parts of the day. At Station 26, HOOH accumulated prior to the onset of net
HOOH degradation in incubations (Fig. AI6.E-F), suggesting that microorganisms may be
responding to elevated HOOH by upregulating defense mechanisms. However, at the other diel
stations, peak degradation preceded peak HOOH (Fig. AI6.A-D), suggesting perhaps that
upregulation of defensive mechanisms is a circadian function, and as such “anticipates” daytime
accumulation of HOOH. However, it is also possible that the decreasing degradation rates
through the afternoon are caused by HOOH- or UV-induced damage, and that expression of
antioxidant systems continues to increase with HOOH. Future work should examine expression
of key genes such as catalase in similar diel experiments, to better understand how these
communities are responding to, and creating, the diel pulse of HOOH.

175

IV. Empirical tests of a mathematical model of the HOOH paradigm
The current HOOH paradigm is simple enough to be quite amenable to mathematical
modeling. Essentially, the paradigm predicts that in situ HOOH concentrations will be
constrained by two competing reactions: abiotic, photochemical formation and biological,
enzyme-mediated decomposition. Based on purely theoretical considerations as well as our
empirical observations, we may assign rate laws to each reaction. If we assume that HOOH
formation is slow compared to production of dissolved organic matter in the water column, then
abiotic formation of HOOH should be limited by light. Since the supply of light is unaffected by
the concentration of reactants, light-limited photochemical reactions should exhibit zero-order
kinetics. On the other hand, enzymatic reactions will obey Michaelis-Menten kinetics and will
be sensitive to the concentrations of reactants, products, and the enzyme itself. If we assume that
catalase is the primary enzyme responsible for HOOH elimination [99], then the concentration of
HOOH is so far below this enzyme’s Km that pseudo-first order reaction kinetics should be
observed. Thus, we may assign the following rate law for the HOOH paradigm:

d[HOOH]
= k L  kD [HOOH]
dt
where kL is the zero-order rate constant for HOOH accumulation in sterile, light-exposed
seawater, and kD is the pseudo-first order rate constant for dark decomposition in unfiltered
seawater. From this law we may integrate to derive an equation for predicting the concentration
of HOOH at time t based on initial concentration H0:
d[HOOH] = (k L  k D [HOOH])dt
[HOOH] =

 (k

L

 k D [HOOH])dt

[HOOH] = k L t  kD t[HOOH] + H 0
k t + H0
[HOOH] = L
1+ k D t
Additionally, we may calculate a stable steady-state HOOH concentration using this
equation for any combination of rate constants by solving for the conditions where [HOOH] and
H0 are identical. If we separate t into a “day component” and a “day+night” component for
calculating the numerator and denominator respectively, and assume equinoctial conditions,
steady-state HOOH is given by
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[HOOH]SS =

kL
2k D

This model assumes that unfiltered samples in the dark always have net HOOH loss, and
that light-exposed samples always have net HOOH gain. If either rate constant deviates from
this assumption, the equation rapidly yields meaningless results, either yielding negative
[HOOH] or else increasing to infinity. However, inside the assumptions of the paradigm, the
equation yields plots that resemble the diel experiments described above (Fig. A.7). In this
figure, we began with averages taken from our in situ field measurements: H0 = 100 nM, and kL
= 35 nM h-1. Each curve represents a different value of kD within the range of our field
measurements. Dotted lines represent steady-state values calculated for each value of kD.
Clearly, each curve approaches its respective steady-state value as time progresses.
While this model is necessarily simplified in relation to the complex physicochemical
environment of real aquatic systems, it does suggest that rates within the ranges we measured are
capable of creating a steady state similar to that found in all published studies of aquatic HOOH.
The model predicts steady states that are somewhat high in comparison to the actual ocean, but
this is to be expected, since the rates of production we measured are almost certainly
overestimates. Our goal was to measure maximum production values (as a proxy for the lethality
of a “helper-free” ocean for Prochlorococcus, Chapter 4), so we focused on sterile surface
seawater exposed to full UV radiation. In nature, much of this rapid near-surface HOOH
production would diffuse into lower strata, leading to a lower production rate when integrated
across the entire water column. Since we rarely measured production with high depth resolution,
it would be pointless for our purposes to add this level of complexity to our model. We also
made no attempt to model the parabolic diel dynamics of solar irradiation that exist in nature. If
we tentatively accept these reservations, we may conclude that the paradigm model can
adequately relate in situ HOOH concentrations with rates of HOOH change.
We next attempted to fit competing rates measured in the field to this model, with the aim
of comparing the steady state prediction to measured in situ HOOH concentrations. Where more
than one measurement was made at any give station, we selected the highest rates of production
and degradation. Stations where either value was outside of the paradigm’s predictions (i.e., net
dark production or net light degradation) were excluded from the analysis. After this curation,
we were left with 23 measurements, taken from 15 different stations (Table A.2). Of these, only
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Figure A.7. Mathematical model of the HOOH paradigm. Each iteration of the model was
calculated with initial [HOOH] H0 = 100 nM and kL = 35 nM h-1. Different colored lines
represent different values of kD. Dotted lines, steady-state prediction from the model for the
given kD.
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Table A.2. Comparison of model predictions with in situ rate data. Gray cells indicate
predicted values within the natural range (~0-250 nM); the box indicates samples where model
predictions and in situ concentrations were within 2-fold of each other.
Cruise, Station
DCM08, CTD18
WP2, 20
WP2, 20
DCM08, CTD10
DCM08, CTD61
DCM08, CTD13
WP2, 13
DCM08, CTD13
DCM08, CTD16
BC09, CTD05
WP2, 22
WP2, 22
DCM08, CTD16
WP2, 21
DCM08, CTD06
WP2, 21
MELEE XII, 84
WP2, 22
DCM08, CTD07
BC09, CTD02
WP2, 21
WP2, 15
DCM08, CTD10

Depth
5
110
5
5
5
36
134
5
71
5
25
7
5
8
5
25
1
65
5
5
108
95
101

Steady State
5.35
1.67
31.86
48.40
67.91
32.84
0.80
106.55
19.62
238.69
133.50
245.81
451.86
422.41
728.56
338.93
700.49
158.26
1507.80
2699.94
226.43
548.18
539.75

In situ
84.76
13.66
74.73
101.00
118.31
49.50
1.00
97.29
13.48
121.61
49.66
86.07
108.75
81.40
126.35
53.75
80.37
15.82
93.43
110.47
7.09
13.21
11.83

Ratio
0.06
0.12
0.43
0.48
0.57
0.66
0.80
1.10
1.46
1.96
2.69
2.86
4.15
5.19
5.77
6.31
8.72
10.01
16.14
24.44
31.95
41.50
45.63
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7 (~30%) had predictions within 2-fold of the actual in situ value. 14 (~60%) had predicted
values within the range of reported natural HOOH values, although some were conspicuously
high for the depths where the samples were collected. In the other samples, steady state
estimates ranged as high as 2.7 μM, an order of magnitude above any concentration measured in
pelagic waters. These high estimates were replicated, and were detected at select stations on
each cruise, arguing against any systemic methodological errors leading to overestimation.
Instead, we conclude that the 70% of samples where in situ concentrations and steady state
predictions are out of sync represent actual deviations from the paradigm, and may represent
ongoing “oxidative anomalies” or the lingering effects of previous such events. Another
possibility is that the time of sample collection led to deviations from calculated rates. For
instance, most WP2 samples were collected early in the morning, so if degradation fluctuated on
a diel basis, as was shown to be the case for the diel experiments we reported in the previous
section, this could lead to erroneously high or low estimates of community HOOH removal.
Future studies of degradation should carefully measure rates over a diel cycle and integrate them
to more accurately test the predictions of the paradigm model. Unfortunately, we did not
measure light production rates during our diel studies.
V. Potential sources of deviation from the model
A comprehensive analysis of deviations from paradigm predictions will require much
additional work. We have already discussed the diel variation in degradation rates that may be a
primary source of disagreement between in situ rates and model predictions based on our
snapshot estimates of HOOH dynamics. While not observed in our studies, precipitation, algal
blooms, viral lysis events, or sporadic influxes of organic matter (e.g., from macrofaunal death)
could lead to stochastic, but non-artifactual, increases or decreases in HOOH concentrations.
Our model predicts, however, that such transient changes in H0 will not affect the ultimate steady
state, and within a few days without further disturbance the effects of these perturbations will be
eliminated. Still, such changes may explain some of the deviations from steady state we
detected. Our data also suggest two further sources of disagreement with the model. First, we
have good evidence that larger organisms are important sources of HOOH in natural waters.
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Second, there is reason to believe that, in some waters, extracellular enzymes may be involved in
HOOH elimination.
At 29 oceanic stations we performed incubations at multiple depths using both raw
seawater and seawater pre-filtered through large pore size (2-5 μm) polycarbonate membranes.
This treatment effectively removes most eukaryotic plankton from the treatments, including
larger phytoplankton such as diatoms, dinoflagellates, and coccolithophores. Also, most colonial
cyanobacteria such as Trichodesmium should be excluded. Out of 54 such incubations, 40 (74%)
had higher dark degradation rates after removal of the larger organisms (Fig. A.8A). In a smaller
subset of these samples where light incubations were also performed, 12 of 18 (67%) also had
lower rates of HOOH production after filtration (Fig. A.8B). For the dark incubations this
difference was statistically significant (Wilcoxon Signed Rank test, n=54, p<0.01). These results
strongly suggest that larger organisms are active generators of HOOH.
Another possible source of deviation from the paradigm is the existence of “abiotic,” or
at least extracellular, sources of HOOH removal. Angel et al. [103] reported extracellular
catalase activity in waters of the Mediterranean Sea, and numerous organisms are known to
secrete catalases into their environments (Chapter 1). If such enzymes were present in seawater,
they could lead to erroneously low estimates of steady state HOOH using our model. We
checked for the presence of extracellular hydroperoxidases using dark incubations of sterile
seawater. In the majority of samples, no significant changes from initial conditions were
observed, consistent with the prevailing paradigm. In several samples, however, early decreases
in HOOH were observed in sterile, dark incubations, but degradation did not continue past the
first few hours. Because of the high risk of contamination of sterile samples at sea, we adopted
strict criteria for accepting that degradation in such incubations was caused by actual
extracellular enzymes present in situ. First, the sample had to display clear first-order
degradation kinetics (r2 > 0.9 for a log-linear plot of HOOH vs. time) starting at the first sample
point. This was important, since we assumed a) an extracellular enzyme would not experience a
“lag phase,” and b) any contaminants should be inoculated at fairly small concentrations and
should require at least a few hours to begin affecting the sample’s HOOH concentration.
Second, the finding had to be replicated with a minimal difference between the calculated rates
of the replicates. Third, the amount of HOOH degraded in 24h had to be higher than the
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Figure A.8. Potential causes of conflict with the steady-state model. Attempts to fit field
data into the paradigm model described in the text assumed that rates of change in HOOH in
sterile incubations are purely abiotic/photochemical, and rates of change in dark incubations of
raw water are purely a result of microbial HOOH degradation. We saw ample evidence that
larger organisms generated HOOH in our samples. A) In dark incubations, unfiltered samples
had significantly lower HOOH degradation rates than samples passed through a large (2-5 μm)
pore size membrane filter prior to incubation. This is visualized in this chart as points lying
beneath the unity line representing equal rates in filtered and unfiltered samples. B) In light
incubations, rates of HOOH production were often lower in filtered than in unfiltered samples,
although this difference was not significant. C) At DCM08 station 16, we observed evidence of
enzyme-like (pseudo-first order) decay of HOOH in sterile-filtered water from the deep
chlorophyll maximum (DCM, open triangles), whereas this was not observed in sterile water
from the surface (open circles).
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standard deviation of the initial and final samples. Only one sample from all our stations fit
these strict criteria. At DCM08 station 16 in the Eastern Pacific near Socorro Island, water from
the deep chlorophyll maximum at 74 m depth showed clear signs of extracellular HOOH
degradation (Fig. AI8.C). Incubations of raw surface seawater from this station showed strong
degradation kinetics, whereas HOOH in sterile filtered surface water was stable. When deep
water was incubated, HOOH degradation was only moderately affected by filtration.
Degradation in both the raw and sterile deep samples fit a log-linear line well (r2 = 0.94). Of
course, it is impossible to say conclusively that extracellular proteins were involved, since no
proteins were recovered. Further, these results do not suggest that any proteins present were
secreted; they could have been released by lysis. However, this observation does support the
hypothesis that extracellular hydroperoxidases exist, and provides incentive for further
investigation into the possibility that some organisms may actively release HOOH degrading
enzymes into the water column.
VI. Conclusions
Our results for the most part support the established HOOH paradigm. In the majority of
cases where enough data was collected to test the paradigm model, predicted steady states were
within the range of HOOH concentrations observed in the field. However, several samples
deviated significantly from predicted values, and our diel studies suggest that rates of microbial
HOOH removal are as dynamic as the in situ concentrations themselves. Additionally,
biological HOOH production, particularly by larger organisms, and extracellular
hydroperoxidase enzymes potentially confound measurements of rates, and could lead to either
long- or short-term deviations from model predictions.
One conclusion we may draw is simply that not enough is known about HOOH dynamics
in nature. Studies to date have narrowly focused on specific chemical questions about HOOH,
and have made very simplistic assumptions about the nature of the microbial populations
implicated in removing HOOH. Our studies show that degradation displays circadian cycles,
consistent with most microbial processes in the ocean, rather than straightforward pseudo-first
order kinetics like those found in acellular chemical reactions. Much more work is necessary to
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piece together the story of HOOH dynamics, and this effort will require cross-disciplinary
cooperation from physical, chemical, and biological scientists to be successful.
Another conclusion, apropos to this dissertation, is that the dynamics of HOOH in nature
may be such as to lead to at least temporary stress for microbial populations. In Chapter 4 we
concluded that Prochlorococcus could not survive on its own at the ocean’s surface. However,
at some of these stations we observed HOOH in excess of 200 nM, and moreover measured rates
tending toward steady states in the micromolar range. The growth rate of axenic
Prochlorococcus cultures was impaired when exposed to 200 nM HOOH (Chapter 4), suggesting
that at these field sites growth could be inhibited for this important species. Certainly, any
stochastic event leading to local concentrations higher than this will be deleterious for
Prochlorococcus and potentially other similarly “streamlined” organisms. The observation that
dark degradation rates decreased with increasing HOOH during the Station 24 diel (Fig. A.6CD) gives tentative support to the hypothesis that this community was suffering oxidative damage.
While data are not robust enough to incorporate oxidative stress into multifactorial models of
microbial growth in natural waters, our data suggest that it should be considered along with
grazing and viral lysis as an important source of mortality amongst smaller organisms in the
pelagic environment.
The data presented in this chapter show that HOOH concentrations in the field are
variable, and deviations from steady state are common. The prevailing paradigm of HOOH
dynamics is accurate, but incomplete. Further field studies are necessary to understand the
extent and ecological importance of variations in HOOH concentrations in natural ecosystems.
Toward these ends, improved collaboration between biological, chemical, and physical
oceanographers is imperative. Hopefully, this study will provide an incentive for workers in
these fields to pay more attention to HOOH and its importance for the microbial ecology of the
oceans.
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