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ABSTRACT 
 

Urban wildlife carry numerous diseases of veterinary and human health 

importance. Many of these diseases are emerging into new geographic areas, including 

the southeastern United States, due to a combination of climate change, urbanization, and 

migration. Urban wildlife can act as excellent sentinels for these diseases, providing 

doctors and veterinarians with a better understanding of the risks to their patients. We 

sought to better understand a variety of diseases of human and animal concern via urban 

wildlife surveillance. We found a high prevalence of numerous zoonotic and companion 

animal diseases in wildlife, both with and without significant health impacts on the 

wildlife itself.  
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INTRODUCTION: CRITICAL REVIEW OF COYOTE PATHOGENS 

THROUGH A ONE HEALTH LENS  
 

Background 

The coyote (Canis latrans) is a generalist mesocarnivore found throughout North 

America. Though coyotes historically preferred the dry, open deserts and plains of the 

western United States, they have migrated as far south as Panama and across the eastern 

United States in the last several decades [1]. Their success is largely due to their 

adaptability and opportunistic nature, allowing them to take advantage of the 

deforestation and urbanization that opened up new habitats and led to a decline in 

competitors like wolves and mountain lions [2]. Coyotes have colonized rural, suburban, 

and urban areas as densely populated as New York City and Chicago [3,4]. Their 

expansion has not only led to ecological changes in their newly acquired habitats but has 

also increased human and domestic animal interactions with the species [5]. This is 

demonstrated not only from the increased reports of coyote sightings but also from the 

distinct genetics of eastern coyotes, which often contain high levels of domestic dog and 

wolf DNA [6,7]. The hybridization of coyotes with dogs and wolves has impacted both 

physical and behavioral characteristics with the hybridized eastern coyotes growing to 

larger sizes and utilizing a larger home range [8,9]. With thriving populations and a range 

expansion over twice that of any other North American carnivore, coyotes have become 

ubiquitous throughout the eastern United States [1]. 

The impact of coyotes on their new eastern environment is not yet clear. They 

have replaced wolves and mountain lions as the top mammalian predator in many eastern 

states, and therefore fill many of the same ecological roles [2]. Some researchers 

hypothesize increasing predator abundance will decrease rodent activity, thereby leading 

to fewer tick-borne diseases [10,11]. Some suggest coyotes will compete with other 

predators, leading to no effect or even increased rodent density [2,5]. Other researchers 

sharply oppose frameworks that assume coyotes will have a broad impact in either 

direction on the abundance of ticks and tick-borne disease [12]. Currently, the role of 

coyotes’ expansion on diseases of veterinary and human health importance in the eastern 

United States is unclear. Further investigation is vital to understand their impact. 

Sentinel surveillance is a form of data collection that focuses on a specific species 

or subgroup to improve detection rates or the cost-effectiveness of surveillance [13]. 

What characteristics create a good sentinel depends on the purpose of surveillance and 

the disease system involved, and there are no agreed-upon attributes of a sentinel. In 

some cases, like the classic canary in the coal mine, a rapid and obvious response to 

disease is desired. This type of sentinel is important when swift detection of a threat is 

necessary. In other cases, sentinel characteristics are based on the cost-effectiveness of 

surveillance. Ideal sentinel species in these cases are species that are widely distributed, 

easily sampled, and have a high likelihood of exposure to pathogens of interest [13]. 

Coyotes act as cost-effective sentinels for diseases of wildlife, domestic animal, 

and public health importance. Their status as scavengers increases their exposure to a 

variety of diseases via the bioaccumulation effect and consumption of a wide variety of 
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plants and animals [13]. Their close genetic relationship to domestic dogs means that they 

are suitable hosts for most of the diseases that impact dogs and are therefore good 

markers for general risk. Veterinarians can use the prevalence of disease in coyote 

populations to better understand the risk in their area and to educate pet owners. In 

addition, conflict between coyotes and domestic animals occurs frequently in areas where 

the two intersect [14]. Coyotes may use domestic cats and small dogs as food sources, 

and some studies have found free-roaming cat abundance as much as 300 times lower in 

areas with coyotes [15]. Coyote conflict with dogs or humans appears less common than 

in cats, but there are still dozens of reports of conflict every year [6,16].  Therefore, in 

addition to serving as sentinels for diseases of veterinary and human health importance, 

coyotes may also serve as sources of infection for people or pets during times of conflict. 

A thorough understanding of these diseases is vital for doctors and veterinarians to 

properly educate and assess their patients. The remainder of this review seeks to 

condense the primary infectious agents of concern in coyotes.  

Parasites of Coyotes   

Cardiopulmonary parasites of coyotes 

 

Dirofilaria immitis (Heartworm) 

In the United States, heartworm disease is caused by the filarial nematode 

Dirofilaria immitis. Vectored by numerous mosquito species, D. immitis is found most 

frequently in the southeastern United States, though it is present in every state [17].  

Lifecycle: The lifecycle of D. immitis is complex [18]. Canids, both wild and 

domestic, are the definitive host for D. immitis, and may act as both reservoirs and 

sentinels for the disease [19–25]. Canids are infected via the bite of a mosquito, which 

deposits L3 larvae into the bloodstream during feeding. These microfilariae will live in 

the bloodstream as they undergo two more molts into L4 larvae and adults. Adults live in 

the pulmonary arteries and right heart where they reproduce. Females produce 

microfilaria which are found in the peripheral blood. If a mosquito takes a bloodmeal 

from a microfilaria-positive dog, the microfilaria will travel to the mosquito’s midgut 

where they develop from L1 to L3 larvae. The L3 larvae are the infectious stage of the 

disease. Complicating this lifecycle is the presence of Wolbachia, bacterial 

endosymbionts that can elicit their own inflammatory response in dogs in addition to 

supporting the D. immitis they occupy [26].  

Clinical signs: Heartworm disease remains a significant cause of respiratory and 

cardiac disease in domestic dogs and cats, despite the availability of safe and effective 

preventions. Signs can range from asymptomatic, particularly in early infections, to 

sudden death due to thromboembolic events [18]. Chronic cough and exercise intolerance 

are common in affected dogs, and radiographs often show evidence of eosinophilic 

infiltrates and right-sided heart enlargement. Pulmonary venous distension may also 

occur. Histopathology of the lungs may reveal inflammatory infiltrates, intimal 

proliferation, fibrosis, and thrombi [27,28]. 
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Diagnosis: If carcasses are available, presumptive diagnosis is made via 

visualization of adult worms in the pulmonary arteries and right heart. Females are 25-

31cm long with a tapered tail, and males are 12-20cm long with a corkscrew-shaped tail 

[18]. Antemortem, diagnosis can be achieved with a combination of commercially 

available antigen tests and assessment of blood for microfilaria via a Knott’s test [18]. 

The in-house tests assess for the presence of the female worm’s uterine antigen, so false 

negatives may occur in immature (<6 months) or male-only infections. Microfilaria tests 

similarly may give false negatives in the case of single sex infections. False positives 

may occur on Knott’s analysis if the examiner does not assess morphology to distinguish 

D. immitis from other, less pathogenic infections, particularly Acanthocheilonema 

reconditum [29]. PCR of blood can be done to confirm species. 

Dirofilaria immitis in coyotes: The role of coyotes in the parasite’s epidemiology 

is not fully understood, particularly as coyotes’ range expands. However, coyotes are 

considered an important reservoir for D. immitis. Prevalence in coyotes varies depending 

on the state, with infection sometimes exceeding 50% in the south [22,30]. The average  

worm burden in coyotes is variable, with most studies finding less than two dozen adult 

worms in a typical infected coyote, though one study found as many as 176 adult worms 

[31].  

There has been one report of fatal disease in coyotes. A coyote from South 

Carolina was found dead, and autopsy revealed a ruptured aortic aneurysm secondary to 

heartworm infection [32]. Other reports of significant clinical signs due to heartworms 

are rare in coyotes. However, histopathology can show similar lesions to what is found in 

affected dogs including villous intimal proliferation, subintimal fibrosis, alveolar 

epithelialization, thromboembolisms, hemosiderosis, and periarterial inflammation 

[28,31].  

Despite the availability of safe and effective prevention, cases of canine heartworm 

disease have been increasing [33,34]. It is possible that this increase can be attributed to 

improved screening and diagnosis. However, a survey in Chicago from 2001 to 2016 

documented an increasing prevalence of D. immitis in coyotes not impacted by increases 

in testing [35]. The cause of this rise is likely multifactorial, with expansion of 

mosquito’s abundance and range due to climate change and urbanization likely playing a 

primary role [36]. Studies have documented that the presence of even one heartworm-

positive dog is enough to significantly increase the prevalence of D. immitis larvae in 

mosquitos in the area [37]. As coyotes continue to move into urban and suburban areas, 

prevalence of D. immitis in peridomestic mosquitos will likely rise in kind, increasing the 

risk to dogs and cats.  

Understanding trends in prevalence is challenging in domestic dogs due to the 

numerous variables like use of preventative medicines, veterinary care, and which 

diagnostic tests were employed. However, surveillance in coyotes can provide true 

temporal trends and accurate estimates of transmission rates. In addition, prevalence in 

coyotes makes an excellent proxy for the risk to companion animals and can be used by 

veterinarians to encourage their clients to continue using prevention. Further work is 

necessary to understand how and why heartworm infection is increasing in the United 

States. 
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Angiostrongylus vasorum 

Angiostrongylus vasorum, or the French heartworm, is a metastrongylid nematode 

known to infect the cardiopulmonary system of canids [38]. Foxes are the primary 

definitive host, but domestic dogs and coyotes are also susceptible. It is considered one of 

the most pathogenic parasites in dogs. Other mammals can serve as atypical hosts, 

including red pandas (Ailurus fulgens), Eurasian otters (Lutra lutra), and meerkats 

(Suricata suricatta) [39–41]. Native to South America, Africa, and Europe, the parasite 

has recently been introduced to North America and is now endemic in Newfoundland, 

Canada [38]. The range of A. vasorum has expanded in North America in recent years 

with cases reported on Prince Edward Island and Nova Scotia [42,43]. There have been 

two recent reports of the parasite in the United States with a fox from West Virginia in 

2014 and two cases in Tennessee, one in a bear and one in a coyote in 2022 [44, 

unpublished data from Gerhold lab].  

Lifecycle: The life cycle of A. vasorum is complex and relies on gastropods as 

intermediate hosts [45]. Canids become infected when they ingest L3 larvae inside a slug 

or snail. In addition, there is some evidence that frogs may serve as either intermediate or 

paratenic hosts [46,47]. The larvae then penetrate the gut tissue and travel through the 

portal vasculature to the pulmonary arteries and right ventricle. Worms mate and lay eggs 

which lodge in the pulmonary capillaries. Larvae will hatch from the eggs where they are 

coughed up and swallowed before being passed in the feces. The prepatent period in dogs 

is between one and three months, and adult worms can live as long as 5 years [48].  

Clinical signs: Clinical signs in both dogs and coyotes can range from mild to 

fatal. Interstitial and granulomatous pneumonia leading to chronic cough, dyspnea, and 

weight loss are common. Intimal proliferation, similar to D. immitis infection, may 

develop in pulmonary vasculature [38]. In addition, vascular events like pulmonary 

thromboembolism may occur, leading to sudden death. Canids that survive early 

infection will eventually develop right-sided congestive heart failure [49]. Infection can 

also lead to coagulopathies and severe hemorrhage, typically due to disseminated 

intravascular coagulation [50]. Rarely, this uncontrolled hemorrhage may be the primary 

clinical sign without evidence of respiratory distress [51].  

Diagnosis: Diagnosis can be achieved in several ways. Larvae may be shed in the 

feces and identifiable on Baermann tests or fecal floatation. Larvae can be distinguished 

from other metastrongylid parasites by their kinked tail and dorsal spine. Crenosoma 

vulpis, another metastrongylid lungworm of canids, has a smooth-tapered tail with no 

kink, and Oslerus [Filaroides] osleri have a small kink but no dorsal spine [52]. The 

larvae cannot be distinguished the cat lungworm, Aelurostrongylus abstrus, but this 

pathogen has not been documented in coyotes. Radiographic evidence shows alveolar to 

mixed patters in the peripheral lung fields [53]. On histopathology, the lungs typically 

contain solidified masses of plasma cells and macrophages with occasional thrombi and 

granulomas surrounding eggs and larvae [54]. Adult worms can be identified in the right 

heart or pulmonary arteries, although they are small (around 14-20mm by 0.2-0.3mm) 

and easy to miss unless a thorough examination of the heart and pulmonary arteries is 

performed [38].  
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Angiostrongylus vasorum in coyotes: Reports in coyotes are rare but will likely 

become more common as the parasite continues to spread into North America. The first 

published report in a coyote in North America was in 2005 where A. vasorum was found 

in a road killed coyote in Newfoundland [42]. The coyote suffered the typical 

granulomatous pneumonia with intralesional nematode eggs and larvae, and it had adult 

A. vasorum in its pulmonary arteries. In addition, granulomas containing nematode eggs 

and larvae were also found in its brain and kidneys. The second report in coyotes was in 

Nova Scotia, Canada [55]. This study surveyed helminths from the trachea, heart, and 

lungs of 284 coyotes and found four infected (1.4%). Finally, there has been one report of 

A. vasorum in a coyote in Tennessee, United States in 2022 (unpublished data from 

Gerhold lab). This coyote was trapped as part of a predator control program by the state 

wildlife agency and submitted for autopsy, where the lungs were firm and mottled with 

numerous Paragonimus spp. cysts within the lung lobes. Histopathology also revealed 

granulomatous and eosinophilic pneumonia with intralesional metastrongylid eggs and 

larvae that were identified as A. vasorum via PCR. The rapid expansion of A. vasorum 

from its initial introduction to Newfoundland until present means further expansion is 

likely. Coyotes can serve as sentinels for the spread of this often-lethal canid parasite, and 

surveillance is vital to help prepare veterinarians for the likely spread of this pathogen.  

 

Paragonimus kellicoti 

Paragonimus is a genus of trematode parasites that infects the lungs of a wide 

variety of mammal species including humans [56]. In the United States, P. kellicotti is the 

only species known to occur. Adults reside within cysts in the pulmonary parenchyma of 

definitive hosts, typically in pairs. Mink (Mustela vision) are considered the primary 

definitive host, but many other mammals including domestic and wild cats, domestic and 

wild canids, raccoons (Procyon lotor), skunks (Mephitis mephitis), mustelids, and 

humans can maintain patent infections [56].  

Lifecycle: Large, operculated eggs are shed in the feces of definitive hosts, and 

miracidium slowly develop inside the eggs over the course of several days to weeks. If 

rain or flooding washes the feces into water, the miracidium can fully develop and hatch, 

where they infect freshwater snails. Inside the snail, they develop into cercaria, which 

leave the snail and penetrate their second intermediate host, crayfish. The cercaria 

develop into the infectious metacercaria stage within crayfish. If a susceptible definitive 

host consumes an infected crayfish, the metacercaria will penetrate the intestine and 

diaphragm, enter the lungs, and slowly mature into adult flukes over the course of one 

month [56].  

Clinical signs: Clinical disease can range from asymptomatic to severe. In dogs 

and cats, coughing is the most common sign, though wheezing, hemoptysis, anorexia, 

vomiting, and sudden death have been reported [56–59]. The cough is typically chronic 

and has been reported to last for up to a year. Acute respiratory distress can also occur 

and is usually associated with pneumothorax [60].  
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Diagnosis: Definitive diagnosis is made by visualization of the distinctive eggs in 

the feces. Eggs are large and operculated, ranging from 80-100 µm long and 50-60µm 

wide [56]. In addition, radiographic findings are often distinct, with multiple 

multiloculated, thin-walled cysts ranging from 2-5cm in diameter that are often referred 

to as “links of chain” [60]. The nodules may appear solid rather than cystic early in the 

course of infection. Gross examination of the lungs will reveal firm, distinct cysts, and 

the flukes are easily visualized within the cut section of the cysts.  

Paragonimus in coyotes: Reports in coyotes are rare compared to mink, which 

frequently have infection rates of greater than 20% [61,62]. There have been four reports 

in coyotes: one autopsy survey in Ontario that found a 3.2% prevalence (1/31), an 

autopsy survey in Illinois that found a 2.3% prevalence (8/347), a fecal floatation survey 

in Alberta that found a 0.43% prevalence (2/460), and a fecal flotation survey in Florida 

that reported a 6.7% prevalence (6/90) [63–66]. It is unclear whether the lower 

prevalence in coyotes is due to lower susceptibility, differences in diet between coyotes 

and smaller mesocarnivores, or a lack of surveillance in coyotes. Further evaluation of 

coyotes, particularly in areas near water or prone to flooding, may help elucidate this 

discrepancy.  

 

Other Lungworms 

In addition to A. vasorum and P. kellicotti, coyotes are susceptible to many other 

lungworms including Capillaria spp, Crenosoma vulpis, and Filaroides [Oslerus] osleri 

[64,67,68]. The latter nematode is easily diagnosed via visualization of small worms 

within nodules in the trachea or bronchi. Capillaria species have easily identifiable eggs 

with asymmetric bipolar plugs that can be found on fecal float, while C. vulpis shed L1 

larvae in the feces. Crenosoma vulpis is also known as the fox lungworm. Unlike A. 

vasorum, C. vulpis is found in the bronchioles and bronchi rather than the heart and 

pulmonary arteries [69]. Most infections in coyotes are asymptomatic and discovered 

incidentally on fecal floatation or autopsy [64,67]. However, like most parasites, at high 

levels of infection or in immune-compromised animals, infection can lead to severe and 

life-threatening pneumonia.  

 

Hemoparasites 

Hepatozoon 

Hepatozoon is a genus of apicomplexan parasite that can cause musculoskeletal 

disease in a variety of mammals. In canids, the two species of concern are H. canis and 

H. americanum.  

Lifecycle: The lifecycle of this parasite is unique, with the tick vector serving as 

the definitive host and the canid as the intermediate host. Canids become infected after 

ingestion of sporulated oocysts in the tick, Rhipicephalus sanguineus in the case of H. 

canis and Ambylomma maculatum in the case of H. americanum [70]. Alternate pathways 
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of infection including vertical transmission of H. canis and ingestion of H. americanum 

cystozoites via predation of small mammals are suspected to play an important role in 

transmission as well [71,72]. After ingestion, the sporozoites enter host tissues and 

undergo merogony. Merozoites are released from meronts in the host and enter 

leukocytes where they transform into gamonts. If a susceptible tick feeds on the infected 

canid, gametogenesis and sporogony will occur within the tick [70].  

Geographic distribution differs between the two species. Hepatozoon canis has 

been documented worldwide, likely because of the wide range of its vector, the brown 

dog tick (R. sanguineus). It was not documented in the United States until 2008, and has 

only been reported sporadically since then [73,74]. Hepatozoon americanum is more 

common in the United States, though geographically restricted to the range of the Gulf 

Coast tick (A. maculatum), which historically was found in a limited area surrounding the 

Gulf Coast. First discovered in 1978 in coyotes in Texas, H. americanum has since been 

reported in fourteen states: Alabama, California, Georgia, Kentucky, Mississippi, 

Nebraska, North Carolina, Oklahoma, Texas, Vermont, Virginia, and Washington [74–

76]. The Gulf Coast tick has expanded in recent years and has now been documented in 

states as north as Delaware and Illinois [77,78]. The range of H. americanum will likely 

follow its vector, making it an emerging threat in many states.   

Clinical Signs: The two species of Hepatozoon in canids differ in numerous ways 

including definitive host, tissue tropisms, clinical signs, histologic appearance, genetic 

sequences, and geographic distribution. Hepatozoon canis is often asymptomatic but can 

lead to fever, malaise, and anemia, particularly in cases of immunosuppression or co-

infection with other blood pathogens [70,79,80].  Hepatozoon americanum leads to more 

severe disease, causing myalgia, muscle wasting, fever, and often death in affected dogs 

[81]. It can cause a distinctive periosteal proliferation, particularly around the long bones, 

which can help increase the clinical suspicion if seen on radiographs [81].  

Diagnosis: Diagnosis can be achieved via visualization of gamonts in leukocytes, 

PCR of blood or tissue, or histology. Parasitemia is different between the two species, 

with up to 100% of neutrophils containing gamonts in H. canis infections, while as few 

as 0.1% of neutrophils contain gamonts in H. americanum infections [82].  Due to H. 

americanum’s low parasitemia in the blood, histology is considered the gold standard for 

diagnosis. For H. canis infections, merogony usually occurs within the spleen or bone 

marrow and most often appears as a “wheel-spoked” configuration in the tissue which 

consists of twenty or more zoites formed in a circle [83]. Hepatozoon americanum, 

however, prefers the heart and skeletal muscle for merogony and forms an “onion 

skinned” configuration with concentric strata of mucopolysaccharide-rich material 

surrounding the parasitized cells. PCR can also screen blood or tissue for infection. 

Studies in wildlife have shown that PCR is able to diagnose the majority of infections, 

and some PCR-positive animals may have no cysts on histology [76]. The combination of 

both PCR testing and histology has the greatest sensitivity for diagnosing infection.   

Hepatozoon spp. in coyotes: Coyotes appear to play a significant role in the 

maintenance of H. americanum in the United States. Studies in the south-central United 
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States have found PCR prevalences greater than 75% in apparently asymptomatic coyotes 

[76,84,85]. To date, no studies outside of the southern-central U.S. have been conducted, 

so prevalence in coyotes in the eastern United States is unknown. Mild myocarditis and 

myositis have been reported in infected coyotes, and experimental infections 

demonstrated that coyotes can experience the osteoproliferation common in domestic 

dogs, but no studies have reported adverse clinical signs or fatalities in free-ranging 

coyotes [85,86]. One experimental infection found that periosteal lesions and muscle 

granulomas were more common in juvenile coyotes than adult coyotes infected with the 

parasite, though the average number of muscle cysts did not differ between ages [86].  

Molecular studies have found numerous sequences of the 18S rRNA gene in 

individual animals, which may represent paralogues or mixed infections [84]. In addition, 

some studies have demonstrated mixed infections with both H. americanum and H. canis 

species [76,87]. Phylogenetic analysis shows that there are intermediary sequences that 

are more closely related to H. americanum than H. canis but do not resolve into the H. 

americanum clade [76]. Differences in virulence or muscle lesions between these strains 

have not yet been established.  

Hepatozoon is still a rare diagnosis in domestic dogs in the United States, but it is 

unclear whether that is because the disease is truly rare or because veterinarians are 

unfamiliar with the parasite, clinical signs can be vague, and diagnosis is challenging. 

The true prevalence and geographic spread of this parasite is still unclear, and further 

surveillance in wild canids, particularly in the eastern U.S. and areas where the Gulf 

Coast tick is newly endemic, is vital. Rural dogs with poor access to veterinary care are 

more likely to be infected than city or suburban dogs. Therefore, case reports are likely 

an underestimate of the true prevalence of this pathogen in the dog population. Since 

coyotes are infected at higher rates than domestic dogs, they can serve as markers for 

disease spread and relative risk.  

 

Trypanosoma cruzi 

 Trypanosoma cruzi, the protozoan agent of Chagas disease, is a zoonotic 

pathogen that can affect both humans and domestic animals. This parasite is spread via 

triatomine vectors and historically has been found in the tropical climates of Central and 

South America. However, endemic cases have been reported in domestic dogs and 

humans in the southern United States [88,89]. Trypanosoma cruzi has been divided into 

seven discrete typing units (DTU I-VI and TcBat), which vary in their geographic range 

and host susceptibility [90]. 

Lifecycle: Transmission can occur via numerous routes. Classically, the parasite 

is spread when trypomastigotes from the vector’s feces enter the bite wound of a 

susceptible host. This route is often referred to as stercorarian transmission [91]. 

However, other methods including contamination of food sources with triatomine feces, 

congenital, and blood or organ donation are possible. In animals, oral ingestion of the 

triatomine bugs themselves may play an important role [92]. Once inside the host, 

trypomastigotes travel through the bloodstream to a variety of organs, particularly the 
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heart and gastrointestinal tract, and transform into amastigotes. These amastigotes will 

undergo asexual replication within the tissue, and eventually transform back into 

trypomastigotes and enter the bloodstream, where they can be ingested by a feeding 

triatomine bug [93].  

Clinical signs: There are three phases of infection: acute, latent, and chronic. In 

the acute phase, signs of inflammation including malaise, lymph node enlargement, 

decreased capillary refill time, and hepatosplenomegaly may occur [94]. Acute 

cardiomyopathy may also occur during this phase. Symptoms typically begin about two 

weeks post infection and last up to a month. The majority of both canines and humans are 

asymptomatic or mildly symptomatic during this phase [91,94]. Latent infection may last 

for months in canids or decades in humans. In humans, about 10-30% of cases will 

eventually progress heart failure or gastrointestinal dysfunction [95]. The likelihood of 

progression to chronic disease is not known in dogs, but a small percentage will 

eventually develop dilated cardiomyopathy and chronic myocarditis between 8 months 

and 1.5 years after exposure [94]. Arrythmias and heart failure can lead to exercise 

intolerance, ascites, hepatomegaly, or sudden death. To date, there have been no reports 

of clinical illness in coyotes.   

Diagnosis: Diagnosis can be done via serology, histopathology, or molecular 

detection. Though there is no laboratory validated test in wildlife, both IFA and 

commercially available immunochromatographic tests (ICT) have been used in dogs and 

coyotes for antibody detection [88,96]. PCR is the preferred method for detection of 

active infection. It can be performed on blood, although testing of heart tissue is more 

sensitive once the acute phase of infection has passed. There are numerous ways to assess 

DTU, with multiplex PCR assays and sequencing of certain informative areas of the 

genome the most common [97,98].  Recent work in raccoons demonstrated that 

coinfection with numerous different DTUs is common, and therefore deep sequencing 

may be required to fully assess infection [99].  

Trypanosoma cruzi in coyotes: Though this disease is rare in humans in the 

United States, it is frequently found in wildlife. Raccoons and opossums have the highest 

prevalence, with over 50% positive via serology or PCR in southern states like Texas and 

Louisiana [100,101]. Numerous other wild mammals in the United States have been 

shown to harbor infection including striped skunks (Mephitis mephitis), nine-banded 

armadillos (Dasypus novemcinctus), wood rats (Neotoma spp.), red and gray foxes 

(Urocyon cinereoargenteus and Vulpes vulpes), bobcats (Lynx rufus), and feral swine 

(Sus scrofa) [102]. 

Coyotes can carry this parasite as well, though at lower rates than raccoons. 

Unsurprisingly, southern states have a higher prevalence, with Texas having almost 

double the seroprevalence (12.8-14.3%) of the most northern state assessed, Virginia 

(3.8%) [103,104]. Infection is associated with few clinical signs in coyotes, although 

studies differ in whether lymphoplasmacytic myocarditis is more likely in infected 

coyotes [97,100]. Coyotes usually carry a different strain than raccoons. Raccoons carry 

DTU IV almost exclusively, while coyotes typically carry DTU I [97].  This matters 

because the majority of autochthonous human cases in the United States that have been 

typed were DTU I [105]. Therefore, although raccoons are one of the most important 
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reservoirs in the sylvatic lifecycle of the parasite, coyotes and other mammals that 

typically carry DTU I like Virginia opossums provide more information on the risk for 

human infection. Though raccoons have the highest prevalence, if they rarely carry the 

genotype associated with most human infections, they may play little role in the disease’s 

emergence. However, species like coyotes that carry genotypes more commonly 

associated with human infection may be better indicators of human risk, even though 

their relative prevalence is lower. Further work to assess the DTU and geographic 

distribution of infection in coyotes is important to fill in these knowledge gaps, 

particularly since research outside of Texas and Oklahoma is lacking.  

 

Babesia   

 Babesia is a genus of apicomplexan parasites that live in erythrocytes. Before 

molecular tests were widely available, Babesia was classified based on its size into large 

(2.5-5m) Babesia species (referred to as Babesia canis in dogs) and small (<2.5m) 

Babesia species (referred to as Babesia gibsoni in dogs). With the improvement of 

molecular tests, it has become clear that there are at least five species that infect canids in 

the United States: three small Babesia species consisting of B. conradae, B. gibsoni, B. 

vulpes, and two large Babesia species consisting of B. vogeli and Babesia sp. “Coco” 

[106]. Babesia vulpes has historically also been referred to as B. microti-like, Theileria 

annae, and B. gibsoni, and B. vogeli was historically considered B. canis and is 

sometimes still referred to as B. canis vogeli [106]. Although other species of Babesia 

can infect humans, none of the canid pathogens are known to be zoonotic. However, they 

are important pathogens in domestic dogs and wildlife that can cause severe clinical signs 

and even death. 

Lifecycle: Babesia spp. are vectored by ticks, although the tick vector is not 

known in all cases. Rhipicephalus sanguineus vectors B. vogeli, and Haemaphysalis 

longicornis vectors B. gibsoni. The tick vector for B. vulpes, B. conradae, and Babesia 

sp. “Coco” are not known in the United States, though Amblyomma americanum is the 

suspected host for the latter [107].  After a canid is bitten by an infected tick definitive 

host, the Babesia organisms travel to the capillaries, infect red blood cells, and undergo 

asexual reproduction via binary fission [106]. Eventually the piroplasms rupture out of 

the erythrocytes, at which point a tick that ingests the infected blood can become 

infected. 

In addition to ticks, Babesia can also be spread through blood transfusion, dog 

fighting, and vertically via the placenta. Dog fighting is an important route of 

transmission for B. gibsoni, which was maintained via dog fighting rings in the United 

States even before the introduction of a competent tick vector [108]. Bite wounds may 

also be an important transmission method for B. conradae, which has been found 

primarily in coyote-hunting dogs and coyotes in the western United States [109,110].  

Clinical signs: Clinical signs vary from asymptomatic to lethal. Some species of 

Babesia only cause signs in immunocompromised dogs. For example, all known cases of 
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clinical Babesia sp. “Coco” have occurred in dogs lacking a spleen or undergoing 

chemotherapy [107]. Typical changes include splenomegaly, enlarged lymph nodes, 

anorexia, and lethargy. There may be evidence of icterus and hemoglobinuria as well 

[107]. Bloodwork may be normal or show evidence of azotemia and thrombocytopenia 

with or without intravascular hemolytic anemia. Severe cases may present in shock or 

even acute death [106]. 

Diagnosis: Diagnosis can be achieved via blood smear evaluation, PCR, or 

serology. Historically, discovering piroplasms in erythrocytes was the primary method of 

diagnosis. However, this method has several drawbacks including low levels of visible 

piroplasms in the smear and the potential misdiagnosis of cytologic artifact as 

piroplasms. PCR, which is both sensitive and specific, has become the predominant 

method in recent years. Serology, typically IFA,  is available for common Babesia 

species, though it is rarely relevant in acute disease due antibody lag time [106].  

Babesia spp. in coyotes: Only two of the five pathogens that affect canids in 

North America (B. conradae and B. vogeli) have been documented in naturally infected 

coyotes, though coyotes have been shown to be susceptible to B. gibsoni in experimental 

infections [110–112]. Despite their close relationship with domestic dogs, which can be 

infected with all five species, there is no evidence of B. vulpes or Babesia sp. “Coco” in 

coyotes. However, these pathogens are rare in domestic canids, and few surveys have 

been done in coyotes outside of California. Therefore, the true prevalence and diversity 

of Babesia in coyotes is unclear. Thus far, no clinical signs have been reported in 

coyotes, despite the severe symptoms that B. conradae can cause in domestic dogs. 

Surveys in United States, particularly outside of California, are vital to better understand 

the disease ecology of these parasites.  

Gastrointestinal parasites 

 

Echinococcus 

 Echinococcus is a zoonotic genus of cestode parasites that occurs globally. Canids 

are the primary definitive hosts, and intermediate hosts can range from small rodents to 

cervids. The parasite causes at least 19,000 deaths and 871,000 disability adjusted life 

years annually according to the WHO [113]. In addition, carcass condemnation and 

impaired growth in infected livestock costs an estimated $2 billion every year [114]. In 

humans, the fatality rate can reach up to 70% if left untreated [115]. There are two main 

species of concern: E. granulosus, the cause of cystic echinococcosis, and E. 

multilocularis, the cause of alveolar echinococcosis.  

Historically, this disease has been restricted to the mid-northern states and 

occasional outbreaks in sheep farmers in the western U.S. However, there is evidence that 

the disease is expanding to new states and territories [116–118]. Little is known about the 

extent of this geographic expansion, or the potential impact it may have on wildlife, 

domestic animals, and humans. In recent years, there has been an increase in 

Echinococcus cases in endemic areas like Switzerland, which has seen a doubling of its 
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annual cases, as well as an expansion into new territories [119]. Veterinarians in Canada 

diagnosed a case of alveolar echinococcus in a canine patient in British Columbia, a 

province not known to have Echinococcus in 2009 [118]. Molecular diagnostics revealed 

that the dog was infected with the European strain, suggesting the disease was imported. 

Since then, at least three other dogs have died from the parasite in British Columbia. 

Human cases historically follow animal cases, and Canada was no exception. In the fifty 

years between 1950 and 2000, there were only three locally acquired human cases, but at 

least six locally acquired human cases were reported between 2016 and 2019 [117,120]. 

The case rate in Canada is now on-par with that of endemic countries in Europe. 

The United States has similarly seen an expansion of the range of the parasite. Elk 

were transported from Alberta to the Cumberland Wildlife Management Area as part of a 

reintroduction program in Tennessee from 2000-2008. A retrospective study examining 

banked histology slides found four elk PCR positive for Echinococcus canadensis, a 

subtype of E. granulosus [116]. One of the elk was believed to have been born in the 

park, suggesting a sylvatic life cycle has been established. In addition, a Virginia dog that 

was born in Mississippi but had no other travel history was diagnosed with alveolar 

echinococcus in 2018 [121].  

Life cycle: Canids shed the thick-walled eggs of Echinococcus in their feces, 

which are immediately infectious upon ingestion. A wide variety of mammals, including 

humans and canids, can serve as intermediate or dead-end hosts. Once a susceptible host 

ingests the eggs, oncosphere larvae from the egg will penetrate the intestinal wall and 

travel to a variety of organs, primarily the liver and lung [122]. From there, they will 

develop into metacestode larvae, either in hydatid cysts in the case of E. granulosus or 

alveolar cysts in the case of E. multilocularis. These cysts can grow and develop over the 

course of months to years. If a canid predates the infected animal and ingests the cysts, 

the larvae will develop into adults within the small intestine, mate, and produce eggs.  

Clinical signs: Clinical signs vary by species. In E. granulosus, the cysts act as 

space occupying masses but do not directly efface the organs they occupy. Therefore, 

clinical signs are related to the pressure of the enlarged organs pressing on surrounding 

tissues. In addition, anaphylactic shock can result when cysts rupture [122]. Alveolar 

Echinococcus (E. multilocularis) on the other hand, acts almost like a cancer, directly 

invading and destroying surrounding tissues. It also can spread to distant organs 

including the brain, and clinical signs will depend on the location of the cysts. In 

definitive hosts, clinical signs are rare, though mild vomiting or diarrhea can occur. 

Rarely, dogs can act as both definitive and intermediate hosts. In those cases, they may 

have severe vomiting and weight loss, or may even present with sudden death [118,121].  

Diagnosis: Currently, diagnosis of the disease in intermediate hosts requires 

either autopsy or ultrasound with aspiration of cystic material. Diagnosing definitive 

hosts can also be a challenge, since the eggs of Echinococcus sp. are identical in 

appearance to Taenia eggs, a much more common cestode in the United States. PCR of 

feces, or fecal floatation followed by PCR, is one of the most common methods of 

diagnosis. However, the proglottids of cestodes must break down for eggs to be shed in 

feces, making the fecal float technique a poorly sensitive diagnostic. Autopsy with 

sieving of the intestinal contents and examination under a microscope is the gold standard 
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for diagnosis in definitive hosts. A sensitive and specific serologic test is a much-needed 

diagnostic tool to better assess the spread of this parasite.  

Echinococcus in coyotes: Coyotes are definitive hosts for this parasite and are 

important sentinels for the geographic spread of Echinococcus. Echinococcus granulosus 

has been present in the wolf, coyote, and ungulate population for decades, particularly in 

the western and southwestern states [123–126]. Wolves are the primary definitive host in 

the sylvatic lifecycle of E. granulosus, particularly in the case of the northern biotype, E. 

canadensis, while coyotes are competent but less frequently infected [124]. Likewise, 

foxes were traditionally believed to be the primary definitive host of E. multilocularis, 

but high levels in coyotes have been documented in several Canadian provinces and in 

several northern US states, suggesting they may play a more important role than 

previously realized [123,126]. 

 In the last several years, infections in people, pets, and wildlife have been found 

in states not known to harbor the parasite. Echinococcus multilocularis, for example, was 

believed to be endemic only to the northern tundra zone of Alaska and Canada for 

decades [123]. By the mid to late 1900s, E. multilocularis had been reported in six 

northern U.S. states: Montana, North and South Dakota, Iowa, Minnesota, and Alaska 

[127]. By the end of the twentieth century, E. multilocularis had been reported in nine US 

states, still primarily in the north with the exception of Nebraska [127]. Recently, 

researchers documented the European strain in coyotes in New York at a prevalence of 

7%, increasing concerns of the spread of this variant [128]. To date, the species has been 

found in at least 13 US states, and that number is likely an underestimate due to the 

scarcity of research in wildlife [129]. With the recent emergence of the European strain 

of E. multilocularis causing deaths in both people and dogs, further work evaluating the 

spread as well as the genotype of this pathogen in coyotes and foxes is vital [117,121].  

 Cystic Echinococcus has historically been more widespread in the United States, 

with sylvatic and domestic cycles present in the western, midwestern, and Mississippi 

Valley states for decades [127]. Though coyotes are not the primary definitive host in 

states where wolves are present, recent emergence of the E. canadensis strain of E. 

granulosus into Tennessee, a state without wolves, proves that coyotes can maintain a 

sylvatic lifecycle in the absence of wolves [116]. Further work assessing E. canadensis in 

coyotes, particularly in states without wolves, can help elucidate the spread of this 

pathogen.  

 

Other gastrointestinal parasites 

Coyotes can carry virtually all intestinal parasites of domestic dogs including 

hookworms (primarily Ancylostoma and Uncinaria spp.), roundworms (Toxocara canis, 

Toxascaris leonina, and Baylisascaris procyonis), tapeworms (Taenia spp., Dipylidium 

spp., Spirometra spp., and Diphyllobothrium spp.), trematodes (Alaria spp., Nanophyetus 

salmincola, and Eurytrema procyonis), whipworms (Trichuris vulpis), the stomach worm 

(Physaloptera spp.), and protozoan parasites like Cystisospora spp., Sarcocystis spp., and 

Neospora caninum. Several surveys of intestinal parasites via either intestinal content 

examination or fecal floatation have been done in coyotes, with most finding parasites in 
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>80% of samples assessed [130–133]. The relative abundance of each species is 

dependent on the state and local geography.  

 Intestinal parasitism is generally asymptomatic in coyotes. However, Ancylostoma 

caninum, which can cause lethal anemia in pups, has been proposed as a potential 

population regulator in coyotes [134]. One study assessing the relative prevalence of 

parasites before and after a two-year period of coyote removal  found that several parasite 

species including A. caninum were significantly lower after removal [135]. In addition, 

coyote populations are resilient to most lethal management techniques, likely due to a 

combination of compensatory breeding and immigration [136]. Therefore, lethal 

management strategies may have the opposite of the intended effect. Further studies 

assessing changes in parasite prevalence in response to management techniques are 

important to better guide local wildlife officials.  

 

Miscellaneous parasites 

 

Toxoplasma gondii 

 Toxoplasma gondii is a common zoonotic pathogen and is considered one of the 

most successful human parasites in the world [137]. Infecting an estimated 30% of the 

population, T. gondii has established itself in both humans and wildlife across the globe 

[138].  

Life cycle: The lifecycle of T. gondii is complex, with numerous different stages 

including the oocyst, sporozoite, tachyzoite, and bradyzoite. Felids are the only definitive 

host for T. gondii, while virtually all warm-blooded animals can serve as intermediate 

hosts [139]. An infected cat will shed oocysts in its feces, which will sporulate and 

become infectious within one to two days [140]. Intermediate hosts can become infected 

by eating these sporozoites (or food contaminated with them) as well as by consuming 

tissue cysts (bradyzoites) present in other intermediate hosts [141].  Tachyzoites, or the 

fast-replicating phase of the parasite, are also infectious, with transmission occurring 

transplacentally or via transfusion or organ donation [142]. Once inside an intermediate 

host, the sporozoites or bradyzoites will transform into tachyzoites, which penetrate the 

host cell and undergo rapid division. Eventually, the tachyzoites rupture out of the host 

cell and can infect other cells or can develop into the chronic stage of the parasite: 

bradyzoites. Bradyzoites form tissue cysts within numerous different organs in the host, 

which can reactivate into tachyzoites if the host immune system is suppressed or if they 

are consumed by a different host.  

Clinical signs: Clinical signs vary significantly depending on species, immune 

status, and life stage of the host. Cats acting as definitive hosts rarely have any clinical 

signs, though mild diarrhea is possible. Intermediate hosts, which can include cats, also 

frequently remain asymptomatic or experience only mild flu-like signs at the beginning 

of infection but minimal long-term consequences from the parasite. However, if the host 

is immune compromised or a highly susceptible species, infection can be fatal. 
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Tachyzoites are the phase responsible for clinical symptoms, and the duration and 

severity of illness depends on the hosts ability to suppress tachyzoite replication. There is 

no definitive tissue tropism for T. gondii, with the parasite able to cause a wide variety of 

symptoms including chorioretinitis, encephalitis, pneumonia, myocarditis, and hepatitis 

[143]. Abortion or fetal abnormalities are a common sequelae of infection while 

pregnant, though this is most common in humans and livestock [139].  

Diagnosis: Since T. gondii is a lifelong infection, seropositivity is also a sign of 

active infection. Therefore, serology is the most used diagnostic method, particularly for 

wildlife surveys. The modified agglutination test (MAT) is considered the gold standard 

for serology, with titers 1:25 considered positive in mammals. PCR of brain or heart 

tissue can also be performed, though false negatives are likely except in cases of 

disseminated T. gondii, since cysts are often sporadically located. Visualization of 

tachyzoites or bradyzoites in the organs, particularly the brain or heart, can increase the 

index of suspicion.  

Toxoplasma gondii in coyotes: Seroprevalence of T. gondii in coyotes varies 

depending on the state sampled, with typical seroprevalence between 30-60%  . 

Prevalence may be higher in the southern United States, with seroprevalence exceeding 

90% in certain states [30]. Coyotes’ omnivorous diets make them excellent sentinels for 

this pathogen since their exposure rate to both bradyzoites and sporocysts is high. Their 

seroprevalence is higher than other common wildlife species like white tailed deer, feral 

hogs, and raccoons [147]. However, they are more resistant to clinical disease with T. 

gondii than other carnivores, particularly mustelids and foxes [148]. Clinical symptoms 

are rare in coyotes, with most seropositive coyotes appearing clinically normal [30,145]. 

In fact, a review of T. gondii in wild canids in 2021 found no report of clinical T. gondii 

in coyotes within the last six decades [149]. Though other carnivores often experience 

clinical T. gondii alongside immune-suppression, particularly infection with canine 

distemper virus (CDV), there have been no reports of this phenomenon in coyotes. Their 

high seroprevalence in comparison to other animals makes them excellent sentinels, 

particularly in areas where prevalence is low, though the pathogen does not likely play a 

significant role in their population health. 

 

Trichinella  

Trichinella is a genus of zoonotic nematode parasites that live in muscle cysts in 

their host. Though human infections have historically been associated with undercooked 

pork, cases related to wildlife, particularly from consumption of bear or walrus meat, do 

occur [150,151]. There are at least ten different genotypes of Trichinella, with some 

genotypes still debated [152]. Trichinella spiralis is the most common species associated 

with human infections and is typically found in pigs. In the United States and Canada, 

there are six documented genotypes: T. spiralis, T. pseudospiralis, T. murrelli, T. nativa, 

T. chanchalensis, and Trichinella T6 [153]. Though zoonotic infection from pigs 

declined rapidly after the United States implemented control mechanisms for T. spiralis, 
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cases of Trichinella from game meat have increased in recent years, leading some to 

consider it a reemerging pathogen [153]. Most research in North America took place in 

Canada or over three decades ago, meaning updated prevalence and genotypic 

information is needed. 

Lifecycle: Trichinella has both a sylvatic and domestic lifecycle, with T. spiralis 

maintained primarily in domestic pigs and all other species of Trichinella maintained by 

wildlife. Scavenging is responsible for the majority of transmission in the sylvatic life 

cycle, with some studies finding viable Trichinella larvae in decayed meat for over four 

months [154]. When a susceptible host ingests meat containing viable Trichinella, the 

larvae are released during digestion and burrow into the lamina propria of the intestine. 

They will molt four times to reach sexual maturity, at which point they will mate. This 

process can take as little as 30 hours to complete [152]. Larvae migrate through the 

circulatory system to striated muscle, often in the tongue, diaphragm, or intercostal 

muscles. The larvae are able to manipulate the muscle cell to form a protective capsule 

referred to as a nurse cell [152]. After about two weeks, the larvae become infective, and 

the cycle can continue with predation or scavenging.  

Clinical signs: In humans, symptoms can range from mild to life-threatening. 

During the enteral phase of infection, which occurs from weeks 2-6 post ingestion, 

symptoms can include myalgia, periorbital edema, fever, conjunctivitis, headache, and 

skin rash. In more severe cases, high fever and severe eosinophilia often develop, and 

neurologic manifestations including vertigo, reflex abnormalities, meningitis, and 

behavioral changes can develop [155]. Experimental infections in dogs have shown 

gastrointestinal disturbances and eosinophilia are common, while hypercalcemia occurs 

only with severe infection [156].  

Diagnosis: In wildlife, diagnosis is typically achieved by recovering larvae after 

digestion of muscle in an acidic solution [157]. Larva can also be visualized within the 

muscle itself by pressing a thin piece of muscle between two slides. In addition, the 

larvae are identifiable via the characteristic nurse cell they occupy on histology. 

Numerous PCR primers, both traditional and quantitative, are available for molecular 

diagnosis as well. Genotyping is typically achieved with a multiplex PCR protocol, 

though next generation sequencing is becoming more common [158]. 

Trichinella in coyotes: Few surveys have been performed in coyotes, likely since 

they are not a game species, and therefore have low zoonotic risk. However, coyotes 

consume a wide range of game species in their diet, and therefore can serve as sentinels 

for the prevalence of the parasite in the local ecosystem.  Of the surveys that have been 

done, prevalence typically ranges between 4% and 11%, with one study in Wisconsin 

finding a 26% (11/42) prevalence via digestion of tongue [150,159,160]. Older studies 

refer to the species in coyotes as T. spiralis, but reports that utilized multiplex PCR or 

sequencing have found that T. murrelli is the most common sylvatic genotype in the 

United States and in coyotes [159,161,162]. To date, Trichinella has primarily been 

found in coyotes in the southwest and midwestern United States, with few surveys in the 
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eastern parts of the country. The last study assessing for Trichinella in the southeast was 

a 1987 survey of 267 coyotes in Tennessee, which did not find evidence of Trichinella 

in any of the diaphragms examined [163]. However, coyotes’ range and abundance have 

expanded significantly since then, and further work in the eastern United States are 

needed. 

 

Viruses of Coyotes 

Rabies Virus 

Rabies virus is a bullet-shaped lyssavirus that causes encephalomyelitis in 

mammals globally [164]. Its fatality rate is nearly 100% after the onset of clinical signs, 

making it one of the deadliest infectious diseases in the world [165]. However, the advent 

of post-exposure prophylaxis and the rabies vaccine for domestic animals has dropped 

annual cases significantly [164]. An estimated 55,000 people die from rabies every year, 

with most cases in Asia and Africa [166]. In the United States, only 125 human rabies 

cases have been reported in the last 70 years [167]. Foxes, skunks, and bats are the 

primary reservoirs in the United States, though all mammalian species can harbor the 

pathogen. In the United States, more than 4,000 cases of animal rabies are reported each 

year, with about 90% in wildlife and 10% in domestic animals [168].  

Lifecycle: Rabies virus is spread through the saliva of affected hosts, almost 

exclusively via biting. If an infected animal bites a susceptible host, the virus travels from 

the saliva, into the bite wound, and eventually makes its way to the neurons. From there, 

it will slowly travel (about 12-14mm/day) from the peripheral nerves to the spinal ganglia 

[169]. Once at the spinal cord, the virus can travel faster, as much as 400mm/day, until it 

reaches the brain and the salivary glands [169]. Once in the brain and salivary glands, the 

pathogen can be spread via biting, corneal transplant, or salivary contamination onto a 

wound [170].  

Clinical signs: After inoculation, hosts can remain asymptomatic for weeks or 

months while the virus travels to the spinal cord [167]. The length of this asymptomatic 

phase is directly correlated with the distance of the inoculation site from the spinal cord. 

A bite on a far extremity will have a longer incubation period than a bite to the face. 

Once at the spinal ganglion, patients may experience paresthesia or malaise [166]. When 

the virus reaches the brain, the disease can have two primary syndromes: furious (aka, 

classical) or numb (aka, dumb). In the furious form the host develops hydrophobia, 

excitation, spasms, and aggression, while patients experiencing the numb form have 

flaccid paralysis [171]. Death occurs within ten days of clinical sign onset. 

Diagnosis: In wildlife surveillance studies, diagnosis is typically achieved via the 

direct fluorescent antibody test (DFAT). The ideal sample is brainstem and cerebellum at 

the level of the pons, medulla, and midbrain [172]. The DFAT has a sensitivity between 

95-100%. Confirmatory techniques are still recommended for clinical cases. This can be 

done via viral isolation in cell culture or in mice. There are also rtPCR primers available 
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for sequence confirmation and genotyping [173]. Characteristic intracytoplasmic 

eosinophilic inclusion bodies called Negri bodies can be seen in the brain on 

histopathology, which can increase suspicion for the disease as well [174].  

Rabies in coyotes: With the eradication of canine variant rabies from the United 

States in 2007, large outbreaks in coyotes are rare [175]. The last outbreak of canine 

rabies in coyotes in the United States was in 2004 in southern Texas [176]. Since then, 

cases in coyotes are rare, with only 11 positive cases documented in the 2020 

surveillance [177]. In the eastern United States, raccoons are the primary reservoir, with 

some skunk variant rabies documented in Tennessee and Kentucky [177]. Bat variant 

rabies is also found throughout the United States. Canine variant rabies is still present in 

coyotes in Mexico, and continued monitoring and oral vaccination programs are vital to 

keep the variant from spreading back to the United States [176].  

Canine Distemper Virus 

Canine distemper virus (CDV), or canine morbillivirus, is an enveloped RNA 

virus that causes multisystemic disorders in both domestic dogs and wildlife. A wide 

variety of North American wildlife are susceptible, including raccoons, foxes, skunks, 

wild felids, bears, marine mammals, and mustelids [178,179]. The pathogen is distributed 

globally, and though many species have endemic low levels of exposure, periodic 

epidemics can occur that result in significant mortality. Globally, one of the best known 

epidemics occurred in the Serengeti National Park and killed a third of the lion (Panthera 

leo) population [180]. In the United States, gray foxes and black footed ferrets are some 

of the most susceptible species, with mortality often approaching 100% [181]. In fact, an 

epidemic of distemper virus is responsible for the extirpation of black-footed ferrets from 

the wild, though they have since been reintroduced [182]. There are several different 

strains in the United States, and outbreaks in domestic dogs and wildlife in east 

Tennessee were linked to a novel strain of the virus in 2012 [183]. Some wildlife species, 

like raccoons and foxes, appear capable of carrying the virus asymptomatically and may 

be reservoirs for infection [178]. Transmission appears to occur both from domestic dogs 

to wildlife and vice versa, with outbreaks occurring sporadically in each direction 

[181,184].  

  Lifecycle: Transmission occurs primarily via inhalation of infectious respiratory 

secretions from an infected animal. Once inhaled, the virus first replicates in monocytes 

and macrophages during a one to four week incubation period [181]. An initial viremic 

stage results in profound immunosuppression related to leukocyte necrosis and apoptosis. 

The virus can then travel to various tissue throughout the body, primarily epithelial, 

neurologic, and lymphoid tissues. The virus can be shed from an infected host for at least 

22 days in urine and 41 days in saliva [185]. Some studies have found that persistence of 

viral antigen in the brain and uvea can last for over two months [185,186].  

Clinical signs: Clinical signs are directly related to the species, age, and immune 

status of the host.  In addition, the viral tropism for immune and epithelial cells 
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determines the target organs. There are two viremic phases, characterized by a biphasic 

fever. Initially, lymphopenia and a transient or low-grade fever occur, and later a high 

fever associated with infection of parenchymal tissues occurs [181]. Other clinical 

symptoms in this second stage are associated with the target organ – conjunctival and 

nasal discharge, interstitial pneumonia, diarrhea, anorexia, crusting of paw pads, and 

neurologic deficits can all occur. Neurologic symptoms due to meningoencephalitis vary 

from vestibular signs to seizures or paresis. Secondary infections are also common, 

resulting from the severe immunosuppression of CDV [187]. In rare cases, viral antigen 

can persist in dogs infected with CDV, and lead to chronic demyelination or 

encephalomyelitis as the dog ages, referred to as old dog  encephalitis [188]. Cases are 

rare, and though CDV is presumed to be the cause, a clear link has not yet been fully 

established.  

Diagnosis: Diagnosis is typically achieved via either real-time reverse-

transcription PCR (rt-qPCR) of affected tissues or respiratory secretions, IHC on 

histology slides, or IFA on frozen tissue [189]. Histologically, eosinophilic inclusion 

bodies in the cytoplasm or nuclei can be seen in many cells including epithelial cells of 

the gastrointestinal tract, respiratory epithelium, axons, or transitional epithelium of the 

bladder [190]. Virus neutralization antibody tests and ELISAs are also commonly 

performed, though it cannot differentiate active infection from exposure [189].  

CDV in coyotes: Coyotes are commonly infected with CDV, with between 20-

50% antibody positive on most serologic surveys. Though distemper can be fatal in 

coyotes, they appear capable of either clearing the infection or living asymptomatically 

with CDV, since most antibody-positive coyotes do not exhibit clinical signs [191–195]. 

However, few surveys have assessed for active infection or viral DNA, so determining 

whether high antibodies are due to asymptomatic active infection or a past clinical 

infection is challenging. The presence of a carrier state of CDV in wild canids is also 

unknown. Regardless, coyotes are one of the most exposed species, and likely play a 

significant role, alongside domestic dogs and raccoons, in the maintenance of distemper 

virus in the United States. Further work investigating the prevalence of active infection 

could help elucidate transmission dynamics.  

Canine Parvovirus  

Canine parvovirus, or CPV, is a DNA virus that affects a wide variety of mammal 

species. First discovered in the 1970s, it is distributed globally and causes severe, often 

fatal, diarrhea and myocarditis in susceptible hosts. Parvoviruses are extremely stable in 

the environment, resistant to most disinfectants, and can remain infectious for months 

[196]. Two parvoviruses are known to infect dogs: CPV-1 and CPV 2, which is divided 

into three subspecies (2a, 2b, and 2c).  

Lifecycle: CPV is spread primarily via the fecal-oral route. Once a susceptible 

host encounters the virus, it replicates inside rapidly dividing cells, particularly the 

intestinal crypts of the small intestine. Damage to the crypts, which are responsible for 

generating the intestinal villi, results in necrosis and blunting of the villi [197]. This leads 
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to an inability for the intestines to absorb water and nutrients, leading to severe, bloody 

diarrhea. The virus is shed within the fecal contents and can remain viable in the 

environment for long periods of time. If another susceptible animal ingests fecal particles, 

they can become infected and start showing symptoms within 3-7 days [197].  

Clinical signs: Severe bloody diarrhea and vomiting occur because of the 

necrosis of the intestinal crypt cells in the small intestine. Life-threatening dehydration 

can occur within days, and mortality can reach as high as 90% in puppies without 

supportive care [197]. In young puppies, myocarditis with subsequent heart failure and 

death can occur [198].  Adult dogs are less susceptible to infection, with only a 10% 

mortality rate without treatment [197].  

Diagnosis: Diagnosis of clinical cases is typically achieved with an antigen-

detecting SNAP test performed on a fecal sample [199]. In-house SNAP tests are highly 

specific (92-100%), but only moderate sensitive (30-80%) [199–201].  Therefore, in 

cases where parvovirus is suspected but the in-house test is negative, quantitative PCR 

should be performed, as it has a significantly higher sensitivity and is considered the gold 

standard [201]. Serology is rarely performed in diagnostic cases but is frequently used in 

wildlife surveys. ELISAs are commonly used since there is a commercially available kit, 

but Latex Agglutination Tests (LATs) and Fluorescent Antibody Tests (FATs) are also 

available [197].  

CPV in coyotes: Studies across the United States have shown a remarkably high 

prevalence of antibodies to CPV in coyotes, often reaching as high as 100% 

[30,192,194,202]. Though serologic studies of CPV are common, detection of active 

infection is less frequently reported. A 2014 study in Georgia found 32% (n=31) of 

coyotes positive for CPV via real-time PCR of the stool [30]. A similar study in 

Minnesota found 15% of fecal samples positive in wolves during winter, but 0% of 

samples collected during the spring were positive, despite a 100% antibody prevalence 

[202]. This suggests a seasonality to viral shedding, potentially related to younger age of 

pups in winter or decreased immune function during the colder months. Aside from the 

2014 Georgia study, research into this disease in the southeast is limited. There are no 

studies on record analyzing CPV in coyotes from Tennessee or South Carolina.   

Bacterial Diseases of Coyotes 

Leptospira 

Leptospirosis is a bacterial disease that affects many species of mammals 

including humans. There are numerous serovars, many of which are pathogenic to both 

humans and animals. Though often subclinical, leptospirosis can cause reproductive 

failure, particularly in livestock, as well as hepatorenal inflammation and even death 

[203]. Rodents and livestock are the most important reservoirs for human infection, but 

the disease has been found in almost all mammals. The pathogen has even been isolated 

in some species of frogs and toads [204].  
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Though the burden of disease in the United States is lower than in developing 

nations, it is still a significant concern for Americans, particularly given the high 

associated costs and relatively young age of most hospitalized individuals. In fact, 

leptospirosis is considered one of the top 35 zoonotic diseases of high priority by the 

CDC [205]. Surveillance of local wildlife populations can help determine circulating 

serovars and the risk of environmental contamination [206]. In addition, cases have been 

increasing in both domestic dogs and humans in the United States over the last several 

decades, making monitoring for Leptospira sp. important for both animal and human 

health [207]. 

Lifecycle: Leptospira is an aerobic, gram negative, motile, spirochete bacteria 

which is shed in the urine of infected hosts. There are numerous serovars with varying 

levels of host specificity and pathogenicity. In dogs in the United States, Canicola and 

Grippotyphosa are the most common infecting serovars [208]. For most serovars, dogs 

will only shed the pathogen for a few days to a few weeks post infection. However, dogs 

are the maintenance host of Canicola and can shed for up to two years [208].  

The pathogen lives in the proximal tubules of the kidney in its maintenance hosts, 

which typically do not develop clinical signs. The urine can contaminate local water 

sources, which can infect any susceptible animal that consumes the water. In humans, 

flooding is highly correlated with outbreaks of leptospirosis, since flooding can 

contaminate drinking water [203]. In dogs, infection is strongly correlated with lifestyle, 

with dogs that frequently swim in lakes or go on hikes, as well as farm dogs that have 

free roam of a wide property, infected far more frequently than primarily indoor dogs 

[208]. Cases are more common in late summer and early autumn, when both rainfall and 

outdoor activities are high [209]. Rarely, transplacental, venereal, and bite-wound related 

transmission can occur [210].  

Once the pathogen is ingested, it rapidly travels to the bloodstream where it 

persists for about 10 days after the onset of clinical signs [209]. The pathogen will 

migrate to the proximal renal tubules of the kidney, where it will replicate and be shed in 

the urine of the host. It can also travel to the liver, the pregnant uterus, or the spleen 

[209].    

Clinical signs: Infection can range from asymptomatic to lethal. Dogs infected 

with the Canicola serovar rarely suffer any clinical symptoms, while the serovars 

Icterohaemorrhagiae, Copenhageni, and Pomona often induce significant hepatic necrosis 

[209]. Peracute and acute leptospirosis are rarely diagnosed, but often lead to sudden 

death due to leptospiremia, with death occurring before the development of liver or 

kidney failure. Subacute leptospirosis is the most diagnosed form. Fever, icterus, 

vomiting, and dehydration are common symptoms, though rarely coagulopathies due to 

liver failure, intussusception due to diarrhea and vomiting, and dyspnea may occur [209]. 

Eventually, necrosis of the liver and kidneys can result in liver or renal failure, typically 

resulting in death. In addition, many animals can become chronic carriers after initial 

infection, where they are able to shed Leptospira without overt clinical signs [211]. 
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Chronic leptospirosis has been identified as a potential cause of chronic kidney disease in 

both dogs and people, and tubulointerstitial nephritis is often found on histopathology in 

these cases [212]. 

Diagnosis: Diagnosis is challenging due to the nonspecific clinical signs, 

relatively brief period of leptospiremia, and inconsistent shedding in the urine. In clinical 

cases, PCR on both blood and urine is recommended, since urine will be negative in 

acute phases, while blood will be negative in the chronic phase. In addition, a 

microscopic agglutination test can be used to determine serovar and titers [213]. 

Histopathology may show hepatic or renal necrosis characterized by lymphocytic 

infiltration [214]. Silver staining can be used to visualize the spirochete bacteria within 

the affected organ.  

Leptospira in coyotes: Seroprevalence in coyotes ranges between 4-30% in most 

states, placing them above opossums but below rodents in seroprevalence 

[195,206,215,216]. Studies vary significantly in how many serovars they test for, but 

Autumnalis, Bratislava, Grippotyphosa, and Pomona appear to be the most common 

[206,216,217]. In previous decades, Canicola was most commonly detected [218,219]. 

However, some older studies only tested for three serovars (Canicola, 

Icterohaemorrhagiae, and Pomona) which makes direct comparison challenging [218].  

Most studies in coyotes focused exclusively on exposure, with few studies on 

active infection. One study in Ontario tested five coyotes by IHC and PCR and found no 

positives [220]. A larger survey in California found a 3.7% real-time PCR-positivity rate 

on homogenized urine and kidney samples [206]. Like antibody positivity, this value was 

found to be intermediate between low-positivity animals like opossums (0.8% positivity) 

and high-positivity animals like skunks (15% positivity). This demonstrates that coyotes 

may be sources of infection for people and pets but are not the primary reservoirs. 

Rodents, skunks, and raccoons are significantly more likely to shed the pathogen than 

coyotes [206].  

Borrelia burgdorferi 

Lyme borreliosis is the most common vector-borne disease in the United States. 

Though the CDC reports about 30,000 cases per year, insurance claims consistently 

reveal upwards of 300,000 cases diagnosed each year [221]. Symptoms can range from 

mild flu-like signs to severe renal, cardiac, and even neurologic disease. Due to the wide 

range of symptoms, up to 90% of Lyme disease cases remain unreported [222]. Even 

when the condition is accurately diagnosed, certain individuals can remain symptomatic 

for months despite appropriate antibiotic therapy in a condition called post-treatment 

Lyme disease syndrome [223]. The economic burden of Lyme borreliosis in the United 

States is estimated at $786 million annually [224].   

 Borrelia burgdorferi, the bacterial agent of the disease, is vectored by the black-

legged tick (Ixodes scapularis) in the eastern United States and I. pacificus in the West. 

Though historically restricted to the colder climates in the northeast, the black-legged tick 

has expanded its boundaries southward and is now found frequently throughout the 

southeast [225]. As the vector migrated south, so did B. burgdorferi. Reported cases of 
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Lyme disease in Virginia, a state previously considered low incidence, increased by 

almost 50% from 2007 to 2014 [222]. Other southeastern states like North Carolina have 

also seen upticks in their annual cases in recent decades [226]. Tennessee is still 

considered a nonendemic state [225,227]. However, recent research demonstrated not 

only that I. scapularis is fully established in eastern Tennessee but also found ticks 

infected with B. burgdorferi in three counties surrounding Knoxville [225]. This work 

calls into question Tennessee’s nonendemic status. Given the potential debilitating side 

effects of undiagnosed Lyme disease, it is vital to obtain an accurate understanding of 

prevalence in our area to assist doctors and veterinarians in risk assessment in their 

patients.  

Lifecycle: Borrelia burgdorferi sensu stricto is the only genotype of B. burgdorferi to 

cause Lyme disease  in the United States, though there are several other related genotypes 

that can cause disease in other parts of the world [228]. A related but distinct species, B. 

mayoni, has been found in black-legged ticks from Wisconsin and Minnesota, and it can 

also cause Lyme disease [229]. When an infected black-legged tick bites a susceptible 

host, certain lipoproteins are activated that help transition the pathogen, which typically 

resides in the midgut of the tick, to the salivary glands where it can enter the host. When 

an infected tick takes a blood meal, the nutrients in the blood also allow the pathogen to 

switch from a latent phase to a phase of replication and dissemination. There is debate on 

whether the lipoprotein OspA is downregulated to allow greater motility during this 

phase [229].  Regardless of the mechanism, the spirochetes move to the salivary gland of 

the tick within the first 24-48 hours of feeding. The lipoprotein OspC, which is an 

important determinant of virulence and infectivity, is also upregulated during this time 

[228]. Borrelia burgdorferi is highly motile and can travel up to 4m/sec in tissue, which 

allows it to escape slower phagocytes [229]. The pathogen remains within the local tissue 

for several days to weeks before reaching the blood stream and disseminating to other 

organs in the body. pathogen can travel to numerous tissues, although cardiac, synovial, 

neurologic, and renal tissue are most common.     

Though many mammals can become infected with the pathogen, white-footed mice 

and other small rodents are considered some of the most important reservoirs for the 

pathogen in the United States. White tailed deer, which are the primary host for adult I. 

scapularis ticks, are also considered vital for the maintenance of tick populations, 

although they are reservoir incompetent and do not maintain infections with B. 

burgdorferi [230,231]. High deer populations lead to an increase in the vector, and high 

mouse populations increase the prevalence of the pathogen itself. In states where skinks 

and other small lizards are common, particularly in the south, the opposite effect occurs. 

Small lizards are inefficient reservoirs for B. burgdorferi,  and may even be able to clear 

nymphal ticks of their infection, leading to a reduction in the pathogen [232,233].  

Clinical signs: Though most people and pets infected with B. burgdorferi will clear 

the infection with few clinical symptoms, Lyme disease can cause chronic and even fatal 

neurologic, cardiac, and synovial manifestations. In humans, one of the first signs of 

infection is the erythema migrans rash, which is a bullseye rash that often appears over 

the back of the knees or armpits 7-14 days after a bite and spreads across the patient 
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[228]. Canids do not appear to develop the rash [234]. Fever, lymphadenopathy, and 

fatigue may occur during this period as well in the acute phase. Neurologic abnormalities 

like facial palsy and meningitis occur in about 15% of symptomatic but untreated 

patients, while carditis occurs in 4-8% [228]. Asymmetrical arthritis occurs in 60% of 

patients that are untreated, typically about 6 months after the onset of disease.  

Lyme disease can cause debilitating and even life-threatening clinical signs in dogs. 

Though the majority of dogs (about 90-95%) will remain asymptomatic after infection, 

about 5-10% will develop arthritis which can affect one or many joints [235,236]. Fever, 

lymphadenopathy, and anorexia may also occur, and dogs will often not become 

symptomatic until several weeks or months after exposure. The majority of cases respond 

rapidly to a course of antibiotics, with doxycycline the antibiotic of choice due to the 

likelihood of co-infection with other tick-borne pathogens [237]. In about 1-2% of 

seropositive dogs, antigen-antibody complexes will develop resulting in a life-threatening 

protein-losing nephropathy (PLN), which is referred to as Lyme nephritis [236]. Despite 

its name, the link between Lyme disease and Lyme nephritis remains controversial, with 

PCR and immunohistochemistry (IHC) of kidneys often negative [238]. There is no 

validated test or experimental model for Lyme nephritis, and it is unclear how beneficial 

antibiotics are at improving prognosis since most dogs diagnosed with Lyme nephritis 

will die regardless of treatment [236,237]. It is unclear if earlier, less severe stages of 

Lyme nephritis exist before the development of PLN and if treatment during those stages 

could prevent progression [236]. Regardless, expert consensus still recommends 

antibiotic treatment in seropositive dogs with protein-losing nephropathy since exposure 

to Lyme disease is the only common link identified thus far [237].  

Diagnosis: Although it is one of the most common vector-borne diseases, diagnosis is 

challenging. Currently, Lyme disease is diagnosed via a combination of positive antibody 

tests, a history of tick exposure, and clinical signs [237]. However, these diagnostic 

criteria can be unreliable since antibody tests can have false negatives during acute 

infection and may remain positive for years after initial infection. In addition, many 

owners will not notice ticks underneath the coat of their dog, and clinical signs are often 

enigmatic. There are quantitative antibody tests (IDEXX’s Quant C6) available, but high 

titers are not correlated with symptoms, and there is little evidence to demonstrate this 

test’s usefulness in determining the likelihood of clinical symptoms [237]. PCR tests of 

blood, urine, or cerebral spinal fluid are often negative, even in dogs with severe clinical 

symptoms [235]. PCR of skin biopsies from the tick attachment site or from affected 

synovial tissue may be positive, but this is rarely feasible [239]. Even in autopsy cases, 

diagnosis can be challenging since intact B. burgdorferi DNA is rarely found even in 

severely affected animals [240].  

Borrelia burgdorferi in coyotes: Most studies in coyotes have focused on serology. 

Unsurprisingly, coyotes in highly endemic areas have high exposure, while coyotes in 

southern or midwestern states have low seroprevalence. The exception is a study in 

Texas, which surprisingly found numerous coyote kidneys and placentas IFA positive for 

Borrelia [241] . However, Lyme is nonendemic in Texas, and it is more likely that the 
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coyotes were infected with a related species like B. turicatae, which is found in Texas 

and has been documented in coyotes in the area [242,242,243]. Otherwise, 

seroprevalence in coyotes is closely correlated with the burden of human and canine 

infection [244–247]. This close correlation makes coyotes excellent sentinels for the 

spread of the pathogen, since they have higher exposure rates than people or pets. Few 

studies have been done in the southern United States, despite the increasing prevalence of 

Borrelia in these areas. Assessment of exposure in coyotes can give public health 

officials earlier indicators of spread. 

Coyotes may play an important role in the maintenance of tick vectors, similar to 

white-tailed deer. Ixodes scapularis adults are consistently documented on coyotes [254]. 

Understanding the role coyotes play in the black-legged tick life cycle, particularly the 

eastern United States where coyotes have only recently migrated, is vital to help wildlife 

managers make informed decisions. Many states have proposed deer culling as a method 

to reduce the incidence of Lyme disease, though evidence for effectiveness of this 

method is lacking  [252,253]. Some of this failure may be due to coyotes’ ability to act as 

maintenance hosts. Further work is necessary to determine the impact of coyotes on the 

abundance of black-legged ticks.  

Conclusion 

 Coyotes can carry numerous diseases that affect humans, pets, and livestock. 

Though more is known about their health status and disease burdens in the western 

United States, little disease surveillance has been done on eastern coyotes. In addition, 

most of the coyote research to date has focused on serology, which only provides 

evidence of exposure. Further work assessing the prevalence of disease can help us better 

understand whether coyotes are contributing to the spread of the diseases they are 

exposed to. Many of the diseases that impact coyotes are also expanding geographically, 

and surveillance of coyotes can help elucidate these trends. A thorough understanding of 

the prevalence, geographic spread, and impact of the diseases of coyotes is vital to 

prepare vets, doctors, and wildlife biologist to best manage their patients and habitats.  
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    Abstract  

  

Hepatozoon spp. are apicomplexan parasites known to cause musculoskeletal disease in a 

variety of animals. Two species are known to infect wild and domestic canids in the 

United States: H. canis and H. americanum. In this study, blood, heart, and/or spleen 

samples were collected from 278 wild canids (180 coyotes, 93 red foxes, and 5 gray 

foxes) in the eastern United States and tested via PCR for Hepatozoon. Histology slides 

of heart and skeletal muscle were assessed for Hepatozoon cysts and associated 

inflammation when fresh tissue was available (n=96). Hepatozoon spp. were found in 

24.2% (59/278) of individuals, with H. canis in 14.0% (34/278) and H. americanum in 

10.7% (26/278). One coyote was positive for both H. canis and H. americanum. Foxes 

were more likely to be positive for H. canis than coyotes (23% and 7% respectively, 

p=0.0008), while only coyotes were positive for H. americanum. Of the eight sampled 

states, H. canis was present in six (Louisiana, North Carolina, Pennsylvania, South 

Carolina, Tennessee, and Virginia) while H. americanum was found in two southern 

states (South Carolina and Louisiana). Infection status was positively correlated with 

myositis and myocarditis, and heart or muscle cysts were found in 83% (5/6) of H. 

americanum-positive coyotes. This survey showed a moderate prevalence of H. canis and 

H. americanum in states where the parasite was previously unrecorded including South 

Carolina and Pennsylvania.  
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Background 

Hepatozoon is a genus of apicomplexan parasites known to cause musculoskeletal 

disease in numerous terrestrial vertebrate species [1]. Hepatozoonosis is generally limited 

to the range of its tick definitive host, which varies by species and geographic area. 

Transmission occurs via ingestion of infected ticks or cystozoites in vertebrate hosts 

[2,3]. In canids, there are two species known to cause disease: H. canis, the agent of Old 

World hepatozoonosis, and H. americanum, the agent of American canine 

hepatozoonosis (ACH) [2]. Hepatozoon canis, though common in South America, 

southern Europe, Asia, and Africa, was not documented in the United States until 2008 

[4]. Since then, it has been reported in seven southern states: Alabama, Georgia, 

Mississippi, Louisiana, Oklahoma, Virginia, and West Virginia [5,6]. H. canis typically 

causes mild disease in domestic dogs and may be discovered incidentally on blood 

smears or autopsy [2]. In patients with high levels of parasitemia, it can cause lethargy, 

fever, and anemia [2]. Little is known about transmission of H. canis in the United States. 

The brown dog tick (Rhipicephalus sanguineus sensu lato) is the accepted vector, though 

alternative methods of transmission may exist [6]. The Asian longhorned tick 

(Haemaphysalis longicornis), which has recently been introduced in the United States, 

has been suggested as a possible competent vector for H. canis as well, and researchers 

have found oocysts in H. longicornis ticks pulled from dogs with hepatozoonosis [7,8].  

American canine hepatozoonosis is an emerging disease known to cause severe 

muscle pain, osteoproliferation, hyperesthesia, and death in domestic dogs [2,9]. The 

parasite was first discovered in 1978 in coyotes (Canis latrans) from Texas [10]. ACH is 

restricted to the range of its vector, the Gulf Coast tick (Ambylomma maculatum), which 

historically has been found in a 150-mile range around the Gulf of Mexico, ranging from 

southern Texas in the west to Virginia in the east [11]. However, in recent years, the tick 

has been documented as far north as Delaware and Illinois, and ACH has been 

documented as far from the Gulf as Vermont and California, though travel history for 

those cases in unknown [5,12].  

There are several suggested mechanisms contributing to the geographic expansion 

of the Gulf Coast tick and H. americanum, including the movement of vertebrate hosts 

and climate change. The transport of cattle for agriculture is responsible for the initial 

expansion of A. maculatum to the central United States [13]. Migratory birds, which are 

known to host larval A. maculatum ticks, may also play a significant role in its spread 

[14]. In addition, climate modeling predicts that the tick’s range will continue to expand 

northward as the climate warms, with suitable habitats predicted to extend as far north as 

Maine [15].  

The role of wild canids in the epidemiology of ACH is poorly understood. 

Investigations into wildlife reservoirs have found a high prevalence in coyotes in the 

southern United States. For example, a 2013 study in Oklahoma and Texas showed a 

prevalence of 79.5% (35/44) when examining histology, whole blood PCR, and muscle 

PCR of the 18S ribosomal RNA gene [16]. Genetic diversity was high, with 19 distinct 

sequences and up to seven different haplotypes infecting an individual coyote. Only one 

H. canis infection was found, and the remaining genotypes were either H. americanum or 

an intermediate species between the two.  
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Coyotes appear more resistant to clinical disease than domestic dogs, though 

experimental infections have shown they can develop osteoproliferative lesions similar to 

dogs [17]. Investigations into wild canids in areas outside of the south-central United 

States are limited, and coyotes’ role in the lifecycle is unclear. Some researchers believe 

that coyotes act as important wildlife reservoirs for the disease, while others believe both 

wild and domestic canids are accidental hosts, and there is an unknown intermediate host 

that serves as the primary reservoir [2]. Regardless, further research is necessary to 

understand the spread and potential impact of this disease on both domestic dogs and 

wild canids in the United States. We conducted a prevalence survey of wild canids 

throughout the eastern United States, a region that has not been assessed for this pathogen 

on a wide scale since 2008 [5]. We hypothesized that H. americanum would be prevalent 

in southern states and absent in the north and that H. canis would be found rarely in both 

foxes and coyotes. In addition, we hypothesized that infected canids would have higher 

rates of myositis and myocarditis compared to negative canids. 

Methods 

We opportunistically collected a total of 278 coyote, red fox (Vulpes vulpes), and gray 

fox (Urocyon cinereoargenteus) tissue samples from a variety of sources and 

collaborators including rabies testing facilities, road-killed animals, and wildlife 

resources agencies (Table 1). Whole blood and/or heart tissue was collected between 

2019-2023 from wild canids in South Carolina (n=59), Tennessee (n=73), and Virginia 

(n=15), and splenic samples were collected from wild canids between 2021-2022 from 

Louisiana (n=27), Pennsylvania (n=92), Georgia (n=3), North Carolina (n=7), and 

Maryland (n=2). We obtained 94 whole carcasses Tennessee (n=71), South Carolina 

(n=15), and Virginia (n=8). Heart tissue only was available from 2 Tennessee coyotes. 

  DNA was extracted from 100µl of whole blood (n=141), 10mg of spleen (n=131), 

and/or 25mg of heart (n=90) using DNeasy Blood and Tissue extraction kits following 

manufacturer’s instructions (Qiagen Inc, Germantown, Maryland, USA). A negative 

water control was used during each extraction. PCR was performed using nested PCR 

primers targeting the 18S rRNA gene of all Hepatozoon spp. and other closely related 

apicomplexans, using both negative extraction and negative PCR controls [4,18]. Primers 

5.1 (CCTGGTTGATCCTGCCAGTAGT) and 3.1 (CTCCTTCCTTTAAGTGATAAG) 

were used for the external reaction. Primary cycling conditions were as follows: initial 

denaturation for 5 minutes at 95°C followed by 35 cycles of 94°C for 1 minute, 56°C for 

1 minute, and 72°C for 1.5 minutes, and a final annealing step of 72°C for 7 minutes. The 

internal reaction used primers RLB-F (GAGGTAGTGACAAGAAATAACAATA) and 

RLB-R (TCTTCGATCCCCTAACTTTC) and 1µL of the primary product. The 

secondary reaction cycling conditions were the same as the primary except the annealing 

temperature was lowered to 52°C. Extracted DNA from an H. americanum positive dog 

was used as the positive control. PCR products were visualized on 1.5% agarose gel and 

amplicon bands between 550-570bp were purified with ExoSAP-IT PCR Product 

Cleanup Reagent (Thermo Fisher Scientific, Waltham, MA) and sequenced with Sanger 

sequencing at the University of Tennessee, Knoxville’s Division of Biological 

Sequencing.  



51 

 

Amplicon sequences were analyzed in Sequencher v. 5.4.6 (Gene Codes 

Corporation, Ann Arbor, MI) and those with multiple sequences were cloned using the 

pGEM-T Easy Vector System (Promega Corporation, Madison, WI) following 

manufacturer’s instructions. Plasmids were purified using MiniPrep Plasmid Purification 

kits (Thermo Fisher Scientific, Waltham, MA) following manufacturer’s instructions. 

Sequences were deposited in GenBank under accession numbers OQ592065-OQ592143.  

Sequences were aligned in BioEdit, and phylogenetic trees were made using the 

Neighbor-Joining algorithm with the Kimura 2-parameter model with 500 bootstrap 

replicates in MegaX (v10.1.7) [19]. We removed identical sequences to improve the 

readability of the tree.  

  We examined histopathology slides from tongue, heart, and gracilis muscle when 

tissue was available (n=96), with assistance from a veterinary pathologist (author DM). 

We classified the inflammation as mild if it was found rarely throughout the slide and did 

not disrupt surrounding tissues and moderate if it disrupted the surrounding tissues but 

was present only focally or multifocally. We considered the inflammation severe if it was 

found throughout the slide and disrupted the surrounding tissue.  Statistical analysis was 

performed using SAS v9.4 (SAS Institute, Cary, North Carolina, USA). Chi-squared tests 

were used to assess statistical differences between species, infection status, and 

histopathologic inflammation.  

Results 

Sixty-five percent of samples were from coyotes (n=180) and 35% from foxes (93 

red foxes and 5 gray foxes). Hepatozoon spp. were detected via PCR in 21% (59/278) of 

the individuals tested; 9% (26/278) were positive for H. americanum and 12% (34/278) 

were positive for H. canis (Table 1). One coyote from South Carolina was co-infected 

with both species. All canids with cysts present on histology were also positive on PCR 

of blood or tissue. Hepatozoon americanum was exclusively found in coyotes, where it 

was present in 14% (26/180) of canids. Hepatozoon canis was found in both coyotes (7%, 

13/180) and red foxes (22.5%, 21/93). All gray foxes were negative for Hepatozoon spp. 

(n=5). The likelihood of H. canis infection in red foxes was significantly higher than in 

coyotes (X2=14.2, df=1, p=0.0008).  

Infections with any species of Hepatozoon were identified in six of the eight 

tested states (Figure 1).  Hepatozoon americanum was only found in two of the tested 

states: South Carolina (39% [23/59] of coyotes), and Louisiana, (12% [3/25] of coyotes). 

Hepatozoon canis was found in all tested states except for Georgia and Maryland (Table 

1). However, these two states had less than four individuals each, making assessment of 

prevalence impossible. Paired blood and tissue samples were available for 86 of the 

canids. Blood and tissue PCR agreed 99% of the time, with only one canid from Virginia 

positive for H. canis on heart but negative on blood.  

Phylogenetic alignment of the 18S rRNA gene performed using one sequence for 

each unique sequence group, along with related organisms and Adelina bambarooniae 

(AF494058) as the outgroup, resulted in a 488-bp alignment of which 390 were invariant 

and 32 of the 98 variable characters were parsimony informative. The top match in 

GenBank for each unique sequence was included in the tree for comparison. Sequence 
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analysis of the Hepatozoon sequences revealed 34 unique sequences. Cloning was 

performed on eleven PCR products, with up to four unique sequences present within an 

individual sample. One coyote was co-infected with both H. americanum and H. canis.  

Hepatozoon americanum sequences were between 94.2%-100% similar to each 

other, with 46% (21/45) of H. americanum sequences >99.5% similar to several 

sequences from dogs (e.g. EU146062 and AY864676) and coyotes (e.g. JX415170-

JX415174) in the southern United States. We found a second group of sequences (n=11) 

that aligned more closely with H. americanum than H. canis but did not fully resolve into 

the H. americanum clade. These sequences most closely aligned with several sequences 

in GenBank including a South American gray fox (Lycalopex griseus) from Argentina 

(MK049949) and a Pampas fox (Lycalopex gymnocercus) from Uruguay (MZ230033). 

We found minimal genetic diversity in the H. canis sequences, with sequences 98.2-

100% similar to each other and 79% (27/34) of sequences aligning >99.5% with several 

sequences from around the world including foxes from France (MK673844-MK673850), 

gray wolves from Germany (MN791089), and a dog from Cuba (MN393911). We found 

another distinct genotype of H. canis in five canids from Virginia, Tennessee, and North 

Carolina (OQ592106-OQ592110) which aligned 99.78% with several sequences from 

around the world including dogs from Thailand (MK830996), Algeria (MK645969), 

Nigeria (OP837324) and India (JN584477). Two Louisiana canids (OQ592117 and 

OQ592118) aligned 100% with a coyote from Oklahoma (JX415165). Unlike H. 

americanum, we did not find any evidence of paralogues or coinfection with multiple 

genotypes of H. canis.  

Histopathology was processed from 96 of the 248 total samples. Heart tissue was 

processed for 91 coyotes and 5 foxes; gracilis muscle was processed for 89 coyotes and 4 

foxes; tongue was processed for 37 coyotes and 4 foxes; and spleen processed for 89 

coyotes and 4 foxes. Cysts were found in the heart or skeletal muscle of five coyotes, all 

of which were positive for H. americanum on PCR (Figure 2). Eighty-three percent (5/6) 

of the H. americanum-positive specimens with histopathology had at least one cyst 

present in heart or skeletal muscle. Cysts were present by histology in both heart and 

skeletal muscle in two coyotes, in skeletal muscle alone in two coyotes, and in heart 

alone in one coyote. The H. canis-positive fox did not have cysts present on histology.  

Two of the Hepatozoon-positive individuals had severe pathology. The H. canis-

positive red fox also had sarcoptic mange that resulted in sepsis and severe suppurative 

myocarditis (Figure 3). One H. americanum-positive coyote had a regionally extensive 

abscess beneath its esophagus extending into the cervical bone and causing osteomyelitis. 

Evidence of sepsis and bacterial embolisms were present throughout most major organs. 

This coyote had the largest number of Hepatozoon cysts, with ten cysts in various stages 

of development found throughout the tongue, and occasional cysts found in the gracilis 

muscle and heart. In addition, two of the positive coyotes had limb abnormalities. One 

coyote was missing its back-left leg entirely after the mid-diaphysis of the femur, while 

the other had a shrunken back left leg about half the size of the right hind leg with the 

diaphysis of the femur replaced by dense connective tissue. The femur measured 7cm.  

Myocarditis was present in 8.3% (8/96) of samples, and myositis was present in 

10.8% (10/93) (Figure 3). The prevalence of myocarditis was statistically higher in 
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Hepatozoon spp.-positive canids than negative individuals (X2=23.5, df=1, P<0.001), 

with myocarditis present in 57% (4/7) of positive cases compared to 4.5% (4/89) of 

negative cases. However, two myocarditis cases occurred in animals suffering from 

sepsis (the fox with sarcoptic mange and the coyote with osteomyelitis). Therefore, we 

re-assessed the statistical correlation between myocarditis and Hepatozoon status with 

those two cases removed, and the correlation remained (X2=21.2, df=1, P=0.002). 

Likewise, myositis was found in 50% (3/6) of positive cases and only 8% (7/87) of 

negative cases (X2=10.3, df=1, P=0.001). Skeletal muscle was not available from the 

sarcoptic fox or from two of the Tennessee coyotes. Both myositis and myocarditis were 

typically mild to moderate apart from the two septic animals (Figure 3).  

Discussion 

Hepatozoon spp. infections are widespread in wild canids throughout the eastern 

United States. Hepatozoon canis was detected in six states in our study, while H. 

americanum was restricted to only two states in the south despite evidence that A. 

maculatum has spread as far north as Delaware [12]. Both foxes and coyotes were 

infected with H. canis, but H. americanum was detected exclusively in coyotes, 

potentially due to the low number of foxes sampled in the southern states. To the authors’ 

knowledge, this is the first report of H. canis or H. americanum in South Carolina and 

Pennsylvania. Though evidence of infection was not found in two of the eight states (GA 

and MD), only three samples were collected from Georgia and only two from Maryland, 

making critical interpretation of prevalence in those states impossible.  

There are limited studies on Hepatozoon spp. prevalence in the United States with 

which to compare our findings. A 2011 study published Hepatozoon spp. sequences from 

a variety of mammals in the southern United States, including five coyotes with H. 

americanum from Oklahoma and Texas and one gray fox with H. canis from Georgia 

[20]. Like our study, individual coyotes often had multiple different sequences of H. 

americanum. There are only two other surveys assessing prevalence in coyotes, both of 

which focused on the south-central United States. One survey reported Hepatozoon spp. 

prevalence of 40% in 20 coyotes in Oklahoma via histology, and a second study reported 

a prevalence of 80% in 44 coyotes in Oklahoma and Texas using a combination of 

histology and PCR [16,17]. Prevalence in the eastern United States was substantially 

lower. The cause for this lower prevalence is not fully clear. Coyotes only recently 

migrated across the eastern United States, beginning in the mid-1900s and not reaching 

the east coast until the late 1900s [21]. Although it is possible that H. americanum 

emerged in the east alongside this migration, further research is necessary to determine if 

the eastern migration of coyotes has impacted H. americanum prevalence.   

A 2008 survey of Hepatozoon in the United States included samples from 614 

domestic dogs with suspected hepatozoonosis, 455 of which were from the southeast [5]. 

It found H. americanum in 13 of 28 states, and 5 states had both H. americanum and H. 

canis. Unlike in our study, Hepatozoon was not found in Tennessee or Pennsylvania, and 

samples from South Carolina were not obtained. Positive cases were primarily found in 

the southeastern United States, though outliers with unknown travel history in Vermont, 

Washington, and California were detected [5].  
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Our study found a higher rate of H. canis than the domestic dog survey [5]. Only 

4.6% (28/614) of domestic dogs were positive for H. canis, compared to the 12.4% 

(34/278) prevalence we found in wild canids. The relative percentages of each 

Hepatozoon species were also markedly different between domestic dogs and our study. 

Only 14.4% of Hepatozoon cases in domestic dogs were H. canis or mixed infections, 

while 57% of cases in wild canids from our study were H. canis or mixed infections. H. 

canis infections were rare in the Texas and Oklahoma coyote study as well, with only 2% 

(1/44) of coyotes positive [16]. The high prevalence of H. canis in our study is likely 

explained by our inclusion of foxes, which had a significantly higher prevalence than 

dogs or coyotes. Whether H. canis is more common in the east than the central United 

States remains to be seen, and future work assessing foxes in that area may clarify the 

question. Though the domestic dog study found a higher prevalence of H. americanum 

than we did (29.4% vs. 10.4%), a direct comparison cannot be made since the dog survey 

targeted suspected positive dogs, while ours sampled all individuals [5].  

Despite the severe clinical signs of ACH in domestic dogs, infection did not 

appear to cause significant lesions in coyotes. However, infection status was positively 

correlated with risk of myocarditis and myositis. Myositis was six times more likely in 

positive individuals, while myocarditis was over ten times more likely. However, with 

only seven positive cases processed for histopathology, two of which had confounding 

factors, further research is necessary to determine the strength of this correlation. Even if 

the correlation persists in larger surveys, a causal connection could not be established 

from surveys alone given that Hepatozoon spp. infection is commonly associated with 

co-infections that may be the true cause of inflammation [22–25].  

Though two of the six H. americanum-positive coyotes had limb abnormalities, 

this is not likely a result of ACH. ACH is known to cause osteoproliferation and 

musculoskeletal pain, but loss of limbs or severe limb deformities are not known 

symptoms. In addition, the coyote with the missing hind limb survived at least 1.5 years 

after initial sampling and was in good body condition at the time of autopsy. It is possible 

that Hepatozoon infection can be exacerbated by immunosuppression. Domestic dogs 

typically only develop clinical signs from H. canis if they are immunosuppressed or co-

infected with other diseases like Babesia, Leishmania, or Toxoplasma gondii [2]. The 

coyote with sepsis had notably increased numbers of Hepatozoon cysts compared to all 

other positives, suggesting that replication may increase during times of stress or illness. 

The H. canis-positive red fox with sarcoptic mange unfortunately only had heart, skin, 

and kidney processed for histopathology, none of which are the typical locations to find 

meronts. Therefore, though we did not find meronts, we cannot assess the extent of its H. 

canis infection. 

We found variable levels of genetic diversity (94.2%-100% similar) in the H. 

americanum-positive coyotes. Forty-two percent of the positive coyotes (11/26) had 

evidence of multiple different sequences of H. americanum present. Previous work on 

Hepatozoon in coyotes suggested these different sequences were evidence of coinfection 

with multiple related Hepatozoon species, but intraspecific variation of the 18S gene 

(paralogues) have been documented in H. canis and numerous other apicomplexan 

species [16,20,26]. Therefore, we cannot definitively say which is the case in these 
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samples. Though most sequences fully resolved into the H. americanum clade, a subset 

fell in between H. canis and H. americanum (Figure 4). Similar sequences were found 

previously in coyotes from Texas and Oklahoma [16].  

  We found lower genetic diversity (98.2-100%) in our H. canis sequences 

compared to H. americanum, with most sequences differing by less than three base pairs. 

This limited diversity has been documented in previous work, which classified H. canis 

18S rRNA sequences into five genotypes, with each genotype differing by five base pairs 

or fewer [27]. A larger survey assessing various haplotypes of the 18S gene of H. canis 

worldwide found 76 total haplotypes [28]. However, of the 61 sequences they assessed 

from the Americas, they found over 50% of them differed by fewer than two base pairs, 

matching the results from our study. It is interesting that three different H. canis 

genotypes were documented in southern states while only one genotype was documented 

in the north. This suggests diversity may be higher in the south, although further research 

is necessary to verify this assessment.  

This study provided a clearer understanding of the geographic distribution of 

Hepatozoon spp. in the eastern United States. Wild canids appear to play a significant 

role in maintaining the sylvatic lifecycle of Hepatozoon. A high prevalence in wildlife 

implies a high percentage of infected ticks in the area and can be used as a proxy for 

domestic dog risk. In addition, Hepatozoon prevalence can provide a better understanding 

of its vectors’ prevalence in the area. The tick vectors of Hepatozoon may carry other 

pathogens including Ehrlichia canis (R. sanguineus s.l.), Babesia vogeli (R. sanguineus 

s.l.), Francisella tularensis (A. maculatum), Rickettsia parkeri (A. maculatum), and 

Rickettsia rickettsii (R. sanguineus s.l.) [15,29–32]. These pathogens may lead to severe 

disease in dogs on their own or contribute to the severity of coinfections, and both 

Rickettsia spp. pathogens can cause life-threatening disease in people [29,32]. Though 

hepatozoonosis is still considered rare in domestic dogs, the high prevalence in wild 

canids suggests a high potential rate of exposure, and the disease should be among the 

differentials for dogs presenting with muscle pain, fever, and neutrophilia.  

 Limitations of this study include the opportunistic nature of collection, the limited 

sample size in certain states, and the variability of available tissue samples from 

individual canids. Future work can help fill in the geographic gaps of this survey to better 

understand the distribution and impact of this pathogen. In addition, future studies should 

strive to use whole carcasses for analysis whenever possible to give a clearer picture of 

tissue tropisms and tissue responses. Though our study found a high agreement between 

histology and PCR results, a previous study showed disagreement between the two 

methods, and the gold standard for diagnosis is still considered muscle biopsy [2,16]. 

Therefore, assessment of Hepatozoon spp. prevalence ideally would always include both 

histology and PCR. Further research is necessary to assess this disparity, though PCR of 

whole blood may be a reasonable, less invasive alternative diagnostic tool in cases where 

obtaining a muscle biopsy is not practical. Finally, phylogenetic analysis using only a 

small section of the 18S rRNA gene may miss significant variation found elsewhere in 

the gene. Future studies can improve our understanding of canid Hepatozoon genotypes 

by using longer sequences or full genome sequencing.   
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Conclusion 

 Hepatozoon is a widespread parasite infecting wild canids throughout the eastern United 

States. H. canis is far more common, particularly in foxes, than previously realized. Mild 

inflammation in both the skeletal muscle and the heart were more likely in infected 

individuals.  
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Appendix  

Table 1. Prevalence of Hepatozoon spp. in wild canids 

Total number positive is shown in each column, with the percent positives in parenthesis. 

 

State 

Fox Coyote 

Samples 
H. canis 

(%) 

H. am 

(%) 
Samples 

H. canis 

(%) 

H. am 

(%) 

GA Spleen (n=3) 0 0 NA - - 

LA Spleen (n=2) 1 (50) 0 Spleen (n=25) 2 (8) 3 (12) 

MD Spleen (n=1) 0 0 Spleen (n=1) 0 0 

NC Spleen (n=3) 0 0 Spleen (n=4) 1 (25) 0 

PA Spleen (n=82) 17 (21) 0 Spleen (n=10) 7 (70) 0 

SC NA - - 

Heart (n=9) 0 2 (22) 

Blood (n=59) 2 (3) 23 (39) 

Histology (n=15) 0 5 (33) 

Total SC coyote 

(n=59) 
2 (3) 23 (39) 

TN 

Heart (n=5) 1 (20) 0 Heart (n=61) 0 0 

Blood (n=1) 1 (100) 0 Blood (n=68) 0 0 

Histology 

(n=5) 
0 0 Histology (n=66) 0 0 

Total TN fox 

(n=5) 
1 (20) 0 

Total TN coyote 

(n=69) 
0 0 

VA 

Heart (n=2) 2 (100) 0 Heart (n=13) 1 (8) 0 

Blood (n=2) 1 (50) 0 Blood (n=13) 1 (8) 0 

Total VA fox 

(n=2) 
2 (100) 0 

Histology (n=8) 0 0 

Total VA coyote 

(n=13) 
1 (8) 0 

Total 
 Total fox 

(n=98) 
21 (21) 0 

Total coyote 

(n=180) 
13 (7) 26 (14) 
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Figure 1. Hepatozoon prevalence map.  

Prevalence of Hepatozoon spp. detected via PCR of heart, blood, and/or spleen in wild 

canids in the eastern United States. 
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Figure 2. Hepatozoon americanum cysts.  

Histology images of cysts in various stages of development from coyotes positive for 

Hepatozoon spp. collected in the eastern United States. H. americanum cysts were 

present in the gracilis muscle (A,D), heart (B), and tongue (C). 
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Figure 3. Inflammation associated with Hepatozoon spp. infection.  

Histology images from Hepatozoon-positive coyotes showing examples of (A) mild, (B) 

moderate, and (C) severe myocarditis. The overwhelming suppurative myocarditis found 

in the red fox infected with both Hepatozoon canis and sarcoptic mange is shown in (D). 
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Figure 4. Phylogenetic tree of Hepatozoon spp. in coyotes.  

Phylogeny of the partial 18s rRNA gene of Hepatozoon spp. found in wild canids in the 

eastern United States. Adelina was chosen as the outgroup. All unique sequences are 

shown. The phylogenetic tree was generated using the Neighbor-joining algorithm and a 

Kimura 2-parameter model in MegaX with (v10.1.7). The percentage of replicate trees in 

which the associated taxa clustered together in the bootstrap test (500 replicates) are 

shown next to the branches. 
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CHAPTER II 

PREVALENCE AND DIVERSITY OF BABESIA IN THE EASTERN 

UNITED STATES 
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Abstract 

Babesia is a diverse genus of piroplasms that parasitize the red blood cells of a wide 

variety of mammals and avian species, including humans. A survey of 720 wild 

mammals found a high prevalence of infection in raccoons, foxes, and skunks, and low 

prevalence in Virginia opossums. No Babesia infection was found in coyotes, bears, 

groundhogs, muskrats, or mink. Skunks carried a diverse number of strains including a 

novel species of Babesia related to B. gibsoni, a strain closely related to a B. microti-like 

species known to cause disease in river otters, as well as a strain closely related to B. 

microti, which can infect humans. Raccoons primarily carried B. microti-like strains, 

though there was a high diversity of sequences including Babesia sp. lotori, Babesia 

sensu stricto MA230, and Babesia sp. ‘Coco’. Foxes exclusively carried B. vulpes. In 

addition to Babesia spp., a high prevalence of Hepatozoon spp. infection was found in 

mink, while low prevalence was found in raccoons and muskrats.   

 

Background 

Tick-borne diseases are on the rise in the United States due to a combination of 

factors including climate change, habitat fragmentation, and the expanding range of many 

tick vectors [1]. Babesia, an apicomplexan that parasitizes red blood cells in a wide 

variety of species, is no exception, with reported cases increasing by as much as 20-fold 

in certain parts of the country over the last two decades [2]. Although disease is generally 

mild in immunocompetent individuals, babesiosis can cause severe and even life-

threatening hemolytic anemia in at-risk groups such as the young, elderly, 

splenectomized, and other immunocompromised individuals [3]. The taxonomy of 

Babesia and the entire order of Piroplasmida to which it belongs is under flux. However, 

currently the Babesia genus is classified into three primary clades: the western Babesia 

group, Babesia sensu stricto, and the B. microti complex [4–6]. Many researchers have 

argued that B. microti and B. microti-like organisms should be reclassified as a different 

genus to other Babesia species, but this change has yet to be made official [4–7]. Babesia 

microti, which is vectored by Ixodes scapularis (the black-legged tick), is the most 

common cause of human babesiosis in the United States, though infections with other 

species including B. duncani and B. divergens have been reported [8–10].  

 In addition to the potential negative impact on humans, Babesia spp. can cause 

severe illness in pets and livestock. Unlike human infections, which are diagnosed 

primarily in the Northeast and Midwest, canine babesiosis is most common in the 

southern and western United States.  In dogs, B. gibsoni, which is commonly transmitted 

via blood contact (i.e., dog fighting), and B. vogeli, which is transmitted by the brown 

dog tick (Rhipicephalus sanguineus), are the most common causes of illness [11]. In 

addition, in recent years there have been several new species documented in dogs. 

Babesia conradae, which is closely related to species that affect livestock and humans, 

was first documented in 2006 and has since been associated with coyotes and coyote-

hunting dogs in California [12,13]. It can cause severe hemolytic anemia and may be fatal 

without treatment [13]. Babesia sp. ‘Coco’ is a large Babesia species that was identified 

in 2004 and has since been sporadically identified as a cause of illness in splenectomized 
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and immunosuppressed dogs [14,15].  Finally, Babesia vulpes, which was reported in 

foxes in Spain before being documented in wild canids in the United States, has been 

found rarely as a cause of disease in dogs [16].  

 There are several species of Babesia documented in wild mesocarnivores in North 

America. Research in raccoons is perhaps the most robust, with a large-scale PCR survey 

in 2019 that assessed 699 raccoons from across the United States and Canada finding a 

73% prevalence of infection [6]. PCR surveys in raccoons have also been performed in 

Florida, which found a 82% prevalence (14/17), and North Carolina, which found a 95% 

prevalence (39/41) [19,20]. At least three species have been documented in raccoons in 

the eastern United States: B. lotori, which is part of the Babesia sensu stricto (B. s. s.) 

clade, a different species in the B. s. s. clade that has been found in both Japanese and 

North American raccoons which we will refer to as B. s. s. MA230 in this paper based on 

the initial description, and Babesia microti-like, which is the nomenclature used to 

describe a diverse group of small Babesia species [6,17,18]. Though related to the 

zoonotic B. microti, B. microti-like species are not considered zoonotic. In fact, members 

of the B. microti clade are generally host specific, with the B. microti-like sequences 

found in raccoons distinct from those found in foxes [6]. Infection appears to be mild or 

subclinical in raccoons, and surveys have documented infection rates as high as 99% in 

certain southeastern states [6,17,19,20]. Coinfection with Babesia microti-like and B. s. s. 

species is common in raccoons, with studies finding coinfection rates ranging between 

0% and 76% [6,19].  

Foxes are also common carriers of Babesia species, typically B. vulpes, 

sometimes still referred to as B. microti-like or Theileria annae. A study in North 

Carolina and Canada found a prevalence of 39% (50/127) in red foxes and 26% (8/31) in 

gray foxes [21]. None of the twelve tested coyotes were found to be positive in that study. 

Little is known about Babesia species infecting wildlife other than rodents, foxes, and 

raccoons in the United States. Numerous species of Babesia have been documented in 

black bears (Ursus americanus), including sequences closely related to B. microti-like, 

Babesia sp. ‘Coco’, and B. lotori [22–24]. Prevalence in bears has varied dramatically by 

study, with reported prevalence ranging from 6% to 42% [22–24]. Skunks have been 

documented to carry several Babesia species including B. mephitis and an unclassified 

species very similar to human B. microti, but there are no molecular surveys assessing 

prevalence or genetic diversity in the species [25,26].  

In addition to Babesia species, wildlife carry many other apicomplexan parasites 

that may cause disease in pets. Bobcats are known carriers of Cytauxzoon felis, a parasite 

often fatal in domestic cats [45]. Hepatozoon species can be either asymptomatic or a 

cause of severe muscle and heart inflammation in both wildlife and domestic animals 

[41-43]. Finally, Besnoitia darlingi is a cyst-forming protozoan that causes inflammation 

in Virginia opossums and uses both domestic and wild felids as definitive hosts [44]. 

Further research is necessary to understand the distribution, prevalence, and 

phylogenetics of Babesia spp. and other apicomplexans in wildlife. This information can 

then be used to inform diagnostic testing and risk to populations of interest like people 

and pets. Though previous surveys provide an excellent baseline, numerous states 

including Tennessee and Pennsylvania have not been assessed. In addition, surveys in 
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wildlife other than raccoons and rodents are rare. This study sought to fill in the 

knowledge gaps on the prevalence, distribution, and diversity of Babesia species that 

infect wildlife. We hypothesized that Babesia spp. infections would be common in 

raccoons and foxes, as previously documented, and present more rarely in other wildlife.  

Methods 

Blood or tissue samples from wildlife were collected opportunistically from a 

variety of sources. In Tennessee, whole carcasses from rabies testing facilities or from 

animals that died in the University of Tennessee College of Veterinary Medicine’s 

Wildlife and Exotics department were autopsied, and samples of blood and heart were 

saved frozen. In South Carolina, a collaborator performing a GPS collaring study on 

coyotes collected excess whole blood samples for testing. Finally, banked splenic 

samples from raccoons, skunks, mink, muskrats, bears, coyotes, foxes, and groundhogs 

were tested opportunistically from wildlife resources officers in various states.  

DNA was extracted from 100µl of whole blood (n= 296), heart (n=58), and/or 

10mg of spleen (n = 414) using DNeasy Blood and Tissue extraction kits following 

manufacturer’s instructions (Qiagen Inc, Germantown, Maryland, USA). A negative 

nuclease-free water control was used during each extraction. PCR was performed using 

nested PCR primers targeting the 18S rRNA gene of all Babesia species and other closely 

related apicomplexans using both negative extraction and negative PCR controls. Primers 

5.1 (CCTGGTTGATCCTGCCAGTAGT) and 3.1 (CTCCTTCCTTTAAGTGATAAG) 

were used for the external reaction [27]. Primary cycling conditions were as follows: 

initial denaturation for 5 minutes at 95°C followed by 35 cycles of 94°C for 1 minute, 

58°C for 1 minute, and 72°C for 1.5 minutes, and a final annealing step of 72°C for 7 

minutes. The internal reaction used primers RLB-F 

(GAGGTAGTGACAAGAAATAACAATA) and RLB-R 

(TCTTCGATCCCCTAACTTTC) and 1µL of the primary product [28]. The secondary 

reaction cycling conditions were the same as the primary except the annealing 

temperature was lowered to 54°C. Extracted DNA from a Babesia microti-like positive 

raccoon was used as the positive control. These primers can amplify other apicomplexan 

species including Cytauxzoon spp. and Hepatozoon spp. which also commonly infect 

wildlife. 

A subset of positive samples representing at least one of each unique species 

found via 18S sequencing (n=35) were also assessed with primers targeting the 

cytochrome c oxidase subunit 1 gene of Babesia using primers Babcox F 

(GGAAGTGGWACWGGWTGGAC) and Babcox R (TTCGGTATTGCATGCCTTG) as 

previously described [4]. PCR products were visualized on 1.5% agarose gel and 

amplicon bands around 550bp for 18S and at 1080bp for cox1 were purified with 

ExoSAP-IT PCR Product Cleanup Reagent (Thermo Fisher Scientific, Waltham, MA) 

and sequenced with Sanger sequencing at the University of Tennessee, Knoxville’s 

Division of Biological Sequencing.  

Amplicon sequences were analyzed in Sequencher v. 5.4.6 (Gene Codes 

Corporation, Ann Arbor, MI) and those with multiple sequences were cloned using the 

pGEM-T Easy Vector System (Promega Corporation, Madison, WI) following 
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manufacturer’s instructions. Plasmids were purified using MiniPrep Plasmid Purification 

kits (Thermo Fisher Scientific, Waltham, MA) following manufacturer’s instructions. 

Representatives of each unique sequence were deposited in GenBank, with 18S Babesia 

sequences under accession numbers PP231979-PP232025, 18S Hepatozoon, Besnoitia, 

and Cytauxzoon spp. under accession numbers PP234617-PP234624, and Babesia cox1 

sequences under accession numbers PP253989-PP253997. Sequences were aligned in 

BioEdit, and phylogenetic trees were made using the Neighbor-Joining algorithm with 

the kimura 2-parameter model with 500 bootstrap replicates in MegaX (v10.1.7) [29]. 

Identical or near identical sequences (<2bp difference) were removed to improve the 

readability of the tree.  

Histopathology was available from heart tissue from most Tennessee raccoons. 

Though Babesia infection is more likely to cause changes to the spleen, other 

apicomplexan species like Hepatozoon and Besnoitia may be identified in heart tissue 

[43,44]. During autopsy, pieces of left and right ventricle were placed in 10% buffered 

formalin and allowed to fix for 24-48 hours before trimming and embedding. Slides were 

stained with hematoxylin and eosin and reviewed with a board-certified pathologist 

(author MD) for inflammation and apicomplexan infection.  

Results 

We processed a total of 720 samples: 185 coyotes (Canis latrans), 159 muskrats 

(Ondatra zibethicus), 123 raccoons (Procyon lotor), 94 red foxes (Vulpes vulpes), 64 

striped skunks (Mephitis mephitis), 28 Virginia opossums (Didelphis virginiana), 28 

black bears (Ursus americanus), 23 groundhogs (Marmota monax), 10 mink (Neovison 

vison), 5 gray foxes (Urocyon cinereoargenteus), and one bobcat (Lynx rufus). Samples 

were from 8 states: 375 from Pennsylvania, 233 from Tennessee, 58 from South Carolina, 

27 from Louisiana, 15 from Virginia, 7 from North Carolina, 3 from Georgia, and 2 from 

Maryland. Summaries of which species from each state were positive for Babesia can be 

found in Table 2.  

 Babesia sp. infection was present in 19.2% (138/720) of samples. Raccoons had 

the highest prevalence of all wildlife species at 73.2% (90/123), while coyotes, mink, 

muskrat, bobcat, and bear all were PCR negative for Babesia. Of the remaining wildlife, 

32.8% of skunks (21/64), 25.5% of red foxes (24/94), 40% of gray foxes (2/5), and 3.6% 

of Virginia opossums (1/28) were PCR positive for Babesia spp. The sequences from the 

foxes were 97-100% similar to each other and to B. vulpes sequences in GenBank 

(MT50998). The sequence from the Virginia opossum was 99.8% similar to B. microti-

like sequences found in raccoons (MN011934). Skunks and raccoons had more diversity 

in the species they carried (Figure 5 and 6). Of the 90 positive raccoons, 58.4% (52/89) 

carried B. microti-like, 13.5% (12/89) carried B. lotori, 10.1% (9/89) carried B. s. s. 

MA230, 3.4% (3/89) carried Babesia sp. ‘Coco’, and 14.6% (13/89) had mixed 

infections. We identified three unique sequences from raccoons that were less than 97% 

similar to other 18S sequences available in GenBank. Of the novel sequences, two were 

most similar (94.6% and 96.2%) to B. lotori (MK580743) and one was 95.9% similar to 

B. s. s. MA230 (MK580742).  
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 Skunks primarily carried a species only documented once before in skunks from 

Massachusetts that is highly related to the B. microti species that infect humans. Of the 

21 positive skunks, 67% (n=14) were 99.4-100% similar to this sequence (AY144698). 

One skunk carried a sequence 100% similar to B. s. s. MA230 found in raccoons 

(MK580472), two were 98.7% similar to a Babesia species found previously in river 

otters (EF057099), and one was identical to B. microti-like sequences found in raccoons 

(MN011935). Two skunks, one each from Pennsylvania and Tennessee, carried unique 

sequences that were 95.3-95.6% similar to a species found in a fox from China 

(JX962779), which is related to B. gibsoni. Finally, one skunk had a mixed infection with 

one sequence 96.3% similar to the fox from China and one sequence 99.4% similar to the 

skunks from Massachusetts.  

Red and gray foxes carried B. vulpes exclusively, and all sequences except two 

were identical to each other and to multiple B. vulpes sequences in GenBank. Prevalence 

was slightly higher in the southern U.S. with 100% of Tennessee gray foxes (2/2), 50% of 

TN red foxes (2/4), and 33.3% of Georgia red foxes (2/3) positive for B. vulpes, while 

only 24.4% (20/82) of Pennsylvania red foxes and 0% (0/2) of Virginia red foxes testing 

positive.  

Sequencing with the COI primers was less sensitive than the 18S primers. Of the 

35 samples we performed COI PCR on, we found clean sequences in only fourteen. PCR 

on animals carrying B. vulpes, B. microti-like, and Babesia sp. ‘Coco’ resulted in clean 

sequences, while those carrying novel sequences, B. lotori, or B. s. s. MA230 were less 

likely to be successfully amplified. We were unsuccessful in amplifying the COI gene of 

the novel sequence that most closely matched the fox from China, although we did 

amplify the COI gene in skunks that carried the B. microti sequence previously reported 

from MA. That COI sequence was novel and only 87.3% similar to other sequences in 

GenBank (KC207827). Unlike on the 18S gene, the skunk COI gene did not cluster with 

human B. microti sequences (Figure 6). 

The primers used to amplify Babesia also amplify other apicomplexan species. 

Hepatozoon species were found in mink (70% [7/10]), muskrat (2.9% [4/140]), and 

raccoons (2.5% [3/122]). The sequences found in muskrats were identical to each other 

and 99.4% similar to H. ophisauri, which is a species that has been reported in lizards in 

Asia [30]. The Hepatozoon sequences in mink were identical to each other and 99% 

similar to a Hepatozoon species found in martens in Germany (OM256569). The 

Hepatozoon sequences in racoons were 97.5-98.5% similar to other H. procyonis 

sequences in GenBank. Of the 3 that were PCR positive, 2 had heart tissue histologically 

examined. Histologic findings revealed basophilic inclusions in leukocytes, moderate to 

severe myocarditis, and, in one case, a meront in the heart muscle (Figure 7). In addition, 

one raccoon that was PCR positive for Babesia on the 18S primers had evidence of H. 

procyonis infection in the heart including basophilic inclusion bodies and meronts. 

Despite cloning the PCR products, we only found Babesia sequences in this raccoon. It is 

likely that the raccoon was positive for H. procyonis, but the primers preferentially bound 

to the Babesia DNA.  

Hepatozoon canis and H. americanum were found frequently in foxes and 

coyotes, and those results were detailed separately [31]. No coinfections with both 
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Hepatozoon spp. and Babesia spp. were detected. The bobcat was positive for C. felis. 

Besnoitia darlingi (2/28) was sequenced from heart tissue in two Virginia opossums.  

Discussion 

A wide variety of Babesia species were found in wildlife in the eastern United 

States, including several novel sequences. Raccoons had a high prevalence of 73%, 

similar to what has been found in previous studies [6,19,20]. The most recent large-scale 

survey in the eastern United States, performed by Garrett et al, found a remarkably 

similar prevalence of 73.2% (512/699), while smaller surveys found higher prevalences 

of 95.1% (39/41) in NC and  82.4% (14/17) in FL [6,19,20]. Similar to the Garrett 

survey, we found B. microti-like sequences predominated in raccoons, while B. lotori and 

the Babesia s. s. MA230 were less frequent. Our 15% prevalence of mixed infection was 

lower than the 22% coinfection rate found in the previous survey. In addition to B. 

microti-like, B. lotori, and B. s. s. MA230, all of which have been frequently documented 

in the eastern United States, we also found Babesia sp. ‘Coco’ and 3 unique sequences 

that were <97% similar to any previously documented sequence in GenBank. Although 

Babesia sp. ‘Coco’ was not found in the Garrett survey, it has been found in raccoons in 

Texas [32]. All novel sequences in raccoons were found as part of mixed infections, and 

their significance is unclear. Further work assessing prevalence over time may help 

determine if these sequences are newly emerging or simply less common. 

Minimal research on Babesia species in skunks has been performed in the past. 

Babesia mephitis was documented based on blood smear morphology in 1970, but no 

molecular data exists for this species [26]. Babesia mephitis is a large form Babesia 

(2.5m x 4.75m), and B. microti, B. microti-like, and B. gibsoni, the species which the 

skunk sequences are most similar to, are all small form Babesia. There is only one 

morphologic description of Babesia s. s. MA230, which was found in one skunk in our 

study, but that description also does not appear to match the description of B. mephitis 

[18]. Therefore, it is unlikely that any of the sequences found in our study are B. mephitis.  

This study found that skunks primarily carry a species that is very closely related 

to zoonotic B. microti, though it is distinct from any sequence reported in humans. Its 

relationship to human B. microti was stronger at the 18S gene than the cox1 gene, 

suggesting a separate species whose zoonotic potential is unclear. In addition, skunks 

carried a novel sequence most closely related to B. gibsoni. However, the sequence was 

only 95% similar to the closest GenBank match and likely represents a novel species. 

This sequence was present in both skunks from Tennessee and Pennsylvania suggesting a 

wide geographic distribution. The potential zoonotic or domestic animal impacts are 

unclear, but given its relationship is to B. gibsoni, it may be capable of causing disease in 

domestic dogs. Skunks also carried a species that previously was documented in river 

otters. The skunk sequence was distinct from those in the river otter, but both are closely 

related to B. vulpes carried by foxes. This species has been shown to cause clinical 

symptoms in river otters, but its impact on skunks is not known [33].  

 None of the 145 coyotes tested positive for Babesia, even though both B. vulpes 

and Babesia sp. ‘Coco’ are known to infect domestic dogs and were found in this study in 

other wildlife [16,34]. In addition, B. vogeli is the most commonly reported large Babesia 
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species in domestic dogs in the United States and is found predominantly in the South 

[13]. It has been reported in coyotes from Texas, but surveillance in states further east is 

lacking [35]. One possible explanation for the lack of B. vogeli infection in coyotes is the 

tick vector, R. sanguineus. Although this vector is found frequently in the eastern U.S., its 

primary host is the domestic dog and is rarely found on coyotes. Numerous studies 

assessing ectoparasites on coyotes have failed to document infestation with R. sanguineus 

[36–38]. Though this study indicates that coyotes are likely not a common host for B. 

vogeli, further work, particularly in urban coyotes that may be more exposed to R. 

sanguineus vectors, is still necessary to understand the role coyotes may play in the 

disease ecology of this pathogen.  

 Foxes had a low level of Babesia diversity. All B. vulpes sequences except for 

two were identical to each other, and those that were not identical differed by only a few 

base pairs. Though the majority of research into B. vulpes has been in Europe, there are 

studies documenting B. vulpes in domestic dogs and foxes in the United States and 

Canada [16,21]. One study in Canada and North Carolina found a similar prevalence and 

also found low diversity in sequences [21]. Though B. vulpes is an important cause of 

morbidity in domestic dogs in Europe, cases in North America are still rare. However, 

some of this may be related to the diagnostics used in the United States, which typically 

test for Babesia sensu-stricto species (B. gibsoni, B. vogeli, B. canis, B. rossi, and 

Babesia sp. ‘Coco’) but not always B. microti-like or B. vulpes. A survey that tested for 

all Babesia species found a 0.5% (48/9367) prevalence of B. vulpes or B. vulpes co-

infection in North American canids, suggesting this species is still less prevalent than the 

other common species in like B. gibsoni, which was found in 2% of samples [16]. 

 Of note is the recent introduction of Haemaphysalis longicornis to the United 

States. Though the extent to which this tick will change the disease ecology of tick-borne 

parasites is not yet clear, studies assessing these ticks for the presence of pathogens have 

documented many of the species found in this study within H. longicornis, suggesting the 

tick may become an important vector for these pathogens [39].  

The presence of a snake Hepatozoon (H. ophisauri) in 3% of muskrats was an 

interesting finding. This species has been found in rodents once previously in Borneo, 

and it was hypothesized that rodents may serve as paratenic hosts [40]. The life cycle of 

this parasite is not fully understood, but it is hypothesized that lizards are the intermediate 

host and snakes serve as the definitive host [30,40]. Because we only tested for the 

presence of DNA and did not attempt to complete the lifecycle, we cannot say whether 

the positives in muskrats indicate viable Babesia or simply DNA from killed Babesia 

passing through the muskrat. That said, recent research has documented other 

Hepatozoon spp. in both snake and prey, and some researchers hypothesize that predation 

may play an important role in the disease ecology snake Hepatozoon species [41]. 

Hepatozoon ophisauri has not been documented outside of Europe and Asia, but there is 

a paucity of research in this area in the United States, so it is possible this species has 

been present and simply not looked for.  

Though Hepatozoon has not been found in United States in mink in the past, the 

species they carried was closely related to species found in martens in Germany. With a 

prevalence of 70%, it is unlikely that this species causes severe disease in healthy mink, 
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but its potential impacts in the face of co-infection or immune suppression are not known. 

Unlike the species found in mink, the Hepatozoon species in raccoons has been 

documented several times in the past in Texas and Oklahoma [42,43]. Hepatozoon 

procyonis causes significant myocarditis in raccoons, though its impact on overall health 

is unknown. 

The two primary limitations of this study are the small sequence length of the 18S 

gene amplified and the lack of deep sequencing. The less than 600bp sequences amplified 

by the nested 18S primers were long enough to successfully separate the different clades 

of Babesia known to occur in wildlife but are still small compared to the full length 18S 

sequence. Several other studies on Babesia spp. in North American wildlife have used 

these primers due to their high sensitivity, and therefore this study is comparable to 

previous work [24,33]. In addition, these primers are not only able to amplify all Babesia 

species but also other closely related genera like Hepatozoon, Cytauxzoon, and Besnoitia. 

Some of these species, particularly Hepatozoon species, are understudied.   

 The second major limitation of this study was the lack of deep sequencing to 

assess the true rate of coinfections in wildlife. Though cloning of select sequences 

revealed a 15% coinfection rate in raccoons and a 5% co-infection rate in skunks, this is 

likely an underestimate. Studies that use deep sequencing or multiple rounds of species-

specific PCR have found higher rates of coinfection, and further work utilizing these 

methods would help clarify the true diversity of Babesia in wildlife [19,33].  

Conclusion 

Skunks, raccoons, and foxes are important reservoirs for Babesia in the eastern 

United States and carry a greater diversity of species than previously realized. Further 

research, particularly in skunks, is important to fully understand the transmission 

dynamics and risk to domestic animals and people. Hepatozoon ophisauri is present in 

the United States, though muskrats’ role in the lifecycle is unclear. 
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Appendix 

Table 2. Prevalence of Babesia spp. infections in the eastern United States 

VOPO stands for Virginia opossum. Percentage is shown, and number positive and total number tested are shown in parenthesis.  

 

State Bear Bobcat Coyote 
Gray 

fox 
Groundhog Mink Muskrat Raccoon 

Red 

Fox 
Skunk VOPO 

GA - - - - - - - - 
33% 

(2/3) 
- - 

LA - - 
0% 

(0/25) 

0% 

(0/1) 
- - - - 

0% 

(0/1) 
- - 

MD - - 
0% 

(0/1) 
- - - - - 

0% 

(0/1) 
- - 

NC - - 
0% 

(0/4) 

0% 

(0/2) 
- - - - 

0% 

(0/1) 
- - 

PA 
0% 

(0/28) 
- 

0% 

(0/10) 
- 0% (0/23) 

0% 

(0/10) 

0% 

(0/159) 

33% 

(2/6) 

24% 

(20/82) 

28% 

(16/57) 
- 

SC - - 
0% 

(0/58) 
- - - - - - - - 

TN - 
0% 

(0/1) 

0% 

(0/74) 

100% 

(2/2) 
- - - 

75% 

(88/117) 

50% 

(2/4) 

71% 

(5/7) 

4% 

(1/28) 

VA - - 
0% 

(0/13) 
- - - - - 

0% 

(0/2) 
- - 

Total 
0% 

(0/28) 

0% 

(0/1) 

0% 

(0/185) 

40% 

(2/5) 
0% (0/23) 

0% 

(0/10) 

0% 

(0/159) 

73% 

(90/123) 

26% 

(24/94) 

33% 

(21/64) 

4% 

(1/28) 
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Figure 5. Phylogeny of partial 18S Babesia sequences 

Babesia spp. found in wildlife in the eastern United States. Plasmodium falciparum was 

chosen as the outgroup. All unique sequences are shown, and novel sequences are 

marked with stars. The phylogenetic tree was generated using the Neighbor-joining 

algorithm and a Kimura 2-parameter model in MegaX with (v10.1.7). The percentage of 

replicate trees in which the associated taxa clustered together in the bootstrap test (500 

replicates) are shown next to the branches. Created with BioEdit.  
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Figure 6. Phylogeny of partial cox1 babesia sequences 

Babesia spp. found in wildlife in the eastern United States. Plasmodium falciparum was 

chosen as the outgroup. All unique sequences are shown, and novel sequences are marked 

with a star. The phylogenetic tree was generated using the Neighbor-joining algorithm and 

a Kimura 2-parameter model in MegaX with (v10.1.7). The percentage of replicate trees 

in which the associated taxa clustered together in the bootstrap test (500 replicates) are 

shown next to the branches. Created with BioEdit.  
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Figure 7. Hepatozoon procyonis photomicrographs from raccoons 

Examples of meronts are shown in A and B. Mixed inflammation consisting primarily of 

lymphocytes and neutrophils with basophilic inclusion bodies of H. procyonis (arrow) are 

shown in C. A larger view of the typical moderate to severe multifocal myocarditis seen in 

infected raccoons is shown in D.  
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CHAPTER III  

HEALTH SURVEY OF SOUTHEASTERN COYOTES 
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Abstract 

Coyotes serve as excellent sentinels for a variety of pathogens of human and animal 

concern including Trichinella, Trypanosoma cruzi, Toxoplasma gondii, Leptospira, 

Echinococcus, and a variety of tick-borne diseases. To assess the prevalence and 

distribution of these diseases, we conducted a health survey of coyotes from east 

Tennessee and South Carolina. We performed necropsies with histopathology, PCR on 

blood and tissue samples, serology, fecal flotations, and ectoparasite identification to 

assess prevalence of these pathogens. Numerous infections were found including a high 

seroprevalence to Borrelia burgdorferi in Tennessee coyotes (43% [28/65]) while 

seroprevalence was low in South Carolina (2% [1/52]). Borrelia DNA was amplified in 

4.7% (4/86) of I. scapularis ticks from Tennessee. Tennessee coyotes also had a high 

prevalence of Paragonimus (25% [17/71]) and Trichinella (17% [12/71]). Coyotes from 

both states were infected with canine distemper virus (9% [7/76]) despite minimal 

respiratory or neurologic pathology. Seropositivity for Leptospira was 25% (23/91), and 

three coyotes from TN were PCR positive for Leptospira, including two infected with L. 

santarosai. Heartworm (Dirofilaria immitis) infection was present in 53% (8/15) of South 

Carolina coyotes and 44.6% (33/74) Tennessee coyotes. Coyotes made excellent sentinels 

for diseases of pets and people. Assessment of coyotes can help determine the risk and 

spread of many important pathogens, and regular disease surveillance can be an 

important component of a One Health program.  

 

Background 

Coyotes (Canis latrans) have expanded their range across the eastern United 

States in the last few decades [1]. Though their historic range was limited to the arid 

deserts and plains of the mid-West, the extirpation of predators like wolves and mountain 

lions as well as changes to the landscape have allowed coyotes to thrive in areas 

previously devoid of their presence. Their generalist and adaptable nature have allowed 

them to colonize almost the entirety of North America in just a few short decades [2]. 

Unlike wolves and mountain lions, coyotes thrive in suburban and fragmented habitats. 

Packs have been found in areas as dense as New York City, and reported conflict with 

coyotes has been on the rise for several years [3].  

 The impact of coyotes on this new eastern habitat is not yet clear. They can carry 

numerous diseases of veterinary, human, and wildlife health importance, and changes in 

disease ecology are likely as they interact with their new habitat. A baseline health 

assessment of coyotes can indicate the range and prevalence of pathogens of concern. 

This data can be used by veterinarians and physicians to understand the risk to their 

patients, as well as by wildlife ecologists to interpret diagnostic investigations on 

population scales and to better understand the potential impacts of coyotes on eastern 

ecosystems.    

 There is some preliminary knowledge from the southeast. A survey in South 

Carolina found a 15% (3/20) seroprevalence of canine distemper virus and a 25% (7/28) 

seroprevalence for at least one serovar of Leptospira [4].Though no carcasses were 

available in that study, 35% (12/34) of adults had Dirofilaria immitis microfilaria present 
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in blood smears. No PCR testing for any pathogens was performed in that study, though 

one coyote was positive for parvovirus via electron microscopy of feces. A similar study 

in Georgia also found high rates of seropositivity to canine distemper virus (48% [14/27]) 

[5]. That study found a 100% seropositivity to canine parvovirus, and 32% (10/31) were 

real-time PCR positive for CPV, though CT values were high (29.5-38.8) and only four 

were sequenced. The Georgia study tested for antibodies to several more pathogens 

including Trypanosoma cruzi and Toxoplasma gondii, finding a low prevalence (7% 

[2/27]) of the former and a high prevalence (92% [22/24]) of the latter. Carcasses were 

available in that study, and 52% (16/31) had adult D. immitis present in the heart or 

pulmonary arteries.  

These studies demonstrated that coyotes are exposed to many diseases of concern, 

but their sample size was limited, and serology was the primary diagnostic tool. Though 

serology can provide an excellent baseline, there are many infections better understood 

with histopathology or molecular diagnostics. This study sought to fill in the knowledge 

gaps on the zoonotic and domestic animal infectious diseases of eastern coyotes. 

Materials and Methods 

Sample collection  

Samples were opportunistically collected from a variety of sources. A 

collaborator sent excess whole blood, serum, fecal, and tick samples collected from a 

GPS collaring study of coyotes in South Carolina (SC). In addition, any study animals 

that died while still collared were collected and saved frozen until necropsies could be 

performed. Whole carcasses from eastern Tennessee (TN) were collected 

opportunistically from hunters, trappers, rabies testing facilities, and wildlife resources 

agents.  

Autopsy 

 Autopsies were performed as soon as possible on fresh carcasses, though those 

from South Carolina and from Animal and Plant Health Inspection Service’s (APHIS) 

rabies testing facilities were frozen until necropsies could be performed. Life stage 

(juvenile or adult) was determined based on tooth development and wear, body size, and 

uterine development in females [6]. All visible ectoparasites were collected and saved in 

70% ethanol. Body, heart, and liver weights were taken during autopsy. Any parasites 

visualized in the lung or heart were also saved in 70% ethanol until identification could 

be performed. Intestinal contents were not examined because they were sent to a 

collaborator working on an Echinococcus survey. Blood or blood clots were collected 

from the heart as soon as possible after death. An aliquot of the blood was centrifuged at 

4500 rpm for 15 minutes to isolate serum. Cerebrum, cerebellum, heart, lung, liver, and 

kidney were saved frozen. Samples from all major organs were collected and saved in 

10% neutral buffered formalin, then trimmed and routinely processed for histology. 

Slides with suspected pathology were reviewed with a pathologist (authors DM and MD).  
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Serology 

Many serum samples were collected post-mortem and were significantly 

hemolyzed. Therefore, tests that are strongly affected by hemolysis were not run. 

Trypanosoma cruzi was assessed following the protocol described in the nation-wide 

working dog survey [7]. In short, we screened serum (n=106) for antibodies using the 

commercially available Chagas Stat-Pak (ChemBio). Positive samples were then assessed 

with a second immunochromatographic test, the InBios Chagas DetectTM Plus Rapid 

Test, when enough serum was available. In addition, if serum remained, Stat-Pak positive 

samples were tested via IFA at Texas A&M University following their standard protocol. 

Samples were considered true positives if they were positive on at least two tests.  

Modified agglutination tests (MAT) for T. gondii antibodies were performed in 

the University of Tennessee Microbiology Laboratory (n=105) as previously described, 

starting at a 1:25 dilution [8]. Remaining serum (n=91) was tested with the microscopic 

agglutination test for antibodies to 12 serovars of Leptospira: Autumnalis, Ballum, 

Bataviae, Bratislava, Canicola, Copenhageni, Pomona, Icterohaemorrhagiae, 

Grippotyphosa, Hardjo, Mankarso, and Tarrasovi, as described previously [9]. Samples 

were considered positive if they had a titer of at least 1:50 (2+ agglutination), and serial 

dilution was performed on samples with >2+ agglutination to determine higher titers. 

Serum or whole blood samples (n=117) were tested using 4dx SNAP tests (Idexx) that 

assess for antibodies to Ehrlichia spp., Anaplasma spp., Borrelia burgdorferi, and 

antigens to adult female Dirofilaria immitis.  

Molecular Diagnostics 

 We extracted DNA from 200µl whole blood (n=130), 25mg heart (n=77), and 

25mg kidney (n=75) using Qiagen DNeasy Blood and Tissue kits following 

manufacturer’s instructions. A summary of the primers and protocols used for PCR is 

presented in Table 3. All PCR products were run on a 1.5% agarose gel, and samples 

with bands at the correct location were sequenced with Sanger sequencing using a 

commercial facility (Eurofins Genomics). 

 All kidney samples were tested via real-time PCR for Leptospira spp. as 

previously described [10]. Traditional PCR targeting both the Lipl32 gene and the rrs2 

gene was performed on any sample with a CT value <40. Due to the significant 

hemolysis associated with many of the serum samples, canine distemper virus (CDV) 

serology was not attempted. Instead, RNA was extracted from all lung samples (n=76) 

using RNeasy kits from Qiagen following manufacturer’s instructions. All lung samples 

were tested via reverse-transcriptase real-time PCR for canine distemper virus following 

the standard protocols of UTCVM’s Virology laboratory as previously described [63]. 

Samples were run in duplicate and were considered positive if both CT values were <35.  

 DNA from fecal samples (n=113) was extracted using the ZymoResearch Quick-

DNA MiniPrep kits (Orange, USA) following manufacturer’s instructions. Fecal samples 

from South Carolina were preserved in 70% ethanol for several months before testing, 

while fecal samples from Tennessee were collected fresh. Fecal samples were tested for 

parvovirus with a combination of real-time PCR and traditional PCR. Initially, real-time 

PCR was performed following the standard protocols of UTCVM’s Virology laboratory. 
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Forward primer (GACGACAGCACAGGAAACAA) and reverse primer 

(CTGGTTGTGCCATCATTTCA) were used alongside the probe (56-

FAM/ACGCACCCGTCTGCCACGGGA/3BHQ_1) to amplify a region of the NS1 gene. 

However, results were inconclusive, likely influenced by the method used for sample 

preservation, with many samples producing inconsistent results on duplicate testing. 

Attempts to amplify rt-PCR positive cases with traditional PCR were unsuccessful, and 

most CT values fell between 37-40. Therefore, previously tested samples with CT values 

<40 and future samples (n=38), all of which were from TN, were tested with traditional 

PCR as previously described [11].  

 DNA was extracted from Ixodes scapularis ticks from TN (n=86) using Qiagen 

DNeasy kits following manufacturer’s instructions (Qiagen Inc, Germantown, Maryland, 

USA). Ticks were bisected sagittally, and half of the tick was extracted while the other 

half was retained frozen. If the ticks were not engorged, up to three tick halves were 

combined in each DNA extraction. Engorged ticks were always extracted individually. 

Extracted DNA was tested for B. burgdorferi using real-time PCR following the standard 

procedures at the UTCVM Virology laboratory as previously described [64]. When the 

CT value was <40, ticks were individually extracted and tested via traditional PCR using 

nested primers targeting the 16S-23S ribosomal RNA (rRNA) intergenic spacer as 

previously described [12].  

 Paraffin extraction was performed on samples with Trichinella larvae on 

histology using the Qiagen DNeasy Blood and Tissue kits. In cases where fresh muscle, 

tongue, or diaphragm was available, we extracted DNA from fresh tissue as well. 

Multiplex PCR was attempted following previous protocols for Trichinella but was not 

successful, potentially due to the poor DNA quality of formalin-fixed tissue and the 

decreased sensitivity of tissue extractions rather than individual larvae extraction [13]. To 

confirm genus identity, we performed PCR targeting a small segment of large ribosomal 

subunit as previously described [13].  

Parasitology 

 Fecal flotation with centrifugation was performed on all samples using Sheather’s 

sugar solution as previously described [14]. Parasite eggs were identified to species when 

possible. Fecal samples with Taeniidae eggs seen on flotation were tested with primers 

targeting the COI gene of the genus to differentiate between Echinococcus and Taenia 

infection [15].  Heartworms were removed from the heart, lungs, and portal vein and 

saved in 70% ethanol. All worms were counted and sexed based on their size and tail 

morphology. Adult ticks were saved in 70% ethanol and identified to species using 

dichotomous keys whenever possible.  

Data analysis 

Statistical analysis was performed in RStudio. Association between presence or 

absence on histopathology and positive or negative results on serology was assessed with 

Chi-squared tests or Fisher’s exact tests depending on values. T-tests using Spearman 

correlation were used to assess association between heartworm number and heart weight 

and liver weight. Normality was assessed with Shapiro-Wilkes tests, and the significance 

level was set to 0.05. 
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Results 

A summary of all results is available in Tables 4-8. Results for individual coyotes and 

specific titer information are available in Supplementary Table 1.  

Autopsy 

 A total of 86 coyote carcasses were collected and necropsied between 2019 and 

2023, 71 from Tennessee and 15 from South Carolina (Figure 8). In addition, heart alone 

was available from three Tennessee coyotes, and whole blood (n=56), serum (n=41), and 

fecal (n=80) samples were collected antemortem from SC coyotes. Estimated post-

mortem interval ranged from a few hours to over two days. Coyotes from SC were 

initially trapped in McCormick County, though several had dispersed to other areas, 

including as far as northern Georgia, by the time of death. Coyotes from TN were 

primarily from Campbell County (n=55), though some were from Knox (n=9), Blount 

(n=4), Wayne (n=2), and Union (n=1) counties (Figure 8). The coyotes with only heart 

available were from middle TN, but specific county location was not known. All but two 

(13/15) SC coyotes were female, while 36 Tennessee coyotes were female and 35 were 

male. Most coyotes appeared in good nutritional condition, with 18% of Tennessee 

coyotes (13/71) and 33% (5/15) of South Carolina coyotes classified as underweight 

(body condition score [BCS] less than 4/9). Body weight ranged from 7.6kg to 20.5kg 

with an average body weight of 12.7kg. Most coyotes were young adults, though 16% 

(14/86) were estimated between 6-12 months old.  

 Liver weights ranged from 1.3%-4.4% of body weight (average of 2.51%), and 

heart weights ranged from 0.61-1.3% of body weight (average of 0.87%). Adult 

heartworms were found in 41 coyotes (46%), 53% (8/15) of South Carolina coyotes and 

44.6% (33/74) Tennessee coyotes. On average, coyotes with heartworms had 15 adult 

worms, though that number is skewed by several outliers including a coyote that had 109 

adult heartworms. Male and female heartworms were found equally with no significant 

difference between the sexes. Unisex infections were present in six coyotes - two male-

only and four female-only infections. There was no statistically significant association 

between heartworm burden and relative heart or liver weight.  

 Diet was assessed when stomach contents were identifiable. Coyotes primarily 

relied on mammalian food sources, with mammalian tissue found in 69% (31/45) of TN 

coyotes and 60% (6/10) of SC coyotes. Vegetation was also commonly consumed and 

was found in 38% (17/45) of TN and 10% (1/10) of SC coyote stomachs. Avian tissue 

was rarely identified (4% [2/45] of TN and 20% [2/10] of SC coyotes). Finally, many 

coyotes consumed human-associated items including stuffed animals, metal gears, plastic 

pieces, compost, and gravel. These human-associated items were found in 9% (4/45) of 

TN and 20% (2/10) of SC coyotes. The remaining coyotes had unidentifiable digesta.  

Histopathology 

 Urinary system: Lymphoplasmacytic interstitial nephritis typical of canine 

chronic kidney disease affected 28% (17/60) of TN coyotes and 43% (6/14) of SC 

coyotes (Figure 9A). Kidneys from one SC coyote and 11 TN coyotes were too autolyzed 

to accurately evaluate and were not included in the assessment. One Tennessee coyote 
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had numerous large abscesses of neutrophils and macrophages within the cortex and 

medulla (Figure 9B). Two coyotes from Tennessee had a renal chronic infarction, with 

lymphoplasmacytic inflammation and fibrosis consuming a wedge-shaped streak in the 

cortex and medulla. Finally, one South Carolina coyote had severe necrosis consuming 

half of its left kidney, with large swaths of necrosis, suppurative inflammation, and 

mineralization. This coyote had evidence of sepsis throughout multiple other organs.  

Bladder was analyzed in 55 coyotes. Fifteen percent (8/55) of coyotes had mild to 

moderate neutrophilic or eosinophilic cystitis (Figure 9C). There were no bladder stones, 

tumors, bacterial, or parasitic infection identified on autopsy or histology. 

 Pulmonary: Paragonimus kellicoti flukes were encysted in the lungs of 24% 

(17/71) Tennessee coyotes and were not found in the lungs of South Carolina coyotes. 

Coyotes typically had less than five total cysts, though infections with dozens of cysts 

were present in two cases. There was one severe infection with extrapulmonary 

involvement with several firm masses consuming the liver parenchyma (Figure 10). 

Smaller masses were found in the fat surrounding the liver as well as the nearby lymph 

nodes. The largest liver nodule was 4cmx3cm and had two adult flukes within. Histology 

revealed these masses consisted almost entirely of P. kellicoti eggs. PCR was performed 

on a section of these masses as well as an adult fluke form the lung to confirm species, 

and sequences were identical to each other and 99.7% identical to the only P. kellicoti 

18S sequence in GenBank (HQ900670). Moderate to severe granulomatous and 

eosinophilic pneumonia was present in all coyotes with P. kellicoti flukes. Histologic 

pulmonary changes typically consisted of egg masses, hemosiderin-laden macrophages 

throughout the lung lobes, and severe granulomatous inflammation surrounding the cysts 

themselves (Figure 11).  

Eosinophilic alveolitis was documented in 10 coyotes, with a significant 

association with D. immitis infection (Odds ratio = 5.4, p=0.04, Figure 12B). Most cases 

were mild to moderate and found sporadically throughout the lung lobes. Six TN coyotes 

had evidence of villous endarteritis or periarteritis, all of whom were D. immitis positive 

(Figure 12C). Other parasite-associated changes included a coyote with severe 

granulomatous pneumonia due to an Angiostrongylus vasorum infection and two coyotes 

with dystrophic mineralization at the center of focal granulomas, putatively associated 

with parasite migration (Figure 12A). The identity of A. vasorum was confirmed with 

sequencing of the ITS region (accession number OQ702321), and a full case report is 

pending. 

 Aside from parasitic pathology, lung lesions were uncommon. Diffuse bacterial 

pneumonia was documented in one SC and one TN coyote, and embolic pneumonia was 

found in two septic coyotes, one from each state. One coyote has villous mesothelial 

proliferation (Figure 12D) potentially due to pleural effusion caused by P. kellocoti fluke 

migration. Finally, one coyote had a focal proliferation of mesenchymal and acinar cells 

in one lobe without a clear cause of chronic inflammation.  

 Dermatologic: An emaciated coyote from Knox County, Tennessee, had sarcoptic 

mange (Figure 13C). The coyote suffered scabbing, pyoderma, and alopecia throughout 

most of its skin and had numerous S. scabei mites present on a skin scrape. Sequencing of 

the 16S rRNA sequence was 100% similar to other S. scabiei sequences in GenBank 
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(KY290803). On histopathology, this coyote had evidence of sepsis, with bacterial 

emboli and associated suppurative inflammation present in the heart, lung, and kidney. 

No other coyotes had evidence of mange.  

 Several coyotes (24% [9/38]) had evidence of allergic skin disease on 

histopathology characterized by eosinophilic, histiocytic, or neutrophilic inflammation in 

the dermis and occasionally accompanied by hyperkeratosis or neutrophilic scabs (Figure 

13D). There was no association between D. immitis status and allergic skin disease. One 

coyote had severe eosinophilic vasculitis with thrombi and intradermal hemorrhage 

associated with a circular rash surrounding bites from two I. scapularis ticks (Figure 13A 

and B). Neither tick tested positive for Borrelia DNA, though other bacterial infections 

cannot be excluded.  

 Gastrointestinal: Minimal gastrointestinal histopathology was assessed due to 

autolysis. However, pancreas (n=19) and liver (n=28) were assessed when autolysis was 

minimal. Seven (37%) coyotes had moderate to marked eosinophilic and proliferative 

inflammation of the pancreatic duct. Three of these had Eurytrema spp. eggs or adults 

within the pancreatic duct (Figure 14C). Numerous (>50) Eurytrema adults were found 

incidentally within the small intestine of one coyote during autopsy. DNA was extracted 

from one adult fluke and tested with universal trematode primers [16]. The 731bp 

consensus sequence was 98% similar to E. pancreaticum sequences in GenBank 

(KY490004). There are no E. procyonis sequences in GenBank, so the species identity is 

not clear.  

 Hepatitis affected 32% (9/28) of coyotes. Most cases consisted of mild focal or 

multifocal eosinophilic inflammation, likely related to parasite migration. As discussed 

above, one coyote had large granulomas consisting of P. kellicoti eggs present in its liver 

and associated lymph node. One case was not likely related to parasite migration – a 

coyote with a large neutrophilic abscess.   

Musculoskeletal: Trichinella larvae were found in the skeletal muscle, tongue, or 

diaphragm in 17% (12/71) Tennessee coyotes as shown in Figure 14B. No Trichinella 

spp. were found in South Carolina coyotes. Trichinella was most common in the tongue 

(80% of positive cases), followed by skeletal muscle (58% of positive cases), and 

diaphragm (50% of positive cases). Multiplex PCR on paraffin-extracted pieces of tissue 

was not successful. However, traditional PCR was successful in cases where fresh tissue 

was available (n=3). Amplified sequences were 100% identical to each other and to T. 

britovi sequences found in GenBank (KU374854). However, the short sequence length 

and paucity of T. murrelli sequences in GenBank precluded species identification. 

Though myositis was found in some coyotes, it was not associated with Trichinella 

larvae. 

Miscellaneous: One coyote had moderate lymphocytic perivascular cuffing 

surrounding several vessels in its cerebrum and cerebellum. No distemper-like inclusions 

were present, and IHC of the slides, performed at University of Georgia, were negative 

for CDV, EEE, and WNV. The only other histopathologic lesions in this coyote were 

mild myocarditis and interstitial nephritis. Several coyotes had myocarditis, typically 

consisting of mild to moderate lymphoplasmacytic inflammation.  In the South Carolina 

coyotes, this was often associated with Hepatozoon americanum infection, which we 
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describe in detail elsewhere [17]. Myocarditis was less common in TN and consisted of 

rare multifocal lymphoplasmacytic clusters of inflammation. No causative agent was 

determined.  

Serology and Molecular Diagnostics 

 Leptospirosis: Though Leptospira MATs can be run with hemolyzed serum, 

extreme hemolysis can interfere with the results. Therefore, fourteen severely hemolyzed 

serum samples were excluded from analysis. Of the remaining 91 serum samples, 25% 

(23) had titers of 1:50 or greater. Titers were low, with only 26% (6/23) of positive titers 

>1:100. Serovar prevalence differed between states. Autumnalis was the most common 

serovar in TN (19% [10/53]), while Grippotyphosa was the most common in SC (13% 

[5/38]). None of the coyotes were positive for Ballum, Bataviae, Canicola, or Tarrasovi, 

and only one coyote from TN was positive for Hardjo. Full serovar information and titers 

are available in Supplementary Table 1. 

 Three of the 75 tested kidney samples (4%) were rtPCR positive for Leptospira 

DNA (CT values 32.9-34.5), all of which were from Tennessee. Sequencing of both the 

LipL32 gene and the RRS2 gene was successful in all three cases. One case was 100% 

identical to L. interrogans on both gene targets, while the other two were L. santarosai 

(100% and 98% in the LipL32 gene and 100% and 99.9% on the rrs2 gene). The coyote 

positive for L. interrogans was seropositive for Autumnalis (>1:6400), Pomona (>1:6400), 

Icterohaemorrhagiae (1:100), Bratislava (1:50), and Copenhageni (1:50). Both L. 

santarosai-positive coyotes were negative on the MAT test.   

 Neither L. santarosai coyote had any evidence of renal pathology, though the L. 

interrogans-positive coyote had numerous large neutrophilic abscesses throughout the 

kidney, with non-abscessed areas showing evidence of lymphoplasmacytic nephritis 

(Figure 9B). There was a statistically significant correlation (Odds ratio = 7.8; p=0.002) 

between Leptospira seropositivity and interstitial nephritis. Only 21% (9/42) of 

seronegative coyotes had interstitial nephritis, compared to 69% (9/13) of seropositive 

coyotes. 

 Toxoplasma gondii: Most coyotes (85% [90/105]) were seropositive for T. gondii. 

Seropositivity was higher in SC (92% [36/39]) than TN (82% [54/66]), and the average 

titer in both states was 1:200. Just over 7% of coyotes from both states had titers >1:3200 

(8/105). 

 Trypanosoma cruzi: None of the 130 tested coyotes were PCR positive for T. cruzi 

on either blood or heart. However, 19.8% (21/106) of the coyotes were seropositive for T. 

cruzi on the Chagas Stat-Pak. Of those, 9 were also positive on the InBios ICT test, though 

two Stat-Pak positive cases did not have enough remaining serum to test. Only one SC 

coyote was positive on IFA with a titer of 1:1280. Therefore, 8.7% (9/104) of samples were 

positive on at least two serologic tests. 

 Distemper (CDV): Real-time PCR for distemper virus was positive in 9.2% (7/76) 

of the coyotes, with 15.4% (2/13) of SC coyotes and 7.9% (5/63) of TN coyotes with CT 

values <35. Only two coyotes were strongly positive (CT value of 14.9 and 20.8), while 

the rest had values between 30-35. Both strongly positive coyotes and two of the weakly 
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positive coyotes had interstitial pneumonia. Five coyotes had equivocal results, with CT 

values consistently between 35-39. None of the equivocal coyotes had lung pathology.  

 Parvovirus (CPV): Only one of the ethanol-preserved fecal samples from SC was 

positive for parvovirus on real-time PCR, with a CT value of 33. None of the ethanol-

preserved fecal samples were positive on traditional PCR. Of the fresh fecal samples 

tested with traditional PCR, 10.5% (4/38) were PCR positive and confirmed via 

sequencing to be CPV-2. The small sequence length precluded more specific typing.  

 Idexx 4dx SNAP tests: Tennessee coyotes had a higher prevalence of all tested 

4dx pathogens, with 66% (43/65) seropositive for Ehrlichia, 43% (28/65) seropositive for 

B. burgdorferi, and 29% (19/65) seropositive for Anaplasma. South Carolina coyotes had 

no evidence of exposure to Anaplasma, and only one of 52 was seropositive for B. 

burgdorferi. Eleven of 52 (21%) were seropositive for Ehrlichia. There was no 

statistically significant correlation between Borrelia, Anaplasma, or Ehrlichia 

seropositivity and renal inflammation. The 4dx heartworm antigen results generally 

agreed with autopsy results. Of coyotes that had at least one adult female worm on 

autopsy, the SNAP test was able to identify 89% as positive and was able to identify 

100% of infections that had greater than three adult female worms. False positives were 

present in two cases, giving an overall specificity of 97%.  

Parasitology 

Ticks: Three hundred and thirteen adult ticks were collected, 110 from South 

Carolina and 203 from Tennessee (Table 8). Black-legged ticks (Ixodes scapularis) 

predominated in South Carolina, making up 81% of specimens collected (89/110). Ixodes 

scapularis was also common in Tennessee making up 43% of ticks (86/203). 

Amblyomma americanum was the second most common, making up 47% (94/203) of TN 

ticks and 7% (8/110) of SC ticks. Amblyomma maculatum was found on 12% (13/110) of 

SC coyotes and only on two TN coyotes. Finally, Dermacentor variabilis made up 9% 

(19/200) of TN samples but was not found in SC. All but one coyote from South Carolina 

was harvested in the wintertime, while those from Tennessee were primarily harvested in 

winter but some were collected in spring, which may explain the variability in tick 

species.  

 Since few SC coyotes were seropositive for B. burgdorferi antibodies, SC ticks 

were not tested. Of the TN black-legged ticks tested for B. burgdorferi DNA, 4.7% (4/85) 

had CT values <35 on rtPCR, and three were sequenced with traditional PCR. There were 

also six equivocal samples with CT values between 35-40. However, none of the 

equivocal samples could be sequenced with traditional PCR. Of the three sequences 

generated, one was 99.68% similar to a B. burgdorferi strain B31 sequence (CP019767), 

and two were identical to each other and 99.57% similar to a strain 80a sequence 

(CP124108).  

Fecal flotation: Fecal flotations were performed on 133 coyotes (81 from South 

Carolina and 52 from Tennessee). Parasite eggs were found at much higher frequencies in 

the fresh (TN) stool compared to ethanol-preserved (SC) with 94% (49/52) of Tennessee 

coyotes positive for at least one parasite on fecal float compared to only 36% (29/80) of 

South Carolina coyotes. Full fecal floatation results are shown in Table 7. Tennessee 

coyotes had the highest prevalence of Ancylostoma spp. (77%) followed by Sarcocystis 
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spp (54%) and Capillaria spp. (29%). Eurytrema spp. eggs were found in 7.7% (4/52) 

Tennessee coyotes. Taeniidae spp. were found in 10% (8/80) South Carolina coyotes and 

7.7% (4/52) Tennessee coyotes. Cestode PCR was successful in seven of these samples. 

Six samples (four from SC and two from TN) were 92-98% similar to T. pisiformis 

sequences in GenBank, and one sample from TN was 99.2% similar to T. hydatigena.  

Discussion 

Coyotes carried numerous pathogens of human and veterinary importance, including 

several considered to be emerging in the southeast. For most pathogens of concern, 

coyotes had a higher prevalence than what has been documented in pets or people, 

making them excellent sentinels for these diseases.  

Autopsy and Histopathology 

 Leptospira: Out of the three PCR-positive cases of Leptospira, two were L. 

santarosai, rather than the more commonly diagnosed L. interrogans. Leptospira 

santarosai is a cause of leptospirosis in humans in Central and South America and has 

been found in the United States in cattle herds in Puerto Rico [18,19]. The first report of 

L. santarosai in a dog did not occur until 2016 in Brazil [20]. This dog did not show any 

clinical symptoms of leptospirosis, but persistently shed L. santarosai in the urine for 

several weeks. There have been a few other reports of subclinical L. santarosai since 

then, with one study finding L. santarosai sequences from dogs were genetically distinct 

from other mammals [21]. Though no clinical cases of L. santarosai have been reported 

in canids, most veterinary diagnostic laboratories in the United States do not test for L. 

santarosai with their MAT tests. Therefore, although L. interrogans is considered the 

primary species in dogs, little is known about the prevalence or potential virulence of L. 

santarosai in canids. However, the pathogen appears more common than previously 

believed. Due to the known zoonotic potential, continued monitoring of both domestic 

and wild canids important. 

There was a statistically significant correlation between L. interrogans 

seropositivity and interstitial nephritis. Studies in domestic dogs have found that 

asymptomatic leptospirosis is associated with chronic kidney disease, and our findings 

suggest a similar association in coyotes [22]. The coyote PCR positive for L. interrogans 

had both interstitial nephritis as well as multifocal large renal abscesses, which is not 

typical for Leptospira infection. Whether Leptospira infection contributed to these 

lesions is unclear, and this coyote was the only one with renal abscesses.  

Serovars differed between the two states, with TN having more Autumnalis and 

SC more Grippotyphosa. Serovar Autumnalis is considered less pathogenic to dogs and is 

sometimes not even included in canine MAT tests, while Grippotyphosa is often a cause 

of clinical illness [23]. We did not have a large enough sample size to confidently assess 

differences between renal pathology and individual serovars. Future studies with a larger 

sample size should assess the relationship between serovar, titer, and renal pathology in 

coyotes. 

Trichinella: Tennessee coyotes had a high prevalence of Trichinella spp. 

infection. We were unable to confirm species, likely since most genotyping protocols 



93 

 

require digestion and assessment of individual larvae, which we did not attempt for this 

study. T. murrelli is one of the most common species in wildlife in the temperate United 

States and has been documented in coyotes in the past [24,25]. The prevalence of 17% in 

TN coyotes is higher than most previous reports in coyotes, which typically range from 

4-10% prevalence [24,26–28]. Only one study from Wisconsin found a higher prevalence 

of 26% (11/42) [25]. The last survey in TN in 1987 examined 170 coyote diaphragms and 

did not find any positives [29]. It is unclear from the description if they performed tissue 

digestion or simple squash preparations. Regardless, we report a higher prevalence than 

previously documented in TN, even though we did not perform tissue digestion, the gold 

standard for diagnosis. Though the zoonotic potential of Trichinella in coyotes is 

hopefully minimal, as they are not game animals, they can be excellent sentinels for the 

prevalence in an area.  

Virology 

 There are no comparable molecular studies assessing CDV prevalence in coyotes. 

Seroprevalence is variable, ranging between 10%-56% in previous studies across the 

United States [30–33]. A study of raccoons and foxes found a 74% (43/58) rtPCR 

prevalence including in 55% (12/22) of clinically healthy animals [34]. Only 17 of the 

PCR positive wildlife had lung pathology, suggesting either an acute or carrier state for 

raccoons and foxes. Our study provides evidence that coyotes may also be capable of 

subclinical or post-clinical shedding.  

 Like CDV, relatively few molecular surveys for CPV have been performed in 

wildlife. Though seropositivity is often as high as 100% in coyotes, less is known about 

the prevalence of active infection [5,30,35,36]. Despite CPV’s hardiness in the 

environment, it appears that long-term ethanol preservation decreased the quality of 

DNA. Therefore, the 1.4% (1/70) prevalence found via rtPCR in the SC coyotes is likely 

an underestimate of infection, and comparison between the two states should not be 

made. If we included equivocal results with CT values between 35-40, we would have a 

higher prevalence of 20% (14/70). However, traditional PCR failed to amplify DNA in 

any of these equivocal cases, so we elected a conservative cut off. The 10.5% (4/38) 

prevalence in the fresh fecal samples of TN coyotes is lower than the 32% (10/31) rtPCR 

positivity reported in Georgia coyotes [5]. However, CT values in the Georgia study were 

high (29.5-38.8), and only four (12.9%) were sequenced. The prevalence of sequence-

confirmed CPV positives was similar to the prevalence we found in the fresh TN fecal 

samples (10.5%) and demonstrates that coyotes can act as important reservoirs for the 

disease.  

Trypanosoma 

 No serologic tests for T. cruzi are validated in coyotes, and studies vary in their 

methodology for determining positives. We followed a conservative approach, 

considering a sample positive only if it was positive on two separate tests. Though 19.8% 

(21/106) of coyotes in our study were seropositive on the STAT-Pak alone, only 8.6% 

(9/104) were positive on both Stat-Pak and InBios ICT. Samples were more likely to be 

positive on both tests if the Stat-Pak band was strongly positive, while those with fainter 
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lines were often, but not exclusively, negative on the InBios ICT. IFA testing was limited 

in our study due to the low volume and quality of serum. However, only one SC coyote 

was positive on IFA, showing a poor agreement between tests.  

Prevalence in SC (17.5% [7/40]) was markedly higher than prevalence in TN 

(3.1% (2/64), corresponding with the known increase in prevalence further South [37]. 

Few similar surveys exist with which to compare our findings. A survey in South 

Carolina tested two coyotes and 26 gray foxes with both the InBios ICT and IFA. None 

of the coyotes were positive, but 8% (2/26) of the foxes were positive on both tests, 

similar to our total prevalence [38].  The only previous coyote survey in Tennessee used 

the InBios ICT exclusively and found a 9.5% (2/21) prevalence, again similar to our total 

prevalence although the use of only one serologic test would lead to a higher reported 

prevalence. The working dog survey, which our methods are based on, found a higher 

percent seropositivity in Tennessee working dogs (11%) than we found in coyotes. This 

is surprising, as coyote exposure to triatomine bugs would theoretically be higher than 

owned dogs. This could be explained by the high incidence of T. cruzi infected bugs 

documented in dog kennels or differences in prevalence between eastern Tennessee and 

the rest of the state [39]. Though both the Stat-Pak and the InBios ICT can be used with 

hemolyzed serum or even whole blood, it is also possible that the lower quality of our 

post-mortem samples decreased the sensitivity of the tests.  As concern for the spread of 

T. cruzi in the United States grows, wildlife surveillance will remain a vital component of 

assessing distribution and risk. 

Ticks and Tick-borne Diseases 

 Our findings support the increasing concern for the spread of Lyme disease in the 

South. Several states previously considered non-endemic for Lyme have seen human 

cases more than double since the mid-2000s, and studies have found an increase in the 

distribution of black-legged ticks in eastern Tennessee [40,41]. Black-legged ticks were 

first reported in eastern Tennessee in 2006, where they were found in only 8 counties, 

and no ticks were positive for B. burgdorferi [42] . By 2017, they were found in 26 

counties, and B. burgdorferi-positive ticks were found in four counties (Union, Anderson, 

Claiborne, and Hamilton) [40]. Though ticks from Knox and Campbell Counties were 

assessed in that study, none were positive for B. burgdorferi. We found a near 5% 

prevalence of positive ticks in those counties, demonstrating an expanded distribution.  

 Of the three generated B. burgdorferi sequences, two IGS genotypes were present. 

One sequence was strain B31, which is considered the reference strain for B. burgdorferi 

sensu-stricto [43]. The other two sequences were more similar to strain 80a, which is also 

known to infect humans and has been found in New York and Michigan [44]. Strain B31 

is ospC type A and strain 80a is ospC type N, and both types have been associated with 

invasive infections in people [45]. The finding of two distinct genotypes despite such a 

small positive sample size suggests there may already be a high diversity of B. 

burgdorferi genotypes circulating in the southeast.  

 In addition, though the PCR prevalence of 5% in ticks is relatively low, the 

antibody prevalence in coyotes was remarkably high at 43%. This suggests that there is 

still substantial risk, primarily to pets who are not on prevention. The low rate of 
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exposure (2%) in South Carolina suggests that infected ticks have not established 

themselves as fully in that area. Given the rapid expansion in B. burgdoerferi-positive 

ticks in the last decade, it is likely that the distribution and prevalence will only continue 

to increase [41]. Therefore, continued monitoring is important. 

 The remaining ectoparasite results demonstrated that coyotes are important hosts 

not only for the black-legged tick but also for the Gulf Coast tick (Amblyomma 

maculatum), the lone star tick (Amblyomma americanum), and, to a lesser extent, the 

American dog tick (Dermacentor variabilis). The Gulf Coast tick has been common in 

South Carolina for decades, and has recently expanded its range as far north as Delaware, 

so its rare occurrence in Tennessee is expected [46,47]. It is important to interpret the 

ectoparasite results with the season of capture in mind. Almost all carcasses were 

collected in winter, so the high occurrence of I. scapularis and low occurrence of more 

summertime ticks is not surprising. 

Fecal Flotation 

 Ethanol storage appeared to have a major impact on the sensitivity of fecal 

flotation in the South Carolina coyotes. Therefore, the rates reported from SC should be 

viewed as minimum occurrence rather than true prevalence, and the results should not be 

compared with the results from TN, which were obtained with fresh feces.  

The high prevalence of P. kellicoti, both in the fecal flotations and the lungs, was 

unexpected. Previous analyses have found P. kellicoti in less than 4% of coyotes [48,49]. 

Even in the accepted primary definitive host, mink, prevalence is typically <20% [50]. 

Therefore, our finding of a 25% (13/52) prevalence in TN is unusual. This study provides 

only the second report of extrapulmonary Paragonimus in a canid. The previous report 

occurred in 1976 in a mixed breed dog with numerous Paragonimus cysts in its lungs, 

and egg granulomas found throughout its liver, spermatic cord, and mediastinal lymph 

nodes [51]. Of the autopsy-positive coyotes, 92% (12/13) had Paragonimus eggs on fecal 

flotation, demonstrating a high sensitivity of fecal flotation for infection. The fecal-

negative coyote only had two cysts present in the lungs.  

The presence of Eurytrema spp. was surprising, since many previous parasite 

surveys have been performed in coyotes with only one finding Eurytrema in a single 

coyote-red wolf hybrid [4,5,52–54]. Raccoons are considered the definitive host of E. 

procyonis, and Eurytrema has also been documented in domestic cats, foxes, and maned 

wolves [54–57]. It is worth noting that all but one Eurytrema spp. and P. kellicoti 

infection were from Campbell County. It is possible that mollusk, grasshopper, or 

crayfish abundance is higher in this area, creating a hotspot for these trematode 

infections. However further research with a greater sample size from other counties 

would be necessary to make that determination.  

 The high prevalence of Ancylostoma, Sarcocystis, and Neospora-like species is 

similar to what has been found in previous fecal flotation surveys in wild canids, though 

there is significant geographic variability [48,52]. Although Echinococcus canadensis has 

been reported in elk in Tennessee, none of the coyotes from TN or SC were positive for 

this zoonotic parasite [58].  
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Limitations 

There were several limitations of this study, primarily related to the opportunistic 

sample collection. Most TN samples came from one wildlife management area (WMA) 

in Campbell County, while all SC samples came from a single county. Therefore, though 

the prevalence of disease is likely comparable to neighboring counties, we cannot 

determine what trends may be related to the specific ecology of those regions.  

The presence of marked autolysis in some coyotes (n=11) and freeze artifact in 

others (n=16) limited the usefulness of histology in certain cases, particularly when 

evaluating gastrointestinal organs. Histopathology of brain, intestine, liver, and pancreas 

were often unusable due to these changes, limiting our assessment of some of the 

diseases of interest including CPV and CDV. In addition, using only post-mortem 

samples limited our ability to test serum, which kept us from comparing our results to the 

previous southeastern coyote surveys that assessed exposure to CPV, CDV, and West 

Nile Virus.   

Finally, a major limitation of the study was the delayed testing of samples from 

South Carolina. Fecal flotation was likely significantly impacted by the months-long 

storage times in ethanol, which has been shown to decrease fecal egg counts in 

experimental testing [62]. The difference in storage methods and duration makes 

comparison of histology and fecal results between the two states challenging. That said, 

many autopsy findings would not have been impacted by storage methods including 

heartworm, Paragonimus, and Trichinella.  

Conclusion 

Coyotes are excellent sentinels for disease. Their generalist nature places them in 

contact with many pathogens, as well as humans and pets. This study provided a better 

understanding of coyote disease burden and demonstrated their usefulness at monitoring 

the emergence of new diseases, particularly tick-borne diseases, to an area. Coyote 

assessment can be a vital part in a disease surveillance program. 
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Appendix 

Table 3. PCR Protocols Primers used for nested or traditional PCR on coyote blood, tissue, or ticks are shown. Sequences 

>200bp were deposited in GenBank, and their accession numbers are shown in the GenBank column. 

Organism Gene Sequence Annealing 

temperature 

PCR 

product  

Citation GenBank 

Trypanosoma 

cruzi 

24s 

αRNA  

D75: GCAGATCTTGGTTGGCGTAG  

D76: GGTTCTCTGTTGCCCCTTTT 

59 262 Souto et al. 

1999 [59] 

NA, all negative 

Rickettsia 

rickettsii 

OMPa Rr190.70p: ATGGCGAATATTTCTCCAAAA; 

Rr190.602n: AGTGCAGCATTCGCTCCCCCT 

50 532 Regnery et al. 

1991 [60] 

NA, all negative 

Leptospira Lipl32 LipL32F: ATCTCCGTTGCACTCTTTGC  

LipL32R: ACCATCATCATCATCGTCCA 

55 474 Ahmed et al. 

2006 [61] 

PP554249-

PP554251 

Leptospira rrs2 (16S 

rRNA) 

rrs2F: CATGCAAGTCAAGCGGAGTA  

rrs2R: AGTTGAGCCCGCAGTTTTC 

55 541 Ahmed et al. 

2006 [61] 

PP555946-

PP555948 

Trichinella LRS 

rRNA 

ESV 

NeF: TCTTGGTGGTAGTAGC  

NeR: GCGATTGAGTTGAACGC 

55 ~225 Zarlenga et al. 

1999 [13] 

PP544891 

PP544892 

Taeniidae spp.  COI EchinoCOIF: TTTTTTGGGCATCCTGAGGTTTAT 

EchinoCOIR:TAAAGAAAGAACATAATGAAAATG 

55 ~450 Gasser et al. 

1999 [15] 

PP555030-

PP555945 

CPV VP2 M1: GAAAACGGATGGGTGGAAAT  

M2: AGTTGCCAATCTCCTGGATT 

50 221 Schunck et al. 

1995 [11] 

PP554252-

PP554255 

Borrelia 

burgdorferi 

16S 

rRNA 

IGS 

External - (F): GTATGTTTAGTGAGGGGGGTG; 

(R): GGATCATAGCTCAGGTGGTTAG Internal - 

(Fi): AGGGGGGTGAAGTCGTAACAAG; (Ri): 

GTCTGATAAACCTGAGGTCGGA 

55 (external); 60 

(internal) 

1336 Kelly et al. 

2014 [12] 

PP544200-

PP544202 

Trematodes 18S Trem18SF: ATGGCTCATTAAATCAGCTAT, 

Trem18SR: TGCTTTGAGCACTCAAATTTG 

60 ~720 Diaz et al. 

2020 [16] 

PP544396- 

PP544398 
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Table 4. Histopathologic lesions found in coyotes 

Percentage positive is shown, with total number positive and total number assessed in 

parenthesis. Some tissues have lower sample size either due to autolysis or because 

certain tissues (pancreas, bladder, and skin) were not routinely sampled until later in the 

study.    

Category Lesion TN SC Total 

Musculoskeletal Chronic fracture 2.8% (2/71) 13% (2/15) 4.6% (4/86)  
Myositis 14% (10/71) 27% (4/15) 16% (14/86)  
Glossitis 12% (6/49) 9% (1/11) 12% (7/60)  
Trichinella 17% (12/71) 0% (0/15) 14% (12/86) 

Cardiac Myocarditis 4% (3/73) 33% (5/15) 9% (8/88)  
Heartworm 45% (33/74) 53% (8/15) 46% (41/89) 

Pulmonary Paragonimus 24% (17/71) 0% (0/15) 20% (17/86)  
Eosinophilic Alveolitis 8.5% (6/71) 27% (4/15) 12% (10/86)  
Endarteritis or periarteritis 8.5% (6/71) 0% (0/15) 7.0% (6/86)  
Other Pneumonia 11% (8/71) 27% (4/15) 14% (12/86) 

Urogenital Interstitial nephritis 27% (16/60) 43% (6/14) 30% (22/74)  
Renal abscesses 1.7% (1/60) 0% (0/15) 1.3% (1/75)  
Chronic renal infarction 6.7% (4/60) 6.7% 

(1/15) 

6.7% (5/75) 

 
Cystitis 15% (8/53) 0% (0/2) 15% (8/55) 

Skin Allergic dermatitis 29% (9/31) 14% (1/7) 26% (10/38)  
Vasculitis 3.2% (1/31) 0% (0/7) 2.6% (1/38)  
Sarcoptic mange 1.4% (1/71) 0% (0/15) 1.2% (1/86) 

Misc. Pancreatic duct 

hyperplasia 

44% (7/16) 0% (0/3) 37% (7/19) 

 
Hepatitis 35% (8/23) 20% (1/5) 32% (9/28)  
Sepsis 1.4% (1/71) 6.7% 

(1/15) 

2.3% (2/86) 
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Table 5. Serology results from coyotes from TN and SC 

Total positives and total number tested are shown in parenthesis. The Chagas Stat-Pak was used as the primary screening tool for 

T. cruzi in coyotes, and only coyotes positive on the Stat-Pak were tested with the InBios ICT or IFA at Texas A&M University. 

Coyotes were considered positive if they were positive on 2 or more tests.  

 

 

Table 6. PCR results from coyotes from TN and SC 

Protocols for PCR are available in Table 3. Coyotes were considered CPV positive if they had a replicable CT value <35 on 

rtPCR or if sequence was obtained with traditional PCR. All SC coyote feces were preserved in ethanol prior to testing, while TN 

feces was fresh. If only traditional PCR on fresh fecal samples is considered, 10.5% (4/38) were positive. 

  
Rickettsia 

rickettsii 

Trypanosoma cruzi  Leptospira CPV CDV Borrelia 

Organ tested Whole blood Whole blood and 

heart 

Kidney Feces Lung Ticks 

TN 0% (0/74) 0% (0/74) 4.7% (3/64) 9.3% (4/43) 8% (5/63) 4.7% (4/86) 

SC 0% (0/56) 0% (0/56) 0% (0/11) 1.4% (1/70) 15.4% (2/13) Not tested 

Total 0% (0/130) 0% (0/130) 4.0% (3/75) 4.4% (5/113) 9% (7/76) 4.7% (4/86) 

 

State Toxoplasma 

gondii 

Leptospira Anaplasma Ehrlichia Borrelia Heartworm 

Antigen 

T. cruzi 

Stat-Pak InBios 

ICT 

IFA Pos on 

≥2 tests 

TN 82% 

(54/66) 

25% 

(13/53) 

26% (17/65) 66% 

(43/65) 

43% 

(28/65) 

37% (24/65) 18% 

(12/66) 

20% 

(2/10) 

0% 

(0/7) 

3.1% 

(2/64) 

SC 92% 

(36/39) 

26% 

(10/38) 

0% (0/52) 21% 

(11/52) 

2% (1/52) 35% (18/52) 23% 

(9/40) 

78% 

(7/9) 

11% 

(1/9) 

17.5% 

(7/40) 

Total 86% 

(90/105) 

25% 

(23/91) 

15% 

(17/117) 

46% 

(54/117) 

25% 

(29/117) 

36% 

(42/117) 

20% 

(21/106) 

47% 

(9/19) 

6.2% 

(1/16) 

8.6% 

(9/104) 
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Table 7. Fecal flotation results from coyotes from Tennessee (TN) and South 

Carolina (SC) 

The percentage of coyotes positive for each parasite is shown, with the total number 

positive and total number tested in parenthesis. The Neospora-like category includes both 

N. caninum and Hammondia spp. since they are indistinguishable on fecal flotation. 

Samples from SC were stored in ethanol for 1-6 months before processing, while samples 

from TN were processed fresh within 24 hours of collection. Parasites in the other 

category included Uncinaria, Strongyloides, and dorsal-spine larvae. 

 

 Species TN SC Total 

Ancylostoma 77% (40/52) 2.5% (2/80) 32% (42/132) 

Sarcocystis 54% (28/52) 14% (11/80) 30% (39/132) 

Neospora-like 21% (11/52) 5% (4/80) 11% (15/132) 

Coccidia 9.6% (5/52) 10% (8/80) 9.8% (13/132) 

Capillaria 29% (15/52) 3.8% (3/80) 14% (18/132) 

Paragonimus 25% (13/52) 2.5% (2/80) 11% (15/132) 

Trichuris 17% (9/52) 2.5% (2/80) 8.3% (11/132) 

Taeniidae 7.7% (4/52) 10% (8/80) 9.1% (12/132) 

Physaloptera 7.7% (4/52) 0% (0/80) 3.0% (4/132) 

Ascarid 15% (8/52) 2.5% (2/80) 7.6% (10/132) 

Eurytrema 7.7% (4/52) 0% (0/80) 3.0% (4/132) 

Other 21% (11/52) 0% (0/80) 9.1% (11/132) 

 

 

 

Table 8. Tick species collected from coyotes from TN and SC 

The total number of ticks collected is shown with the percentage in parenthesis.   
Total 

Ticks 

Ixodes 

scapularis 

Amblyomma 

americanum 

Amblyomma 

maculatum 

Dermacentor 

variabilis 

Total 313 177 (57%) 102 (33%) 15 (4.8%) 19 (6%) 

TN 203 88 (43%) 94 (46%) 2 (1%) 19 (9.4%) 

SC 110 89 (81%) 8 (7.3%) 13 (12%) 0 
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Figure 8. Sampling locations of coyotes 

The locations of collected coyote carcasses in Tennessee (TN) and South Carolina (SC) 

are shown. Created with MapCharts.  
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Figure 9. Nephritis and cystitis in Canis latrans 

A.  Photomicrograph of severe, lymphoplasmacytic interstitial nephritis in Canis latrans. 

The glomeruli and renal tubules are surrounded by inflammation, primarily lymphocytes 

and plasma cells with fewer macrophages. B. Photomicrograph from Canis latrans with 

severe, multifocal renal abscesses. The renal cortex is consumed by neutrophilic 

inflammation, and remaining renal tubules are expanded by inflammation and 

hemorrhage. C. Mild eosinophilic cystitis in Canis latrans. There is mild mixed 

inflammation primarily consisting of eosinophils (arrows) in the lamina propria of the 

bladder.  
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Figure 10. Extrapulmonary Paragonimus kellicotti infection in Canis latrans 

Paragonimus kellicotti cysts in the liver and lung of Canis latrans 

A. Liver with a 4cmx3cm mass in the left lobe (dashed arrow) which contained parasitic 

hematin and two P. kellicotti flukes. Dark brown pigmented masses containing P. 

kellicotti eggs were also in the fat surrounding the liver and along the edge of the right 

medial liver lobe (asterisk). B. Lungs from the same coyote with numerous P. kellicotti 

cysts (arrow heads) in multiple lobes. Cysts were apparent grossly by their firm texture 

and dark red color, and contained two P. kellicotti adults (C,D, arrows). E. P. kellicotti 

egg from the same coyote seen on fecal flotation.  
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Figure 11. Paragonimus kellicotti egg granuloma in liver and neighboring lymph 

nodes 

A. Mesenteric lymph node hyperplasia with intracortical P. kellicotti eggs. Adjacent 

lymphatic vessels are also plugged with eggs. B. Severe, focal, hepatic P. kellicotti egg 

granuloma. There are dense collections of P. kellicotti eggs expanding the hepatic 

parenchyma with moderate mixed inflammation. C. Pulmonary hemosiderosis in Canis 

latrans infected with P. kellicotti. Hemosiderin-laden macrophages were throughout the 

pulmonary interstitium of all coyotes with paragonimiasis.  
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Figure 12. Parasitic pulmonary changes in Canis latrans 

A. Pulmonary granuloma in Canis latrans surrounding calcification, putatively associated 

with parasite migration. B. Mild eosinophilic alveolitis in Canis latrans. Multifocal 

clusters of mixed inflammation consisting primarily of eosinophils with fewer 

macrophages and neutrophils expand the pulmonary interstitium. C. Villous endarteritis 

in C. latrans due to Dirofilaria immitis infection. D.  Mesothelial hyperplasia in C. 

latrans likely secondary to Paragonimus kellicotti infection.  
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Figure 13. Parasitic dermatitis in Canis latrans 

A. Photomicrograph of severe, acute vasculitis associated with tick bites in C. latrans. 

Diffuse hemorrhage with mixed inflammation and rare thrombi expand the subcutis. The 

vasculitis is constrained to a circular area surrounding the tick bites. B. Multifocal rings 

of erythema surround embedded Ixodes scapularis ticks on Canis latrans. C.  Sarcoptes 

scabiei dermatitis in C. latrans. Serocellular crusts consisting of acantholytic 

keratinocytes overlie the cross section of three mites. The stratum spongiosum is mildly 

thickened. D. Mild eosinophilic allergic dermatitis in C. latrans. Mild eosinophilic 

inflammation is present within the periadnexal and perivascular tissue. 
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Figure 14. Examples of parasites found in Canis latrans 

A. Focal hemorrhagic tracheitis associated with Oslerus osleri in C. latrans. Mild mixed 

inflammation is present within the hemorrhagic nodule, and the tracheal epithelium is 

multifocally eroded. B. Intramyocytic Trichinella sp. larvae in C. latrans. There is 

minimal associated inflammation surrounding the nurse cell. C. Chronic proliferative 

pancreatic dochitis in C. latrans due to Eurytrema sp. infection. The duct is 

hypertrophied with significant mixed inflammation filling the lumen. An adult Eurytrema 

fluke is present within the pancreatic duct (arrow).  
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CONCLUSION 

 Urban wildlife make excellent sentinels for diseases of human and 

animal concern 

In the wake of a global pandemic, the importance of wildlife disease surveillance 

has never been clearer. Most emerging and re-emerging diseases are zoonotic, with an 

estimated 70% of those originating in wildlife [1]. In addition, many economically and 

agriculturally important diseases like anthrax, tuberculosis, and brucellosis are known to 

pass between wildlife and livestock [2]. Though public interest in wildlife disease 

research has historically been lacking, focus on regular surveillance has increased 

recently after numerous diseases, from COVID-19 to Ebola, have made the jump from 

animals to humans in the public arena.  

The importance of a “One Health” approach, or collaboratively integrating 

societal, environmental, and veterinary perspectives into our understanding of global 

health, has also taken a spotlight in recent years [3]. Though surveillance of human 

diseases is typically prioritized, a complete view of public health must include all factors 

that influence the start, spread, and impact of a disease. In addition, cooperation at the 

local, national, and international level is required to prepare for future outbreaks. For 

example, urbanization and climate change play a pivotal role, not just in the spread of 

known pathogens, but also the risk for the development of new diseases. As wilderness is 

altered for human housing and farmland, the junction between wildlife, domesticated 

animals, and humans becomes interwoven, causing increased exposure to previously rare 

or unknown pathogens [4]. Though these types of outbreaks are unavoidable, our 

preparedness to face them depends largely on the background of research and 

surveillance done before the first human infection occurs. 

There are numerous methods for population surveillance.  In many cases, it is 

simplest to sample the population of interest itself. However, when the targeted 

population is elusive, fragile, or endangered, many researchers choose to rely on sentinel 

animals. For example, in South Dakota coyotes are used as sentinels for the diseases that 

can infect the endangered black footed ferret [5]. Sentinel sampling has numerous 

benefits including increased sample size and decreased risk to the population of interest. 

In the case of zoonotic diseases, wildlife sentinels can indicate the relative risk for public 

health without requiring extensive human testing.    

An ideal sentinel is easily captured or monitored, maintains a steady and healthy 

population, and shares some significant diseases with the population of interest [5]. In 

some cases, an ideal sentinel will be more susceptible to disease than the target 

population. Crows, for example, are susceptible to severe disease from West Nile Virus, 

while humans are often resistant [6]. Therefore, die-offs will be seen in crows at the very 

start of the season, allowing public health officials time to plan and prepare for potential 

human cases. In other instances, an ideal sentinel will be more resistant to the disease. 

White-tailed deer rarely have clinical symptoms from Parelaphostrongylus tenuis 

infections even though disease is often fatal in moose or elk [7]. Deer can therefore be 

used to assess the prevalence of the disease in an area to better understand the risk to 

other native cervids. Pest species, like coyotes, raccoons, and opossums, also make 
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excellent sentinels due to their abundance. In addition, they live at the cross section of 

urban and wild areas and interact frequently with humans, allowing for the possible 

spread of disease.  

A complete assessment of ecosystem health must rely on numerous testing and 

sampling strategies. It is impossible to mitigate the risks of spillover to people or pets 

without understanding the disease ecology in wildlife.  
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