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ABSTRACT 
 

DNA analysis plays an important role in forensic identification, particularly when 

remains are heavily decomposed. In such instances, extracting DNA from skeletal/dental remains 

may be necessary to obtain an identification, yet there is no consensus regarding which skeletal 

elements should be sampled for DNA testing. Previous research examining intra/inter-individual 

skeletal preservation in surface deposited remains found that small cancellous bones 

outperformed dense, cortical bones in human DNA quantity and quality, a pattern that held true 

in individuals with PMIs up to 21 years. In this dissertation, I expanded on this research by 

examining whether the same pattern would result in buried remains, with the goal of relating 

observed patterns to changes in soil geochemistry and microbial ecology.  

Chapter II presented a characterization of the microbes capable of colonizing bone from 

surface deposited remains using next generation sequencing methodologies, thereby addressing 

the gap in what is known about microbial skeletal degradation. Chapter III focused on patterns of 

intra/inter-individual skeletal DNA preservation in a multi-individual burial and the impact of the 

burial environment, including moisture and microbial loading. Chapter IV directly compared 

microbial communities in buried remains to those from the surface, and further related changes 

in microbial community composition and structure to changes in bone organic content (i.e., 

human DNA), soil microbiology and geochemistry, and the in vivo gut ecosystem.  

Bones of the foot showed similarly high human DNA typing success from buried and 

surface environments. The cuneiforms showed consistently high human DNA yields from all 

three interred individuals. Bone microbial loading was not a reliable predictor of human DNA 

concentration. Rather, specific bacteria including Clostridium spp., which includes known 

collagenase-producers, and a suite of other taxa from the phyla Bacteroidetes, Proteobacteria, 

Planctomycetes, Firmicutes, and Actinobacteria, have demonstrated inverse relationships with 

human DNA concentration. The deposition environment (e.g., site hydrology) had a noticeable 

impact on patterns of skeletal DNA preservation. This research complements previous work by 

Mundorff and Davoren [5] and Hines et al. [9], while redressing gaps in the existing body of 

knowledge regarding skeletal DNA degradation, the microbial ecology of bone, and the effects 

of the burial environment.  
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CHAPTER 1  
INTRODUCTION, BACKGROUND, AND RESEARCH QUESTIONS 

 

DNA analysis plays an important role in forensic identification, particularly when lengthy 

post-mortem intervals and advanced decay are considered (e.g.,[1–4]). In such instances, 

extracting DNA from skeletal or dental remains may be necessary to obtain an identification. 

However, this process is not without its shortcomings. Few laboratories possess the expertise 

necessary to deal with challenging post-mortem samples such as degraded skeletal remains. 

Moreover, skeletal elements contain differing concentrations of human DNA pre-degradation 

due to intrinsic differences, and because DNA does not degrade evenly throughout the skeleton, 

some bones may prove more reliable for DNA recovery over increasing post-mortem intervals 

than others. The purpose of this dissertation was to understand patterns of skeletal DNA 

preservation in buried remains, focusing on inter-individual and intra-individual variation, and 

how these patterns differ from surface remains. The goal is to not only document observed 

patterns of skeletal DNA preservation but also to relate these patterns to changes in soil 

geochemistry and microbiology. Currently, the procedures used to test bone and teeth are costly; 

therefore, this knowledge may help avoid wasting valuable time and money sampling skeletal 

elements that fail to yield adequate DNA results. 

By comparing DNA degradation among skeletal elements within a single individual and 

then assessing consistency across three individuals, Mundorff and Davoren [5] ranked skeletal 

elements based on their overall DNA yield and ability to ascertain a full forensic profile (i.e., 16 

STR loci). The authors found that small cancellous bones, on average, yielded greater amounts 

of higher quality DNA than their larger, denser cortical bone counterparts. They further tested 

the most successful elements, as well as commonly sampled bones (i.e., the femur and tibia), 

which were not among the most successful elements, from an additional 12 individuals, up to 21 

years post-mortem. The pattern of small cancellous bones out-performing dense, weight-bearing 

cortical bone maintained over time [5]. However, these results were obtained using skeletal 

elements from individuals who decomposed on the ground surface; none were buried. 

Decomposition is highly variable and influenced by a number of environmental factors. 

Patterns established on the surface may not be representative of a burial context. Certain data on 

DNA degradation in skeletal elements recovered from the ground surface conflict with data from 

buried remains (e.g., [5–9]). The difference between findings may be due, in part, to differences 

in the elements tested in these studies. For example, phalanges and tarsal bones were ranked as 

some of the most successful elements by Mundorff and Davoren [5] but were not reported on by 

Milos et al. [8] or Edson et al. [6]. In fact, many of the most successful elements reported on by 

Mundorff and Davoren [5] comprise elements rarely sampled for DNA, and therefore ones with 

limited reports of success. Whether the above findings conflict because of sample composition or 

because of differences in surface and subsurface decomposition, points to a gap in the existing 

knowledge base that can only be bridged through a controlled study focusing on testing all 

skeletal element types from buried human remains. This will directly contribute to our 

understanding of the susceptibility of DNA to degradation.  

Additionally, it is crucial to not only uncover patterns in DNA degradation but also 

environmental and edaphic influences. Soil is a dynamic environment with multiple interacting 

chemical (e.g., soil pH, soil moisture, ion exchange capacities, redox potentials, and oxygen 

content), physical (e.g., soil minerology), and biological factors (e.g., microbes)[10]. These 

interacting features constrain or augment the decomposition of carrion within a burial 
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environment. Soil provides a challenging environment for skeletal DNA survival. Bone decay 

mechanistically proceeds via chemical degradation of the organic and inorganic components of 

bone and/or biogenic (microbial) degradation [11]; the latter of which, is a key focal point of this 

dissertation. The soil harbors microbial taxa that efficiently break down labile organic matter, 

including DNA, for nutrient uptake and cycling [12,13]. More recalcitrant material is also 

degraded by soil decomposers, albeit at a slower rate. 

  During decomposition, both endogenous microbes from the body and microbes from the 

surrounding grave soil can invade exposed bones [14] by exploiting the natural microanatomy of 

bone including void space or other points of access such as Volkmann’s canals or Haversian 

systems [15,16]. Because of this, we expect intrinsic differences related to bone morphology and 

function to affect the degree of microbial invasion and the types of microbes capable of bone 

colonization and subsequent degradation. An understanding of both the intrinsic (bone tissue 

type and morphology) and extrinsic (microbial presence, composition, and structure) factors 

affecting DNA preservation is essential to extending our findings to other decomposition 

scenarios. Therefore, a large focus of this dissertation was devoted to understanding changes in 

the living bone ecosystem in post-mortem human remains, characterizing differences in 

microbial communities in surface and buried remains and how these communities change by 

anatomical region, individual, and bone type.  

Organization  

 
The contents of this dissertation follow a manuscript policy outline. Following a literature 

review on the decomposition of buried remains, post-mortem human microbial ecology, skeletal 

biology, and skeletal DNA preservation, as well as an overview of the sample/site description 

and research objectives, this dissertation will proceed as follows. Chapter II, entitled Patterns of 

microbial colonization of human bone from surface-decomposed remains presents a 

characterization of the microbes capable of colonizing bone from remains that had decomposed 

on the surface using next generation sequencing methodologies. Chapter II also addresses the 

gap in what is currently known about microbial skeletal DNA degradation by assessing changes 

in bacterial loading and attempting to predict taxa associated with increases or decreases in 

human skeletal DNA concentration. Chapter III, entitled Inter and intra-individual variation in 

skeletal DNA preservation in buried remains focuses on patterns of intra-individual and inter-

individual skeletal DNA preservation in a multi-individual burial and how these patterns are 

shaped by burial factors, including moisture and microbial loading. This chapter complements 

existing research by Mundorff and Davoren [5]. Chapter IV, entitled The post-mortem bone 

microbiome: implications for DNA survivability in buried remains, directly compares microbial 

communities in buried remains to those from the surface, and further relates changes in microbial 

community composition and structure to changes in organic content, specifically human DNA, 

soil microbiology and geochemistry, and the in vivo gut ecosystem. The final chapter, Chapter V, 

synthesizes this information, providing overarching conclusions, limitations, and areas for 

further research.  
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Literature Review 

Decomposition of Buried Human Remains 

Factors that modulate the rate and trajectory of decomposition differ between a buried 

and surface environment. On the surface, decedents are exposed to more variable environmental 

conditions including changes in temperature, humidity, rain levels, insect activity, UV exposure, 

and scavenging. Temperature is the most important factor regarding the rate of decomposition 

[17,18]. Increases in temperature result in increased insect and microbial activity. According to 

Van’t Hoff’s rule, the velocity of an enzymatic reaction increases by a factor of two or three for 

every ten degree Celsius temperature increase [19]. Surface decomposition is variable with 

changes in daily and seasonal temperature fluctuations. Insects are impacted by temperature and 

other changes in climate including the frequency of precipitation events, and are the second most 

important factor related to the rate of decomposition [20]. Without insects, decomposition 

progresses at a slower rate and is dominated by decay and dehydration [21]. Though the order 

Diptera may be active at 5-13 degrees Celsius, their activity is drastically reduced, and at 

temperatures below 0 degrees Celsius, their eggs and larvae die. This is in contrast to optimal 

temperatures, during which, Diptera have been known to consume 50% of carcass biomass using 

a small mammal model (Rattus rattus) [22]. Similarly, without scavenging, the rate of 

decomposition will also decrease [17], yet increased temperatures, insect activity, and microbial 

activity constrain the influence of scavengers by limiting temporal bioavailability [23].   

Other factors that affect the rate of decomposition include the presence of clothing or 

other coverings, trauma, pH, embalming, ground surfaces (e.g., concrete vs. soil), and 

seasonality [17]. The degree to which these variables affect the rate of decomposition is an area 

of extensive and ongoing research. For example, though trauma provides alternative points of 

access to insects and has demonstrated anecdotal increases in the rate of decomposition [17], 

other research has suggested that it has no effect on the rate of decomposition [24]. Likewise, 

reports that clothing both increase [17] and decrease [25] the rate of decomposition exist. Other 

coverings, including sheets and tarps, alter the trajectory of decomposition (mummification vs. 

liquefaction vs. adipocere formation) based on the degree of permeability. For example, cotton 

sheets are more likely to promote desiccation, possibly by limiting insect activity and 

scavenging, but maintaining air flow, while plastic tarps stimulate adipocere formation [26].  

Burials are effectively a type of covering, in which soil composition, moisture, depth, and 

other edaphic parameters influence the degree of oxygen availability. Decomposition in a buried 

environment progresses at a much slower rate, reportedly eight times slower than decomposition 

in an open-aired, oxic environment in East Tennessee [27]. Burials exclude access by scavengers 

and insects and minimize temperature effects [27,28]. At increased depths, temperatures stabilize 

and fluctuate less diurnally, though they continue to shift seasonally [28]. Rodriguez and Bass 

[28] compared cadaver decomposition at different depths (1 ft, 2ft, and 4ft). They observed daily 

and seasonal temperature fluctuations at depths of 1ft and noted ongoing scavenging and 

necrophagous insect activity. Both insect activity and scavenging were no longer present at 

depths of 2 ft and greater, which showed decreased rates of decomposition [28]. Though, the 

coffin fly has reportedly accessed cadavers at depths up to 2 m [29].  

As alluded to above, the physical and biogeochemical environment of the burial (e.g., 

rate of oxygen diffusion, moisture content, soil texture, and redox potential) also influences the 

rate and trajectory of decomposition. Using 216 soil microcosms and a small mammal model 

(Rattus rattus), Carter et al. [30] examined the relationship between moisture content, soil pH, 
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nitrogen reactive ninhydrin, CO2-C evolution, microbial biomass carbon, and enzymatic activity 

(protease and phosphodiesterase). Three soil textures (i.e., sandy loam, sand, and medium clay) 

were equilibrated to three matric potentials, representing wet, moist, and dry soils. Coarse 

textured soils with low moisture contents resulted in reduced decomposition rates. These soils 

have high gas diffusivities, but lack optimal moisture levels, resulting in low microbial motility 

and low hydrolytic enzyme activity. In contrast, wet fine textured soils (more clayey) resulted in 

reduced decomposition rates by limiting oxygen availability. The combination of low gas 

diffusivity with increased microbial biomass constrained the rate of oxygen exchange, shifting 

the environment to anaerobic processes and reducing microbial activity [30].  

Both surface and subsurface microbial communities, within the decaying organism and in 

the underlying soil continually shift in structure and composition throughout decomposition 

[31,32], dictated by changes within the environment. This is important because microbial 

communities produce a number of compounds and enzymes not only helpful for the catabolism 

of macromolecules but also for competitive interactions with other microbes, insects, and 

scavengers [33], which will affect the progression of decomposition. Whether the environment, 

either subsurface or surface, is reducing or oxidative, impacts the decomposition rate by placing 

selective pressures on microbial communities and their metabolic strategies. Reducing, or anoxic 

environments, promote decomposition by anaerobic microbes (either facultative anaerobes or 

obligate anaerobes), which are less efficient decomposers than their aerobic counterparts [18]. In 

contrast, oxidative environments, or oxic conditions, promote aerobic decomposition.  

Reducing conditions also affect the likelihood of adipocere formation [31]. Adipocere, a 

white substance known as grave wax, results from the hydrolysis of triglycerides into free fatty 

acids and is primarily composed of myristic, palmitic, and stearic acids. Adipocere has 

preservative effects on human tissues [31,32]. Though burial is not a requirement for the 

formation of adipocere, its formation on buried carrion/cadavers is a common occurrence. Plastic 

and synthetic coverings or wrapping [33] as well as neutral to alkaline pHs have also been 

associated with adipocere formation. Though moisture is required for the hydrolysis of 

triglycerides, the body’s own moisture is sufficient for this process to occur in poorly drained 

soils [31]. Adipocere formation should not be considered a terminal state of decomposition; 

reversion to an aerobic environment can lead to its degradation [32]. 

Microbes in Human / Carrion Decomposition Research 

Microbes are important for both surface and subsurface decomposition. Putrefaction, 

which is dominated by anaerobic bacteria and fermentative metabolic pathways, is the 

degradation of tissues by enteric gut microorganisms [19]. This occurs early in decomposition 

simultaneous to autolysis. The catabolism of large macromolecules (e.g., proteins, fats, and 

carbohydrates) produces acids (e.g., propionic, butyric, acetic, acetoacetic, and lactic acid) and 

gases (e.g., methane, carbon dioxide, ammonia, and hydrogen sulfide) and results in distention or 

bloating of the abdomen, face, and scrotum [18,34]. The role of endogenous and exogenous 

microbes continues throughout decomposition, even after skeletonization [14,35], yet, research 

on the human post-mortem microbiome, as it pertains to forensic science, has only gained 

traction in recent years. Though research pertaining to microbial ecology and decomposition is 

not a new area of research, as soil organic matter decomposition has been a long-studied area in 

microbiology, its potential in human decomposition research has not yet been fully explored.     

As research on the post-mortem microbiome has expanded within the fields of 

anthropology, entomology, and ecology, an evolution of terminology has followed. Multiple 
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terms specific to post-mortem microbial communities have been established and used by 

different research groups. The necrobiome was coined as an inclusive descriptor of postmortem 

microbial communities referring to the communities of microbial prokaryotes and eukaryotes 

associated with a “decomposing heterotrophic biomass”, thereby excluding the decomposition of 

plant matter but including microbes, necrophagous insects, and scavengers [36]. Other 

terminology has also developed to reference specific regions of decomposing carrion. For 

example, Pechal et al. [37] defined the epinecrotic community as the community of organisms 

that live or move on the surface of decomposing carrion, generally referring to the skin or 

mucosal membranes, and including protists, bacteria, archaea, and fungi, while the 

thanatomicrobiome has been used to refer to the microbiome of internal organs after death [38].  

The primary goals of post-mortem microbiome research in forensic science has been to 

(1) understand the ecology and biochemistry of carrion decomposition and (2) to identify 

indicator taxa that can be used to estimate the post-mortem interval, or the time between death 

and discovery of a decedent (e.g., [37,39–45]). Though this research has focused on a number of 

different substrates such as the skin [37,41,43], mouth [37,46,47], gut [37,41,43–46], internal 

organs [38,48,49], and bone [14], much of this research has focused on the soil either directly or 

indirectly [43,50–54]. Together, this research, which is cursorily summarized below, has evoked 

questions related to seasonality, individual variability, edaphic/environmental influences, and 

interkingdom dynamics.  

Though enteric microbes were known to be important to the process of putrefaction, the 

role of soil microorganisms has been a focus of increased research, most notable over the last ten 

years. Importantly, using a murine model (n = 80) and two soil types, sterilized and unsterilized, 

Lauber et al. [55] demonstrated that decomposition progresses 2 to 3 times slower in sterilized 

soil versus unsterilized soil. This is likely a contributing factor as to why cadavers placed on 

different surface materials (e.g., concrete vs. soil) decompose at different rates [17]; the microbes 

capable of colonizing those surfaces are integral to the decomposition process. In the same study, 

key saprophytic and ureolytic taxa recognized as potential carrion decomposers were identified 

using 16S rRNA and 18S rRNA gene sequencing, including soil eukaryotes (e.g., 

Mucoromycotina and Eurotiomycetes) and soil prokaryotes (e.g., Morganella and Proteus) [55].  

While soil microbial communities did not have a significant effect on skin microbial 

communities, and gut microbial communities did not have a significant impact on soil microbial 

communities [55], other research has contradicted this pattern [41,50,56]. Metcalf et al. [41] 

observed a convergence of soil and skin communities in the late stages of decomposition using a 

murine model, which the authors hypothesized to be related to low skin biomass in comparison 

to the soil, while others have observed the persistence of a human-associated gut bacteria, 

Bacteroides sp., well after skeletonization [56] and even the collection of remains [50].  

Postmortem microbial communities change in consistent and reproducible ways 

throughout decomposition [41], even across seasons, soil types, and host species [43]. Soil 

microbial communities in decomposition begin to change following the introduction of cadaveric 

material in soil; this coincides with purge and a transition from bloat to active decomposition 

[50,57]. Cadaver-associated soil microbial communities have shown decreases in diversity, 

evenness, and richness across time [36]. Following rupture, or the release of cadaver-derived 

nutrients due to cracks and tears from increased pressure during bloat, Cobaugh et al. [50] 

observed increases and dominance in the relative proportions of two phyla, Proteobacteria and 

Firmicutes in cadaver-associated soils, which coincided with a simultaneous decrease in the 

relative abundance of Acidobacteria. In contrast, the authors did not see a significant change in 
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the proportions of Bacteroidetes, likely related to the release of human-associated bacteria into 

the surrounding environment (i.e., Bacteroides sp.) [50]. Metcalf et al. (2013) observed similar 

patterns; post-rupture soils saw a decline in Acidobacteria (an oligotrophic group) and a shift to 

more copiotrophic groups such as Alphaproteobacteria (e.g., Rhizobiales). In addition, they 

observed that facultative and obligate anaerobes dominated the gut microbiome of mice 

throughout bloat, including Firmicutes and Bacteroidetes, followed by a shift to more aerobic 

bacteria or facultative anaerobes during active decay [41].  

A second major shift in microbial community structure and function has been seen in the 

transition from active decay to advanced decay, as the decomposition rate slows. During this 

time, Cobaugh et al. [50] saw a small spike in microbial respiration and a reduction in biomass 

production and ammonia concentrations, which is suggestive of a more oligotrophic community 

functionality. The phylum Firmicutes dominated the advanced stage of decomposition with 

noticeable shifts from aerobic to anaerobic taxa, including human-specific bacteria; changes 

which were consistent with an anoxic environment [50]. Metcalf et al. (2013) observed increased 

proportions of Bacteroidetes, Alphaproteobacteria, and Betaproteobacteria during advanced 

decay, with a restoration of microbial community richness and diversity in the final stages of 

decomposition.  

Using these observations, researchers hypothesized that the succession from oligotrophic 

to copiotrophic taxa and back could be used to develop models for PMI estimation. For example, 

using random forest models, a supervised learning technique, Metcalf et al. [41] developed PMI 

models with a minimum mean absolute error of 3.30 +/− 2.52 days using skin and soil 

communities, which were successful within 34 days post-mortem. Using quantitative PCR 

(qPCR) to quantify changes in human gut bacteria, Hauther et al. [44] identified two taxa 

potentially useful for PMI estimation with PMIs less than 20 days, Bacteroides and 

Lactobacillus. Bacteroides remained a potential PMI biomarker following 16S rRNA community 

analysis, which also unveiled a potential role for Parabacteroides in PMI estimation [45]. 

Lactobacillus has also been identified as an important PMI biomarker in decaying organ tissues 

and blood, along with Clostridium and Prevotella [38,49]. In particular, by applying random 

forest models to microbial taxa recovered from decaying organs, C. novyi  was more predictive 

of late PMIs, while unclassified Clostridium was more predictive of early PMIs [49]. 

Other interesting research has focused on seasonality, temperature, and insect activity, 

important regulators of the decomposition rate. For example, Carter et al. [57] focused on 

seasonal changes in soil microbial communities associated with Sus scrofa remains, finding that 

while bacterial soil communities significantly differed between summer and winter, soil 

microbial eukaryotes were more stable. In addition, they identified seasonal indicators including 

Chitinophagaceae during the summer and Psychrobacter during the winter [57]. Tibbett et al. 

[59] used buried skeletal muscles from Ovis aries to examine the effects of temperature on 

microbial activity and the decomposition rate, demonstrating unsurprisingly that microbial 

respiration and the rate of tissue decomposition increased with increasing temperatures and 

decreased with decreases in substrate availability (Also see [60]). Other research has pointed to 

blow flies as an important source of human decomposer microbes [43], likely related to the 

observation that larger body masses attract greater attention from various arthropod species [61]. 

Evidence suggests that not only do insects play a role in the dispersal of bacteria, but they also 

rely on bacteria to locate carrion sources by responding to the quorum signaling behavior of 

bacteria [62]. 
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Most carrion/cadaver associated soil studies have involved surface decomposition. There 

is a paucity of data on grave soil communities associated with buried remains, likely because 

burial disturbance during sampling would artificially impact observed patterns. Nevertheless, 

differences in alpha diversity metrics between soils recovered during surface decomposition and 

those associated with subsurface decomposition have been noted, with richness decreasing in the 

former and increasing in the latter [58]. However, soils in this study and a follow-up study were 

collected directly above remains, at a maximum depth of 30 cm [53,58], which is less likely to be 

affected by decomposition byproducts due to gravity. Because of this, it was unsurprising that 

Thomas et al. [53] concluded that soils collected above dry human remains were similar to 

untreated (no decomposition) soils.  

Similarly, research on postmortem microbial eukaryotic communities has also been 

limited. Though research has examined changes in both 16S rRNA and 18S rRNA genes, 16S 

rRNA research has dominated. Nevertheless, changes in microbial eukaryotic communities have 

been equally informative in PMI estimation models [41], and soil nematodes [41,63], 

microbivorous arthropods [64], and protozoa [65,66] have shown significant responses to pulses 

in cadaveric inputs and concomitant microbial blooms. 

Bone as an Environment 

Most decomposition research terminates with the skeletonization of remains. However, 

unless fossilized, which is rare, bone continues to decay following soft tissue decomposition. 

Decomposition proceeds via multiple co-occurring processes, physical, chemical, and biological. 

Autolysis, the self-degradation of the body via its own mechanisms of cellular death, and 

putrefaction, or the degradation of the body by enteric micro-organisms occur simultaneously 

[18]. These processes are further influenced by scavenging, changes in temperature and 

humidity, environmental microbiota, arthropod activity, and a suite of other factors related to the 

condition of remains at the time of death and deposition. These processes continue to have an 

affect beyond skeletonization. Bone is not only susceptible to chemical modifications, with 

influences from the physical environment, but is also susceptible to biological modification from 

microbial decomposers from a number of potential sources (e.g., the decaying individual, 

scavengers, arthropods, and the surrounding soil) and physical modification from scavenging 

macrofauna and growing vegetation [11,67]. In this way, decaying remains, including skeletal 

material, can be considered ecological inputs (e.g., nutrient sources / habitats) capable of 

supporting a dynamic ecosystem of both microscopic and macroscopic scavengers and other 

incidental taxa.   

Bone Preservation 

 Bone is an interesting material, not only because it is made up of both inorganic and 

organic components but also because of its multiple structural/functional roles (i.e., protection, 

hematopoiesis, and homeostasis) [68]. The inorganic phase (~30-50% by volume, ~65% by 

weight) comprises the majority of bone, while the organic phase (~30-45% by volume, 20-25% 

by weight), and water (~10% by weight) make up the remainder [68,69]. The inorganic phase 

includes a calcium phosphate material (Ca10(PO4)(OH)2), most similar to hydroxyapatite, known 

as bioapatite, that is non-stoichiometric with the surrounding environment [70]. Being non-

stoichiometric has in vivo advantages, allowing bone to store and release calcium, sodium, and 

other trace elements important for biosynthesis with continual turnover [71,72]. Bioapatite also 

includes phosphate, hydroxy ions, carbonate, pyrophosphate, magnesium, and potassium [72]. 
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The organic component of bone consists of 90-95% Type I collagen, primarily made up of 

glycine, proline, and hydroxyproline (Gly-X-Y), with minor contributions from other non-

collagenous proteins (e.g., proteoglycans, glycoproteins, osteocalcin, and osteonectin) as well as 

lipids, mucopolysaccharides, and carbohydrates [35,73].  

Type I collagen is a highly organized hierarchal protein. At the base of this hierarchy lies 

tropocollagen, which has a triple helix conformation; these molecules aggregate and organize 

into bundles known as microfibrils, which are stabilized by aldehyde cross-links and other 

intramolecular hydrogen bonds between molecules. These then organize further into fibrils and 

then fibers [67,69]. Bone mineral is in close association with collagen, deposited between 

collagen molecules laterally and longitudinally at gap ends. Bone mineralization is stimulated by 

osteoblasts and regulated by a suite of non-collagenous proteins and signaling cascades. 

Mineralized fibrils are further organized into sheets known as lamellae. This organization is 

structurally dependent on the applied loading force or stressor, compression versus tension [68].    

There are two main types of bone: cancellous (i.e., spongy bone or trabecular bone) and 

cortical bone (i.e., compact bone). Cortical bone generally forms the outer layers of bones and is 

the primary bone type of the diaphyses of long and short bones of the arms and legs. Trabecular 

bone is generally found in marrow spaces, including the metaphyses of long bones, vertebrae, 

and ribs as well as in the flat bones of the cranium, ilium, and sternum [67,74]. Red marrow is 

continually produced in these regions throughout life, and with age, progenitor cells can 

differentiate into adipocytes instead of red marrow, causing a divergence to yellow marrow in 

the diaphyses of long bones with age [68]. The density of mineralized tissue necessitates that 

bone cells be in close proximity to blood vessels [68]. Haversian systems form the center of 

osteons, around which are found bone cells, or osteocytes. The osteocytes are connected by 

canaliculi (~200nm), while Haversian systems are connected by Volkmann’s canals (both ~50- 

250 µm in diameter); through these connections run blood vessels and nerves [67,75].  

Bone diagenesis is the postmortem alteration of bone by various chemical, physical, and 

biological factors that result in the modification of the original material [72]. The mechanics of 

bone diagenesis is not well understood but proceeds via two overarching and interdependent 

processes, chemical and microbial degradation [11,67]. When not in equilibrium with the 

surrounding environment, dissolution and recrystallization of bioapatite occurs, allowing 

microorganisms and enzymes access to the organic phase, resulting in degradation. Similarly, as 

the organic component degrades by either chemical or biological means, bioapatite becomes 

more vulnerable to environmental fluctuations and dissolution of the lattice structure is more 

probable due to new voids in the crystal lattice [11,35,72,76–78]. Dissolution promoted by the 

presence of water and low pH is not the only way for microbial taxa to gain access to tightly 

bound collagen. Microbes may also degrade hydroxyapatite directly through the production of 

organic acids [79]. Microbially mediated degradation is an important mechanism of skeletal 

degradation. To become fossilized, bone must remain relatively free of microbial influence. 

Mechanistically, collagen degradation in fossilizing bone likely occurs over long time periods by 

abiotic processes [80].  

Additionally, bacteria, archaea, and microbial eukaryotes including fungi exploit the 

existing microanatomy of bone, porosity and vascularization, to colonize and degrade organic 

and inorganic material [16]. Though fungal activity has been implicated in bone degradation 

since the 1800s [67], attributed to Wedl (1864), and the role of bacteria in putrefaction has been 

emphasized for decades, the impact of microbes on human bone throughout decomposition, 

including post-skeletonization, is not well understood. Classically, the microbial modification of 
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bone has been the focus of bone histological research within the disciplines of archaeology, 

paleoecology, and paleontology, including but not limited to methods such as light microscopy, 

scanning electron microscopy (SEM), backscatter electron microscopy (BSE-SEM), and mercury 

intrusion porosimetry [75]. The histological manifestation of microbial degradation presents as 

differences in tunneling behavior, bone boring, and other resorptive changes; together, 

destructive changes to bone are referred to as microscopic foci destruction [81]. Types of 

tunneling include Wedl, Hackett, linear longitudinal, budded, and lamellate. In general, Wedl 

and Hackett tunneling are characterized by the presences of fungi or Cyanobacteria, while the 

latter three are the result of bacterial modification [75].  

Interestingly, observations of microscopic focal destruction on bone in the archaeological 

record indicate that microbial activity disproportionately impacts human bone degradation over 

animal bone. This could be related to butchery practices, as there would be a lack of putrefactive 

bacteria in deposited butchered remains [16]. Alternatively, it could also relate to differences in 

bone maturity and density, as most animals are butchered shortly after reaching maturity [67]. 

However, others have also emphasized the importance of enteric microbes in bone degradation 

[82–84]. White and Booth [82] observed an early form of non-Wedl tunneling in pig remains, 

which they explained as an indicator of putrefactive bacterial bioerosion early after death (3 – 5 

months). In addition, still born neonates showed no evidence of bacterial degradation, likely 

related to the sterility of their gut microbiomes, while buried remains showed more extensive 

alterations, potentially related to the persistence of gut microbes in burials [82]. Booth [83] 

suggested that funerary practices could be reconstructed based on the degree of bacterial bone 

degradation in a given sample; greater bioerosion indicated prolonged exposure to putrefactive 

bacteria. Similar to pig neonates, human neonates from cemeteries with otherwise extensive 

bacterial skeletal alterations were relatively free of bacterial influence.  

The rate at which bone is impacted microscopically by microbial influence has also been 

questioned. Bell et al. [84] examined the rate of diagenetic change postmortem in the skeleton by 

examining forensic bone with different post-mortem intervals and deposition environments. 

Post-mortem change, in the form of destructive foci, were observed as early as 3 months after 

death but were attributed to and influenced by gut demineralization (digestion). Bacterial signs of 

skeletal alterations were not observed until 15 months at the earliest followed by 2 years. In 

contrast Marchiafava et al. [79] observed fungal tunneling, as a result of Mucor activity, in as 

little as 15 days using defleshed bone. Given that putrefactive bacteria may substantially 

contribute to post-mortem bacterial skeletal degradation, it is possible that bacteria infiltrate the 

skeleton early in the decomposition process via translocation to bone through nutrient arteries 

and then spreading intra-cortically by way of Haversian systems, as speculated by Bell et al. 

[84]. By inoculating mice nares with fluorescently labeled bacteria, Burcham et al. [85] observed 

bacterial migration into various organ systems one hour following death; translocation increased 

over the next three to fourteen days. While bone was not the focus of their study, enteric 

microorganisms likely contribute to microbial bone degradation. 

Many collagenase-producing microbes found in the human gut and in soil and have been 

hypothesized to be important bone degraders [70]. Collagenases are proteolytic enzymes specific 

to the degradation of collagen; they are most efficient at neutral pHs (Child 1995). Collagenase 

producing bacteria isolated from bone have included Alcaligenes pichaudii, Bacillus subtilis, 

Pseudomonas fluorescens, Clostridium histolyticum, among others [86] and fungal species such 

as Penicillium chrysogenum and Penicillum expansum  [70,87]. Other collagenase-producing 

bacteria enriched from human bone from multiple archaeological sites include Pseudomonas, 
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Xanthomonas, Fusarium, Cladosporium, Aeromonas, and Trichonella [70], and fungal genera 

from the phyla Ascomycota, Basidiomycota, and Mucoromycota [70,87]. Interestingly, 

Cyanobacteria are also thought to be important bone degraders and have been implicated in 

marine bone diagenesis [88], generally resulting in bone destruction progressing from the outer 

surfaces inward [67]. While collagenase producers may not be the only bone degraders, evidence 

of greater bone preservation in the absence of culturable collagenase producing microbes suggest 

they play an important role [70]. Mucor, a fungal taxon, has been linked to microscopic bone 

matrix degradation, creating boring tunnels and resorptive pits, within bone medullary cavities 

via experimental histological research [79]. The authors speculated on the ability of Mucor to 

solubilize apatite crystals through the production of organic acids [79]. Both bacteria and fungi 

are likely able to exploit the inorganic content of bone, particularly phosphates. 

To understand specific organisms microscopically altering bone, culture-based methods 

have generally been employed. However, only a small subset of environmental microbes can be 

cultivated in the laboratory [89]. Limited research [14,90,91] has been conducted since the 

advent of high throughput sequencing technologies that allow us to characterize microbes 

without cultivation, while other research has used Sanger sequencing of cloned PCR products 

[87]. Damann et al. [14] examined changes in bacterial community composition in human rib 

samples from twelve individuals that had decomposed at the Anthropology Research Facility 

(ARF). Microbial community composition became increasingly reflective of the surrounding soil 

environment with increased post-mortem intervals. Partially skeletonized remains showed 

greater contributions from Firmicutes, while fully skeletonized remains saw increased 

proportions of  Bacteroidetes, and dry remains had greater proportions of Actinobacteria and 

Acidobacteria [14].  

Mircea et al. [88] examined fungal presence in bones from three Transylvanian 

archaeological sites using both Sanger sequencing and culture-based methods. Following 

storage, Stachybotrys chartarum, Penicillium chrysogenum, Aspergillus versicolor, and 

Pseudogymnoascus pannorum were consistently isolated from bones from multiple sites, 

whether they were contaminants from storage or from the soil was unknown. Only a single 

microscopic focal destruction, noted as a 6 μm pit, was observed. Only a single microscopic 

focal destruction, noted as a 6 μm pit, was observed. Though the authors suggested that the pit 

could have resulted from several fungal species (Stachybotris chartarum, Alternaria alternata) 

or algal species (Spongiocloris spongiosa and Chlorosarcinopsis eremi), they also admitted that 

it could have been bacterially produced. In addition, though Penicillium chrysogenum has 

collagenolytic activity, no evidence of active bone degradation by this species was presented 

[87]. 

Reeb et al. [90] characterized the “hidden” microbial community within bison bone at 

Yellowstone National Park. The bison had died during harsh winter conditions. The authors 

uncovered a diverse microbial community comprised of 18 bacterial, 7 fungal, and a single algal 

phylotype(s). Bone colonization was hypothesized to be related to the harsh exterior 

environment, though several of the taxa were likely contributing to bone degradation [90]. 

Hollund et al. [91] explored bone diagenesis across multiple regions of a single bone (periosteal 

surface, the middle cortex, and the endosteal surface); only three bones (medieval cattle femora) 

were included in their analyses. Community composition data was relegated to the supporting 

information, but the authors did note that observed microbial bioerosion was coupled with 

increased bacterial diversity [91]. 
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Other areas of research pertaining to bone biodegradation include whale fall ecology and 

medical research. Evidence from whale falls, marine sites of decomposing whale carcasses, 

suggest that bone lipid content relates to skeletal element preservation [92]. Whale falls have 

been studied as large nutrient sources in deep-sea marine environments, which are usually 

nutrient-limiting. Initially, whale carcasses serve as labile sources of organic material, but 

following tissue removal, whale skeletons continue to provide nutrients to more 

specialized/oligotrophic communities. Interestingly, researchers have observed a link between 

skeletal element survival in whale carcasses and bone lipid content. The degradation of high lipid 

content bone fuels chemoautotrophs, resulting in the formation of sulfur-oxidizing bacterial mats 

on deep sea whale skeletons. This has resulted in an inverse relationship between lipid content 

and microbial bioerosion of whale bones, which may indicate an inhibitory relationship between 

increased sulfide levels and microbial bioerosion. In contrast, juvenile whales, which have a 

much lower lipid content, generally degrade much faster [92]. Yellow marrow in human bone, 

which is high in lipids, is likely degraded quickly by lipolytic bacteria. Nevertheless, this 

importantly points out the dynamism of microbial communities; microbial interactions could be 

key to unveiling patterns among decomposers.  

Moreover, a bone devouring gastropod, Rubyspira osteovora, found in association with 

decaying whale carcasses, has allowed researchers to identify important gastro-endosymbionts 

related to bone digestion. Three operational taxonomic units (OTUs) belonging to the genera 

Mycoplasma, Psychromonas, and Psychrilyobacter were identified as key bone digesters in 

Rubyspira osteovora. Though these OTUs were neither found in marine sediments or bone, they 

have been associated with the digestion of other recalcitrant material including wood. 

Psychromonas has also been isolated from deep sea leeches associated with whale bones [93].  

Research on microorganisms associated with osteomyelitis is also useful to the study of 

post-mortem microbial skeletal degradation. Recently researchers have examined the abilities of 

biofilms to directly resorb hydroxyapatite without stimulating inflammation and 

osteoclastogenesis from host cells [94,95]. Rat jaw bones and hydroxyapatite discs were 

inoculated with Staphylococcus aureus, Pseudomonas aeruginosa, Candida albicans, and 

Streptococcus mutans in the presence of multiple growth media types. All organisms tested were 

able to form biofilms on experimental surfaces, which resulted in destruction characteristic of 

pathological specimens from osteomyelitis patients [94].  

Microbial degradation acts in concert with chemical modification. Soil geochemistry and 

site hydrology are equally important to microbial degradation [11,67] and can influence the 

composition and abundances of microbes present in a given environment [35]. The mechanisms 

that regulate bone recrystallization in life are no longer present after death. Dissolution in a soil 

environment is probable with increased moisture levels. Water infiltrates bones through existing 

pore spaces and vascular networks, through which the diffusion rate is generally slow. 

Dissolution in saturated environments is limited by the local diffusion gradient. While 

continuous saturation has limited dissolution potential, frequent hydrologic fluctuations can be 

devastating to bone [67]. In a sample of 138 bones from seven sites across Europe, histological 

preservation was the greatest from water-logged or completely dry sites, while fluctuating water 

levels produced the poorest indices of preservation [96].   

This interaction with the environment is further mediated by pH. Hydroxyapatite is stable 

at a neutral, slightly alkaline pH (~7.8). Acidic environments encourage hydroxyapatite 

dissolution, while alkaline environments have a preservative quality [67]. Water also promotes 

collagen degradation. By encouraging dissolution of the inorganic phase, the collagen is more 
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accessible to hydrolytic enzyme activity by microbial collagenases. Without mineral dissolution, 

collagen is virtually inaccessible to enzymatic degradation. Extremely acidic environments (pH 

1-2) and alkaline environments (pH > 7.5) increase the rate of collagen hydrolysis [67].   

Skeletal DNA Degradation, Skeletal Sampling, and Rank Order Testing 

Density has been the primary intrinsic factor related to skeletal preservation (Galloway et 

al. 1997). However, other intrinsic factors including skeletal morphology, microanatomy, 

pathology, trauma, age, trace element composition, and sex are also important. Extrinsic factors 

act in association with intrinsic factors to promote or inhibit skeletal degradation. These include 

UV irradiation, water presence, humidity, pH, cleaning and processing techniques, carnivore and 

rodent damage, trampling, vegetation, [97,98], and microbial damage [35]. Though physical 

bone preservation is linked to molecular preservation, this relationship is not simple. In some 

cases, indices of gross skeletal preservation have been well correlated with DNA survival [99], 

while in others gross bone preservation and weathering have been shown to be unrelated to DNA 

preservation [15].  

Time has not been a good indicator of DNA preservation [100]. Larger DNA fragments 

preferentially degrade over smaller DNA fragments with time, but this relationship has shown 

minimal predictive success [101,102]. Though cellular location and copy number influence DNA 

preservation, with greater preservation from mitochondrial DNA [103], DNA degradation, in 

general, is influenced primarily by environmental factors [97] and begins within minutes of 

death. Enzymes released during autolysis result in increased fragmentation of cellular DNA. 

Shortly thereafter and in combination with autolysis, enteric microorganisms proliferate and 

further catabolize accessible macromolecules into smaller subunits, including DNA [104,105]. 

Decay will continue with effects from the environmental influences discussed above; the impact 

of which will differ based on differences in the deposition environment (surface vs subsurface vs 

submerged) and intrinsic factors.  

Once deposited in the environment, bone undergoes diagenesis. Throughout this process, 

skeletal DNA preservation appears to relate to the integrity of the mineral lattice structure 

[76,77]. DNA can bind to hydroxyapatite and gain protection from environmental destruction. 

However, if the mineral component is breached, dissolves, and recrystallizes due to 

environmental disequilibrium, bound DNA will be released from the mineral structure and 

become available for environmental destruction (accessible to soil microbes) [76]. As a labile 

polymer composed of repeating units of phosphate groups, sugars, and nitrogenous bases, DNA 

can be readily assimilated by microbes. If not destroyed by microbes, long-term environmental 

factors can incite oxidative or hydrolytic damage and subject the DNA to physical forces that can 

cause further mechanical shearing [13,104]. Therefore, to survive, extracellular DNA must 

obtain physical protection from environmental factors that cause its degradation (i.e., 

temperature, UV damage, hydrolytic damage (water), and enzymatic damage (via microbial 

activity and related to water content). Survival within osteocytes or other remnant tissues (e.g. 

from the red bone marrow) may also be possible [106,107].  

Though there seems to be conflicting patterns, skeletal element type plays a role in DNA 

preservation and degradation (e.g., [5–9,108,109]). Whether this has to do with differences in 

cortical/compact and cancellous bone composition is debated, which could be linked to microbial 

presence. Multiple studies have observed high amounts of microbial DNA co-extracted with 

human DNA [7,8,110]. More porous elements are more likely to be affected by exogenous 

contamination [111]. Increased concentrations of microbial DNA and other environmental 
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substances (e.g., humic acids) can act as potential PCR inhibitors, which can lead to failed DNA 

testing [112].  

As decomposition progresses, it becomes more difficult to establish a positive 

identification visually or using fingerprints, leaving dental matching and DNA comparison as the 

most reliable methods available to identify skeletal remains [3,113]. Yet, there is no consensus 

regarding which skeletal elements should be sampled for DNA testing. Only a few studies have 

focused on differential DNA preservation in bone, the majority of which examine previously 

generated data [6–8,108,109]. Lauded for its large sample size and uniform testing methods, one 

of the most comprehensive studies examined 11,650 skeletal DNA tests [9]. The results of Hines 

et al. [9] showed that the talus and other tarsal bones out-perform dense long bones. They further 

reported good results from other small cancellous bones, such as the patella, however the sample 

sizes were too small to include in overall analyses [9]. Edson et al. [6] reported the greatest 

success from the femur and tibia, but also noted high success rates for the metatarsals. Fairly 

high success rates (greater than 70%) were also observed in the clavicle, scapula, humerus, 

radius, and mandible. Similarly, Leney [7] reported high success rates among the femur, tibia, 

mandible, and first metatarsal. In contrast to Edson et al [6], Leney [7] observed a high rate of 

success from the pelvis. Milos et al. [8] described the highest success rates from the femoral 

midshaft and teeth; the authors noted that general success decreased with decreasing bone 

density, suggesting that dense, cortical bones are better for DNA analysis. However, these 

retrospective analyses were limited by the composition of their datasets. All element types were 

not systematically tested. Moreover, while these studies benefited from the use of large sample 

sizes, other variables were difficult to control, such as the post-mortem interval, burial location, 

and environment.  

The above studies compared DNA degradation across elements from different 

individuals, but dataset limitations prevented comparison of variation within a single individual. 

Understanding intra-individual variation may be equally as informative as inter-individual 

variation, even when large sample sizes are considered. When comparing all element types 

within a single individual, Mundorff and Davoren [5] demonstrated that small cancellous 

elements, especially from the foot, outperformed large, dense cortical elements in the quantity 

and quality of extracted human DNA. More recent research supports this conclusion. As 

mentioned above, the talus and other tarsals were reported as the second most successful bone 

type, after teeth, by Hines et al. [9]. Ferreira et al. [114] and Ferreira et al. [115] have 

successfully utilized metatarsals and phalanges in DVI situations, promoting their use in certain 

postmortem circumstances. Nevertheless, it is possible that the mechanism of DNA degradation 

and the pattern of DNA preservation shifts over extended PMIs. Skeletal DNA sampling 

strategies for forensically relevant remains likely diverge from those applied to ancient remains. 

For example, the petrous portion of the temporal bone, the densest region in the human skeleton, 

is the preferred element of choice in ancient DNA research [116–119]. 

Lastly, bone processing techniques including soft tissue maceration and standard 

osteological analysis procedures (e.g., X-rays and CT scans) can impact the degree of DNA 

degradation in bone. When testing exhumed and surface remains for DNA following boiled and 

unboiled treatments, Iwamura et al. [106] found that boiling practices were related to osteon 

fragmentation and DNA degradation. Frank et al. [120] tested the effects of processing 

techniques such as CT scans and X-rays, concluding that these techniques can have additive 

effects on DNA degradation. 
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Purpose, Objectives, and Goals 

 

The purpose of this dissertation research was two-fold: (1) to empirically assess patterns 

of human DNA preservation from buried (subsurface) skeletal remains and determine how such 

patterns relate to patterns previously observed in remains that had decomposed on the ground 

surface, and (2) to relate patterns in skeletal DNA preservation in buried remains to site-specific 

taphonomic variables, focusing on microbial influence. The objectives were threefold: (1) to 

determine whether the patterns of DNA preservation previously observed in skeletal elements 

associated with surface processes of decomposition (i.e., [5]) hold true in a burial context; (2) to 

determine if there is enough variability to develop a rank order of skeletal elements based on 

DNA yield and STR profile completeness, and (3) to relate patterns of skeletal DNA degradation 

to microbial composition and structure in the soil and within the bone itself. Results complement 

existing research on bone sampling strategies for skeletal remains recovered from the ground 

surface to develop a bone sampling selection method for disinterred skeletal remains.  

Currently, practitioners focus on sampling dense, cortical bones (i.e., the femur and tibia), 

a labor intensive and time-consuming process. If smaller bones produce equal or higher DNA 

yields, a re-evaluation of sampling strategies to maximize success while minimizing resource 

expenditure may be beneficial in medico-legal contexts. In addition, this study contributes to the 

growing body of knowledge on the interacting physical, biological, and chemical processes in 

the soil during cadaver decomposition and adds to the limited research on microbial communities 

directly associated with bone and thought to have a direct impact on the survivability of skeletal 

DNA. 

Research Questions and Hypotheses 

 

The following research questions were addressed: (1) Does the deposition environment 

(surface vs. subsurface) relate to patterns of DNA degradation? (2) Do human DNA testing 

success rates in subsurface bones deviate from previous studies that did not consider small, 

cancellous bones? (3) Is susceptibility to microbial invasion related to DNA preservation? (4) 

Does skeletal DNA preservation persist in a patterned or stochastic manner in subsurface 

decomposition? (5) What microbes are capable of colonizing bone and does this differ between 

surface and buried remains? Lastly, (6) Does skeletal DNA degradation and/or microbial 

community composition relate to soil geochemical or edaphic conditions? The following 

hypotheses were addressed: 

 

Hypothesis I: The pattern of human DNA quantities, measured as nanograms per gram of 

bone powder, and quality, measured by the degradation index (small autosomal target / large 

autosomal target) and STR amplification success, will be different between surface and 

subsurface remains due to significant changes in the decomposition environment. As 

discussed above, a surface environment is prone to extreme environmental fluctuations in 

temperature, UV exposure, humidity/moisture, etc., which would likely inhibit the growth 

and activity of certain microbial taxa [68]. In addition, we expect oxygen availability to be a 

dominant factor influencing the types of microbes in contact with and capable of colonizing 

bones in these environments, which is expected to relate to burial depth. If microbes are 

influencing bone degradation, community differences between subsurface and surface 

remains should be associated with differential decomposition / decay.  
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Hypothesis II: Human skeletal DNA quantity and quality from predominantly cancellous 

elements will be lower than DNA recovered from predominantly cortical elements in 

subsurface remains. Though the opposite was observed by Mundorff and Davoren [5], the 

stability of the subsurface environment is expected to encourage increased microbial bone 

degradation, especially from gut derived microbes. Greater porosity in cancellous bone 

relative to cortical bone increases its susceptibility to microbial colonization and degradation. 

In addition, though DNA preservation results from a combination of factors, evidence points 

to a close association between DNA survival and DNA binding to hydroxyapatite [76,77]. 

Therefore, we expect skeletal elements with greater density and increased inorganic content 

to preserve better throughout the duration of interment (4 years). 

 

Hypothesis III: DNA quality and quantity from buried skeletal remains will relate to 

microbial community composition, abundance, and other geochemical factors, especially site 

hydrology. Soil pH and site hydrology are known factors related to DNA degradation. While 

microbial communities are known bone degraders and have been co-extracted in high 

concentrations along with DNA [110], their role in DNA degradation is mediated, in part, by 

environmental conditions. Therefore, the environment and the microbes within that 

environment are crucial determinants of DNA degradation (and thus preservation).  

Sample Description 

 

To understand patterns of DNA preservation and their relationship with taphonomic and 

edaphic parameters and microbial ecology, three sets of samples were used: (1) surface remains, 

(2) buried (subsurface) remains and associated soils, and (3) human gut samples from living 

donors.  

Surface Remains 

Three male individuals that had decomposed on the ground surface at the University of 

Tennessee (UTK) Anthropology Research Facility (ARF) in 2009 were examined for patterns of 

human DNA preservation and associated changes in microbial community composition and 

structure. Remains were collected from the ground surface following complete skeletonization. 

Remains were gently cleaned at UTK’s Forensic Anthropology Center (FAC), and 55 bone and 

tooth samples from each individual (n = 3) were sampled following mechanical and chemical 

cleaning, resulting in a total skeletal sample size of n = 164. Total DNA was extracted and 

human DNA quantity and quality were assessed at Bode Cellmark Forensics, Lorton, Virginia. 

Methods encompassing bone sampling and DNA extraction and analysis were previously 

described in detail in Mundorff and Davoren [5]. Total DNA extracts from Mundorff and 

Davoren [5] were used in Chapter II to assess microbial loading via qPCR and microbial 

community composition and structure following next generation sequencing of the 16S rRNA 

and 18S rRNA genes. No soil or gut samples were collected prior to placement of individuals at 

the ARF, and no soil or other cadaver-associated samples were collected throughout the 

decomposition process. All bone samples represent a single time point. Samples from the same 

three individuals were also used as a comparative sample in Chapter IV; individuals were 

renamed (“SA”, “SB”, and “SC”) in chapter IV to differentiate from buried individuals (“A”, 

“B”, and “C”) in the same chapter.  
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Buried Remains 

Three individuals, disinterred after a period of four years, from a single grave at UTK 

ARF were assessed for patterns of human DNA preservation, bacterial and archaeal community 

structure, composition, and abundance, as well as changes in the soil environment. Because 

environmental differences often result in differential decomposition, the decision to test three 

skeletons from within a single grave was made to minimize the effects of environmental 

differences. Individuals were stacked at the time of disinterment to replicate a realistic burial 

event. A 2 x 2 m grave was excavated and disinterred in February 2017, four years after 

interment. Because individuals were stacked, with individual C on the top, oriented West to East, 

B in the middle, placed North to South, and A at the grave base, oriented West to East, 

individuals exhibited differential states of decomposition at the time of disinterment (Figure 1.1-

1.3). During disinterment, soils were collected with depth throughout the grave and along lateral 

transects extending away from the grave to establish geochemical and microbial profiles within 

and extending outward from the grave. Details on soil sampling and geochemical methods, 

analysis, and results are available in Keenan et al. [56].  

To ensure consistency and to directly compare disinterred remains to those that 

decomposed on the ground surface [5], the same methodologies from Mundorff and Davoren [5], 

with only minor differences, were used to assess inter-individual and intra-individual variation in 

human skeletal DNA from buried individuals. To compare DNA yields from all skeletal element 

types within a single individual and between individuals, the same representative selection of 49 

bones were sampled from each skeleton. This approach limited unnecessary destructive sampling 

and additional costs by avoiding duplicate (rights vs. lefts) and redundant (e.g., ribs) elements. 

Representative element selection was decreased from 55 in Mundorff and Davoren [5] to 49; 

teeth were not included, as the focus was on patterns of DNA preservation in human bone. We 

did, however, increase the number of samples per bone for subsets of selected elements to assess 

variation between sampling sites on a single bone. Based on previous observations [5], 19 

elements were sampled across two sites, while the femur, tibia, and humerus were selected for 

additional sampling across 3 sites. Technical replicate variation was also assessed to understand 

the variation in samples recovered from a single sampling site; to this end, the three sites 

sampled on the femur, tibia, and humerus were sampled twice (Figure 1.4). Individual bones 

were marked at the sampling site, photographed, and re-photographed again after sampling. 

Similar to surface remains, remains disinterred from the multi-individual burial were 

mechanically and chemically cleaned prior to sampling using a 3/8” drill bit. Total DNA was 

extracted from bone samples using a complete demineralization protocol [122]; DNA extracts 

were used for human and microbial DNA quantitation and 16S rRNA gene sequencing. Detailed 

methods regarding total DNA extraction, total DNA quantitation, human DNA quantification, 

and microbial DNA quantification are presented in Chapter III. Detailed methods relating to 16S 

rRNA sequencing and analysis are available in Chapter IV.   
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Figure 1.1: Individual C at the time of disinterment. C was skeletonized with minimal 

adipocere formation and remaining tissue.  

 

 
 

Figure 1.2: Individual B at the time of disinterment. B was mostly skeletonized with 

moderate adipocere formation, especially in the region of the torso.  

 

Individual C 

Individual B 

Individual B 

Individual A 
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Figure 1.3: Individual A at the time of disinterment. Individual A experienced extensive 

adipocere formation, with preserved tissue underneath. Only the distal extremities were 

fully skeletonized.   
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Figure 1.4: Subsurface bone selection. All representative bones were sampled from the left 

side of the body.  Bones are highlighted based on the number of samples taken per element. 

Blue represents a single sampling site. Yellow indicates two sampling sites, and purple 

indicates 6 sampling sites. 
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American Gut Project 

The American Gut Project (AGP) is a civilian / scientist sourced project that began in 

2012 as a collaborative effort between the Earth Microbiome Project (EMP) and the Human 

Food Project (HFP) to understand population diversity in the human gut microbiome [123]. The 

data is open-source and freely available. To better understand the sources of microbial 

populations in post-mortem human bone, we accessed a total of 62 samples from the AGP to 

directly compare to surface and subsurface bone communities. Samples from human feces (n = 

53), sebum (n = 2), saliva (n = 6), and hair (n = 1) and associated metadata were accessed from 

the American Gut Project (AGP) (Qiita Accession ID 10317); samples were chosen based on age 

(between 50-70 yrs.) and residence (TN, GA, AL, WA, and VA) to reflect demographic 

information from deceased individuals involved in surface and subsurface decomposition. 

Sample and prep IDs as well as other demographic information are available in Chapter IV.  

ARF and Grave Site Geochemistry 

The Anthropology Research Facility (ARF), founded in 1980, is a 2 acre outdoor facility 

dedicated to actualistic decomposition research [124]. Individuals used in this study, excluding 

those from the AGP, were deposited either on the ground surface or in a burial at the ARF. 

Buried individuals were interred in a more recently acquired section of the facility, and thus were 

thought to be deposited in soil not previously exposed to human decomposition. 

A soil biology and geochemical profile of the grave has been established previously by 

Keenan et al. [56]. Soil geochemical parameters within the grave and extending laterally out 

from the grave were tested, including pH, gravimetric moisture, microbial respiration, dissolved 

organic carbon, dissolved organic nitrogen, and extracellular enzyme potentials, among others. 

Soil biology characterization included nematode composition and microbial. Soil at the ARF is 

composed of clay and channery clay loam overlain with a 10 cm top horizon, rich in soil organic 

matter [56]. Soil samples were collected at depths of 0-5 cm, 30-35 cm, 70 -75 cm, and 85-90 

cm; an additional sample was collected at 40 cm from within the rib cage of individual C.  

Laterally, extending out from the grave, soils at depths of 0-5 cm and 30-35 cm were not 

significantly impacted by decomposition. In contrast, within the grave, depths of 30-35 cm and 

70-75 cm demonstrated significant soil geochemical changes in response to ongoing human 

decomposition. Elevated nitrification potentials and nitrate concentrations as well as increased 

fungal presence were observed at 30-35 cm, which coincided with a decline in nematode 

diversity and evenness. A sample taken from within the rib cage of individual C at 40 cm, which 

was composed of mixed soil and decomposition products, included the highest enzyme potentials 

of leucine aminopeptidase and phosphodiesterase, indicating a more copiotrophic functionality at 

this depth. Below 40 cm, at 70 -75 cm, grave soil samples shifted to a mostly anoxic 

environment. This was the only depth at which a human-associated obligate anaerobe, 

Bacteroides sp., was detected. In addition, this depth regime saw elevated microbial respiration 

rates, dissolved organic carbon, dissolved organic nitrogen, ammonium, conductivity, and pH as 

well as increased N-acetyl-β-glucosaminidase enzyme potentials. Despite high levels of labile 

organic sources, enzyme potentials indicate a more oligotrophic functionality at 70-75 cm [56]. 

Analytical Terms and Methods 

 This research included the analysis of large, multidimensional microbial datasets, which 

at times required the use of esoteric ecological metrics and analytical tools. Some of these tools / 

methods require further explanation, as summarized below.  
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Measures of ecological diversity include two concepts, species richness and evenness. 

Species richness is the number of species in a sample / site, while evenness refers to the 

equitability in species abundance within a sample / site [125]. Two categories of diversity are 

commonly used to understand community dynamics and were used in this dissertation: (1) alpha 

diversity and (2) beta diversity. Alpha diversity refers to within sample diversity, while beta 

diversity represents between community diversity [125]. There are a number of different metrics 

used to calculate diversity and all have positive and negative attributes. This research used 

Inverse Simpson (1/D) to assess within habitat diversity (i.e., alpha diversity). Inverse Simpson 

is easily quantified but is sensitive to highly abundant species. Simpson’s D as an estimate for 

“finite samples” is calculated as follows, “with ni the number of clones in the ith OTU” [126], or 

amplified sequence variant (ASV): 

 

𝐷 =  ∑(
𝑛𝑖(𝑛𝑖 − 1)

𝑁(𝑁 − 1)
) 

  

 

Observed richness, or the total number of OTUs / ASVs or species in a sample was used to 

calculate species richness.  

Beta diversity metrics used to understand between community differences included Bray-

Curtis dissimilarity and weighted UniFrac. Bray-Curtis is a non-Euclidean dissimilarity metric 

based on both compositional and abundance data. Resulting values range from zero to one, with 

zero indicating complete similarity and one indicating complete dissimilarity [127]. Similarity 

percentages (SIMPER) [128] use Bray-Curtis dissimilarities to identify taxa driving community 

differences. Non-metric multidimensional scaling (NMDS) is a common ordination technique 

used to represent distances and dissimilarities due to its ability to preserve rank orders while 

reducing dimensions [128,129]. Resulting stress with each iteration of the NMDS demonstrates 

goodness of fit; low stress indicates that the data is well represented by the ordination [129].  

UniFrac is a relatively recent distant metric that is based on phylogenetic distance (i.e., 

phylogenetic tree branch lengths) [130]. The idea is that two distinct environments would have 

disparate evolutionary histories. Its strength is that “it exploits the different degrees of similarity 

between [16S rRNA] sequences.” Weighted UniFrac is a quantitative measure of UniFrac that 

also takes into consideration abundance [131]. 

Random forest regression models were used in Chapters II and IV to identify important 

taxa related to human skeletal DNA concentration. Random forest (RF) regression is a machine 

learning approach that has gained traction in human decomposition research to estimate the post-

mortem interval [40,43]. RF is easily implementable and can be applied to a wide range of data. 

RF models construct and combine results from decision trees fitted to a training set to increase 

accuracy. RF modeling is fairly robust to overfitting and outputs important features to the model 

[132,133].  

Significance of Research 

 
Missing persons investigations place hefty demands on the U.S. criminal justice system 

financially and in human effort. From a molecular anthropology perspective, this research has 

the potential to advance criminal justice policy and practice in the United States by refining 

skeletal sampling protocols for DNA analysis, thus reducing the time, labor, and financial costs 
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of DNA analysis while maximizing identification rates of skeletonized remains. This project 

complements previous work by Mundorff and Davoren [5] and Hines et al. [9], while redressing 

gaps in the existing body of knowledge regarding skeletal DNA degradation and the effects of 

the burial environment. The greatest potential contribution of this research is the development of 

a DNA sampling rank-order of success for all skeletal element types specific to human remains 

recovered from a buried context. 

From a microbial ecology perspective, this research relates patterns of skeletal DNA 

preservation to site specific taphonomic variables, particularly microbial influence, which is 

crucial to understanding how these patterns in DNA survivability arose, thereby expanding the 

applicability of this research to multiple environments. Moreover, microbial bone degradation is 

an important component of bone diagenesis and preservation. To date, the majority of research 

on microbes associated with bone decay has been limited to histological and culture-based 

studies. This research adds to the growing body of literature on the microbial ecology of bone. 
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CHAPTER 2  
PATTERNS OF MICROBIAL COLONIZATION OF HUMAN BONE 

FROM SURFACE-DECOMPOSED REMAINS  
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Abstract 

 
Microbial bone colonization plays a role in post-mortem skeletal degradation, as 

heterotrophic bacteria and fungi readily degrade organic material, including DNA. However, the 

types and distributions of bone-colonizing microbes are not well characterized; in particular, it is 

unknown if microbial communities vary in abundance or composition between bone types. If 

differences exist, it may help explain patterns of human DNA preservation. Therefore, the goals 

of the present study were to (1) identify the types of microbes capable of colonizing different 

bone types and (2) relate microbial abundances, diversity and community composition to bone 

type and DNA preservation. DNA extracts from 164 bone and tooth samples from three 

individuals were assessed for bacterial loading using qPCR to quantify gene abundances; 16S 

rRNA and 18S rRNA gene amplicon sequencing were used to examine differences in microbial 

community composition and structure. Random forest models were applied to predict operational 

taxonomic units (OTUs) associated with human DNA concentration. Dominant bacterial bone 

colonizers included OTUs from the phyla Proteobacteria (36%), Actinobacteria (23%), 

Firmicutes (13%), Bacteroidetes (12%), and Planctomycetes (4.4%). Eukaryotic bone colonizers 

included OTUs belonging to Ascomycota (40%), Apicomplexa (21%), Annelida (19%), 

Basidiomycota (17%) and Ciliophora (14%). Microbial communities demonstrated significant 

differentiation by individual and anatomical region. Bacterial loading was not a significant 

predictor of human DNA concentration in two out of three individuals. Though random forest 

models models were minimally successful in identifying microbes related to patterns of DNA 

preservation, models were complicated by differences between individuals and body regions. 

This work expands on our understanding of the types of microbes capable of colonizing human 

bone and contributing to microbial human skeletal DNA degradation.  

Introduction 

 
Skeletonization is the final “stage” of human decomposition, exposing bone to the 

exogenous environment [134]. Once the body has progressed to a skeletonized state, teeth and 

bone become the only materials that can be used for human identification. However, while bone 

is more recalcitrant than soft tissues, it is not stable; it continues to decay over time. With death, 

bone undergoes decomposition and diagenesis, the postmortem alteration of bone by chemical, 
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physical, and biological factors that result in modification of the original bone material [72]. 

Time is not a good indicator of skeletal DNA preservation [100]; instead bone diagenesis and 

DNA survival is highly dependent on the depositional environment, including microbial activity 

[97,135].      

Bone decay mechanistically proceeds via chemical and/or biogenic (microbial) 

degradation of the organic and inorganic components of bone [11]. Microbes are capable of 

colonizing and degrading human bone, and microbial DNA is often co-extracted with human 

DNA and interferes with downstream processes [7,8,110]. The organic component of the bone 

consists of 90-95% type I collagen (primarily made up of glycine, proline, and hydroxyproline), 

with minor contributions from other non-collagenous proteins (e.g., osteocalcin, osteoponin, and 

osteonectin) as well as lipids, mucopolysaccharides, and carbohydrates [73]. The inorganic or 

mineral component is most similar to hydroxylapatite and consists of calcium, phosphate, 

carbonate, hydroxide, and to varying degrees sodium [35,72,136]. Bone apatite, or bioapatite, 

can be described as ‘nature’s trashcan,’ as infiltration and substitutions from environmental 

elements are common. One of the main requirements for lasting preservation via fossilization is a 

complete shift from the bioapatite mineral lattice to a fluorinated apatite or fluorine- and 

carbonate-enriched apatite[71,72].  

 When not in equilibrium with the surrounding environment, dissolution and 

recrystallization of bioapatite occurs, allowing microorganisms and enzymes access to the 

organic phase, resulting in degradation. Similarly, if the organic component degrades by either 

chemical or biological means, bioapatite becomes more vulnerable to environmental fluctuations 

and dissolution of the lattice structure is more probable due to new voids in the crystal lattice 

[11,35,72,76–78]. For example, wet environments demonstrate increased rates of DNA 

degradation because water allows for mineral dissolution and increased hydrolytic damage [137]. 

The interdependence between the mineral and organic phases of bone supports the idea that 

greater porosity or increased void space increases the susceptibility of bone to environmental 

influences [15,138], both chemical and biological.  

Though the reservoir for long-term DNA preservation in bone remains unclear, the 

binding of DNA to bioapatite crystallites seems to be crucial for long-term DNA survival [76]; 

persistence within osteocytes or other remnant tissues (e.g., from the red bone marrow) may also 

be possible [106,107]. Gross bone preservation and weathering has been shown to be unrelated 

to DNA preservation or degradation in some cases [15], while in others, indices of gross 

preservation are better correlated [16,99]. Differences in DNA preservation and degradation by 

bone type have been observed, though patterns are not consistent between studies (e.g., Leney, 

2006; Milos et al., 2007; Edson et al., 2009; Mundorff et al., 2009; Hines et al., 2014; Mundorff 

and Davoren, 2014). Whether this has to do with differences in cortical and cancellous bone 

composition is debated. More porous elements are thought to have increased bacterial presence 

[76], but increased presence does not necessarily mean increased degradation, as certain 

microbial taxa may be better adapted to exploiting skeletal material than others.  

In archaeology, microbial degradation of bone has been studied primarily through 

histological research, focusing on regions of microscopic focal destruction [16,81–83,139]. 

However, culture-based research has shown that collagenase-producing bacteria can use 

mammalian bone as a substrate (e.g., Alcaligenes pichaudii, Bacillus subtilis, Pseudomonas 

fluorescens, Clostridium histolyticum) [86]. Others have shown greater DNA preservation from 

archaeological sites with bones lacking culturable collagenase producing bacteria [70]. These 

observations suggest that DNA preservation within a bone may be partially dependent on the 
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amount and/or type of microbes colonizing the bones. Genera including Pseudomonas, 

Xanthomonas, Fusarium, and Trichonella have been cultured from bones from diverse 

archaeological sites [70]. Experimental research has also shown macroscopic destruction 

phenomena consistent with fungal degraders, specifically from the genus Mucor [79], while 

others have cultured genera from the phylum Ascomycota [70]. Research to date has primarily 

been limited to culture-based methods, and we know that only a small subset of environmental 

microbes can be cultivated in the laboratory. Only a few studies [14,90] have been conducted 

since the advent of high throughput sequencing technologies that allow us to characterize 

microbes without cultivation. Thus, there is a gap in knowledge regarding the types of microbes 

capable of colonizing and degrading human bone.  

The purpose of the current study was two-fold: to (1) identify the types of microbes 

capable of colonizing different bone types using next generation sequencing methodologies and 

(2) relate microbial abundances, diversity, and community composition to bone type and patterns 

of human DNA preservation We expected total bacterial gene abundances, as a proxy for overall 

bacterial presence or loading, to increase with decreasing human DNA quantity and quality. We 

also expected to see shifts in microbial populations with changes in bone morphological and 

microstructural properties (i.e., bone type and cortical content).  

Materials and Methods 

 
In 2009, three male individuals were placed outside on the ground surface to decompose 

naturally at the Anthropology Research Facility (ARF) at the University of Tennessee, Knoxville 

(UTK) (Table 2.1). Following complete skeletonization (13 – 23 months), the same 55 bone and 

tooth samples representing all skeletal element types from each individual (total n = 165) were 

collected and gently washed at the Forensic Anthropology Center (UTK) (Table S2.1; Table 2.2). 

Prior to sampling, the external surface of each bone was cleaned by mechanically removing 1-2 

mm of the outer surface of bone, followed by chemical cleaning via bleach, ethanol, and sterile 

water. Bones were sampled using a drill and masonry bit at slow speeds (< 100 rpm); DNA was 

extracted from sampled bone powder using a complete demineralization protocol [122]. Methods 

encompassing bone sampling and DNA extraction and analysis were previously described in 

detail in Mundorff and Davoren (2014). Human DNA quality and quantity were examined to 

elucidate patterns of DNA preservation by bone type (Mundorff and Davoren, 2014). These 

same skeletal DNA extracts were used in the present study to assess microbial loading via qPCR 

and microbial community composition and structure using next generation sequencing of the 16S 

rRNA and 18S rRNA genes. 

Microbial and Human DNA Quantitation 

As a proxy for total bacterial abundance and colonization of bone, qPCR was used to 

quantify 16S rRNA gene abundances [140] using the Femto™ Bacterial DNA Quantification 

Kit. Assays were conducted as per manufacturer instructions using a BioRad CFX Connect™ 

Real-Time PCR Detection System. Samples were quantified in triplicate, while standards were 

quantified in duplicate, and a minimum of three no template controls were included in each 96-

well plate. Data are presented as gene copy number per gram of bone powder (gene copies gbp-1) 

and log gene copy number per gram of bone powder. Human DNA was quantified using the 

Quantifiler™ kit from Life Technologies (Qf); methods and data are reported in (Mundorff and 

Davoren, 2014).  
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Table 2.1: Donor Information for the three individuals placed at ARF 2009 

 

Individual Ancestry Sex Weight 

(kg) 

Medical 

History 

Length of 

Placement 

A European Male 104.3 Diabetes, 

Alcoholism, 

Substance 

abuse 

13 months 

B European Male 80.3 High 

cholesterol, 

Arthritis 

16 months 

C European Male 127.0 Diabetes, 

Cardiac 

 

23 months 

 

Table 2.2: Number of bones sampled by body region for each of the three individuals  

 
Body Region Sample Quantity per 

Individual 

Skull 6 
Teeth 7 
Trunk 13 

Leg 4 
Arm 3 
Hand 8 
Foot 14 
Total 55 

 

 

 

 

 

 

 

 

 

 



28 

 

Total DNA Quantitation 

 Total DNA was quantified using the Quant-iT™ PicoGreen™ dsDNA Assay Kit 

(Invitrogen™) using a 200 µL total volume on a 96 well microplate reader. Samples and 

standards were run in duplicate, with standards ranging from 0 μg mL-1 to 1.0 μg mL-1. Total 

DNA concentrations are reported as nanograms per gram of bone powder (ng gbp-1). 

Percentage Cortical Content 

Clinical CT scans of each element were acquired using a Siemens Biograph mCT 64 slice 

scanner. Scans involved helical acquisition using a 0.6 mm slice thickness, 500 mAs, 120 kV, 

and bone window with kernel B70s. Data were stored on compact discs and transferred to 

workstations with image processing software (OsiriX 5.6, Geneva, Switzerland). The DNA 

sampling site on each element was digitally measured using ImageJ (National Institutes of 

Health). A macro was created to detect and measure the areas of cortical and cancellous bone 

(mm) on each CT slice where the sampling site appeared. Measurements of cortical width and 

height and cancellous width and height were taken separately for each cortical and cancellous 

bone region for all bones. Average cortical and cancellous bone width and height measurements 

were then computed for each site. Due to issues with scan quality, ten of the original 129 

samples were removed from the analysis. Percentiles of cortical and cancellous bone were 

computed from each DNA sampling site for all elements.  

Mean percentiles of cortical bone composition at each sampling site were divided into 

seven categories by skeletal element: (1) 80-100%, (2) 70-79%, (3) 60-69%, (4) 50-59%, (5) 40-

49%, (6) 30-39%, and (7) 20-29%. The first category consists of bones whose sampling sites did 

not contain any cancellous bone, including the humerus, radius, ulna, femur, and tibia. The 

second, third, and fourth categories contained only three elements with sampling sites that were 

composed of over 50% cortical bone. Percentile data were further averaged from each element 

type across all individuals. The majority of element types revealed consistent measurements 

between individuals, with standard deviations of 10% or less. Three element types (temporal, 

occipital, cervical vertebra) exhibited high variability between the three individuals in the 

relative amount of cortical and cancellous bone removed from the sampling sites. 

Next Generation Sequencing Analysis 

 Total DNA extracts from bone were sent to Hudson Alpha Institute of Biotechnology 

Genome Services Laboratory (Huntsville, AL) for sequencing of the V3-V4 region of the 16S 

rRNA gene and V4-V5 of the 18S rRNA gene using 300 PE chemistry on an Illumina MiSeq 

instrument. Library preparation was performed by Hudson Alpha according to Illumina 

protocols. Primers for the 16S rRNA gene consisted of S-D-Bact-0564-a-S-15 and S-D-Bact-

0785-b-A-18 from Klindworth et al. (2013); primers for the 18S rRNA gene were 574f and 

1132r from Hugerth et al. (2014).  

Adapters were removed by Hudson Alpha prior to data distribution. Read quality was 

assessed using fastqc (v. 0.11.7) and multiqc (v. 1.5). Primers were removed using cutadapt (v. 

1.14) [143], and reads were quality trimmed using trimmomatic (v. 0.36) [144]. Data were 

further trimmed, aligned, and classified using mothur (v. 1.39.5) according to the mothur SOP 

[145]. 16S rRNA and 18S rRNA sequences were aligned and classified into operational 

taxonomic units (OTUs) at 97% sequence identity, using the SILVA ribosomal RNA database 

(v. 128). Statistical analyses and visualizations were conducted in R (v. 3.4.1) [146], primarily 

using phyloseq (v.1.20.0) [147] and dependencies. 
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Samples with less than 5,000 reads were removed from analyses, and samples were 

rarefied to even depth by the smallest library (16S rRNA min. library = 48,288 reads; 18S rRNA 

min. library = 5,368 reads) prior to alpha and beta diversity measurements including ordination 

methods and visualizations based on ordination methods (Figures S2.1, S2.2). Bray-Curtis 

dissimilarities were computed for all ordinations. Alpha diversity metrics, including Inverse 

Simpson and observed richness, were computed using a subsampling approach, in which 

richness and diversity metrics were computed for a total of 100 iterations, each scaled to even 

depth. 

Sequence Quality Analysis 

Two samples failed to sequence using 16S rRNA primers, while twenty samples failed to 

sequence using 18S rRNA primers. Extensive trimming was undertaken due to the increased 

error rate associated with 300 PE chemistry. Fastqc and multiqc demonstrated high quality reads 

in the forward direction, with a significant drop in mean quality Phred scores in the reverse 

direction at an approximate base pair position of 200 (Phred Score < 25). Following cutadapt and 

trimmomatic, total 16S rRNA contigs were reduced by 46%. This was further reduced by an 

additional 14% following further processing in mothur, resulting in a total read loss of 60% 

(from 37,185,525 to 14,958,201 sequences). This left a total of 14,958,201 sequences, of which 

692,709 were unique.  

18S rRNA sequences presented an additional challenge; using 300 PE chemistry, forward 

and reverse reads overlapped by ~59 base pairs (bp). Fastqc and multiqc showed a significant 

reduction in mean base quality in both forward and reverse reads. Forward reads showed a drop 

in mean quality scores at an approximate position of 250 bp (Phred scores < 25), the same drop 

in quality was observed in reverse reads at ~200 bp. As a consequence, trimming to remove low 

quality base pairs resulted in a dramatic loss of reads. Following cutadapt and trimmomatic, total 

18S rRNA contigs were reduced by 46%, and after further processing in mothur, sequences were 

further reduced by 49%, resulting in a total read loss of 95% (from 30,253,173 sequences to 

1,518,971). This left a total of 1,518,971 sequences, of which 181,486 were unique. Due to poor 

read quality, individual A was removed from additional data analysis in phyloseq, resulting in a 

remaining 7,901 OTUs across 90 samples.  

Data Analysis 

 All data analyses, excluding random forests tests, were conducted in R (v.3.4.1). Two-

factor analysis of variance tests (ANOVAs) were used to examine differences in log transformed 

human DNA concentrations by individual and body region. Assumptions such as normality and 

homogeneity of variance were tested using D’Agostino’s normality test (package = fBasics v. 

3042.89) (Wuertz et al., 2017) and Levene’s test (package = car v. 3.0.2) respectively. 

Regression analysis was then used to assess the relationship between human DNA concentrations 

from bone samples and hypothesized predictor variables (i.e., bacterial DNA gene abundances, 

total DNA concentrations, and percentage cortical content). Human DNA concentrations, 

bacterial gene abundances, and total DNA concentrations were log-transformed prior to linear 

regression. Multiple regression analysis was also performed, treating log transformed human 

DNA as the dependent variable and log transformed bacterial gene abundances, log transformed 

total DNA, and percentage cortical content as independent variables, including their various 

interactions. Assumptions including heteroskedasticity, normality, autocorrelation, and 

multicollinearity were tested using the R package sjstats (v. 0.17.0). 
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Kruskal-Wallis tests were used to assess statistical significance in alpha diversity metrics, 

followed by multiple comparisons with false discovery rate adjusted p-values. Permutational 

multivariate analysis of variance tests (PERMANOVAs), applying 999 permutations, were used 

to assess statistical significance in beta diversity between categorical variables of interest 

including body region (i.e., head, upper torso, arm, hand, lower torso, leg, foot), individual (A, 

B, and C), human DNA category, and cortical category. These same variables were tested for 

homogeneity of multivariate dispersion, using 999 permutations. Human DNA category was an 

arbitrary categorical variable created by dividing a continuous variable, human DNA 

concentration, by quartiles, each quartile defining a category used for factor analysis. Cortical 

category was established by using the mean percentiles of cortical bone composition at each 

sampling site as described above [0 (Teeth), 1 (80-100%), 2 (70-79%), 3 (50-59%), 4 (40-49%), 

5 (30-39%), 6 (<39%)]. In addition, SIMPER, similarity percentages, followed by non-

parametric Kruskal-Wallis tests with false discovery rate (FDR) corrected p-values, were used to 

determine OTUs significantly contributing to differences between individuals and human DNA 

category (seq-scripts release v. 1.0) [148]. Random forest models were generated using Python 

(v. 3.5.2) and scikit-learn (v. 0.19.2) to identify OTUs contributing to patterns of human DNA 

preservation. OTUs were merged at the genus level, and all samples were used to generate the 

model (bacteria, n = 162; microbial eukaryotes, n = 71; combined datasets, n = 71). Data were 

randomly split into training (3/4) and testing (1/4) sets. 

Results 

Bacterial and Human Quantification via qPCR 

Though bacterial gene abundances, which was used as a proxy for bacterial loading, were 

often high when human DNA quantities were low, for example in the teeth, upper torso, lower 

torso, and in the hand, this relationship was not consistent across all body regions. Despite bones 

of the feet having some of the highest human DNA quantities, these also corresponded with high 

bacterial gene abundances (Figure 2.1). While bones with high cortical content generally 

demonstrated lower bacterial infiltration, bacterial gene abundance was not a significant 

predictor of percent cortical content (adjusted R2 = -0.03) (Figure 2.2A). Total DNA was, 

however, a significant predictor of percent cortical content (p < 0.001, F = 71.43, DF = 1, 33, 

adjusted R2 = 0.67); as the percentage of cortical bone decreased, total DNA increased (Figure 

2.2A). 

When excluding teeth, human DNA quantities were significantly different by individual 

(p < 0.001, F = 12.06, DF = 2) and body region (DF = 6, p < 0.01, F = 4.52), with a significant 

interaction between body region and individual (p < 0.05, F = 1.87, DF = 12). On average, 

individual B had greater concentrations of human DNA than A or C, while individual A had the 

lowest concentrations of human DNA. Therefore, to test the effects of various predictor variables 

on human DNA recovered from bone, individuals were assessed independently. Bacterial gene 

abundance did not significantly predict human DNA concentration in two out of three 

individuals (A, p = 0.12; B, p = 0.05), while bacterial gene abundance demonstrated a positive 

relationship with human DNA concentration in individual C (p = 0.01, F = 6.85, adjusted R2 = 

0.113) (Figure 2.2B). A similar relationship was observed for total DNA, which also showed a 

positive relationship with human DNA concentration for individual C (p = 0.001, F = 12.41, 

adjusted R2 = 0.199). In addition, percent cortical content was a significant predictor of human  
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Figure 2.1: Mean total DNA (Total (ng gbp-1)) or the concentration of DNA extracted, 

mean human DNA concentration (Human (ng gbp-1), as quantified using qPCR, and 

bacterial gene copies (16S rRNA copies gbp-1), as quantified using qPCR by bone type (n = 

3 individuals). Concentrations are presented as nanograms (ng) per gram of bone powder 

(gbp-1). Bars represent standard deviations where n = 3. 
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Figure 2.2: (A) Percent cortical content compared with log-normalized bacterial gene 

abundances and log-normalized total DNA, averaged by bone type (n = 3). (B) Bacterial 

gene abundances, percent cortical content, and total DNA compared with human DNA 

concentrations by individual (A, B, C). Raw data is shown. The red line demonstrates the 

best fit linear regression.  
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DNA concentration in two out of three individuals (B, p = 0.003, F = 10.33, DF = 1, 41, adjusted 

R2 = 0.182; C, p = 0.002, F = 11.75, DF = 1, 37, adjusted R2 = 0.221). 

When including all predictors (i.e., bacterial gene abundance, total DNA concentration, 

and percent cortical content) in a single model, the assumption of multicollinearity was not met, 

indicating that predictor variables were highly correlated. 

Bacterial Community Analysis 

Bacterial communities showed contributions from 47 phyla; of these, only 12 

demonstrated greater than 2% relative abundance when averaged by bone type: Proteobacteria 

(20 – 57%), Actinobacteria (4 - 37%), Firmicutes (2 – 35%), Bacteroidetes (2 – 21%), 

Planctomycetes (0.2 – 11%), Saccharibacteria (0.2 – 12%), , Chloroflexi (2.8 - 7.8%), 

Verrucomicrobia (0.05 - 4.7%), Chlamydiae (0.02 - 3.9%), Acidobacteria (0.04 – 2.2%), BRC-1 

(0.009 - 2.3%), and Deinococcus-Thermus (0 - 7.0%) (Figure 2.3).  

Bacterial communities significantly differed by individual (p = 0.001, F = 11.08, DF = 2) 

(Figure 2.4), body region (p = 0.001, F = 3.99, DF = 7), human DNA concentration (p = 0.02, 

DF = 3, F = 1.48), and cortical bone content (p = 0.003, F = 1.28, DF = 5). There was a 

significant interaction between body region and individual (p = 0.001, F = 2.70, DF = 14) and 

body region and cortical content (p = 0.02, F = 1.23, DF = 4). Heterogeneous multivariate 

dispersion was observed by individual (p = 0.016), body region (p = 0.001), and cortical category 

(p =0.001), but not human DNA (p = 0.27); bacterial communities from individual A and C 

clustered more tightly compared with individual B (Figure 2.4).  When examining individuals 

independently, body region remained significant (A, p = 0.001; B, p = 0.001; C, p = 0.001) 

(Figure 2.5), while cortical content remained significant in individuals B and C (B, p = 0.003; C, 

p = 0.03) but not A (p = 0.63).  

 Diversity was significantly different by individual (p < 0.01, DF = 2); individual A had 

the lowest diversity (mean = 30.0), while individual C had the greatest diversity (mean = 46.9) 

(Figure S2.3). When each individual was considered independently, diversity also significantly 

differed by body region (A: p < 0.01, Χ2 = 19.0, DF = 7; B: p < 0.0001, Χ2 = 34.6, DF = 7); C: p 

< 0.001, Χ2 = 24.9, DF = 7) (Table S2.2; Figure S2.4); body regions from A followed a different 

trend in diversity than B or C. Richness did not show significant differences by individual (p > 

0.05, Χ2 = 3.97, DF = 2), but did significantly differ by body region (p < 0.0001, Χ2 = 46.0, DF = 

7). Observed richness was greatest in the upper and lower torsos (Figure S2.5).   

OTUs driving differences between individuals included predominantly soil taxa from the 

following families: Streptosporangiaceae, Nocardiaceae, Comamonadaceae, Pseudomonadaceae,  

 Xanthomonadaceae, Clostridiaceae, Brevibacteriaceae, Streptomycetaceae, Intrasporangiaceae, 

unclassified Thermomicrobia, and Mycobacteriaceae. Notably, OTUs identified as Simplicispira 

and an unclassified member of Streptosporangiaceae were found at greater abundances in A, 

while Stenotrophomonas and Rhodococcus showed greater abundances in individual C; 

Brevibacterium, an unclassified member of Thermomicrobia, Pseudomonas, and Clostridium 

were greatest in B (Figure S2.6). Although three OTUs significantly contributed to differences 

by human DNA category (two Streptomyces and one Mycobacterium), these OTUs did not 

remain significant after correcting p-values using FDR.  

Random forest models were used to identify bacterial OTUs associated with differences 

in human DNA concentrations. The initial model generated had a mean absolute error of 91.7 (p 

= 0.03, adjusted R2 = 0.09), with 30 predictor OTUs identified (Figure S2.7). Important predictor 

OTUs were represented by Actinobacteria (importance = 30%), Bacteroidetes (17%), Firmicutes  
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Figure 2.3: Bacterial phylum-level community membership. Mean relative abundances 

greater than 2% for all individuals combined. Bone phyla membership was averaged by 

bone type (n = 3), except in the case of the navicular, occipital, and sternum (n = 2). 
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Figure 2.4: Non-metric multidimensional scaling (NMDS) ordination performed on Bray-

Curtis dissimilarities of bone bacterial communities (n =162) and visualized by individual. 

Stress = 0.14 and k = 3; ellipses represent 95% confidence intervals. 
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Figure 2.5: Non-metric multidimensional scaling (NMDS) ordinations on Bray-Curtis 

dissimilarities of bone bacterial communities. Ordinations were conducted independently 

by individual (A: n = 53, B: n = 55, C: n = 54) and visualized by body region (A: stress = 

0.14, k = 3; B: stress = 0.10, k = 2; C: stress = 0.10, k = 3). The letters “A”, “B”, and “C” 

above figure panels refer to individuals. 

 
 
 

 

 

 

 

 



37 

 

(23%), and Proteobacteria (30%). Contributing OTUs greater than 1% included the genera 

Clostridium, unclassified Dermacoccaceae, Paracoccus, and Actinotalea (Figure S2.7A). The 

model only slightly improved when excluding teeth from the analysis (mean absolute error = 

72.5, p = 0.02, adjusted R2 = 0.12). When teeth were excluded, the top five predictor OTUs 

became unclassified Dermacoccaceae (14%), unclassified Desulfuromonadales (9%), 

Clostridium (3%), unclassified Gaiellales (3%), and unclassified Mollicutes (3%).  

Eukaryotic Community Analysis 

Microbial eukaryotic communities showed large contributions from Ascomycota (mean 

relative abundance 40%), Apicomplexa (21%), Annelida (19%), Basidiomycota (17%), 

Ciliophora (14%), and enigmatic Eukaryota (including Incertae sedis) (14%), with additional 

contributions from Cercozoa (9%) Peronosporomycetes (8%), Nematoda (7%), and 

Cryptomycota (6%) (Figure 2.6). While Apicomplexa had a high mean relative abundance 

(21%), this was dominant in a single sample, a fibula from individual B.  

Microbial eukaryotic communities showed similar patterns in beta diversity compared to 

bacterial communities. When testing differences between body region, individual, human DNA 

quartiles, and cortical content, microbial eukaryotic communities significantly differed by 

individual (p = 0.001, F = 8.69, DF = 1), body region (p = 0.001, F = 2.83, DF = 7), human DNA 

(p = 0.02, F = 1.41, DF = 3), and cortical content (p = 0.001, F = 1.60, DF = 5), with a significant 

interaction between body region and individual (p = 0.001, F = 4.08, DF = 3), body region and 

human DNA (p = 0.02, F = 1.25, DF = 4), and individual and cortical content (p = 0.008, F = 

1.72, DF = 1). Due to sequence loss, alpha diversity metrics were not computed. 

A random forest model was also applied to the microbial eukaryotic dataset to identify 

OTUs contributing to patterns of human DNA preservation. The resulting model was not 

significant, with a mean absolute error of 171.96 (p = 0.14, adjusted R2 = 0.07). The most 

important predictor taxon identified (OTU0003), contributing to 33% of the model, was an 

unclassified member of Saccharomycetales. Microbial eukaryotic and bacterial OTU data were 

combined and a random forest model was constructed for shared samples to predict human DNA 

concentrations. The resulting model was significant (mean absolute error = 175.71, p = 0.03, 

adjusted R2 = 0.21). Again, the top predictor taxon was OTU0003 with an importance value of 

10% or 0.1; this Saccharomycetales OTU decreased in abundance in the skull of individual B as 

human DNA concentrations increased (Figure S2.8). Other important contributors, with 

importance values greater than 1% or 0.01, included bacterial genera from the phyla 

Actinobacteria (Microbacterium, 6%, Gaiellales uncultured, 5%, Leifsonia, 2%, Williamsia, 2%), 

Proteobacteria (Stenotrophomonas, 2%), Firmicutes (Clostridiales Family XI uncultured, 2%), 

Gemmatimonadetes (unclassified Gemmatimonadaceae, 2%), and Planctomycetes (Zavarzinella, 

2%). 

Discussion  

Characterizing the Postmortem Bone Microbiome 

The post-mortem bone microbiome is diverse and variable in the human skeleton two 

years after death. Though bone bacterial communities included a wide-array of taxa, bacterial 

communities were primarily dominated by six phyla (Actinobacteria, Bacteroidetes, Firmicutes, 

Proteobacteria, Planctomycetes, and Saccharibacteria). Excluding Planctomycetes and 

Saccharibacteria, these taxa were also shown to dominate human rib samples from twelve  
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Figure 2.6: Relative abundance of eukaryotic phyla by bone type and individual. Relative 

abundance is shown for only those phyla with greater than 1% relative abundance, and for 

two of the three individuals (B and C). Data were not averaged by bone type.  

 

 

 

 

 

 

 

 



39 

 

individuals that had also decomposed at the ARF [14]. Damann et al. [14] observed changes in 

proportions of these dominant taxa and Acidobacteria, with increasing post-mortem intervals 

(PMIs). Partially skeletonized remains showed greater contributions from Firmicutes, while fully 

skeletonized remains saw increased proportions of  Bacteroidetes, and dry remains had greater 

proportions of Actinobacteria and Acidobacteria [14]. Rib samples from the current study most 

closely resembled dry remains in phyla-level contributions [14], but unlike taxa proportions 

observed in Damann et al. [14], rib samples from this study also contained greater than 2% from 

Verrucomicrobia, Saccharibacteria, Planctomycetes, Chloroflexi, and Chlamydiae (Figure 

S2.10). Discrepancies in observed taxa may be due to differences in sample size and sequencing 

analysis methodologies. While Plactomycetes, a phylum commonly associated with aquatic 

environments, and Saccharibacteria, a phylum containing multiple environmental taxa, were not 

observed by Damann et al. [14] in abundances greater than 1%, these phyla have been observed 

in multiple studies focused on gravesoils [50,54]. 

Ascomycota, observed in 100% of samples (71 of 71) in the eukaryotic dataset, and 

Basidiomycota, observed in 55% of samples, were the dominant microbial eukaryotes in this 

study. This was unsurprising, as these fungal phyla contain multiple saprophytic groups that have 

previously been observed in association with decomposing carrion [149]. In addtion to fungi, 

multiple phyla of protists were also detected, including Apicomplexa (5 of 71 samples), 

Ciliophora (49 of 71 samples), and Cercozoa (49 of 71 samples). Protists found in association 

with bones may be opportunistic, potentially transferred to remains via soil, scavengers, insects, 

rain water, and run-off and may be active fungal and bacterial consumers. For example, the 

genus Rhogostoma, which was prevalent in samples from indiviudals A and B, has been involved 

in experiments in which they consumed both fungal and bacterial species [150]. Similarly, 

Nematoda were detected, with the majority of sequences belonging to the family Rhabditidae, 

which contains bacterivorous members, previously observed in decomposition research 

[41,56,63,151]. Other bacterivores detected within human bones included Tubulinea, Cercozoa, 

and Apicomplexa, which have also been found in association with soils underlying human 

remains [151]. Cercozoa and other testate amoeba are extremely sensitive to environmental 

change, and generally decrease in the soil with cadaveric inputs [65]. While certain species have 

responded with positive growth during late stage decomposition (from 1 month to 1 year post-

mortem) [66], their presence in bones over a year after death likely reflects a shift back to more 

oligotrophic conditions. 

Presence of Deinococcus-Thermus, a phylum well-represented by thermophiles [152], at 

greater than 1% relative abundance in 6% of samples, is suggestive of a harsh environment. 

Bones deposited on the soil surface are exposed to sharp temperature contrasts daily and 

annually. East Tennessee experiences freezing temperatures in the winter and temperatures 

greater than 37°C in the summer, which can influence moisture availability. As indicated Reeb et 

al. [90], bone may provide shelter from a harsh exterior environment, likely defined by low 

moisture and variable temperature extremes by season. Individual C had greater abundances of 

Deinococcus-Thermus than B and A (Figure S2.11), likely due to the greater length in the time in 

which this individual was exposed to environmental fluctuations in temperature and precipitation 

(Figure S2.9). On a similar note, the majority of samples with abundances greater than 1% were 

from the skull including cranial elements and teeth. The cranium is one of the first body regions 

to skeletonize during decomposition due to low tissue biomass and high larval presence. It is 

likely that this skeletal region also experiences greater intervals of environmental exposure [17]. 
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Community Differences by Individual and Anatomical Region 

Beta diversity analyses showed differences in bone microbial communities, including 

both prokaryotes and eukaryotes, by individual and body region. This is unsurprising, as there is 

extensive research on the human microbiome and a multitude of variables that relate to 

differences in microbial community structure and composition between individuals including life 

history (e.g., health and diet) [153–155]. Two of the three individuals had a history of diabetes 

(Individual A and C), which may have contributed to differences in microbial community 

structure and composition [156]. Moreover, the duration of placement at the ARF, which was 

also influenced by differences in temperature and precipitation, likely contributed to differences 

observed between individuals. In particular, bacterial alpha diversity was lowest in individual A 

and greatest in C, reflecting differences in exposure duration (Figure S2.3; Figure S2.9).The 

impact of the soil microbiota is expected to increase overtime, with prolonged soil contact [14]. 

Because of this, we hypothesize that differential rates in skeletonization likely influence bone 

microbial composition and structure at any given time point.    

Recently, Pechal et al. (2018) showed microbial differentiation by anatomic region (i.e., 

external sites from the auditory canal, eyes, nose, mouth, umbilicus, and rectum) up to 48 hours 

after death. Though they speculated that this pattern would likely attenuate with longer post-

mortem intervals, this has yet to be tested. Here, bone microbial communities retained 

differences by anatomic location in individuals with post-mortem intervals greater than 1 year. 

Micro-environmental differences in soil communities as well as differences in enteric 

microorganisms and their abilities to compete and persist with soil microorganisms colonizing 

the body likely contributed to spatial differences observed in anatomic regions and between 

different individuals. Research on the human microbiome has shown the uniqueness of microbial 

communities by not only individual but also body site and time [158,159], which has recently 

gained utility in microbial forensics [160,161].    

Nicholson et al. (1996) demonstrated that bones in similar environments showed drastic 

differences in bone preservation, despite similarities in soil pH and drainage. This evokes the 

question - if not the environment, what is the source of these differences? Enteric/putrefactive 

bacteria have been posited as the primary source of macroscopic biogenic decomposition in pig 

remains; neonatal pig remains demonstrated no evidence of microbial degradation, which 

researchers hypothesized as being related to the relative sterilitiy of infant guts compared with 

adults [82]. While the source of bacteria in this study remains unknown, as we have no gut or 

soil samples prior to placement to track bacterial translocation, we suspect that both soil and gut 

microbes are able to colonize and aid in bone biodegradation (e.g., Metcalf et al., 2016). We 

have previously demonstrated that human-associated Bacteroides, an obligately anaerobic 

member of the human gut microbiome, can persist for long periods of time in the soils impacted 

by decomposing human remains (Cobaugh et al. 2015, Keenan et al. 2018), providing evidence 

that these gut microbes are present in the decomposition environment and thus have the potential 

to colonize bone. The extent to which enteric microorganims are able to move throughout the 

body is likely limited, and distance from the gut may be a crucial factor controlling differences in 

microbial communities by body region. However, Pechal et al. (2018) recently observed an 

increase in gene abundance associated with bacterial motility during decomposition, so this is an 

area of postmortem microbiology that merits further study.  

Bone microstructure (i.e., the percentage of cortical content) also influenced differences 

in microbial communities. Communities differed by cortical bone percentage likely due to the 

presence of greater void space in cancellous bone compared with cortical bone, facilitating ease 



41 

 

of invasion, especially for incidental taxa or soil contaminants (e.g., potentially 

Verrucumicrobia). However, this may also be related to nutritive differences; cancellous 

elements may harbor more labile material in the form of surviving remnant tissues such as red 

marrow [107], while cortical bone may be considered more recalcitrant. This may account for 

patterns observed in total DNA concentrations and bacterial gene abundances. Bacterial gene 

abundance was not a significant predictor of human DNA concentration, and cases in which 

bacterial gene abundance did significantly predict human DNA (i.e., individual C), the 

relationship was positive, indicating that the degree of microbial loading does not negatively 

impact the pattern of skeletal DNA preservation in remains with environmental exposure up to 

two years. Rather, the presence of specific taxa likely has a greater impact on skeletal integrity.  

Additionally, presence from both aerobic and anaerobic genera, points to the existence of 

micro-spatial differences within a single bone. This phenomenon is also observed in soils where, 

for example, anaerobic microsites can persist within a well-drained, well-aerated soil. 

Extracellular polymeric substances were observed surrounding living cells on bison bone at 

Yellowstone National Park, using scanning electron microscopy [90]. This highlights the 

importance of biofilm production in microbial bone colonization. Though microscopy was not 

performed in the current study, biofilm production combined with increases in microbial biomass 

during decomposition are hypothesized to play an important role in the development of micro-

spatial differences in oxygen access and respiration strategies.  

Microbial Taxa Associated with Skeletal DNA Preservation    

Random forest models were minimally successful in identifying microbes related to 

patterns of DNA preservation, however, they were likely complicated by microbial community 

differences by individual and body region. While bacterial OTUs produced more accurate 

random forest models than eukaryotic OTUs, the best model resulted when combining both 

bacterial and eukaryotic data sets, with a Saccharomycetales OTU identified as the most 

important contributor to the model. Saccharomycetales are commonly associated with the oral 

microbiome of healthy humans [163]. This taxon decreased in abundance with increased human 

DNA concentrations in the cranium of individual B; this may indicate that oral microbes can 

persist throughout decomposition and may have implications for DNA survival. Alternatively, 

this could implicate a phosphate solubilizing fungi.  

Similarly, bacterial random forest models were conflated by body region; genera 

Actinotalea and Paracoccus, showed increased abundances with human DNA concentrations in 

teeth, while Dermacoccaceae demonstrated increased abundances in the feet. Importantly, 

increased abundances of Clostridium sp., a genus that contains known collagenase producers 

[35], were observed when human skeletal DNA concentrations decreased. Though Clostridium 

spp. is ubiquitous in both the soil environment and the human gut, its presence in surface 

remains, lends weight to a gut origin. The foot is the farthest anatomical region from the gut, and 

interestingly, bones of the feet had some of the highest human DNA concentrations. Distance 

from the gut as an important factor related to human DNA degradation requires further testing. 

Though predictor taxa could be identified using random forest models, their functional role in 

DNA degradation, if any, remains unclear. The variation seen by body region and individual may 

be passified by increasing the research sample size.  
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Conclusions 

 
Most of what is known regarding the biogenic degradation of bone is from histological 

research concerning archaeological bone (e.g., Child, 1995b; Nielsen-Marsh and Hedges, 2000; 

Trueman and Martill, 2002; Booth, 2016; Hollund et al., 2017). The current study used next 

generation sequencing technologies to provide a survey of bacteria, fungi, and protists capable of 

bone colonization. Though specific taxa were correlated to patterns of human DNA preservation 

using random forest models, the functional role of identified bone microbes remains unknown. 

Because the target of this study was DNA, which provides information regarding presence rather 

than activity, it is difficult to discern incidental taxa, i.e. taxa that are present and inactive, from 

taxa that are actively degrading bone. This is an issue that has long plagued microbial ecology – 

linking structure and function. Remnant extracellular DNA of microbial origin is a problem 

[166], and microbial DNA can bind to hydroxyapatite similar to human DNA [167,168], further 

complicating observed differences in community composition and structure. Nevertheless, the 

current study presents a first step in characterizing microbial differences with morphological and 

microstructural differences by bone type within and between individuals following 

skeletonization. Ultimately this provides a foundation for understanding postmortem 

colonization of bone by microbes and the subsequent effects on bone stability and human DNA 

preservation over time. 
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Appendix I 

 

Table S 2.1: Bones sampled from each of the three individuals (Mundorff and Davoren, 

2014) 

 

Bone Type 
Sample Quantity per 

Individual 

Skull  

Frontal 1 

Temporal 1 

Parietal  1 

Occipital 1 

Maxilla 1 

Mandible 1 

Teeth  

Maxillary lateral incisor  

Maxillary canine 
1 

Maxillary 1st premolar  

Maxillary molar 
1 

Mandibular lateral incisor  

Mandibular canine 
1 

Mandibular 1st premolar 1 

Trunk  

Cervical vertebra 1 

Thoracic vertebra  1 

Lumbar vertebra  1 

1st Rib 1 

Middle rib 1 

12th Rib  1 

Sternum  1 

Sacrum  1 

Clavicle 1 

Scapula  1 

Ilium 1 

Ischium  1 

Pubis 1 

Leg  

Femur 1 

Tibia 1 

Fibula 1 

Patella 1 

Arm  

Humerus 1 

Radius  1 

Ulna 1 
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Table S 2.1 (continued) 

 

Bone Type 
Sample Quantity per 

Individual 

Hand  

Metacarpals  1–5  5 

1st Proximal phalanx  1 

1st Distal phalanx 1 

Capitate 1 

Foot  

Metatarsals 1–5  5 

1st Proximal phalanx  1 

1st Distal phalanx  1 

Calcaneus  1 

Talus 1 

Navicular  1 

Cuboid 1 

Medial Cuneiform 1 

Intermediate Cuneiform 1 

Lateral Cuneiform  1 

Total 55 
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Figure S 2.1: 16S rRNA targeted metagenomics read distribution. The minimum library size was 

48,288 reads, while the mean library size was 92,334.6 reads; the maximum library was 150,228 

reads.  

 

 

Figure S 2.2: 18S rRNA targeted metagenomics read distribution. The minimum library 

size was 5,368 reads; the mean library size was 19,853 reads, and the maximum library size 

was 40,977 reads. 
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Figure S 2.3: Bacterial alpha diversity (Inverse Simpson) and richness (observed) by 

individual. **Indicate significance below an alpha value of 0.01. No significance is denoted 

by “ns”. 
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Table S 2.2: Bacterial alpha diversity metrics including observed richness and diversity 

(Inverse Simpson). Data was separated by individual, and the mean and standard deviation 

was computed by body region. Significance levels are represented by asterisks (*p < 0.05; 

**p < 0.01); multiple comparison tests by individual were only conducted using Inverse 

Simpson indices. Lower case letters in parenthesis refer to body regions. A body region 

with an exponent corresponding to another body region indicates that those two regions 

have significantly different diversity indices. 

 

Individual Body Region 

Inverse 

Simpson 

(mean) 

Sd. 

Dev. 

Richness 

(mean) 

Sd. 

Dev. 

A Arm (a) 35.9 6.6 309.1 1100.4 

A Foot (b) 24.2 14.0 420.1 1045.7 

A Hand (c) 57.3 35.1 332.9 1509.6 

A Leg (d) 36.5 21.3 310.1 1252.5 

A Lower trunk (e) 23.6 30.3 232.8 1403.3 

A Skull (f) 34.3 48.9 484.0 1273.9 

A Tooth (g)c* 9.2 6.4 168.3 699.5 

A Upper trunk (h) 26.2 25.9 327.7 1168.9 

B Arm (a)c*,h* 19.3 3.8 213.9 757.9 

B Foot (b)c**,g* 63.0 49.0 970.4 1915.6 

B 

Hand 

(c)a*,b**,d*,e*,f*,h* 6.1 2.1 203.5 478.0 

B Leg (d)c* 37.2 31.4 368.7 789.5 

B 

Lower trunk 

(e)a*,c*,f*,g* 59.0 12.0 276.5 1363.4 

B Skull (f)c*,e* 28.3 10.5 235.2 807.1 

B Tooth (g)b*,e*,h* 15.9 11.0 156.4 397.5 

B 

Upper trunk 

(h)c*,g* 61.3 27.9 653.9 1848.9 

C Arm (a) 25.5 9.4 410.4 944.0 

C Foot (b)g* 44.7 24.5 335.1 1078.0 

C Hand (c) 34.3 14.4 212.1 979.9 

C Leg (d) 41.3 18.2 569.4 1348.6 

C Lower trunk (e) 91.0 43.1 533.3 1824.3 

C Skull (f) 45.8 36.5 689.5 1400.9 

C Tooth (g)b*,h* 14.5 7.4 422.9 1005.3 

C Upper trunk (h)g* 79.8 47.8 574.5 2302.5 
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Figure S 2.4: Inverse Simpson (diversity) calculated from the bacterial dataset. Individuals 

(“A”, “B”, and “C”) were assessed independently.  
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Figure S 2.5: Richness (observed) calculated from the bacterial dataset; individuals were 

combined.  

 

 
 

Figure S 2.6: SIMPER results by individual (A: n=53, B: n=55, C: n=54). Results include 

only those OTUs that demonstrated a significant difference by individual following 

SIMPER. All OTUs of a given genus are not represented here. The x-axis contains 

information on the taxonomic identification of these OTUs at the family level.  
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Figure S 2.7: Random forest regression. (A) Bacterial OTUs important for predicting 

human DNA concentrations. Importance, as a value between zero to one, is represented in 

color. Human DNA concentrations greater than 400 ng gbp-1 are labeled by body region. 

Abundance refers to relative abundance by bone sample, represented by values zero to one. 

(B) Model accuracy as a function of test values versus predicted values. The solid red line 

represents the modeled data; the dotted line represents an expected model if 100% 

accuracy.  
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Figure S 2.8: Relative abundance of the unclassified Saccharomycetales OTU plotted 

against human DNA concentration. The label “B” refers to individual B.  
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Figure S 2.9: Changes in temperature and precipitation for the duration of deposition of 

each donor. Donors are labeled “A”, “B”, “C”, and “ADD” refers to accumulated degree 

days, an indicator of both time and temperature. Data obtained from NOAA 

(https://www.noaa.gov/). Figure courtesy of Sarah Keenan (co-author). 

 

https://www.noaa.gov/
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Figure S 2.10: Phylum-level bacterial community membership in human rib samples. 

Relative abundance was averaged by bone type, combining results from three individuals 

(n = 3). Only taxa with average relative abundances greater than 1% are shown.  
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Figure S 2.11: Bacterial community phylum-level contributions visualized by individual 

(“A”, “B”, and “C”) and body region (arm, foot, hand, leg, lower trunk, skull, tooth, upper 

trunk). Only relative abundances greater than 1% are displayed. 
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CHAPTER 3  
 INTER AND INTRA-INDIVIDUAL VARIATION IN SKELETAL DNA 

PRESERVATION IN BURIED REMAINS 
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Abstract 

 
Our ability to identify skeletal remains often relies on the quality and quantity of DNA 

extracted from bone and teeth. Current research on buried remains has been retrospective, and no 

study to our knowledge has comprehensively assessed both intra-individual and inter-individual 

variation in human skeletal DNA from all representative skeletal element types recovered from a 

burial. Three individuals were interred together in a single grave for four years. Following 

disinterment, skeletal DNA was extracted, quantified, and GlobalFiler™ results were produced 

from 49 bones per skeleton, representing all bone types. Multiple sites per bone were also tested 

to determine intra-bone variability. Co-extracted bacterial and fungal DNA were quantified to 

determine microbial loads in the bones. Results show that the small, cancellous bones of the feet 

outperformed other bones in terms of DNA yield, measured as nanograms per gram of bone 

powder, and STR completeness. The cuneiforms, in particular, had consistently high human 

DNA yields for all three individuals. DNA yield varied by individual and depth within the grave, 

with the shallowest individual demonstrating the highest DNA yields While the feet exhibited 

the greatest variation in DNA yield across bone type and sampling site, they also demonstrated 

some of the highest DNA yields and the most complete STR profiles, evoking a re-evaluation of 

their use for skeletal DNA sampling and analysis.   

Introduction 

 
DNA extracted from bone or teeth is an important source for forensic identification [1–

4,169], particularly when remains are decomposed or skeletonized. Though DNA testing has 

become routine in forensic practice, degraded DNA, which is common with extended 

postmortem intervals, requires specialized expertise found at few laboratories. Additionally, 

skeletal DNA does not degrade evenly across the human skeleton [5,170], and because of this, 

skeletal selection for DNA sampling can be challenging, informed by anecdotal evidence and 

limited research [e.g., 7–12].  

 Multiple recommendations and guidelines currently exist for DNA sampling, especially 

in the context of disaster victim identification (DVI) [171–174], however, to our knowledge, 

only one guideline [i.e., 16] provides detailed DNA sampling recommendations for skeletal 

remains. The International Commission of Missing Persons (ICMP) [174] provides information 

detailing which bones should be prioritized in sampling, namely teeth followed by femora, tibiae, 

and pelvic bones.  The ICMP also provides regional sampling guidelines for partial remains, 

describing which element to sample when only a particular region of the body (e.g., leg, arm, 

thorax, etc.) is present. Moreover, the ICMP works with remains from many different 
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depositional contexts, and therefore, is one of few published guidelines that considers 

circumstances of buried and commingled remains.  

Recommendations published by ICMP [174] are based on research conducted by Hines et 

al. [9], which ranked osseous remains as follows: 1) teeth, 2) talus, 3) other tarsals, 4) petrous 

portion of the temporal bone, 5) femur, 6) vertebrae, 7) tibia, and 8) metatarsals. This study 

benefited from a large sample size and less biased sampling practices – earlier DNA testing 

generally focused only on specific bone types, ignoring small or predominantly cancellous bones 

such as the tarsals. Research was based on 11,650 DNA tests conducted on remains recovered 

from the Western Balkans (18 - 21 years post-mortem) [9]. Despite observing high DNA typing 

success from small foot bones, the authors recommended the sampling of dense, weight bearing 

bones such as the femur due to other considerations including ease of sampling, diagnostic 

ability, and potential for re-association when working with large commingled collections, as foot 

bones are notoriously difficult to re-associate to the skeleton [9].  

Others have also advocated for the prioritization of weight bearing bones (i.e., the femur 

and tibia) in skeletal DNA sampling and testing, including earlier research conducted on remains 

from the former Yugoslavia [8], as well as research generated from the Armed Forces DNA 

Investigative Laboratory (AFDIL), which regularly processes recovered remains of missing U.S. 

servicemen from WWII, Vietnam, and Korea for mitochondrial DNA testing and analysis 

[6,7,108]. However, these studies used a sampling approach that preferentially selected dense 

cortical bones, leading to biased sample sizes by bone type. For example, tarsals were not 

included in tests by Leney [7], Edson et al. [6], or Milos et al. [8]. Extraction protocols also 

varied between these studies, rendering results less comparable. Differences in extraction 

methodologies can impact all other downstream processes and can impact final human DNA 

yields [77].  

Small bones of the hands and feet have shown utility in specific DVI scenarios. Sample 

types including knee cartilage, phalanges, and metatarsals have shown efficacy in DNA testing 

and identification in disasters in Rio de Janeiro, Brazil, including floods, mudslides, and plane 

crashes. These smaller elements were easy to remove from individuals using disposable 

equipment; further sampling did not require large bone saws and other equipment that necessitate 

decontamination protocols prior to each sampling event [114,115]. Mundorff et al. [109] also 

observed high DNA typing success in patellae and other small bones including the tarsals and 

metatarsals in identifying remains recovered from the World Trade Center disaster. In a study 

looking at both intraindividual and interindividual variation in human skeletal DNA preservation 

following surface decomposition, Mundorff and Davoren [5] found that small cancellous bones, 

on average, yielded greater amounts of better quality DNA than larger, denser cortical bones, a 

pattern that held true in remains with extended postmortem intervals, up to 21 years.  

The extent to which this pattern persists in a burial environment remains unclear. 

Nevertheless, just as the relative ease of sampling and reduced risk of contamination lends 

support to the use of smaller bones in certain DVI circumstances, they may additionally show 

utility in the case of a single individual burial or in a mass grave lacking commingling. 

Therefore, the purpose of this research was to understand patterns of intra-individual and inter-

individual skeletal DNA preservation in a multi-individual burial and how these patterns are 

shaped by burial factors, including moisture and microbial loading. Microbial DNA is often co-

extracted with human DNA, and microbes are often implicated as important mediators of human 

DNA degradation and PCR inhibition [7,8,110,175]. Because of this, quantities of human DNA 

were directly compared with patterns of co-extracted bacterial and fungal DNA. Moreover, for 
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comparability with previous research, the same full demineralization extraction procedure used 

by Hines et al. [9] and Mundorff and Davoren [7] was used in the present study. 

Materials and Methods 

Sample Site and Skeletal Processing 

In February 2013, a multi-individual grave was placed at the Anthropology Research 

Facility (ARF) at the University of Tennessee, Knoxville (UTK) with the purpose of 

understanding patterns of skeletal DNA preservation in a buried environment. The grave was 

approximately two meters by two meters, with a depth of 0.7 meters. One female and two males 

(Table S3.1) with similar ages at death, who had been donated to the Department of 

Anthropology’s Body Donation Program, were placed inside the grave stacked in a cross 

formation; the individual at the base of the grave (A) was oriented West to East, with her head 

placed in the West. The middle individual (B) was placed North to South, and the shallowest 

body, individual (C), was oriented West to East. Plastic mesh was placed between donors to 

prevent commingling. The grave was backfilled and left undisturbed until excavation and 

disinterment in March 2017.  

During disinterment, soils were collected with depth throughout the grave and along 

lateral transects extending away from the grave. Two types of soil controls were also collected at 

depths of 0 and 0.3 m, as discussed in Keenan et al. [56]. Soil biogeochemical analyses and 

micro- and macro-faunal counts were conducted in the Department of Bioengineering and Soil 

Science and reported in Keenan et al. [56].  Mapping, including depth information, was collected 

via hand mapping, LIDAR scanning, and FARO 3-dimensional imaging technologies. Human 

remains were collected in paper bags and stored at room temperature prior to processing. 

Decomposition material, debris, and soil were gently removed using a soft toothbrush and warm 

water at the Forensic Anthropology Center (FAC). Because of adipocere formation on individual 

A, bones of the upper and lower torso were removed by way of dissection and then cleaned with 

warm water. All skeletal elements were stored in cardboard boxes for approximately 4-6 months 

prior to skeletal sampling.   

Skeletal Selection and Sampling 

To represent all skeletal types, a total of 49 bones per skeleton were selected for DNA 

analysis based on previous research conducted by Mundorff and Davoren [5]. The carpals were 

represented by the capitate only. To understand variation in human DNA quality and quantity by 

sample site within a single bone, 19 bones per individual were sampled at 2 different sites on the 

same bone, and 3 bones per individual were sampled from 3 sites. In addition, to understand 

variation from a single sampling site, replicate samples were collected from a single sampling 

site from three different sites on the same three bones for each individual (i.e., humerus, tibia, 

and femur) (Table 3.1). Left elements were generally sampled, with the exception of a single 

patella, which was sampled from the right side of the body. Elements were inventoried, marked 

for sampling, and photographed prior to sampling.  

A Dremel® rotary tool was used to remove approximately 1-2 mm from the outer surface 

of each bone at the area marked for sampling. The same area was then cleaned with 10% bleach 

followed by 70% ethanol; bones were set to dry for a minimum of 12 hours prior to sampling. 

All bones were sampled in a designated clean lab facility, the Molecular Anthropology Labs at 

UTK. A standard drill with a 9.5 mm masonry bit was used to extract ~0.2 g of bone powder per  
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Table 3.1: Skeletal Sampling Strategy.  

 
Body Region Skeletal Element Sample / Individual Total DNA Samples 

Skull Frontal 1 3 

Temporal 1 3 

Maxilla 1 3 

Parietal 1 3 

Occipital 1 3 

Mandible 1 3 

Upper Torso Cervical Vertebrae 2 6 

1st Rib 2 6 

Middle Rib 2 6 

Sternum 1 3 

Clavicle 2 6 

Scapula 1 3 

Lower Torso Thoracic Vertebrae 1 3 

Lumbar Vertebrae 1 3 

11th or 12th Rib 1 3 

Sacrum 1 3 

Ilium 1 3 

Ischium 1 3 

Pubis 1 3 

Leg Femur 6 18 

Tibia 6 18 

Fibula 1 3 

Patella 2 6 

Arm Humerus 6 18 

Radius 2 6 

Ulna 2 6 

Hand Metacarpal 1 1 3 

Metacarpal 2 1 3 

Metacarpal 3 1 3 

Metacarpal 4 2 6 

Metacarpal 5 1 3 

 1st Proximal Phalanx 1 3 

 2nd Middle Phalanx 1 3 

 1st Distal Phalanx 2 6 

 Capitate 1 3 
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Table 3.1 (continued) 

 
Body Region Skeletal Element Sample / Individual Total DNA Samples 

Foot Metatarsal 1 1 3 

Metatarsal 2 2 6 

Metatarsal 3 1 3 

Metatarsal 4 2 6 

Metatarsal 5 2 6 

1st Proximal Phalanx 1 3 

1st Distal Phalanx 1 3 

Calcaneus 2 6 

Talus 2 6 

Navicular 2 6 

Cuboid 2 6 

1st Cuneiform 2 6 

2nd Cuneiform 2 6 

3rd Cuneiform 2 6 

 

 

sample. Samples were weighed and immediately frozen using liquid nitrogen and stored at -80°C 

prior to DNA testing. Samples were sent to Bode Cellmark Forensics, Lorton, VA for human 

DNA testing including extraction, amplification, STR fragment separation, and analysis.  

DNA Extraction 

Skeletal DNA was extracted from ~0.2 g of bone powder using a full demineralization 

procedure, with the additional purification step as per Amory et al. (2012). This resulted in a 

total elution volume of 50 µL.   

DNA Quantification 

The human DNA quantification was performed on a 7500 Real-Time PCR System with 

the Quantifiler™ Trio system and the HID 1.2 analysis software (Applied Biosystems™).  The 

quantification reactions were set up as half volume reactions (11.5 µl) with 2 µL of template. 

DNA degradation levels were assessed by dividing the quantity of DNA from the small 80 bp 

amplicon by that from the large 214 bp amplicon, resulting in a DNA degradation index (D.I.). 

The presence of PCR inhibitors was evaluated by the threshold cycle (CT) value of the internal 

positive control. Quantities were normalized per gram of bone powder (ng gbp-1).  

The Femto™ Bacterial DNA Quantification Kit and Femto™ Total Fungal 

Quantification Kit (Zymo Research) were used to quantify total bacterial and total fungal DNA, 

respectively, per manufacturer’s instructions. Samples were quantified in triplicate, while 

standards were measured in duplicate. At least three no template controls were included in each 

96-well plate. Bacterial and fungal assays were performed in the Department of Biosystems 

Engineering and Soil Science at UTK on a BioRad CFX96™ Real-Time PCR Detection System. 

Quantities are reported as total gene abundances per gram of bone powder (gene gbp-1). 
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Total DNA from bone was measured using the Quant-iT™ PicoGreen™ dsDNA Assay 

Kit (Invitrogen). The assay was performed using reduced volumes of 200 μL and measured on a 

96-well microplate reader. Samples were run in duplicate, including five standards, ranging from 

0 μg mL-1 to 1.0 μg mL-1; DNA concentrations are reported as nanograms per gram of bone 

powder. 

Short Tandem Repeat (STR) Amplification, Separation, and Genotyping 

 All DNA extracts were amplified on a GeneAmp 9700 system using the GlobalFiler™ 

PCR Amplification Kit (Applied Biosystems). The amplification was performed at 29 cycles and 

targeted 1 ng of input DNA, where possible, or 15 μL for samples that had less than 0.06 ng/μL.  

Following amplification samples were prepared for capillary electrophoresis by taking 1 μL of 

amplified PCR product, mixing in 0.4 μL GeneScan™ 600 LIZ® dye Size Standard v2.0 

(Applied Biosystems) and 9.6 μL HiDi™ formamide (Applied Biosystems) then heating for 5 

minutes at 95 degrees and placing on ice for 5 minutes. Samples were injected on an ABI3500 

XL fragment analyzer and genotyped using the GeneMapper® ID-X Software v.1.5 (Applied 

Biosystems®) using a peak detection threshold of 125 RFU. 

Data Analysis and Statistics 

Human DNA yields were reported based on the measured quantity of the small autosomal 

target from the Quantifiler™ Trio DNA Quantification Kit; these yields per gram of bone 

powder were then used to establish a relative ranking of bone samples based on human DNA 

quantity. DNA quality was determined using the degradation index, described above. To further 

examine DNA quality, the percentage of recovered alleles, defined as the number of successfully 

amplified alleles in a sample divided by the total number of alleles possible for a given 

individual, was calculated by bone type for each individual and averaged across individuals. A 

two-factor analysis of variance test (ANOVA) was used to assess statistical differences in log 

transformed human DNA concentrations between individuals (A, B, and C) and body region 

(skull, arm, hand, upper torso, lower torso, leg, foot). Statistical assumptions including normality 

and homogeneity of variance were calculated using the D'Agostino Normality Test from the 

package fBasics (v. 3042.89) and Levene’s Test from the package car (v. 3.0.2), respectively. 

Tukey’s HSD test for multiple comparisons was used post-hoc to the two-factor ANOVA to 

determine group differences. Non-parametric Kruskal-Wallis tests were used to assess statistical 

differences in log transformed bacterial gene abundances, log transformed fungal gene 

abundances, log transformed total DNA concentrations, degradation indices, and the percentage 

of recovered alleles between individuals and body regions. Conover’s test for multiple 

comparisons was used as a post-hoc to Kruskal-Wallis using the package PMCMR (v. 4.3) to 

determine group differences; a Bonferroni correction was applied to reduce the effects of type I 

error. All analyses were performed in R v. 3.5.0 [146].  

To develop a sampling rank order of bones similar to Mundorff and Davoren [7], the 

mean DNA yield by bone type was calculated, and means were sorted by the percentage of STRs 

recovered followed by human DNA concentration, thereby considering both the quantity and 

quality of recovered human DNA rather than quantity alone. 

The average relative florescent units (RFUs) per allele were also assessed as an additional 

indicator of STR quality. The RFU per allele was calculated as the sum of the heterozygous peak 

heights and homozygous peak heights divided by the total of successfully amplified alleles. 
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Results 

Decomposition State 

The individuals were stacked in a single grave, which resulted in disparate states of 

decomposition relative to depth. Upon disinterment, the lower portion of the grave was saturated 

with water, however, at the time of internment the water table had not been reached. Individual 

C, which was closest to the ground surface (shallowest) was skeletonized with no adipocere and 

little soft tissue present (Figure 3.1A). The middle body, Individual B, was partially skeletonized, 

with adipocere and some skin and soft tissue present, especially in the upper torso, hands, and 

feet (Figure 3.1B). The deepest body, Individual A, was the least decomposed due to extensive 

adipocere formation. The upper and lower torso including the proximal one third of the femora 

and humeri, exhibited pinkish decomposing muscle tissue encased in skin and adipocere; the 

hands, feet, and lower segments of the arm (radius and ulna) and leg (tibia and fibula) were 

mostly skeletonized with minimal amounts of soft tissue or adipocere. The skull was primarily 

skeletonized, with preserved brain tissue (Figure 3.1C).    

DNA by individual and body region 

 Human DNA yield and total DNA concentrations were significantly different between 

individuals (Human: DF = 2, F = 6.93, p = 0.001; Total: DF = 2, Χ2 = 16.0, p < 0.001) and body 

region (Human: DF = 6, F = 15.437, p < 0.001; Total: DF = 6, Χ2 = 41.4, p < 0.001), with human 

DNA yield exhibiting a significant interaction effect (Human: DF = 12, F = 2.21, p = 0.01). 

Individual C had greater quantities of human DNA than either A (p = 0.001) or B (p < 0.05), 

while individual A had significantly lower total DNA concentrations than either C (p < 0.001) or 

B (p = 0 .001) (Figure 3.2A; Table S3.2). Human DNA concentrations from the foot were 

significantly greater than all body regions except for the lower torso (p < 0.001), while human 

DNA concentrations of the arm were significantly lower than human DNA concentrations from 

all body regions except the head (p < 0.01) (Figure 3.3A-3.3B). Similarly, total DNA 

concentrations in the arm were significantly lower than total DNA concentrations from all other 

body regions, again, excluding the head (p < 0.05) (Figure 3.3C-3.3D).  

 Degradation indices significantly differed by individual (DF = 2, Χ2 = 93.9, p < 0.001) 

(Figure 3.2E); human DNA from individual B was significantly more degraded than human 

DNA from A (p < 0.001) or C (p < 0.001) (Table S3.2). The occipital and the first proximal 

phalanx of the hand from B had much higher degradation indices than all other bones (Figure 

S3.1).  

Bacterial gene abundances were significantly different by individual (DF = 2, Χ2 = 52.3, 

p < 0.001) and body region (DF = 6, Χ2 = 18.2, p < 0.01), though the only regions that were 

significantly different were the hand and the arm (p < 0.01). The hand, on average, had greater 

16S rRNA gene copies (Figure 3.3E-3.3F). Fungal gene abundances were neither significant by 

individual (p > 0.05) nor body region (p > 0.05) (Figure 3.2C). Neither bacterial DNA nor fungal 

DNA were significant predictors of human DNA concentrations when tested using linear 

regression (p > 0.05). 
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Figure 3.1: Adipocere formation and soft tissue preservation on disinterred remains. (A) 

Individual C was mostly skeletonized with minimal amounts of adipocere present on the 

hands, feet, and vertebral column. (B) Individual B had moderate soft tissue preservation 

and adipocere development, especially on the torso. (C) Individual A exhibited extensive 

adipocere formation; a hard shell formed with underlying preserved tissue. A bloom of 

white fungus can be seen in the image that occurred upon storage in a walk-in cooler 

(~2ºC). 
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Figure 3.2: DNA quantitation by individual. (A) Human DNA concentration by individual. 

(B) Bacterial and (C) fungal gene abundances by individual. (D) Total DNA concentration 

by individual. (E) Degradation Index, as the ratio between the small human autosomal 

target (SA) and the large human autosomal target (LA) by individual. 
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Figure 3.3: DNA quantitation by body region. (A) Human DNA concentrations by body 

region (B) Human DNA concentrations averaged by bone across individuals and visualized 

by body region. (C) Total DNA concentrations by body region. (D) Total DNA 

concentrations averaged by bone across individuals and visualized by body region. (E) 

Bacterial gene abundances by body region. (F) Bacterial gene abundances averaged by 

bone and visualized by body region. Error bars indicate standard deviation.  
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PCR Inhibition 

Samples were minimally affected by PCR inhibition; only a single sample, from the 

proximal tibia of individual B, had a threshold cycle (CT) value of greater than 30 for the internal 

positive control.  

Multi-Site Differences in Human DNA 

Human DNA concentrations varied by site on a single bone (Figure S3.2). The maximum 

difference in human DNA concentration for individual A between sampling sites on a single 

bone, when only two sampling sites were considered, was 83.23 ng gbp-1 for the 2nd cuneiform. 

In contrast, the minimum difference in human DNA concentration was observed in the radius 

(0.2803 ng gbp-1), which was sampled at the distal end and at the midshaft. The ulna also showed 

only a small difference (< 1 ng gbp-1) between proximal and midshaft sampling sites for 

individual A. These patterns in the ulna and radius were consistent for individuals B and C. For 

individual B, the maximum difference in human DNA concentration by sampling site was 

observed in the calcaneus (66.00 ng gbp-1), while in C, the maximum difference was found for 

rib 1 (326.8 ng gbp-1). The middle rib of individual A also showed a large difference in human 

DNA concentration between sampling sites at the center and vertebral end (65.09 ng gbp-1), with 

the center having a larger concentration of human DNA; the opposite was observed in rib 1 of C; 

the vertebral end had a much larger concentration than the center.  

When considering bones that were sampled from three sites (i.e., humerus, femur, and 

tibia), human DNA concentrations varied the greatest by sample site in the femur (Figure 3.4). 

The head of the femur had higher concentrations of human DNA than the midshaft or distal end 

for all individuals. Variation in human DNA concentration within a single sample site was 

generally low (standard deviation < 5.0 ng gbp-1), with the exception of the femoral heads of C 

and A, the superior articular facet (tibial plateau) of the tibia of B, the humeral head of C, and the 

midshaft of the tibia of B. Approximately 66.7% of sites sampled twice at the same site, had a 

standard deviation less than 2.0 ng gbp-1, and 44.4% of sites with multiple sampling events had a 

standard deviation less than 1.0 ng gbp-1. Total DNA concentrations were variable by sampling 

site in the humerus, femur, and tibia. Total DNA was greater in both the humeral and femoral 

heads compared with their respective midshaft and distal end.  

The degradation index (D.I.) demonstrated the greatest variation in the humerus, femur, 

and tibia of individual B, with the greatest degradation index noted for the femoral head of B. 

The degradation index also varied within a single sampling site, with the greatest variation noted 

in the femoral head and superior articular facet of the tibia in B.  

STR Analysis 

 While the percentage of STRs recovered did not significantly differ by individual, they 

did significantly differ by body region, when data from all individuals were combined (DF = 6, F 

= 4.997, p = 7.9e-05), which following post-hoc analysis, was influenced by the arm. The arm 

had the poorest STR recovery rate (mean: 73.1%, Std. Dev.: 22.58 %); this was significantly 

lower than all other body regions (p < 0.01), except for the head and the lower torso (Table 3.2; 

Figure 3.5). The foot was the most successful body region, with the highest STR recovery rate 

(mean 94.15%, Std. Dev.: 16.33%) even though, the 1st distal phalanx of the foot consistently 

performed poorly across all three individuals (Figure 3.4). Intra and inter-locus balance and 

RFUs/allele were also greatest in the foot (Min:max: mean 81.34%, Std. Dev. 5.89%; 

RFUs/allele: Mean 3357.07 RFU, Std. Dev. 1840.26 RFU) (Table 3.2). 
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Figure 3.4: Intra-bone variation and variation in technical replicates in total DNA, 

degradation index (D.I.) and human DNA for the humerus, femur, and tibia. Sampling 

sites are on the x-axis; “ms” refers to the mid-shaft, while “sup” refers to superior. The 

superior articular facet of the tibia is synonymous with the tibial plateau. “A”, “B”, and 

“C” are the individuals sampled. 
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Table 3.2: Mean STRs recovered (%) and mean RFUs/allele by body region 

 

Body Region STR (%) Std. 

Dev. 

RFUs/allele Std. 

Dev. 

Arm 73.10 22.58 1124.43 1338.73 

Foot 94.15 16.33 3357.07 1840.26 

Hand 90.24 17.38 2148.45 1502.46 

Head 87.79 19.57 1568.67 1477.16 

Leg 89.44 17.54 1980.71 1294.20 

Lower Torso 86.10 21.90 2095.41 1359.26 

Upper Torso 91.73 17.65 2755.39 1809.47 

 

 

 

 
 

Figure 3.5: Mean STR recovery (%) by bone type across three individuals (n=3). 
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Several samples (26.3%; 65 out of 247) contained contaminant peaks or other artifacts 

within resulting STR profiles. The following autosomal STR loci showed artifact/contaminant 

intrusion: SE33, vWA, D13S317, TPOX, D2S1338, D3S1358, D18S51, D8S1179, TH01, 

D19S433, and DYS391. While the origin of these peaks remains unknown, at least two have 

been characterized as known GlobalFiler™ artifacts (GlobalFiler™, Applied Biosystems, 

Carlsbad, CA) (Figure 3.6). Bones of the foot were impacted the most by contaminant intrusion. 

Discussion 

 
Individuals in this study showed significant differences in mean human DNA 

concentrations.  Therefore, a rank order of skeletal elements by percentage of STRs recovered 

and human DNA concentration was created by individual, with the top ten highest scoring bones 

(Table 3.3). Using STR completeness and human DNA yield as criteria, the cuneiforms exhibited 

the best performance; the 1st cuneiform and 3rd cuneiform ranked among the top ten highest 

performing bones for all individuals, while the 2nd cuneiform ranked high for at least two 

individuals (Table 3.3). In fact, foot bones occupy nearly half of the top ranked bones, with 5/10, 

4/10, and 7/10 for individuals A, B, and C, respectively. Other top-ranking bones were from the 

hand and upper and lower torso, with a rib and a hand bone ranked in the top 10 for each 

individual; of these, only the capitate was observed among the top-ten highest ranking bones 

across more than one individual. Not a single long bone ranked in the top 10 for any individual. 

Though human DNA concentrations were fairly variable by sample site in bones of the feet, 

similar to Mundorff and Davoren [5] the quantity and quality of human DNA recovered from 

bones of the feet, on average, were much higher than bones from other regions of the body.  

Small bones of the feet have also performed well in other research [9,109]. A previous 

microscopic analysis from surface remains indicated that this may be due to the survival of 

remnant tissues, including those of hematopoietic origin [107]. Bones of the feet are weight 

bearing and because of this undergo extensive bone remodeling, not only because these bones 

experience external force more directly but also because they are impacted by high levels of 

pressure from interstitial fluids [176]. While this would certainly increase hematopoiesis in the 

feet, remodeling is also likely to result in the release of DNA into the newly forming bone matrix 

with the cyclical cell death of osteoclasts and osteoblasts with continual bone destruction and 

formation, as first speculated by Campos et al. [77]. Unlike hematopoietic tissue, released DNA 

into the surrounding matrix during bone remodeling would be more likely to confer protection 

following death. Alternatively, there could be something unique about foot microbial 

communities that results in a greater degree of skeletal DNA preservation. If enteric gut 

microbes are major players in skeletal preservation as previously suggested [82], the increased 

distance from the gut may relate to skeletal DNA survival. In addition, bones of the feet, as well 

as being exposed to mechanical stress, have less tissue biomass in life than other bones of the 

body. Because of this, they are prone to mummification rather than decomposition, conferring a 

level of protection exposed bones do not benefit from [20]. This would not only impact microbial 

motility but would also likely encourage the formation of specific postmortem microbiome, with 

a greater influence from soil taxa.  

The temporal bone was not among the top ten highest ranking bones for any single 

individual, which may be in part due to the location of sampling in the present study, above the 

external auditory meatus. Though human DNA yields from sampled temporal bones were low, 

unlike other cranial bones, the temporal bone resulted in complete and nearly complete STR  
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Figure 3.6: Number of artifacts and contaminants present in STR profiles by body region 

and individual. “R” refers to reported artifacts known to the GlobalFiler™ kit. Resulting 

STR repeat lengths are reported in red; positions without red size indicators were “off-

ladder”. 
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Table 3.3: Rank order of skeletal elements by % STR recovered and human DNA (ng gbp-1) 

Individual Body 

Region 

Bone Bacterial 

log(gene 

gbp-1) 

Std. 

Dev. 

Fungal 

log(gene 

gbp-1) 

Std. 

Dev. 

Human 

(ng gbp-1) 

Std. 

Dev. 

Total 

log(ng 

gbp-1) 

Std. 

Dev. 

D.I. Std. 

Dev. 

STR 

(%) 

Std. 

Dev. 

A Upper 

Torso 

Sternum 9.40 NA 5.82 NA 101.39 NA 3.68 NA 2.30 NA 100.00 NA 

A Lower 

Torso 

Thoracic 9.80 NA 10.25 NA 78.57 NA 3.96 NA 4.17 NA 100.00 NA 

A Foot 2nd 

Cuneiform* 

10.04 0.18 9.45 0.05 69.48 58.85 4.43 0.06 4.46 2.85 100.00 0.00 

A Foot MT3* 10.03 NA 8.34 NA 69.24 NA 4.17 NA 2.25 NA 100.00 NA 

A Lower 

Torso 

Rib 12 9.09 NA 6.69 NA 55.03 NA 3.56 NA 3.75 NA 100.00 NA 

A Hand Capitate* 9.77 NA 7.37 NA 49.18 NA 4.03 NA 3.02 NA 100.00 NA 

A Foot 1st 

Cuneiform*

* 

9.77 0.07 9.17 0.03 47.44 3.29 4.29 0.22 1.78 0.38 100.00 0.00 

A Lower 

Torso 

Pubis 9.74 NA 8.20 NA 43.61 NA 3.88 NA 2.15 NA 100.00 NA 

A Foot 3rd 

Cuneiform*

* 

10.03 0.06 8.87 0.39 43.54 11.17 4.23 0.12 2.54 0.22 100.00 0.00 

A Foot Navicular 9.58 0.51 8.62 0.16 40.09 16.29 3.78 0.43 2.03 0.53 100.00 0.00 

B Hand 1st distal 

phalanx* 

9.73 0.14 8.45 0.08 75.88 25.63 4.03 0.09 1.73 0.10 100.00 0.00 

B Foot 3rd 

Cuneiform*

* 

10.08 0.04 8.70 0.03 56.30 8.11 4.45 0.10 9.57 3.97 100.00 0.00 

B Foot 1st 

Cuneiform*

* 

10.35 0.15 8.68 0.06 44.90 11.87 4.66 0.08 3.45 0.63 100.00 0.00 

B Hand MC2 10.55 NA 9.05 NA 42.21 NA 4.59 NA 2.63 NA 100.00 NA 

B Foot MT3* 9.97 NA 8.67 NA 38.58 NA 4.23 NA 2.77 NA 100.00 NA 

B Hand Capitate* 10.18 NA 7.27 NA 37.04 NA 4.02 NA 1.60 NA 100.00 NA 
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Table 3.3 (continued) 

 
Individual Body 

Region 

Bone Bacterial 

log(gene 

gbp-1) 

Std. 

Dev. 

Fungal 

log(gene 

gbp-1) 

Std. 

Dev. 

Human 

(ng gbp-1) 

Std. 

Dev. 

Total 

log(ng 

gbp-1) 

Std. 

Dev. 

D.I. Std. 

Dev. 

STR 

(%) 

Std. 

Dev. 

B Lower 

Torso 

Ischium 9.78 NA 8.96 NA 31.74 NA 4.27 NA 1.82 NA 100.00 NA 

B Lower 

Torso 

Ilium 9.90 NA 7.60 
 

30.28 NA 4.12 NA 2.26 NA 100.00 NA 

B Upper 

Torso 

Rib 7 10.05 0.13 7.93 0.56 24.73 20.96 4.18 0.05 1.65 0.12 100.00 0.00 

B Hand MC1 10.66 NA 9.32 NA 23.33 NA 4.57 NA 3.33 NA 100.00 NA 

C Head Maxilla 8.86 NA 7.48 NA 392.86 NA 4.29 NA 1.32 NA 100.00 NA 

C Hand 1st distal 

phalanx* 

9.00 0.06 7.98 0.11 390.00 70.71 3.96 0.06 1.93 0.59 100.00 0.00 

C Foot 2nd 

Cuneiform* 

9.55 0.06 8.67 0.06 272.40 56.21 3.98 0.05 1.44 0.18 100.00 0.00 

C Foot 1st 

Cuneiform*

* 

9.68 0.14 9.17 0.15 246.56 40.21 4.16 0.08 1.55 0.22 100.00 0.00 

C Foot Navicular 9.64 0.03 9.05 0.27 236.28 89.33 4.17 0.12 1.57 0.24 100.00 0.00 

C Foot 3rd 

Cuneiform*

* 

9.08 0.05 8.19 0.44 180.82 44.02 3.43 0.16 1.41 0.12 100.00 0.00 

C Foot Talus 9.40 0.00 8.88 0.30 179.55 80.63 4.17 0.09 1.80 0.41 100.00 0.00 

C Upper 

Torso 

Rib 1 9.87 0.03 9.08 0.35 174.92 231.0

8 

4.35 0.16 1.99 1.12 100.00 0.00 

C Foot MT2 9.51 0.04 8.59 0.15 153.18 152.3

0 

4.07 0.24 1.46 0.14 100.00 0.00 

C Foot Cuboid 9.22 0.28 8.66 0.33 149.20 103.8

2 

4.15 0.03 1.52 0.52 100.00 0.00 

*Shared across two individuals. **Shared across all three individuals.  
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profiles; two individuals demonstrated drop-out of a single allele, while the third individual had a 

complete (100%) STR profile. In addition, the degradation index remained below 2 for all three 

individuals, and in A and B, the temporal bone was among the top ten highest performing bones 

based solely on the degradation index. The petrous portion of the temporal bone has shown 

exceptional preservation in ancient DNA research, which has been ascribed to its increased 

density, the greatest of any bone, which is required to protect the inner ear [15,116,118,119]. In 

relatively modern contexts, the petrous portion has shown greater DNA typing success than other 

cranial bones when testing for mtDNA [108] and was ranked highly, prioritized after tarsals, 

when considering nuclear DNA typing using STRs [9]. While the petrous portion of the temporal 

bone may yield high quality DNA from forensically relevant remains, more research is needed to 

determine its utility for decreased time intervals (<20 years) and various contexts.  

As supported across multiple studies [5,6,8,9,109], bones of the arm and skull, with the 

exclusion of the maxilla from individual C, yielded the poorest human DNA results, with low 

concentrations and reduced quality scores. Bones of the leg, including the femur and tibia, were 

not among the highest-ranking skeletal elements. Interestingly, the midshaft of the femur did not 

produce the highest human DNA yields, rather the femoral head, which is more cancellous and 

likely contains more hematopoietic tissue, resulted in the greatest human DNA yields from the 

femur in all three individuals. Taken together, these results have implications for skeletal 

sampling from buried remains. First, for graves containing a single individual or multiple 

individuals who are not commingled, tarsals should be prioritized over other bones for DNA 

sampling and analysis. Moreover, if the femur is sampled, and the postmortem interval is under 

five years, and the femoral head is intact without exhibiting evidence of degradation, the femoral 

head should be prioritized for DNA sampling over the femoral midshaft.     

While individuals were placed in the same grave to minimize the effects of differential 

environments, their differences in decompositional states were likely influenced by depth within 

the burial, environmental and enteric microbes, and hydrolytic enzyme activity. The deposition 

environment is an important predictor of skeletal degradation and skeletal DNA degradation; low 

temperature, moisture, and microbial activity favor skeletal DNA preservation, while the 

opposite, including drastic environmental fluctuations, promote DNA degradation [97,135,137]. 

Because individuals were stacked, bones from each individual spanned multiple depths. 

Individual C was first observed at approximately 27 cm below surface (FARO) and extended to a 

depth of 55 cm (hand measurement); remains from individual B spanned 34 cm and 62 cm, while 

individual A spanned between depths of 42 cm and 62 cm (Figure S3.4). Depth is an important 

indicator of microbial composition, structure, and function, related to changes in edaphic features 

including soil composition, oxygen availability, carbon source, temperature, moisture, etc. 

[177,178]. Human DNA concentrations did not correlate with microbial gene abundances; 

though, this may have been influenced by a delay between the time at which the remains were 

disinterred and the time at which the bones were sampled for DNA. Also, the quantity of 

microbes able to colonize bone may be of little importance; rather, changes in community 

composition and microbial interactions, may be more indicative of human DNA preservation in 

buried remains.  

In a separate study, we examined changes in soil geochemistry within the grave, 

including pH, moisture, microbial respiration, dissolved organic carbon, dissolved organic 

nitrogen, and extracellular enzyme potentials, among others [56]. Despite observing high 

concentrations of labile organic sources including dissolved organic carbon and nitrogen at the 

grave base (70-75 cm), likely as pooled inputs from all three sets of remains, shifts in enzyme 
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potentials – including increases in N-acetyl-β-glucosamindase and decreases in 

phosphodiesterase and leucine aminopeptidase – indicate a more recalcitrant functionality for 

microbial communities closer to the grave base. This activity was likely mediated by oxygen 

availability, with the base of the grave saturated, anoxia was prevalent here; in contrast, at 40 cm 

and above the saturated zone, soils were oxic. In addition, potential collagenase activity, as an 

indicator of collagen degradation, which makes up a large portion of the organic content of bone, 

demonstrated increased concentrations at depths of 30 and 40 cm, indicating an increase in 

potential collagen degradation [56]. Collagen degradation facilitates release of bound DNA from 

either collagen fibrils or hydroxyapatite [11,77], which is why collagen degradation has been 

used as an indicator for skeletal DNA degradation [78,96,170].  

Together, these observations would lead us to expect lower human DNA concentrations 

in the bones of C and B than in the bones of A, yet paradoxically, we saw significantly greater 

human DNA concentrations in C, the only fully skeletonized individual. The probable cause of 

this pattern is the increase in moisture with depth in the grave; the base of the grave was 

completely saturated at the time of excavation, and several elements from A and B were 

submerged. Water can be devastating to skeletal preservation [96,179]. Increased moisture 

encourages microbial growth, though complete saturation deters growth [30]. Moreover, water 

augments dissolution of the inorganic component, hydroxyapatite, of bone and the subsequent 

degradation of the organic component, collagen, releasing bound DNA from both the 

hydroxyapatite [76,77,179] and mineralized collagen fibrils [77]. With completely submerged 

bones, the possibility of leaching of nucleic acids into the external environment cannot be 

ignored, as nucleic acids are soluble in water [179], and the fluctuation of the water table and 

hydraulic potential of the burial in this study over time remain unknown. DNA from non-

mineralized osteoid containing osteoblasts, osteoclasts, and bone lining cells [77], is likely 

consumed early in the decomposition process by colonizing microbes, due to ease of access, and 

likely is not the primary source of skeletal DNA in this study.   

Conclusion 

 
The present study indicates that bones of the feet should be considered as priority sources 

for skeletal DNA sampling and analysis from buried non-commingled remains. While the sample 

size in the current study was small, the patterns observed align well with those in previous 

research [5,9,109]. Though bones of the feet may be more challenging to re-associate in cases of 

commingled individuals, there are other circumstances in which this would not be problematic, 

such as the case of a single-person burial or multiple person burial without commingling. 

Moreover, we acknowledge that the mechanism(s) of skeletal DNA preservation likely shift(s) 

with time, as does the diagenetic profile of bone [78], and so the observed patterns may not be 

reflective of postmortem intervals greater than four years. However, patterns from surface and 

buried remains suggest otherwise [5,9]. 
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Appendix II 

 

Table S 3.1: Donor information  

Individual Weight (kg) Manner of Death Sex 
Position in 

Grave 

A 60.3 
Natural/Cervical 

Cancer 
Female Bottom 

B 70.8 Natural Male Middle 

C 51.7 

Cardiac Arrest/ 

End stage Lung 

Cancer 

Male Top 

 

 

Table S3.2: Summary statistics (Human DNA, Total DNA, and Degradation Index) 

 
 Human DNA (ng gbp-1) Total DNA (log(ng gbp-1)) Degradation Index (SA LA-1) 

 Mean Min. Max. Mean Min. Max. Mean Min. Max. 

A 20.79 0.454 111.1 3.841 2.752 4.627 2.762 0.8677 13.51 
B 20.74 0.477 94.00 4.094 2.692 4.719 6.899 1.369 45.56 
C 71.89 0.675 440.0 4.145 3.312 4.565 1.712 0.790 4.721 
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Figure S 3.1: Degradation index by skeletal element. The degradation index was calculated 

by dividing the concentration of the small human autosomal target (SA in ng gbp-1) by the 

concentration of the large human autosomal target (LA in ng gbp-1) and averaging by 

skeletal element. Results were separated by individual; error bars are present only for 

bones with more than one sample per individual and represent standard deviation. 
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Figure S 3.2: Multi-site differences in human DNA yield (ng gbp-1). Bones were sampled 

from two sample sites, represented by grey and black, from three individuals “A”, “B”, and 

“C”. Human DNA was normalized to nanograms per gram of bone powder (gbp). 
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Figure S 3.3: Mean short tandem repeat (STR) recovery (%) by bone type for each 

individual (A, B, C).  

 

 

 



80 

 

 
 

Figure S 3.4: FARO depth profile by individual. (A) Top individual (Individual C), (B) 

Middle individual (Individual B), and (C) Bottom individual (Individual A). Measurments 

in green indicate the span of depths by individual. Individual C only has a single 

measurement, the depth at which bone was first uncovered, because a second scan was not 

able to be taken when this individual was fully uncovered.   
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CHAPTER 4  
THE POST-MORTEM BONE MICROBIOME: IMPLICATIONS FOR 

DNA SURVIVABILITY IN BURIED REMAINS 
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Abstract 

 
 Bone is a type of ecological input capable of supporting a dynamic ecosystem of both 

microscopic and macroscopic scavengers and other incidental taxa, which influence its 

survivability over time. Previously, we identified key taxa associated with patterns of bone DNA 

survivability in surface remains using random forest modeling, but models were only minimally 

effective, complicated by intra-individual and inter-individual variation in bone microbial 

communities. Subsurface skeletal preservation is modulated by the grave geochemical 

environment and microbial ecology and is less amenable to environmental perturbations that 

result in microbial community dispersion. In this study, we examined differences in microbial 

community composition and structure between surface and buried remains and used these 

differences to identify potential bone degraders related to human skeletal DNA survival. 

Bacterial and archaeal communities were sequenced using 16S rRNA gene amplicon sequencing 

of DNA extracts from 256 bone samples and 27 soil samples. Sequences were compared to 

previously sequenced surface bone samples and freely available, human-gut associated samples 

from the American Gut Project. Random forest modeling was used to predict amplified sequence 

variants (ASVs) associated with human DNA concentration in both surface and subsurface 

remains. Surface bone microbial communities showed greater shared identity with soil samples 

in microbial community composition and abundance, while subsurface communities 

demonstrated more proximate associations with gut samples following NMDS analyses of Bray-

Curtis dissimilarities and weighted UniFrac distances. SIMPER analyses and random forest 

modeling, implicated Clostridium spp. and Pseudomonas spp., as putative bone colonizers in 

surface and subsurface bones. This research is the second of its kind to survey microbial 

communities from all bone types within and between individuals using next generation 

sequencing, and therefore, expands on our knowledge of microbial bone colonizers, including 

colonizers important in a subsurface deposition environment.  

Introduction 

 
 Skeletal DNA preservation varies by bone type, and weight-bearing cortical bones are 

generally preferentially sampled for DNA-based identification over small, cancellous elements 

[6–9]. However, previous research examining inter-individual and intra-individual variation in 

skeletal preservation by bone type in surface and buried remains has shown that small bones of 

the foot, specifically tarsal bones, outperform dense, cortical bones in DNA quality (STR 

recovery) and quantity [5,180]. Though the causative agent(s) driving these patterns largely 

remain unknown, moisture availability and microbial composition and structure have been the 

primary factors implicated [180]. 

Following deposition, skeletal DNA preservation is influenced by the mechanics of bone 

diagenesis, including chemical and/or biological modification. Soil geochemistry and site 

hydrology are equally important to microbial degradation [11,67] and can influence the 

composition and abundance of microbes present in a given environment [35]. Dissolution and 

recrystallization are influenced by moisture availability, pH, and bone porosity. Following 

autolysis, once-occupied pore spaces in living bone become accessible to water, ionic exchange, 

and microorganisms [74]. Water movement through bone is driven by diffusion, hydraulic flow, 

and recharge [179]. Because bioapatite is not in equilibrium with the surrounding environment, it 

readily exchanges ions along a diffusion gradient. When the environment is saturated, movement 
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is limited by the rate of diffusion, and dissolution of hydroxyapatite is not as extensive. 

However, when site hydrology fluctuates, water continuously moves in and out of pore spaces, 

exposing the bone to chemically unsaturated water, increasing the rate of inorganic dissolution 

while simultaneously increasing bone porosity. This process is further influenced by 

environmental pH, with acidic environments promoting dissolution and alkaline environments 

encouraging preservation [67,179]. Whether hydroxyapatite undergoes dissolution and 

recrystallization is important to organic preservation including collagen and DNA. As 

hydroxyapatite dissolves, it releases bound DNA and exposes collagen to hydrolytic enzyme 

activity by microbial collagenases [67,76].  

Previously, we applied random forest models to microbial data from surface decomposed 

remains to identify important OTUs related to human skeletal DNA concentration. Though the 

models were minimally successful, key taxa associated with patterns of DNA survivability 

included Clostridium sp., unclassified Dermacoccaceae sp., Paracoccus sp., and Actinotalea sp. 

[181]. Because factors modulating the rate and trajectory of decomposition differ between 

subsurface and surface environments, and putrefactive bacteria have been implicated in bone 

degradation [82–84], we expect microbial community composition and structure to have a 

greater influence on the state of decay of subsurface remains.  

On the surface, decedents are exposed to more variable environmental conditions 

including changes in temperature, humidity, precipitation, arthropod activity, UV exposure, and 

scavenging [17,80], which would influence microbial community composition and structure. In 

fact, in surface remains, Deinococcus-Thermus, a group comprised of extremophiles, was 

observed in greater than 2% relative abundance in cranial elements, likely related to the duration 

of exposure [181]. Burials are less amenable to environmental perturbations. Rather, subsurface 

environments are influenced by soil composition, moisture, depth, microbial ecology, and other 

edaphic parameters. Unlike surface sites, burials preclude access by scavengers and insects and 

minimize temperature effects [27,28]. In addition, microbial communities in surface remains 

clustered by anatomical region, which we hypothesized to be related to micro-environmental 

differences in the soil and distance from the gut [181]. Soil samples were not collected from 

surface deposition localities and so could not be tested.  

The primary goal of this study was to examine differences in microbial community 

composition and structure between surface and buried remains and relate these differences to 

patterns of skeletal DNA survival. Random forest models were generated to not only identify 

important taxa associated with patterns of human skeletal DNA preservation in subsurface bones 

but also those shared across surface and subsurface environments. Special attention was 

allocated to the post-mortem foot microbiome. Tarsals of the foot have consistently yielded 

human DNA of high quality and quantity [5,9,180]. Though this may be related to bone 

remodeling processes in vivo [176], there could be a unique post-mortem foot microbiome, 

potentially related to the physical distance between bones of the foot and the gut. Moreover, soil 

samples collected from within and outside of the grave and gut samples from the American Gut 

Project (AGP) were used to elucidate the impact of environmental and enteric microorganisms 

on the post-mortem bone microbiome.  
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Materials and Methods 

Sample Description 

Grave Samples 

In 2013, three human individuals, two males and one female, were interred in a multi-

individual grave, at the Anthropology Research Facility (ARF) at the University of Tennessee, 

Knoxville (UTK) to understand inter-individual and intra-individual patterns of skeletal DNA 

degradation. Individuals were willfully donated to the Department of Anthropology for 

decomposition research at the ARF and osteological research as skeletonized remains in the 

William M. Bass Donated Skeletal Collection. Individuals (A, B, and C) were stacked in the 

grave to replicate a realistic scenario. Individual A was located at the grave base; B was in the 

middle, and C was the shallowest. A second grave was excavated and backfilled simultaneously 

without interring additional human remains to serve as a disturbance control. Both graves were 

approximately 2 m x 2 m x 0.7 m and were located in an area of the ARF not previously used for 

decomposition research. Additional off-grave control soil samples were collected approximately 

5 m from any decomposition locality and were not disturbed prior to collection. Graves were 

excavated in 2017, four years following interment. Remains were disinterred at the time of 

excavation.  

Soil samples were collected at four depths (0-5 cm, 30-35 cm, 70-75 cm, and 80-85 cm) 

within the perimeter of the grave and at two depths (0-5 cm, 30-35 cm) along three lateral 

transects extending away from the grave. An additional soil sample was collected from within 

the rib cage of individual C at ~ 40 cm. Soil samples were sent to the Department of Biosystems 

Engineering and Soil Sciences for soil biological and geochemical testing. Variables tested 

included pH, conductivity, enzymatic potentials (leucine aminopeptidase, N-acetyl-

glucosaminidase, collagenase, and phosphodiesterase), soil gravimetric moisture, microbial 

respiration, ammonium, nitrification potential, dissolved organic nitrogen, dissolved organic 

carbon, and nitrate. Soils were also tested for total fungal and bacterial gene abundances, human-

associated Bacteroides gene abundances, and soil nematode abundance and composition. In 

depth details on soil collection, analyses (including DNA extraction methodology), and results 

have been reported in Keenan et al. [56]. DNA extracts from a subset of these samples were sent 

for next generation sequencing (n = 27) (Table S4.1). 

In addition, the same forty-nine bones from each individual, representing all skeletal 

element types, were sampled for human DNA, total DNA, and total bacterial and fungal gene 

abundances. Of these 49 bones, 19 bones were sampled at two sites, and 3 bones (i.e., humerus, 

femur, and tibia) were sampled at three sites. Sampling sites from the femur, tibia, and humerus 

were sampled twice. The outer surface of all sampling sites was mechanically (i.e., Dremel® 

rotary tool) and chemically (i.e., 10% bleach and 70% EtOH) treated prior to sampling. Bones 

were sampled using a handheld drill with a 9 mm masonry bit at slow speeds (< 100 rpm) 

(Figure 4.1). Samples were sent to Bode Cellmark Forensics, Lorton, Virginia, for DNA 

extraction and human DNA testing (e.g., Quantifiler™ Trio DNA Quantification, GlobalFiler™ 

PCR Amplification, etc.). Extracts were returned to UTK for total DNA quantitation and total 

bacterial and fungal gene quantification. Methods including skeletal DNA extraction, human 

DNA testing, and microbial gene quantification are reported in Emmons et al. [180]. All skeletal 

DNA extracts used in Emmons et al. [180] were also used in the current study to assess bacterial 

and archaeal community composition and structure (n = 256). 
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Figure 4.1: Left radius from individual C. The outer surface of the bone was mechanically 

removed using a Dremel® rotary tool; the sample sites, two, shown by arrows, were 

chemically cleaned using 10% bleach and 70% ethanol. Bone powder was collected using a 

hand-held drill with a 9 mm masonry bit. Samples were processed in a designated clean-lab 

suite of the Molecular Anthropology Laboratories at UTK. 

Comparative Samples 

Two additional data sets were included for comparative purposes. First, DNA sequences 

from subsurface (buried) remains were compared directly to sequences from skeletal DNA 

extracts from three individuals who had decomposed on the ground surface (n = 162). Samples 

were sequenced on an Illumina MiSeq platform targeting the V3-V4 region of the 16S rRNA 

gene using 300 PE chemistry and have previously been characterized by [181]. Second, sequence 

data associated with samples from human feces (n = 53), sebum (n = 2), saliva (n = 6), and hair 

(n = 1) and associated metadata were accessed from the American Gut Project (AGP) (Qiita 

Accession ID 10317), a crowd-sourced project including thousands of samples from multiple 

body sites, with emphasis on fecal donations from civilians/scientist participants [123]. Samples 

were chosen based on age (between 50-70 yrs.) and state of residence (TN, GA, AL, WA, and 

VA) to reflect demographic information from deceased individuals (Table 4.1). Sample and prep 

IDs as well as other demographic information are located in Table S4.2. American Gut samples 

were processed and sequenced according to Earth Microbiome Project (EMP) protocols using 

150 PE chemistry on a MiSeq Illumina Platform (Primers 515F–806R) [182]. 

Next Generation Sequencing Analysis 

DNA extracts from gravesoil and skeletal samples were sent for next generation 

sequencing at the Center for Environmental Biotechnology (CEB), UTK. Library preparation 

was performed by the CEB using the Nextera DNA Library Prep Kit according to manufacturer 

instructions. Primers used were consistent with EMP protocols (515F–806R), targeting the V4 

region of the 16S rRNA gene [182]. Samples were sequenced on an Illumina MiSeq System 

using 250 PE chemistry. Two PCR blanks and one positive control (ZymoBIOMICS Microbial 

Community DNA Standard, Zymo Research) were included in each run. 

 

 

C 
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Table 4.1: Demographics of skeletonized individuals.  

 

ID Project Sample 

Type 

Weight 

(kg) 

Age 

(yrs) 

Medical History Sex Residence 

SA Surface Bone 104 50 Diabetes, 

alcoholic, 

substance abuser 

Male TN/AL 

SC Surface Bone 127 69 Diabetes, Cardiac 

issues 

Male TN 

SB Surface Bone 80 47 High cholesterol, 

Arthritis 

Male TN 

B Grave Bone 70 63 COPD Male VA 

A Grave Bone 60 68 Cancer Female WA 

C Grave Bone 52 63 Cancer, Coronary 

Artery Dx 

Male GA/AL 

 

Sequence reads were processed using the QIIME 2™ next-generation microbiome 

bioinformatics platform (v. qiime2-2019.1) (QIIME2 Development Team, 2018) [183]. Read 

quality was assessed using QIIME2 demux; reads were quality filtered, denoised, chimeras 

removed, and demultiplexed using DADA2 [184]. Primers from grave samples, soil and bone, 

were trimmed using the –trim-left function of the DADA2 plugin. Because bone samples from 

the comparative surface data set targeted V3-V4, sequences were trimmed, including primer 

removal, using EMP primers (515F–806R) targeting V4 using the QIIME2 cutadapt plugin prior 

to DADA2 [143]. Sequencing runs were denoised independently and merged. While most reads 

were trimmed to ~253 bp, there was variation in read length (min = 144 bp, max = 425 bp, mean 

= 263 bp), which resulted in 35,756 unique features (n = 507). Read loss also varied by data set 

following denoising. Grave samples experienced a total read loss of 13.1%. Similar to previously 

reported values, total reads from surface bones were reduced by 64.1% [181]. AGP samples saw 

a reduction in total reads by 30.4%. 

Features, or amplified sequence variants (ASVs), were classified using a fitted classifier 

(classify-sklearn) using the SILVA ribosomal RNA database v132 (silva-132-99-515-806-nb-

classifier.qza) [185]. Feature and taxonomic data were exported to R (v. 3.5.0) [146] for 

statistical analyses and visualization using phyloseq (v.1.20.0) [186]. ASVs identified as 

mitochondria, chloroplasts, and eukaryotes were filtered from the data set, as well as unidentified 

ASVs at the phylum-level; this resulted in 27,551 ASVs. ASVs not observed across a minimum 

of 0.5% of samples (~2) were also removed, resulting in 10,581 ASVs. Samples were rarefied to 

an even depth of 10,000 reads to account for uneven library sizes [187] prior to alpha and beta 

diversity measurements including ordination methods and visualizations based on ordination 

methods. While this depth resulted in sample loss (32 samples removed; Table S4.3) and a 

reduction in the number of ASVs (ntaxa = 10,484), rarefaction curves indicate that a depth of 

10,000 reads adequately captures species richness for the majority of samples (Figure S4.1). 

Tooth samples and positive controls were removed prior to data analysis, resulting in a total 

sample size of 453. Bray-Curtis and weighted UniFrac were computed for beta diversity 

analyses. Alpha diversity metrics (Inverse Simpson and observed richness) were computed using 

a subsampling approach, in which richness and diversity metrics were computed for a total of 

100 iterations, each scaled to even depth. Due to inherent differences between data sets (AGP, 
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surface bone, and grave) and variation in sequence length as a result of next generation 

sequencing analysis, ASVs were combined at the genus-level when all datasets were combined. 

Data Analysis 

 Data analyses, excluding random forests models, were conducted in R (v. 3.5.0) [146].  

Kruskal-Wallis tests were used to assess statistical significance in alpha diversity metrics with 

false discovery rate corrected p-values to account for multiple comparisons. Group differences in 

beta diversity metrics (weighted UniFrac and Bray-Curtis) were assessed visually using non-

metric multidimensional scaling (NMDS) and statistically using permutational multivariate 

analysis of variance tests (PERMANOVA), with a total of 900 permutations (vegan v. 2.5-3) 

[188]. Multiple PERMANOVAs were performed; groups tested included project type (AGP, 

surface bone, and grave), sample type (human-gut, human-oral, bone, soil), bone environment 

(surface and subsurface), individual (A, B, C, SA, SB, and SC), grave individual (A, B, and C), 

and anatomical region / body site (skull, upper torso, arm, lower torso, leg, foot). Tests for 

homogeneity of multivariate dispersion were also applied to grouping variables; 999 

permutations were used.   

SIMPER, similarity percentages, followed by non-parametric Kruskal-Wallis tests with 

false discovery rate (FDR) corrected p-values, were used to determine ASVs significantly 

contributing to Bray-Curtis dissimilarities between grave individuals and anatomical regions 

(seq-scripts release v. 1.0) [148]. ASVs were considered significant when significance was 

below a conservative alpha of 0.05. Random forest (RF) models were generated using Python (v. 

3.5.2) and scikit-learn (v. 0.19.2) to identify important ASVs related to human DNA 

concentration. To reduce noise, taxa not present in more than 1% (4) of samples were eliminated 

from the data and data was rarefied to an even depth of 10,000 reads (ntaxa = 6,612). RF models 

were conducted on two datasets: 1) combined surface and subsurface bone samples (n = 384) and 

2) subsurface bone samples (n = 247). ASVs were merged at the genus level for the combined 

data set, while all ASVs were included in the model when only subsurface bone samples were 

considered. Data were randomly split into training (2/3) and testing (1/3) sets. Success was 

measured in terms of mean absolute error, accuracy, and linear modeling of actual versus 

predicted data. Accuracy was calculated as the mean average percentage error subtracted from 

100 %.  

Results 

Bone/Soil Bacterial and Archaeal Community Composition 

  Thirty-eight bacterial and archaeal phyla were identified in subsurface bone samples. 

Dominant taxa (mean relative abundance > 2%) included Proteobacteria (30.3 – 75.9%), 

Firmicutes (1.9 – 41.1%), Actinobacteria (1.7 – 24.0%), and Bacteroidetes (3.8 – 20.8%). This 

compared to thirty-six phyla in surface bones, with dominant representatives from Proteobacteria 

(21.1 – 59.4%), Actinobacteria (2.29 – 36.0%), Bacteroidetes (4.8 – 25.7%), Firmicutes (2.4 – 

35.2%), Planctomycetes (0.1 – 10.4%), and Patescibacteria (0.03 – 10.6%). A total of 33 phyla 

were observed in soil samples, including controls and off-grave samples. Dominant taxa included 

Proteobacteria (21.1 – 59.0%), Actinobacteria (10.6 – 33.5%), Verrucomicrobia (0.9 – 34.2%), 

Acidobacteria (0.6 – 14.9), Firmicutes (0.4 – 18.2%), Chloroflexi (1.8 – 7.1%), Bacteroidetes 

(2.0 – 10.2%), and Planctomycetes (0.4 – 4.0%) (Figure S4.2).   
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Alpha Diversity 

 Samples from the AGP, on average, had the lowest bacterial diversity and richness 

estimates, while soils had the greatest (Table S4.4). Bone samples showed intermediate species 

diversity and richness. Differences by sample type (bone, gut, soil) were statistically significant 

(Richness: Χ2 = 121.3, DF = 2, p < 2.2e-16; Inverse Simpson: Χ2 = 81.5 DF = 2, p < 2.2e-16). 

Though richness did not significantly differ by bone deposition environment (surface vs. 

subsurface), mean bacterial diversity in surface bone (mean = 44.3) was greater than mean 

diversity in subsurface (buried) bone (mean = 28.3) (Χ2 = 28.7, DF = 1, p = 8.59e-08). Richness 

was highly diverse among individuals (Χ2 = 145.9, DF = 5, p < 2.2e-16). Samples from C had the 

greatest mean species richness (all comparisons p < 1.0e-5, includes surface individuals), while 

A had the lowest (all comparisons p < 0.001). A and B had similar degrees of diversity, which 

were significantly lower than all other individuals (all comparisons p < 0.001). C had 

significantly greater diversity estimates than A and B (p < 1.0e-10), which were similar to 

surface individuals, especially SB and SC. Microbial species diversity and richness was variable 

by bone type, but some trends did present. For example, bones of the lower torso and upper torso 

of A had some of the lowest richness and diversity estimates, while bones from the skull and foot 

had some of the highest. Bones of the arm had the lowest richness and diversity estimates of B 

and C, while bones of the lower torso had the highest richness and diversity estimates in these 

same individuals. Though mean diversity estimates from bones of the feet were intermediate to 

other anatomical regions, mean richness estimates were ranked second highest after the lower 

torso in B and C (Figure S4.3).    

Beta Diversity: Sample Type, Individual, and Anatomical Region 

Bacterial and archaeal communities were significantly different by project (AGP, Grave, 

and Surface) and sample type (soil, human gut, human oral, and bone) using a PERMANOVA 

on beta diversity metrics (i.e., Bray-Curtis and weighted UniFrac) (Table 4.2). Bone 

communities, including bones from surface and subsurface contexts, were more similar to each 

other than they were to soil or human-associated communities (Figure 4.2). When considering 

phylogenetic distance using weighted UniFrac, communities from buried individuals A and B, 

and especially A, showed greater distance from soil samples and increased similarity with 

human-associated communities from living donors. This pattern was reaffirmed compositionally 

by comparing relative abundance at the phylum-level (Figure 4.2C). A Venn diagram was used 

to track the number of genera shared between the human gut, surface bone, subsurface bone, and 

soil. Excluding taxa shared between soil and human gut samples, a total of 37 taxa (22.8% of 

genera originating from the gut) were shared between subsurface bone and human gut samples, 

while 282 genera (57.2% of genera originating from the soil) were shared between subsurface 

bone and soil, leaving the origin of 579 genera from decaying human bone unknown (Figure 

4.3).  

Among bone communities, beta diversity was affected by the bone deposition 

environment (surface vs. subsurface) and differences between individuals (A, B, C, SA, SB, SC). 

Individuals deposited on the ground surface clustered more closely with individual C, the 

shallowest individual in the multi-individual grave (Figure 4.2). When assessing samples from 

the grave project in isolation, bacterial and archaeal communities demonstrated significant 

differences by individual (A, B, and C) and anatomical region (skull, upper torso, arm, hand, 

lower torso, leg, and foot) (Table 4.2). This was, in part, influenced by differences in group 

variance. All factorial variables tested, with the exclusion of project, showed significant  



89 

 

Table 4.2: PERMANOVAs (999 permutations), assessing between sample differences (beta-

diversity) using two metrics (Bray-Curtis dissimilarities and weighted UniFrac 

phylogenetic distances) 

 

Distance Metric Test F statistic p – value  Degrees of 

Freedom 

Bray-Curtis Project 38.0 0.001 2 

Type 17.2 0.001 3 

Surface / 

Subsurface 

Bones 

36.5 0.001 1 

Individual 

(excludes AGP) 

16.6 0.001 4 

Individual 

(Grave) 

27.6 0.001 2 

Body Site 

(Grave) 

6.47 0.001 6 

Individual*Body 

Site 

4.90 0.001 12 

Weighted 

UniFrac 

Project 43.5 0.001 2 

Type 22.1 0.001 3 

Surface / 

Subsurface 

Bones 

34.3   

Individual 

(excludes AGP) 

17.2 0.001 4 

Individual 

(Grave) 

24.0 0.001 2 

Body Site 

(Grave) 

6.18 0.001 6 

Individual*Body 

Site 

4.46 0.001 12 
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Figure 4.2: Non-metric multidimensional scaling and community composition in human 

bone, human-associated samples, and soils. Individuals included those from the grave (A, 

B, C) and those from the surface (SA, SB, SC), as well as individuals associated with the 

American Gut Project (AmerGut). (A) NMDS on Bray-Curtis dissimilarities (Stress = 

0.110, k = 3, n = 453, ntaxa = 1,563) (B) NMDS on weighted UniFrac distances (Stress =  

0.111, k = 3, n = 453, ntaxa = 1,563). ASVs were combined at the genus-level prior to 

ordination.  
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Figure 4.3: Venn diagram of shared genera across groups (surface bone, subsurface bone, 

gut-associated samples, and soil). Subsurface individuals (A, B, and C) were split into two 

groups based on UniFrac distances and NMDS ordinations. A total of 1,546 genera were 

included in the analysis; samples were rarefied to an even depth of 10,000 reads. ASVs not 

found in at least 0.05% of samples were removed. Soil samples at a depth of 70 cm were 

excluded, and only gut samples from the AGP were included. Output was generated using 

http://bioinformatics.psb.ugent.be/cgi-bin/liste/Venn/calculate_venn.htpl. 

 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 

http://bioinformatics.psb.ugent.be/cgi-bin/liste/Venn/calculate_venn.htpl
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differences in group variance following tests for homogeneity of multivariate dispersion on 

Bray-Curtis dissimilarities (p < 0.01).  

Bones that had decomposed on the surface and those at the shallowest grave depths 

showed greater similarity with soil samples (Figure 4.2; Figure 4.4). Though soil communities 

formed a distinct cluster; five soil samples (3 samples from a depth of 70 cm, 1 from a depth of 

40 cm, and 1 from a depth of 30 cm) were closely associated with bone samples, all clustering 

with C (Figure 4.4A). Combined soil geochemistry analysis with weighted UniFrac, indicate an 

oligotrophic functionality for communities at 70 cm, with increased N-acetyl-glucosaminidase, 

leucine aminopeptidase, and cellulobiosidase potentials, despite significant quantities of pooled 

dissolved organic carbon and dissolved organic nitrate (Figure 4.4B). In addition, though 

microbial communities were significantly different by anatomical region, this was conflated by 

individual differences (Table 4.2). When visualized using NMDS on Bray-Curtis dissimilarities, 

bones of the feet were the only samples that demonstrated clear clusters across all three 

subsurface individuals (Figure 4.4; Figure S4.4).  

Similarity Percentages (SIMPER) 

 Significant ASVs contributing to Bray-Curtis dissimilarities between individuals were 

from the following families: Streptomycetaceae, Ruminococcaceae, Enterobacteriaceae, 

Burkholderiaceae, Rhizobiaceae, Pseudomonadaceae, Clostridiaceae I, Aquaspirillaceae, 

Rhodanobacteraceae, and Rhodocyclaceae. ASVs with increased relative abundances in A and B 

compared to C included Azospira sp., Caproiciproducens sp., unclassified Clostridiaceae spp., 

and Microvirgula sp., while C was enriched in Rhodanobacter sp. and Streptomyces sp.  

Because the feet demonstrated unique communities compared to other body sites (Figure 

4.4), SIMPER analyses by anatomical region were focused on the post-mortem foot microbiome. 

Individuals were examined independently. Relative to other body regions, the foot of individual 

A had decreased abundances of Clostridium sp. (sensu stricto I), Caproiciproducens sp., 

Clostridium tetani (sensu stricto 15), unclassified Clostridiaceae sp., Microvirgula sp., and 

Pseudomonas sp. In contrast, increased abundances of Streptomyces sp., Sphingomonas sp., and 

Mycobacterium sp. were observed (Figure S4.6A). The foot of individual B, similarly, 

demonstrated increased abundances of the same Sphingomonas sp. ASV and an additional ASV 

identified as Streptomyces sp. B also saw increased abundances of Tardiphaga sp. Moreover, 

some of the same ASVs important to the foot of individual A were also observed driving 

dissimilarity between the foot of B and other anatomical regions, including a reduction in 

abundance of unclassified Clostridiaceae sp., Clostridium sp. (sensu stricto I), Pseudomonas sp., 

and Microvirgula sp. Interestingly, the foot, hand, and skull, demonstrated increased abundances 

of an uncultured Thermomicrobium sp (Figure S4.6B).  

Amplified sequence variants (ASVs) driving differences by body site in C were 

dissimilar from A and B (Figure 4.4). The foot of C saw increased abundances of Parafilimonas 

sp., Hathewaya sp., Flavisolibacter sp., Dokdonella sp., Rhodanobacter sp., and Terrimonas sp. 

(YJ03), and decreased abundances of Clostridium sp. (sensu stricto 5), Pseudomonas sp., 

unclassified Paludibacteraceae sp., unclassified Enterobacteriaceae sp., and unclassified 

Burkholderiaceae sp (Figure S4.6C).  

Random Forests Models 

Random forest modeling (RF) was used to identify taxa predictive of human DNA 

concentrations across multiple depositional environments (i.e., surface and subsurface). RF  
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Figure 4.4: (A) Non-metric multidimensional scaling using Bray-Curtis dissimilarities of 

subsurface human bone samples and associated soils (Stress = 0.127, k = 2, n = 259, ntaxa = 

5,915). Soil samples are labeled by location [on-grave (Grave) or off-grave (OG 0.5 m)], 

depth within the grave (Grave 0 cm, 30 cm, 40 cm, and 70 cm), and type, including controls 

(ControlS). (B) NMDS of soils on weighted UniFrac distances with combined geochemistry 

using the envfit function from the package vegan (Stress = 0.06, k = 2, n = 22, ntaxa = 

2,869). Soil samples were rarefied to an even depth of 7,000 reads to include more soil 

samples in the analysis; taxa were assessed at the level of ASV.   
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modeling including both subsurface and surface bones demonstrated an accuracy of 53.4% 

(MAE = 2.34 ng/gbp, R2 = 0.43, p = 3.63e-13, n = 383, ntaxa = 1100). Important predictors of 

skeletal DNA concentration included the genera Azospira and lamia. Other important predictors 

spanned 7 phyla (Actinobacteria 13%, Bacteroidetes 11%, Epsilonbacteraeota 3%, Firmicutes 

21%, Patescibacteria 3%, FBP 3%, Verrucomicrobia 5%, and Proteobacteria 42%). Of these, 

13% (5 of 38) were from the order Clostridiales, with 8% (3) identified as Clostridia spp. In 

addition, 18% of important predictors were from the order Betaproteobacteriales, with 11% from 

the family Burkholderiaceae (Massilia spp., Aquabacterium spp., Pseudorhodoferax spp., and 

Achromobacter spp. (Figure 4.5).  

RF models did not improve when excluding surface bone samples; rather, accuracy was 

reduced by 1.59% (MAE = 2.45 ng/gbp, Accuracy = 51.8%, R2 = 0.40, p = 3.0e-08). Important 

predictor taxa were from the phyla Actinobacteria (14%), Bacteroidetes (4%), 

Epsilonbacteraeota (4%), Firmicutes (18%), Planctomycetes (4%), Verrucomicrobia (4%), and 

Proteobacteria (54%). Of these, the order Clostridiales comprised 14% of total predicted taxa. 

The most important predictor taxa were Aneurinibacillus sp. (Firmicutes; importance = 0.07), 

Dechlorosoma sp. (Proteobacteria; importance = 0.05), and Azospira sp. (Proteobacteria; 

importance = 0.03) (Figure S4.5). 

Discussion  

Bacterial/Archaeal Community Differences Between Surface and Subsurface Bones 

 Surface and subsurface bones showed interesting differences in bacterial/archaeal 

community composition. While bones from both deposition environments were heavily 

influenced by Proteobacteria, Actinobacteria, Bacteroidetes, Firmicutes, and Patescibacteria, 

additional colonizers of surface remains included Planctomycetes, Chloroflexi, Chlamydiae, and 

Deinococcus-Thermus (Figure 4.2C; Figure S4.2). Within Chlamydiae, the order Chlamydiales 

dominated, with major representatives from Neochlamydia and Candidatus protochylamydia. 

The orders Thermomicrobiales, mainly composed of an unclassified JG30-Kf-CM45, and 

Caldilineales dominated the phylum Chloroflexi. Chlamydiae includes obligate intracellular 

bacteria associated with a diverse range of hosts including arthropods, mammals- including 

humans - and amoeba [189]. The two dominant genera sequenced from surface bone are likely 

amoebic endosymbionts, potentially of Acanthamoeba spp. and Hartmannella spp., free-living, 

potentially bacterivorous amoeba found in diverse habitats [190,191]. The presence of 

Deinococcus-Thermus and Chloroflexi in surface bones, both of which include thermophilic 

members, potentially reflects extreme changes in the surface deposition environment, including 

temperature, moisture, and UV irradiation.  

Though surface and subsurface environments were significantly different using Bray-

Curtis dissimilarities and weighted UniFrac distances, microbial communities from bone appear 

to coalesce at a junction between human-associated gut communities and soil microbial 

communities, indicating a shared community of mixed origin. Surface bone microbial 

communities shared greater similarities with soil samples in microbial community composition 

and abundance, while subsurface communities demonstrated more proximate associations with 

gut samples. Excluding individual C, this was also true of diversity analyses. This lends support 

to claims that prolonged exposure to putrefactive enteric bacteria increases the likelihood of 

skeletal degradation [82–84]; A and B had significantly lower mean human DNA concentrations 

than C [180]. In contrast, and in alignment with surface observations, Damann et al. (2015)  
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Figure 4.5: Important ASVs associated with surface and subsurface skeletal DNA 

concentration, as predicted using Random Forest Modeling. Excluded phyla include 

Patescibacteria, Verrocomicrobia, and FBP. Importance is a fraction (0.01 = 1%) and 

represents the importance of a given taxa to the RF model. 
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observed shifts in surface exposed bone-associated communities with postmortem-interval, 

reflecting a convergence with soil communities over time. Similarly, Metcalf et al. (2016) found 

that a minimum of 40% of microbial (archaeal and bacterial) decomposers could be linked to the 

soil environment, initially found at low abundances prior to decomposition. 

Many bone colonizers were not observed in either soil or gut samples (Figure 4.3). 

Though microbial populations could have multiple additional origins (water, skin, hair, etc.), this 

was likely an effect of the sequencing process. For unknown reasons, soil samples had a much 

lower read distribution (~30,000 reads) than bone samples; population migrations would be 

better identified with deeper sequencing. Additionally, soil samples at depths below 30 cm were 

removed from Venn diagram analyses because these samples were heavily influenced by 

decomposition byproducts. These samples included all soils collected at depths below 30 cm; 

therefore, our Venn diagram analysis lacked a large subset of soil microbes interacting with 

decomposing remains.    

Interestingly, microbial communities from individual C diverged from A and B, 

demonstrating greater similarity with SA, SB, and SC. Potential factors responsible for this 

divergence include depth, oxygen availability, soil composition, pH, moisture, arthropod activity, 

and temperature. Individual C was first uncovered at a depth of 27 cm. Diurnal and seasonal 

temperature fluctuations as well as necrophagous insect activity have been observed in burials 

with depths less than 30.5 cm [28]. In addition, changes in soil geochemistry within the grave 

indicate a shift in oxygen availability below 40 cm, coinciding with a change in community 

functionality, which was reflected in soil enzymatic potentials. Increases in N-acetyl-β-

glucosaminidase and decreases in phosphodiesterase and leucine aminopeptidase at the grave 

base, point to a more oligotrophic community [56]. Microbial communities from individuals A 

and B showed greater dispersion, potentially as a stacking effect. Materials pooled to the grave 

base, primarily as a result of gravitational forces. Soil encompassing individuals were disturbed 

during interment, decreasing soil compaction, and thereby promoting increased drainage to the 

grave base, creating a water bucket and sponge-like effect [192,193]. This was reflected in the 

microbial communities at the grave base and from within the rib cage of Individual C, which 

deviated from the communities of other soils and were more similar, in community composition 

and abundance to bone samples presumed to have greater influence from soil (i.e., bones from C, 

SA, SB, and SC). 

Identifying Bone Degraders Using Skeletal DNA Preservation  

 We previously speculated about the potential impact of groundwater and its associated 

effects on differences in DNA survivability between individuals [180]. Though the grave base 

was saturated at the time of disinterment, the lack of organic preservation, as indicated by 

decreased human DNA concentrations (Table S4.5) is indicative of fluctuating water levels 

within the grave. Seasonally water-logged sites demonstrate poor skeletal preservation [139], 

which is expected given the mechanisms of bone diagenesis and the impact of water [11,179]. 

 Nevertheless, we were still interested in identifying microbial taxa associated with high 

and low levels of human DNA preservation. The most important taxa identified by our most 

successful random forest model, which incorporated data from both surface and subsurface bone 

samples, were Azospira spp. (importance = 0.06) and Microvirgula spp. (importance = 0.03). 

Both showed increased abundances when human DNA concentrations were low. Azospira spp. 

includes diazotrophic microaerophilic nitrogen fixers [194], while Microvirgula spp. is 
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comprised of facultative aerobic denitrifying taxa, capable of using both oxygen and nitrogen 

oxides as terminal electron acceptors [195].    

 More interestingly, we saw increased relative abundances of several Firmicutes with 

decreasing human DNA concentrations including Clostridium sensu stricto 1, Clostridium sensu 

stricto 5, Capoiciproducens, and Aneurosinus. Clostridium sensu stricto I has a putative gut 

origin. It was not observed in soils presumed to be unaffected by decomposition and was 

disproportionately observed in bones of the arm from individuals’ A and B (Figure S4.7). The 

humerus, ulna, and radius consistently yield poor human DNA results in DNA testing and 

analysis [5,7–9], indicating that species from this genus may play a role in skeletal degradation. 

The origin of these bacteria, though possibly from the human gut, ultimately remains unknown. 

It is possible that Clostridium sensu stricto I is naturally found at depths greater than 30 cm. 

Regardless of its origin, Clostridum spp. includes known collagenase producers and therefore, 

has the capability to actively degrade bone collagen [35]. In fact, the first isolated collagenase 

was from Clostridium histolyticum (Harrington, 1996). Clostridium sensu stricto 5 also presents 

a compelling relationship with human DNA survival, decreasing in relative abundance as human 

DNA concentration increased in both surface and subsurface bones (Figure 4.5).  

Multiple collagenase-producing bacteria and fungi have been isolated using enrichment 

cultures under “burial conditions” (temperatures = 10°C) in the past, and include Trichonella sp., 

Pseudomonas spp., Penicillium spp., Fusarium sp., Cladosporium sp., Xanthomonas sp., and 

Aeromonas sp. [70]. None of which, were identified as important taxa associated with skeletal 

DNA preservation in this study using RF modeling. Other potential bone degraders identified 

using random forest modeling include Flavobacterium, Sulfurosporillium, Gordonia, 

Streptomyces, Ochrobactrum, and Macellibacteroides. The challenge is deciphering primary 

bone degraders from secondary or tertiary beneficiaries and other syntrophic bacteria as well as 

incidental taxa. For example, Aquabacterium, a genus commonly isolated from freshwater 

biofilms [197], was identified as an important predictor of human skeletal DNA degradation. 

This relationship is likely coincidental; these bacteria are found in water and water enhances 

skeletal DNA degradation.  

In addition to collagenolytic activity, microorganisms can exploit the inorganic 

components of hydroxyapatite directly through the production of organic acids [79], which 

would release bound DNA from hydroxyapatite. Phosphate solubilizing bacteria (PSB), in 

particular, are likely suspects in hydroxyapatite dissolution. Soil genera known to solubilize 

inorganic P include but aren’t limited to Pseudomonas, Enterobacter, Bacillus, Rhizobium, 

Agrobacterium, Microccocus, Aereobacter, Erwinia, Streptomyces, Nocardia [198], and 

Gordonia [199].  

The Post-mortem Foot Microbiome 

Previously, we showed that microbial communities clustered by anatomical site in 

surface exposed remains [181]. In contrast, the post-mortem human foot was the only anatomical 

region that exhibited close clustering among microbial communities in a subsurface environment 

(Figure S4.5). This is a probable consequence of the experimental design. Individuals were 

stacked in the grave, making the decomposition of each individual interdependent with the 

decomposition of all other individuals in the grave. While a stacking scenario is more realistic of 

forensic events, it made it more challenging to disentangle potential variables effecting 

differential skeletal DNA degradation. The feet were physically isolated from the major points of 

decomposition (i.e., the torso) and pooled water (i.e., Northwest side of grave). This does not 
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negate the possibility that a unique foot microbiome is related to disproportionately increased 

human DNA preservation in bones of the feet. Tarsals have shown high success rates across a 

number of deposition environments [9]. We previously indicated that this was likely due to 

extensive bone remodeling, hematopoiesis, and mummification [180]. While the first two are 

still valid, the last can be evaluated through a more critical assessment of the microbial ecology 

of foot bone colonizers. Limited moisture availability for microbial growth and motility is likely 

a critical factor [30]. Taxa with increased abundances in the feet and driving their dissimilarity 

from other anatomical sites include a wide-array of environmental taxa:  Streptomyces sp., 

Sphingomonas sp., and Mycobacterium sp., Tardiphaga sp., Parafilimonas sp., Hathewaya sp., 

Flavisolibacter sp., Dokdonella sp., Rhodanobacter sp., and Terrimonas sp. (YJ03). Thus, the 

preservation of skeletal DNA in the foot may be related to limited putrefactive exposure.  

However, this relationship is by no means simple. Several top-ranking bones from buried 

individuals were from the upper and lower torso [180]. These regions are closest to the gut and 

are exposed to greater levels of putrefactive bacteria during decomposition. If putrefactive 

bacteria promote skeletal degradation as hypothesized [82–84], bones from the torso should 

exhibit some of the lowest concentrations of human DNA. We attribute these contradictory 

patterns to the preservative effects of adipocere. Adipocere (a.k.a. grave wax) forms from the 

hydrogenation of fatty acids to hydroxy fatty acids. This process has been linked to Clostridium 

perfringens and generally increases the alkalinity of the environment [200,201]. Intermittent 

water-logging, anoxia, and saturation [201,202] due to stacking, as observed in the grave, would 

promote adipocere formation, which decreases the rate of putrefactive processes. However, 

bacterial translocation occurs early in decomposition; inoculated S. aureus was observed 

throughout different organ systems in as little as 1 hour using a rodent model [85]. The rapidity 

of bacterial migration in human remains has been deduced through the study of the 

thanatomicrobiome [203]. Results indicate bacterial detection in organ systems in as little as 20 

hours, with all organ systems affected by approximately 50 hours [38,49]. Therefore, it is 

plausible that putrefactive bacteria continue to degrade certain regions of the body even when 

adipocere formation is extensive in other regions. 

Additionally, bones of the feet from all three individuals exhibited decreased abundances 

of Clostridium spp. and Pseudomonas spp., complementing random forest results. As discussed 

above, these taxa are linked to collagenolytic and phosphate solubilizing abilities. Pseudomonas 

spp. is particularly interesting, as it has been experimentally linked to biofilm formation and 

hydroxyapatite dissolution and is a common pathogen associated with osteomyelitis [94,95]. 

Conclusions 

 
 This research represents our second attempt to predict microbial bone degraders from 

human skeletal DNA concentration using random forest modeling. It also expands our original 

survey of bone colonizers to include the subsurface environment. Random forest models from 

buried remains demonstrated greater success than those applied to surface remains, and models 

were even stronger when including both deposition environments. Results showed an inverse 

relationship between Clostridium spp., a genus composed of known collagen degraders, as well 

as Flavobacterium, Sulfurosporillium, Gordonia, Streptomyces, Ochrobactrum, and 

Macellibacteroides, and human skeletal DNA degradation. Both Streptomyces spp. and 

Gordonia spp. are known phosphate solubilizing bacteria [198,199], capable of degrading 

hydroxyapatite directly through organic acid production. Similarly, Pseudomonas spp., which 
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was observed in disproportionately decreased abundances in bones of the foot, may also be 

important to skeletal DNA degradation. Colonization by one or more of these taxa is a potential 

mechanism through which skeletal DNA is degraded and/or released from bone. Additionally, 

data from this study indicate an important role for enteric microorganisms of the human gut in 

skeletal DNA preservation as initially hypothesized by Bell et al. [84]. This research furthers our 

understanding of post-mortem bone colonization by microbes and its effects on human DNA 

preservation.  
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Appendix III 

 

Table S 4.1: Soil Samples sent for NGS 

 
Sample ID Sample Type Provenience Depth (cm) 

MGR2170021 Soil 0.5 m off grave 0 

MGR2170023 Soil 0.5 m off grave 30 

MGR2170037 Soil 0.5 m off grave 0 

MGR2170039 Soil 0.5 m off grave 30 

MGR2170053 Soil 0.5 m off grave 0 

MGR2170055 Soil 0.5 m off grave 30 

MGR2170005 Soil Control Grave 0 

MGR2170007 Soil Control Grave 30 

MGR2170001 Soil Control 0 

MGR2170003 Soil Control 30 

MGR2170057 Soil Grave 0 

MGR2170059 Soil Grave 0 

MGR3170002 Soil Grave 0 

MGR3170003 Soil Grave 0 

MGR3170004 Soil Grave 0 

MGR3170005 Soil Grave 0 

MGR3170006 Soil Grave 30 

MGR3170007 Soil Grave 40 

MGR3170008 Soil Grave 30 

MGR3170009 Soil Grave 30 

MGR3170026 Soil Grave 70 

MGR3170027 Soil Grave 85 

MGR3170028 Soil Grave 70 

MGR3170029 Soil Grave 85 

MGR3170030 Soil Grave 70 
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Table S 4.1 (continued) 

 
Sample ID Sample Type Provenience Depth (cm) 

MGR3170031 Soil Grave 70 

MGR3170032 Soil Grave 85 

 

Table S 4.2: Samples from the American Gut Project (Qiita 10317) 

 
Prep ID Sample ID Age Residence weight 

(kg) 

Sample 

Type 

1115 10317.000002261 52 TN 70 Stool 

10317.000002262 54 TN 74 Stool 

10317.000003439 50 TN 58 Stool 

10317.000001812 56 WA 70 Stool 

10317.000001830 58 WA 79 Stool 

10317.000002211 69 GA 63 Stool 

10317.000002219 61 GA 47 Stool 

10317.000002220 66 GA 71 Stool 

10317.000001194 60 VA 63 Stool 

10317.000001826 68 WA 82 Stool 

10317.000002884 60 WA 49 Stool 

1116 10317.000001281 61 TN 78 Stool 

10317.000001286 55 TN 52 Stool 

10317.000004656 58 GA 46 Stool 

10317.000001205 54 VA 76 Stool 

10317.000001861 68 VA 72 Stool 

10317.000002114 67 VA 126 Stool 

10317.000004830 67 WA 125 Stool 

10317.000004831 68 WA 144 Stool 

10317.000005910 67 WA 60 Stool 

1122 10317.000013020 67 TN 97 Stool 

10317.000014979 52 TN 68 Stool 

10317.000014111 56 GA 83 Stool 

10317.000001187 57 VA 55 Stool 

10317.000010744 57 VA 63 Stool 

10317.000010909 59 VA 53 Stool 

10317.000007023 60 AL 72 Stool 

10317.000014974 69 AL 104 Mouth 

10317.000002113 67 VA 124 Stool 
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Table S 4.2 (continued) 

 
Prep ID Sample ID Age Residence weight 

(kg) 

Sample 

Type  
10317.000003433 63 VA 113 Stool 

10317.000009166 67 VA 96 Stool 

10317.000013009 63 WA 88 Stool 

1130 10317.000002259 52 TN 70 Mouth 

10317.000009767 63 TN 28 Stool 

10317.000003440 50 TN 58 Mouth 

10317.000002111 57 VA 79 Stool 

10317.000002112 58 VA 92 Stool 

10317.000001811 55 WA 77 Stool 

10317.000002221 60 GA 63 Mouth 

10317.000002222 60 GA 63 Stool 

10317.000002157 60 VA 79 Stool 

10317.000006078 64 VA 56 Stool 

10317.000007009 64 VA 97 Stool 

10317.000007010 64 VA 97 Mouth 

10317.000004651 67 WA 64 Stool 

10317.000005702 68 WA 84 Stool 

10317.000005703 68 WA 84 Stool 

10317.000005911 67 WA 60 Mouth 

10317.000006071 60 WA 56 Stool 

1133 10317.000002260 52 TN 70 Forehead 

10317.000009586 57 TN 60 Stool 

10317.000003441 50 TN 58 Right 

Hand 

10317.000009403 58 GA 70 Stool 

10317.000009594 52 VA 53 Stool 

10317.000003983 59 WA 104 Stool 

10317.000005738 57 WA 85 Stool 

10317.000007012 64 VA 97 Hair 

1158 10317.000009768 63 TN 28 Stool 

10317.000022443 52 TN 59 Stool 

10317.000022444 55 TN 92 Stool 

10317.000022520 51 TN 77 Stool 

10317.000026437 57 AL 87 Stool 
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Table S 4.3: Excluded data. Data not included in most analyses. The reason (R or E) refers 

to purposeful exclusion (E) or exclusion due to rarefaction (R) at a depth of 10,000 reads. 

 
Reason Sample ID Run Project Type Individual Body Site Bone 

R bone10010 G1 Grave Bone A Lower Torso Ilium 

R bone10030 G1 Grave Bone A Arm Humerus 

R bone10039 G1 Grave Bone A Arm Radius 

R bone10069 G1 Grave Bone A Skull Parietal 

R PCRblank1 G1 Grave Negative Control Seq Blank Blank 

R PCRblank2 G1 Grave Negative Control Seq Blank Blank 

E ZymoControl G1 Grave Positive Control Seq Control Control 

R PCRblank3 G2 Grave Negative 

Control 

Seq Blank Blank 

R PCRblank4 G2 Grave Negative 

Control 

Seq Blank Blank 

E ZymoControl2 G2 Grave Positive 

Control 

Seq Control Control 

R 30028 G3 Grave Bone C Foot 1st prox foot phalanx 

R MGR2170003 G3 Grave Soil Soil ControlS ControlS 

R MGR2170005 G3 Grave Soil Soil ControlG ControlG 

R MGR2170007 G3 Grave Soil Soil ControlG ControlG 

R MGR2170023 G3 Grave Soil Soil OG0.5 m OG0.5 m 

R MGR2170039 G3 Grave Soil Soil OG0.5 m OG0.5 m 

R MGR2170057 G3 Grave Soil Soil Grave Grave0 

R MGR3170027 G3 Grave Soil Soil Grave Grave85 

R MGR3170029 G3 Grave Soil Soil Grave Grave85 

R MGR3170030 G3 Grave Soil Soil Grave Grave70 

R MGR3170032 G3 Grave Soil Soil Grave Grave85 

R PCRblank5 G3 Grave Negative 

Control 

Seq Blank Blank 

R PCRblank6 G3 Grave Negative 

 Control 

Seq Blank Blank 

E ZymoControl3 G3 Grave Positive 

Control 

Seq Control Control 

E 3939-JMD-0048 S1 Surface Bone SA Tooth maxillary lateral incisor L 

E 3939-JMD-0049 S1 Surface Bone SA Tooth maxillary canine L 

E 3939-JMD-0050 S1 Surface Bone SA Tooth maxillary 1st premolar  

E 3939-JMD-0051 S1 Surface Bone SA Tooth maxillary molar  

E 3939-JMD-0052 S1 Surface Bone SA Tooth mandibular canine L 

E 3939-JMD-0053 S1 Surface Bone SA Tooth mandibular 1st premolar L 

E 3939-JMD-0100 S2 Surface Bone SC Tooth maxillary lateral incisor L 

E 3939-JMD-0101 S2 Surface Bone SC Tooth maxillary canine L 

E 3939-JMD-0102 S2 Surface Bone SC Tooth maxillary 1st premolar  

E 3939-JMD-0103 S2 Surface Bone SC Tooth maxillary molar  
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Table S 4.3 (continued) 

 
Reason Sample ID Run Project Type Individual Body Site Bone 

E 3939-JMD-0104 S2 Surface Bone SC Tooth mandibular canine L 

E 3939-JMD-0105 S2 Surface Bone SC Tooth mandibular 1st premolar L 

E 3939-JMD-0153 S2 Surface Bone SB Tooth maxillary lateral incisor L 

E 3939-JMD-0154 S2 Surface Bone SB Tooth maxillary canine L 

E 3939-JMD-0155 S2 Surface Bone SB Tooth maxillary 1st premolar  

E 3939-JMD-0156 S2 Surface Bone SB Tooth maxillary molar  

E 3939-JMD-0157 S2 Surface Bone SB Tooth mandibular canine L 

E 3939-JMD-0158 S2 Surface Bone SB Tooth mandibular 1st premolar L 

E 3939-JMD-0159 S2 Surface Bone SB Tooth mandibular lateral incisor R 

E 3939-JMD-0160 S2 Surface Bone SB Tooth mandibular lateral incisor R 

E 3939-JMD-0161 S2 Surface Bone SB Tooth mandibular lateral incisor R 

R 10317 1115 AmGut human-gut Stool 
 

R 10317 1115 AmGut human-gut Stool 
 

R 10317 1122 AmGut human-gut Stool 
 

R 10317 1122 AmGut human-gut Stool 
 

R 10317 1122 AmGut human-gut Stool 
 

R 10317 1130 AmGut human-oral Mouth 
 

R 10317 1133 AmGut human-skin Forehead 
 

R 10317 1133 AmGut human-skin Hand 
 

R 10317 1133 AmGut human-gut Stool 
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Figure S 4.1: Rarefaction Curves by individual with a sequencing depth of 10,000. Facets 

represent individuals (SA, SB, SC, A, B, C) or sample type (soil and AGP). Each line 

represents a sample. Species richness refers to observed OTUs. 
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Figure S 4.2: Bone bacterial and archaeal community composition. Samples were averaged 

by bone type and soil type, as indicated by the x-axis. Soil samples include those collected 

with depth in the grave (“Grave”; depths = 0, 30, 40, 70), those collected 0.5 m off 

grave(“OG0.5 m”), and Control soils, disturbed and undisturbed 

(“ControlG”,“ControlS”). All samples with less than 7,000 reads were filtered from the 

data set prior to visualization 
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Table S 4.4: Alpha diversity metrics by individual (A, B, C, SA, SB, SC) and sample type 

(AmerGut and Soil).  

 

Measure Individual Mean Std. 

Dev. 

Max. Min. 

Richness AmerGut 65.21 27.62 118.34 10.77 

A 229.09 160.95 619.04 25.97 

B 308.01 146.08 713.43 71.44 

C 567.42 122.70 828.69 276.43 

SA 313.88 115.60 575.40 87.99 

SB 402.77 215.47 938.04 86.34 

SC 377.07 111.03 655.45 195.11 

Soil 546.25 156.96 862.81 314.60 

Inverse 

Simpson 

AmerGut 7.69 7.46 24.69 1.03 

A 19.87 20.96 109.90 1.97 

B 19.61 15.84 88.44 1.64 

C 45.14 24.72 115.98 5.12 

SA 33.26 23.49 108.36 5.42 

SB 47.40 39.40 198.88 3.32 

SC 51.71 28.02 118.26 12.95 

Soil 75.00 46.99 168.65 16.15 
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Figure S 4.3: Alpha diversity estimates by sample.  
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Figure S 4.4: NMDS of Bray-Curtis dissimilarities of subsurface bones by anatomical 

region. (A) NMDS ordination of individual A (Stress = 0.162, k = 2, n = 78). (B) NMDS 

ordination of individual B (Stress = 0.153, k = 2, n = 82). (C) NMDS ordination of 

individual C (Stress = 0.172, k = 2, n = 82). 
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Figure S 4.5: Important ASVs associated with subsurface skeletal DNA concentration, as 

predicted using Random Forest Modeling and visualized by individual and phylum. 

Abundance refers to relative abundance in a given sample; important taxa with relative 

abundances less than 0.01% were filtered from the data. Importance is the fraction of 

importance to the model (0.01 = 1% importance). Verrucomicrobia were excluded from the 

visualization. 
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Figure S 4.6: SIMPER results by individual and anatomical region. Results are colored by 

genus, with black divisions separators denoting ASV. Relative abundances were averaged 

by body site. (A) Simper results for individual A. (B) Simper results for individual B, and 

(C) simper results for individual C. 
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Figure S 4.7: Putative human-associated gut genera.  
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Table S 4.5: Human DNA concentrations by individual and deposition environment. 

 

Project Individual Mean Std. 

Dev 

Max Min 

Grave A 21.29 24.44 111.10 0.69 

B 20.74 21.02 94.00 0.48 

C 72.60 108.50 440.00 0.68 

Surface SA 46.79 72.96 477.50 0.00 

SB 145.89 177.74 926.00 10.90 

SC 93.94 124.87 493.48 0.00 
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CHAPTER 5  
CONCLUSIONS, LIMITATIONS, AND FUTURE DIRECTIONS 

 

Conclusions 

 
 In this dissertation I explored intra-individual and inter-individual patterns of DNA 

preservation by skeletal element type and interpreted these patterns using site-specific 

taphonomic variables including soil geochemistry and microbial ecology. Through this 

exploration, all objectives and questions raised in the introduction have been addressed and 

several key findings have emerged. 

Key findings 

1) Human DNA concentrations in buried remains varied by individual and anatomical 

region, and this variation, along with differences in STR recovery, could be used to create 

recommendations for skeletal DNA sampling from buried remains. Bones of the feet, 

specifically the cuneiforms, exhibited the best performance in human DNA testing and 

are recommended for skeletal DNA sampling when remains are buried and non-

commingled.  

2) Not a single long bone ranked among the top 10 most successful elements for human 

DNA testing for any individual. When considering bones that were sampled from 

multiple sites, total DNA was greater in both the humeral and femoral heads compared 

with their respective midshaft and distal ends. 

3) Total bacterial and fungal gene abundances in bone, as a proxy for microbial loading, 

were not reliable predictors of human DNA concentration. Rather specific bacteria 

including Clostridium spp., which includes known collagenase-producers, as well as a 

suite of other taxa from the phyla Bacteroidetes, Proteobacteria, Planctomycetes, 

Firmicutes, and Actinobacteria have demonstrated inverse relationships with human 

DNA concentration. Colonization by one or more of these taxa is a potential mechanism 

through which skeletal DNA is degraded and/or released from bone. 

4) Enteric microorganisms from the human gut likely play an important role in skeletal 

DNA preservation. 

5) The deposition environment, specifically site hydrology, had a noticeable impact on 

patterns of skeletal DNA preservation. Though DNA preservation was significantly 

different between surface and subsurface remains (Figure 5.1), the feet demonstrated 

consistently high human DNA concentrations. 

Patterns of skeletal DNA preservation in buried remains 

Despite evidence that human tarsals have shown high DNA typing success from buried 

environments [9], we hypothesized that human skeletal DNA concentrations would be lower in 

predominantly cancellous elements recovered from a subsurface environment. This was not 

supported. Even among buried remains, bones of the foot yielded some of the highest 

concentrations of skeletal DNA. Though the mechanism driving this pattern remains unknown, 

we have proposed multiple interconnected and competing mechanisms in chapters III and IV. 

These include: (1) bones of the feet undergo extensive remodeling [176], which increases 

hematopoiesis and osteoclastic activity that stimulates the release of cellular DNA into the  
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Figure 5.1: Human DNA concentrations by depositional environment and individual. Data 

was log transformed. Human DNA concentrations were significantly different by 

depositional environment following an independent t-test (p = 1.43e-12) and individual 

following an ANOVA (p < 2e-16).  

 
surrounding bone matrix for eventual stabilization by hydroxyapatite (See Campos et al. [77]). 

(2) Bones of the feet harbor a unique foot microbiome following death, influenced by their 

distance from the gut and their tendency to mummify rather than liquify during decomposition. 

(3) In a grave environment plagued with intermittent water-logging, spatial positioning protected 

foot bones from multiple submersion events, decreasing the likelihood of hydroxyapatite 

dissolution and DNA release. 

 Based on the first mechanism, bones of the foot would start with a disproportionately 

high reservoir of human DNA due to activity and pressure in life. Previous research has observed 

remnant cellular material in close association with the trabeculae of foot bones [107]. This 

indicates that this material is not undergoing rapid degradation in the deposition environment, 

which likely relates to the second mechanism. Because feet lack a large amount of soft tissue, 

they tend to mummify rather than liquify during decomposition. This suggests that bones of the 

feet may lack the moisture necessary for microbial growth and motility, which is important for 

decomposition [30]. In addition, mummified skin may have a protective effect, delaying 

colonization by environmental microbes, especially phosphate solubilizing bacteria and fungi. 

The last mechanism is specific to the experimental site. As noted on several occasions, water is 

devastating to bone preservation [179]. Therefore, less exposure to water increases the likelihood 

of preservation. Because the pore structure of bone determines which portions of the bone 

interact with water [179], the spatial location of the feet in relatively dry areas of the grave likely 

impacted observed patterns in DNA success. An alternative pattern may have emerged had the 

feet been in a relatively wet area of the grave; though, this needs to be tested. Nevertheless, the 

physical/geochemical profile of the grave should be considered prior to making any DNA 

sampling decisions.  

 Prolonged and intermittent exposure to water was likely the primary factor related to 

skeletal DNA preservation in this research. Bones of individual A were submerged at the time of 

excavation and disinterment, and extensive adipocere formation on the same individual indicates 

decomposition in an anoxic, high moisture environment [204], which is further supported by 
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changes in soil geochemistry below depths of 40 cm [56]. Movement in and out of bone pore 

spaces increases the rate of inorganic dissolution [179]. 

Bone Colonizers and Degraders 

A large number of microbial bone colonizers were extracted and sequenced using next 

generation sequencing technology from post-mortem human bone. Bones from both deposition 

environments were heavily influenced by Proteobacteria, Actinobacteria, Bacteroidetes, 

Firmicutes, and Patescibacteria. Bones deposited on the surface were additionally impacted by 

amoebic endosymbionts from the phylum Chlamydiae, and potential thermophiles from the 

phyla Chloroflexi and Deinococcus-Thermus. The presence of putative extremophiles in surface 

remains was interesting but not surprising, reflecting extreme changes in the surface deposition 

environment in temperature, moisture, and UV irradiation.  

Random forest modeling was used to identify taxa predictive of human DNA 

concentration. RF models from both the surface and subsurface environment were generated, and 

the model was improved when including data from both deposition environments. RF models 

identified several putative taxa related to bone degradation. Among them, Clostridium spp., 

Gordonia spp., and Streptomyces spp. have the most potential, as these either have collagenolytic 

or phosphate solubilizing functions. SIMPER results further elucidated a potential role for 

Pseudomonas spp., which showed disproportionately lower relative abundances in bones of the 

feet, is implicated in osteomyelitis, and is a known phosphate solubilizing bacteria [95].   

Limitations 

 
 Results suffered several limitations as a consequence of the experimental design. First 

and foremost, buried individuals were stacked in the grave, making it challenging to disentangle 

factors affecting differential decomposition. Though this was more realistic of a forensic 

scenario, use of multiple single burials would ease data interpretations. Second, remains were 

excavated over the course of a week, which exposed successive soil layers to new conditions, 

potentially shifting microbial community functionality within the grave. A similar problem was 

discussed in Child [35] in regard to archaeological sites. Once disinterred, remains were 

transported to the FAC, where they were stored on metal racks to undergo gentle washing and 

were then placed in cardboard boxes pending sampling. As indicated by Mircea et al. [87] there 

are drastic differences between the depositional environment and the storage environment that 

could influence degradation prior to sampling. Specifically, Mircea et al. [87] recovered several 

putative storage related fungal species including S. chartarum, P. chrysogenum, A. versicolor, 

and P. pannorum. Individual A was removed from the grave and placed in a body bag at 2°C. 

When long bones were later removed from storage, a noticeable fungal bloom was present on the 

remains. A blue fungal growth was also visible on the remains of B prior to gentle washing 

(Figure 5.2). 

Third, several intrinsic factors - skeletal morphology, microanatomy, pathology, trauma, 

age, trace element composition, and sex - also relate to skeletal preservation [98]. Research 

presented here included willfully donated individuals to the William M. Bass Donated Skeletal 

Collection. The collection includes deceased individuals, and as such, demographics are skewed 

toward the old. In addition, deleterious health factors resulting in the death of donated 

individuals may also influence skeletal preservation. For example, the vertebral column of 

individual B was completely fused and bones from this individual were generally more brittle.  
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Figure 5.2: Fungal bloom on individual A (left) following storage at 2°C and fungal growth 

(red arrows) on individual B (right) following storage at 22°C. 

 
Lastly, data analysis was primarily exploratory and was heavily influenced by our choice 

of molecular target, DNA. DNA can provide information regarding presence versus absence, but 

it cannot tell us anything about activity. Because of this, it is difficult to discern incidental taxa - 

taxa that are present and inactive - from taxa that are actively degrading bone. This is an issue 

that has long plagued microbial ecology – linking structure and function. Microbial dormancy 

through endospore formation among Gram positive bacteria [205] and microbial DNA bound to 

hydroxyapatite as a result of previous colonization [167] are particularly worrisome and can bias 

our interpretations.   

Moreover, 16S rRNA gene amplicon sequencing results in amplification bias, with 

overrepresentation by some taxa and under representation by others, augmented by differences in 

16S rRNA copy number per genome. A mock community sample from Zymo research 

(ZymoBIOMICS Microbial Community DNA Standard) was incorporated into subsurface 

sequencing runs. The reported “theoretical composition” included 12% of the following taxa: 

Listeria monocytogenes, Pseudomonas aeruginosa, Bacillus subtilis, Escherichia coli, 

Salmonella enterica, Lactobacillus fermentum, Enterococcus faecalis, and Staphylococcus 

aureus, and 2% composition from Saccharomyces cerevisiae, and Cryptococcus neoformans. 

Though mock communities were consistent across all three runs, Listeria, Pseudomonas, and 

Microbacterium were overrepresented (Figure 5.3).  

All post-sequencing analyses will influence obtained results, and questions concerning 

data treatment are heavily debated. For example, some researchers suggest rarefying datasets to 

even depth [187], while others warn against it [206]. ASVs were screened using a prevalence 

threshold of 0.05% or 1% and were then combined at the genus level when all datasets were 

included in analyses. This along with rarefying to a depth of 10,000 reads resulted in a loss of 

potentially important taxa. Alternative practices (i.e., metagenomics) could provide strain level 

resolution that would ultimately be more informative, especially when identifying potential bone 

degraders. 

In addition, though 18S rRNA gene amplicon sequencing was applied to surface remains, 

the use of 300 paired end chemistry to sequence a 576 bp target resulted in problems with 

downstream sequencing analysis. Sequence quality steadily declined at the ends of forward and 

reverse reads, resulting in increased sequencing errors. This made it exceptionally challenging to  
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Figure 5.3: Community composition of positive controls from 3 MiSeq sequencing runs.  

 

merge forward and reverse paired end reads, which consequently influenced read loss. Therefore, 

this research suffers from a lack of data regarding microbial eukaryotic bone colonizers and 

degraders. Collagenolytic fungal species have been cultured from degraded archaeological bone 

[70], while others can produce acids that target hydroxyapatite [79].  

Future directions 

 
This research represents a first step in understanding the dynamics of bone colonizing 

microbes, as such it leaves room for multiple avenues of additional research. First, while 

bacterial communities were the primary focus of this dissertation, fungal and other microbial 

eukaryotes are important to bone degradation. Therefore, this research would be greatly 

improved with the inclusion of high quality microbial eukaryotic and fungal datasets. Moreover, 

while we were able characterize who is colonizing bone, we could only speculate on their 

functional capabilities. Metatranscriptomic or metabolomic data could help us resolve important 

functional information. This could also be paired with more controlled experimental analysis, 

focusing on a few organisms. The study of biofilm formation and its relationship to skeletal 

degradation is particularly compelling (See Junka et al. [94,95]).  

In addition, including multiple time points in future research would improve our ability to 

decipher primary, secondary, and tertiary degraders. This would also benefit by complementary 

analyses using microscopy to visualize microbial degraders and potential destructive foci. Lastly, 

the role of putrefactive bacteria in skeletal degradation and its timing could potentially be 

resolved through additional bacterial translocation studies, similar to Burcham et al. [85] but 

focused on the skeleton. 
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