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ABSTRACT 

Biomanufacturing propels the bioeconomy. Accelerating bioeconomic growth thus 

requires the expedited development of biomanufacturing processes that can expand the current 

bioproduct portfolio. Lysate-based cell-free systems provide unique advantages for simplified 

metabolic pathway construction. Their central metabolic pathways and transcriptional-

translational (TX-TL) machineries are free from genome regulation and are amenable to direct 

manipulation, enabling the streamlined construction of biomanufacturing processes. While their 

utility as prototyping platforms for accelerating cellular metabolic engineering has been 

demonstrated, the potential to rapidly build commercial “cell-free factories” capable of 

sophisticated bioconversion has not been fully realized. Lysates with high-yield pathways are 

projected to enable commercialized cell-free biomanufacturing of high-value chemicals. However, 

strategies that can be incorporated into frameworks for lysate pathway yield optimization rely on 

traditional cell-based metabolic engineering techniques that are cumbersome to extracts’ source 

strains (e.g., gene knockouts and cell-based overexpression) and thus lengthen design-build-test-

learn (DBTL) cycles. The work in this dissertation introduces new strategies for cell-free pathway 

engineering that can benefit conversion yields in lysates, with a focus on 1) restructuring the 

endogenous metabolic proteome post-lysis and 2) optimizing the lysate TX-TL machinery for the 

cell-free overexpression of complex heterologous enzymes. By minimizing the involvement of 

cell-based engineering, these strategies enable faster endogenous and heterologous pathway 

build cycles compared to previous approaches. Part one describes the development of the first 

lysate flux-rewiring approach that enables conversion through a native pathway at 100% of the 

theoretical yield. Part two reports on the design and development of a plate reader assay for 

troubleshooting the expression of biosynthetic enzymes in lysates. The assay allows the 

generalizable screening of cell-free expression conditions with higher throughput than previous 

approaches and is leveraged to improve the lysate-based expression of natural product forming 
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megasynthases. Refining and integrating these approaches into cost-effective cell-free metabolic 

engineering (CFME) workflows will enable rapid high-yield metabolic pathway construction, 

advancing lysates as sustainable biomanufacturing platforms.  
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CHAPTER 1 

INTRODUCTION 
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1.1. Biomanufacturing in a Growing Bioeconomy 

Biotechnology is revolutionizing various industries (e.g., healthcare, agriculture, plastics, 

food, and energy), and is emerging in others (e.g., textiles and aquaculture)1. As a result, the 

bioeconomy–which encompasses these economic sectors that are impacted by biologically 

derived products, services, and processes–is growing and positively influencing overall economic 

development2,3. The United States bioeconomy accounted for about 5% of gross domestic 

product in 2016, and is projected to provide more than 1 million job opportunities by 20303,4. 

Globally, biologically derived products, services, and processes are estimated to have a direct 

economic impact of $4 trillion annually over the next 10-20 years5. Further, the development of 

the bioeconomy is agreed to be sustainable since biological resources are renewable and can 

therefore reduce the global reliance on oil and gas6,7. Biotechnological advances are thus 

positioned to enable a future global “circular bioeconomy” in which unsustainable harvesting 

practices (e.g., mining) are eliminated, and renewable resources serve as inputs in closed 

material resource loops8,9. Given the benefits of the bioeconomy, nations are issuing strategies 

to support its growth like the United States’ National Biotechnology and Biomanufacturing 

Initiative2. At the core of such strategies is the accelerated development of industrial 

biomanufacturing platforms2,4,10. 

Biomanufacturing is defined as the synthesis of commercially relevant molecules in 

biological systems such as cells and enzymes6. Historically, microbes have been commonly 

considered suitable for bioproduction because they are easy to cultivate and can metabolically 

convert inexpensive substrates (e.g., gases and sugars) to higher value chemicals and 

materials6,11,12. Although the use of mixed microbial processes to carry out such conversions dates 

back thousands of years, the application of dedicated mono-cultures towards commercialized 

production only began in the early 1900s10. This was then rapidly scaled up through the mid 1900s 

due to high demands for certain metabolites (e.g., citric acid, penicillin) during war times10. To 
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help realize biomanufacturing’s feasibility as a replacement to industrial petrochemical based 

processes, the late 1900s saw the emergence of the field of Metabolic Engineering10. Leveraging 

recombinant DNA technology and cell culture techniques, the goal of Metabolic Engineering is to 

transform a microbe into a “cell factory” that can carry out targeted conversions13,14. Contingent 

to a cell factory’s adoption for commercial manufacturing is its ability to form a desired molecule 

at a titer (amount of product per unit volume), productivity (rate of product formation per unit 

volume), and yield (amount of product formed per amount of substrate consumed) that is 

industrially relevant13,15. Today, a few producer strains have been engineered with high 

productivities, titers, and yields, and are hence being applied towards the commercial-scale 

production of certain fine chemicals (e.g., pharmaceuticals and fragrances)16 and commodity 

chemicals (e.g., biofuels)7.  

 

1.2. Rapidly Expanding Biomanufacturing Capabilities with Cell-free 

Metabolic Engineering 

In principle, a much larger variety of chemicals and materials can be made by 

bioindustries. According to the McKinsey Global Institute, up to 60% of the global economy’s 

factors of production could be biologically derived, the majority of which (e.g., bio-plastics) will 

have to be biomanufactured5. However, the deployment of producer strains that will broaden the 

range of industrial bioproducts is delayed by limitations that are inherent to engineering living 

systems17–20. That is, rationally developing a high-performing microbial host that sustains target 

metabolite production while remaining viable requires numerous design, build, test, and learn 

(DBTL) cycles21,22. Iterations of the build step, where a pathway design is constructed into a 

chassis, are particularly rate-limiting in rational metabolic engineering23,24. This typically involves 

1) rewiring endogenous metabolism via knockouts or gene regulation to redirect flux, and 2) 

expressing heterologous enzymes to overcome bottlenecks or to build in heterologous 
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pathways13. Such unnatural tasks are likely to result in metabolic burden or product cytotoxicity, 

among other phenomena, that can be deleterious to cell viability and performance25. Constructing 

a producer strain with insignificantly compromised health phenotypes thus requires laborious 

strain optimization to balance cell growth with biomanufacturing objectives25. This is a lengthy 

process even in model microbes, whose current engineering toolkits have been developed over 

decades26. As a result, common workflows for building testable pathway designs in cells can take 

weeks in industrial workhorses like E. coli and several months in non-model organisms, 

constraining our biomanufacturing capabilities26,27. On the other hand, next-generation platforms 

that enable shorter build stages, such as cell-free systems, can expedite the diversification and 

expansion of the commercial bio-product portfolio17,19–21,28–30. 

Cell-free or in vitro systems have the components necessary to carry out metabolism or 

protein expression outside of a living cell, or in a “cell-free” space30. These are commonly 

generated either as “purified” systems by the in vitro reconstitution of purified parts (e.g., 

metabolic enzymes or the transcriptional-translational (TX-TL) machinery), or as crude cell 

extracts via cell lysis procedures that preserve the metabolic and TX-TL functionalities of the 

cytosolic proteome30. In either case, the cell-free system serves as an open environment of 

biochemical reactions that are amenable to direct manipulation20,21,30. Unlike cells, cell-free 

reactions can be altered without needing to transport substrates and products across an enclosing 

membrane barrier20,21,30. Further, the active processes in these systems are not genome-

regulated and are thus less dynamic, offering higher programming predictability20,21,30. These 

advantages of cell-free platforms were first leveraged to uncover the fundamentals of the central 

dogma of molecular biology31. However, the growing realization that cell-free systems have the 

potential to also support applied research ventures backed recent efforts to promote their 

widespread and large-scale use30,32. Among these applications is cell-free metabolic engineering 

(CFME), where cell-free systems are used for the construction of pathway designs that are time-

consuming or impossible to build into microbial cell factories11,17,18,28,29.  



 5 

Cell-free systems provide unique engineering capabilities for simplifying metabolic 

pathway building, thereby permitting expedited DBTL cycles10,20,21,27. Their lack of a cell 

membrane barrier allows the direct addition of metabolic enzymes, substrates, and cofactors into 

the open reaction environment for easy pathway construction and manipulation30. Enzymes can 

also be expressed directly from a linear or plasmid DNA template that is dropped into cell-free 

systems with activated TX-TL machineries30. After supplementation with DNA, cell-free 

expression (CFE) occurs in hours whereas transforming and selecting strains for in vivo enzyme 

synthesis can take days to weeks depending on the host chassis33–35. The detachment of cell-

free systems from genome-regulated survival functions (i.e., growth and maintenance) further 

simplifies pathway construction27. Engineering cells towards target production objectives can be 

unpredictable and time-consuming due to complications on host health like metabolic burden and 

product cytotoxicity25,34,36–38. On the other hand, cell-free systems do not allocate resources 

targeted for biosynthesis towards growth and maintenance, and they can overcome cellular 

toxicity limits20,30,39. These features accelerate building stages in cell-free systems compared to 

their cell-based counterparts22. For example, commercially relevant titers of cytotoxic natural 

products like limonene, pinene, and alpha-sabinene have been achieved in an in vitro system (> 

11 g/L), but the synthesis of these compounds through similar pathways in the best performing 

cell factory to date is still encumbered by cytotoxicity (< 3 g/L)40. By streamlining metabolic 

engineering efforts, cell-free systems offer a potential route to the industrial synthesis of bio-based 

chemicals and materials that have not been produced efficiently in cells.  

Cell-free systems have the added advantage of being freeze dried then stockpiled and 

transported at room temperature41. Upon rehydration, their bioprocesses can be reactivated for 

distributed manufacturing, which addresses limitations inherent to centralized production like the 

costs of maintaining and customizing large manufacturing plants as well as cold chain 

distribution42. In addition, distributed manufacturing enables synthesis at the point-of-care, which 

is especially important during times of supply chain disruption (e.g., global pandemics). 
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Lyophilized cell-free systems have already been leveraged to demonstrate the “just-add-water” 

production of therapeutic proteins41–43. Engineering cell-free systems with sophisticated 

bioconversion pathways can enable the cheap, decentralized production of valuable small 

molecules from cheap feedstocks like glucose in the future44.  

 

1.3. Efficient Tools for Engineering Efficient Lysate-based 

Biomanufacturing Platforms 

Between the two types of cell-free systems, lysates are better positioned to be next-

generation platforms for converting low-cost feedstocks to high-value chemicals11. Reconstituted 

enzyme systems suffer from cost-prohibitory enzyme purification and typically low cofactor 

turnover, which limit their scalability11,20,45. Generating application-specific reconstituted systems 

with all the necessary metabolic modules is thus unlikely to be practical for commercial-scale 

production. In contrast, crude cell extracts are easy to prepare and already possess active central 

metabolic pathways, including cofactor regenerating reactions46,47. Lysates can thus convert 

readily available substrates like glucose into valuable native metabolites, such as the pyruvate 

and acetyl-CoA precursors of central metabolism46,48–50 Heterologous pathways that interface with 

these native metabolites can then be built into lysate-based cell-free systems to support the 

synthesis of commercially relevant end-products (e.g., 2,3-butanediol and styrene)46,51. This has 

been done in different ways which include directly supplementing lysate reactions with purified 

enzymes or deriving enzyme-enriched extracts from heterologous expression hosts19,46,52,53. 

Alternatively, the lysate TX-TL machinery itself can be activated for heterologous pathway 

expression to bypass laborious in vivo expression18,27. Although cell-free metabolic yields from 

pathways constructed via cell-based expression rather than CFE can be higher54, the latter is an 

attractive strategy for prototyping several pathway designs or when dealing with heterologous 

enzymes that are difficult to synthesize in vivo18,27. Additionally, this process can be scaled up, as 
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evidenced by findings of similar lysate-based CFE expression profiles in 250 µL and 100 L 

reactors55. 

 Cell-free synthetic biology’s role in revolutionizing biomanufacturing can be realized by 

cell extracts. However, their industrial implementation is still limited. Lysate-based cell-free 

systems are being applied to interrogate pathway designs which has proven useful for significantly 

shortening DBTL cycles from months-years to days-weeks in a non-model microbial cell factory26. 

However, they are not yet economically viable for carrying out sophisticated bioconversions due 

to current cell processing and reagent costs11. To address this, potential metabolic engineering 

solutions have been proposed11. These include extending the shelf-lives of these systems’ 

enzymes20,40, building in more efficient cofactor regenerating modules56,57, or engineering extracts 

to utilize free feedstocks (e.g. CO2)11 and cheaper alternative cofactors (e.g., non-canonical 

nicotinamides)58,59. Based on calculations by Rasor et al., such innovations can advance lysate-

based systems as lucrative platforms for high-value specialty chemical production, provided that 

these systems have maximum product yields11.  

Yield is an important metric in metabolic engineering and measures the efficiency of the 

system for converting a substrate into a product11,60. Specifically, it is the amount of product 

formed per amount of substrate consumed. Even with a significant reduction in preparation costs, 

a lysate-based biomanufacturing platform dedicated to high-value target synthesis must have a 

high yield to be lucrative11. However, industrially relevant yields achieved through CFME are 

rarely reported in extracts, even if these systems are capable of high titers46,51,53 and 

productivities46,61. Engineering both endogenous and heterologous lysate metabolism is 

necessary to ensure carbon flow directly from substrate to product, which will improve yields in 

systems made to produce high-value molecules60.  

The endogenous metabolism in lysates is complex, retaining much of the pathway 

crosstalk that exists in the metabolic networks of their source strains20. Thus, flux from a substrate 

is commonly redirected towards unwanted byproducts. To maximize yield, flux can be focused 
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through a targeted endogenous pathway by shedding this complexity (i.e., eliminating flux-

competing reactions)47,62. Altering lysate endogenous pathways to eliminate by-product formation 

permits higher pooling of desirable central metabolic precursor/s that will feed into heterologous 

pathways47,53,60,62. Previous efforts to increase flux through endogenous lysate metabolism involve 

knocking out genes from source strains47,53,62. However, this approach is highly constrained by 

source strain viability, given that genes selected for deletion typically contribute to the organism’s 

central metabolism. Knocking out these reactions from the source strain compromise growth and 

may be lethal, so that a limited number of gene deletions are allowed without significant strain 

optimization13. Thus, this technique still requires long DBTL cycles that are characteristic of cell-

based metabolic engineering campaigns.  

High-value bioconversions typically necessitate the construction of heterologous 

metabolic pathways that feed off pooled endogenous precursors for conversion to a target 

product10. Overexpressing heterologous enzymes in a metabolic pathway is thus necessary to 

drive flux towards the desired metabolite with high yield46. The common approach for doing this 

in lysate-based systems is  by overexpressing these proteins in the source strain, then deriving 

enzyme-enriched extracts for cell-free conversion46,51,53. Unfortunately, overexpression can drain 

the cell’s physiological resources to make proteins, imposing metabolic burden on the organism25. 

The physicochemical properties of metabolic enzymes that are non-native to the cell can also 

introduce complications in the host. For example, these proteins and their metabolic products may 

be cytotoxic, or these enzymes may can cause cofactor imbalances when interfacing with 

endogenous metabolism23,24.  

A major advantage of lysates is that they can support rapid pathway construction because 

they are free from cell-based biochemical (i.e., resource competition between metabolite and 

biomass production) and biophysical (i.e., cell membrane barrier) constraints. They have the 

potential be easy-to-build, sustainable manufacturing platforms which, in turn, can accelerate the 

expansion of the commercial bioproduct space. However, current CFME approaches to improve 
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an industrially relevant metric in these systems rely on techniques that can introduce deleterious 

phenotypes in source strains (i.e., gene knockouts and overexpression). These strategies 

reintroduce steps into CFME workflows that are constrained by host viability, which is 

counterintuitive to realizing streamlined pathway construction in cell-free systems. Efforts to 

improve pathway yield in lysate-based biomanufacturing systems would thus benefit from 

strategies that do not alter source strain metabolism. That is, restructuring lysate endogenous 

metabolism and enriching lysates with heterologous enzymes should be done via totally cell-free 

approaches.  

The removal of select enzymes from the lysate itself instead of the cell is an opportunity 

for rewiring lysate endogenous metabolism without altering the source strain’s growth phenotype. 

If this can be performed successfully, the number of reactions that can be eliminated from the 

lysate proteome would only be limited by the efficiency of the removal strategy. Further, changes 

to metabolic proteome in lysates should be more predictable and tractable because, unlike in 

cells, making such modifications does not induce the genome-regulated optimization of competing 

objectives (e.g., biomass production). Thus, complementing such an approach with knowledge of 

lysate endogenous metabolism will simplify efforts to model high-yield pathway designs in lysates.  

However, a post-lysis metabolic enzyme removal strategy has not yet been reported and the 

feasibility of this approach for future CFME campaigns requires investigation and demonstration.  

CFE is a promising approach for rapidly building heterologous pathways into lysate-based 

biomanufacturing platforms since it is completely decoupled from cell growth18. It can also 

produce functionally active enzymes that are typically difficult to express in vivo due to size, 

complexity, or solubility30,63. Thus, leveraging CFE for pathway overexpression bypasses the 

laborious optimization of source strains to produce non-native enzymes that can be deleterious 

to their health, accelerating pathway build stages. However, the dearth of information on how 

most biosynthetic enzymes are transcribed and translated in the cell-free environment is a barrier 

to CFE’s application as a CFME tool beyond pathway prototyping. Investigating and optimizing 
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the synthesis of metabolic enzymes in lysates will enable the use of CFE for optimizing flux 

through heterologous pathways. The efficiency of an enzyme’s expression and catalytic activity 

in lysates depends on the availability of supplemental resources (i.e., energy substrates, salts, 

amino acids, etc.) that energize the TX-TL machinery and other reaction conditions (e.g., 

temperature)63–65. In theory, reaction condition sets for optimal CFE vary based on the target 

enzyme’s physicochemical properties which include its size, folding, and biosynthetic activity63,66. 

Achieving the sufficient expression of different non-native biosynthetic enzymes via CFE will thus 

require sampling different reaction parameters first. Unfortunately, this process is currently 

bottlenecked by slow or inaccessible detection methods (e.g., SDS-PAGE or mass spectrometry). 

Generalizable reporter tools for studying and improving biosynthetic enzyme expression in lysates 

will accelerate overexpression optimization via CFE, enabling the quicker and easier construction 

of efficient lysate-based biomanufacturing platforms.  

 

1.4. Scope of Dissertation 

This dissertation aims to expand the current CFME toolkit for building high-yield pathway 

designs in extracts. The focus is on providing strategies for engineering endogenous and 

heterologous lysate metabolism that do not rely on deleterious cell-based engineering techniques, 

avoiding global alterations to source strain metabolism that are deleterious to host health. The 

approaches can help advance lysates as easy-to-build, sustainable biomanufacturing 

technologies which, in turn, can accelerate the expansion of the commercial bioproduct space. 

 

1.5. Focusing Endogenous Metabolic Flux in Lysates Post-lysis 

Rapid pathway optimization in lysates can be realized by rewiring endogenous metabolic 

flux post-lysis. To design high-yield pathways, the movement of carbon from common feedstocks 
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through lysate endogenous metabolism in lysates should first be understood. In line with this, 

potential channels through which carbon derived from glucose, a readily available and 

inexpensive substrate, can flow in the model Escherichia coli lysate are mapped out (Chapter 2). 

This investigation leverages liquid chromatography coupled to a mass spectrometric detector and 

fully 13C-labeled glucose to track possible metabolic endpoints of glucose-derived carbon. To 

manipulate this carbon flow, a lysate proteome engineering strategy is developed (Chapter 3). 

This is demonstrated in model Escherichia coli lysates that are fed glucose and made to 

accumulate the central metabolic precursor pyruvate. The approach takes advantage of a 

genome engineering method to insert affinity tags into the termini of pyruvate-consuming 

enzymes, enabling the selective reduction of these proteins’ concentrations in processed extracts. 

With an understanding of lysate metabolism and a proteome engineering strategy in-hand, the 

full depletion of target enzymes in an E. coli lysate can be achieved, as demonstrated with ethanol, 

a tractable end-product of endogenous metabolism (Chapter 4). The selective enzyme depletion 

approach is optimized and coupled with other CFME approaches to focus and drive carbon flux 

from glucose to ethanol, achieving maximum (100%) conversion yield through this native 

pathway. This is the first report of an engineering method that can confer a lysate’s low-yield 

pathway with industrially relevant performance. Uniquely, the approach does not introduce gene 

knockouts, knockdowns, or overexpression and consequently does not impose observable 

metabolic burden on the source strain. This therefore represents a strategy for high-yield 

endogenous pathway construction in lysates that is free from cellular viability constraints.  

 

1.6. Improving Lysate-based CFE for Heterologous Pathway Building 

Heterologous pathway building and optimization via CFE, as opposed to cell-based 

engineering approaches, will be useful for rapidly constructing lysate-based biomanufacturing 

platforms that efficiently synthesize high-value molecules from pooled endogenous precursors. 
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To enable CFE as a tool for overexpressing metabolic enzymes in lysates, rapid reaction condition 

testing is necessary. A reporter-based strategy for measuring full-length protein expression is 

developed in E. coli lysates (Chapter 5). A tetracysteine (TC) peptide tag with activatable 

fluorescence is conjugated to the C-terminus of a biosynthetic enzyme. A method for activating 

and measuring the fluorescence of this tag in the noisy lysate environment is then optimized, 

allowing quick detection of full-length biosynthetic enzymes produced in lysate-based CFE 

reactions. This technique is generalizable and can be used to quickly measure heterologous 

metabolic enzyme CFE under different reaction conditions. This knowledge can be leveraged to 

overexpress biosynthetic enzymes at higher concentrations in lysates and drive flux through 

heterologous reactions. The approach is demonstrated with the investigation and optimization of 

nonribosomal peptide synthetase (NRPS) CFE. NRPSs synthesize nonribosomal peptides, 

natural products with diverse commercially relevant biological properties (i.e., antimicrobial, 

anticancer, immunosuppressive, and insecticidal activity)67. CFE is being increasingly considered 

for NRPS synthesis since their large (> 100 kDa) and complex structures make them difficult to 

express in vivo28,68. CFE conditions optimized via this technique for blue pigment synthetase A 

(BpsA), a model nonribosomal peptide synthetase (NRPS)69, improve the expression of other 

NRPSs as well. Further, improving BpsA expression in lysates increases the production of its 

pigment product from glutamine, a central metabolite that can be endogenously made in lysates.  

 

1.7. Organization of Dissertation 

 Part I of this dissertation encompasses Chapters 2-4 which describe the development of 

an effective lysate proteome engineering approach for restructuring endogenous metabolism in 

E. coli extracts. Chapter 2 is adapted from the article “Liquid Chromatography Coupled to 

Refractive Index or Mass Spectrometric Detection for Metabolite Profiling in Lysate-based Cell-

free Systems” which was published in the Journal of Visualized Experiments in 2021. Chapter 3 
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is adapted from the article “A Lysate Proteome Engineering Strategy for Enhancing Cell-Free 

Metabolite Production” originally published in Metabolic Engineering Communications in 2021. 

Chapter 4 is entitled “Rewiring Cell-free Metabolic Flux in E. coli Lysates using a Block-Push-Pull 

Approach” and is currently under review for publication as a research article in Synthetic Biology. 

Part II of this manuscript consists of Chapter 5 and details the optimization of a reporter-based 

tool that enables higher heterologous expression of functional biosynthetic enzymes. It is adapted 

from the article “Applying Reporters to Investigate and Optimize Lysate-Based Cell-Free 

Expression for Nonribosomal Peptide Production” which is currently under review for publication 

as a research article in ACS Synthetic Biology. The Appendix section at the end of each chapter 

includes the Supplementary Information associated with each article. The References of each 

chapter are collated at the end of this dissertation.  
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CHAPTER 2 

LIQUID CHROMATOGRAPHY COUPLED TO REFRACTIVE 

INDEX OR MASS SPECTROMETRIC DETECTION FOR 

METABOLITE PROFILING IN LYSATE-BASED CELL-FREE 

SYSTEMS 
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A version of this chapter was originally published by Jaime Lorenzo N. Dinglasan, David 

T. Reeves, Robert L. Hettich, and Mitchel J. Doktycz:  

 

Dinglasan, J. L. N., Reeves, D. T., Hettich, R. L., Doktycz, M. J. (2021) Liquid 

Chromatography Coupled to Refractive Index or Mass Spectrometric Detection for 

Metabolite Profiling in Lysate-based Cell-free Systems.  Journal of Visualized Experiments 

(175), e62852, doi:10.3791/62852 

 

This chapter has been adapted from its published format to accommodate new Figure, 

Table, and Equation enumeration. The Supplementary Information associated with this work may 

be found in the Appendix section of this chapter. All references are located at the end of the 

document.  

 

2.1. Abstract 

Engineering cellular metabolism for targeted biosynthesis can require extensive design-

build-test-learn (DBTL) cycles as the engineer works around the cell’s survival requirements. 

Alternatively, carrying out DBTL cycles in cell-free environments can accelerate this process and 

alleviate concerns with host compatibility. A promising approach to cell-free metabolic engineering 

(CFME) leverages metabolically active crude cell extracts as platforms for biomanufacturing and 

for rapidly discovering and prototyping modified proteins and pathways. Realizing these 

capabilities and optimizing CFME performance requires methods to characterize the metabolome 

of lysate-based cell-free platforms. That is, analytical tools are necessary for monitoring 

improvements in targeted metabolite conversions and in elucidating alterations to metabolite flux 

when manipulating lysate metabolism. Here, metabolite analyses using high-performance liquid 

chromatography (HPLC) coupled to either optical or mass spectrometric detection were applied 
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for characterizing metabolite production and flux in E. coli S30 lysates. Specifically, this report 

describes the preparation of samples from CFME lysates for HPLC analyses using refractive 

index detection (RID) to quantify the generation of central metabolic intermediates and by-

products in the conversion of low-cost substrates (i.e., glucose) to various high-value products. 

The analysis of metabolite conversion in CFME reactions fed with 13C-labeled glucose through 

reversed-phase liquid chromatography coupled to tandem mass spectrometry (MS/MS), a 

powerful tool for characterizing specific metabolite yields and lysate metabolic flux from starting 

materials, is also presented. Altogether, applying these analytical methods to CFME lysate 

metabolism enables the advancement of these systems as alternative platforms for executing 

faster or novel metabolic engineering tasks.  

 

2.2. Introduction 

Limitations in engineering microbes for chemical production can be addressed by 

recapitulating biochemical reactions in vitro where competing cellular survival functions are 

absent20. Moreover, the open reaction environment (i.e., absence of a cell membrane) is more 

amenable to manipulation and is easier to monitor compared to live cells. This foundational 

concept of cell-free metabolic engineering (CFME) has been elegantly demonstrated by the 

reconstitution of metabolic pathways to synthesize valuable chemicals like hydrogen and 

monoterpenes with production metrics that are orders of magnitude higher than presented in 

microbial cell factories thus far20,40,70. Methods for purifying whole pathways, however, are 

currently constrained by time and cost. Alternatively, cell-free metabolic systems can be derived 

from crude cell extracts through rapid and inexpensive methods relative to whole pathway 

reconstitution71. The central metabolism that is retained in cell extracts can be supplemented with 

energy substrates (e.g., glucose and enzymatic cofactors) and salts in buffered solutions to 

generate central metabolic precursors for over 24 h46,72. Adding exogenous enzymes to the lysate-
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based CFME reaction allows more complex bio-transformations of glucose into more valuable 

chemicals at high titers46,71,73. Although yield tends to be compromised in these systems due to 

their cell-like metabolic complexity, unique methods to curate lysate proteomes for higher yield 

conversion have been and are being developed72,74.  

The ease of carrying out metabolic transformations in lysate-based cell-free systems 

makes these excellent platforms for either moving chemical manufacturing outside of the cell 

altogether or for prototyping new pathways with high throughput before building and testing these 

designs in vivo20,22. For either application, tools for monitoring metabolic conversions or observing 

overall alterations to metabolic flux in lysates are integral to the advancement of CFME. High-

performance liquid chromatography (HPLC) can be used to separate the chemical constituents 

of CFME reactions with high-resolution and can be coupled to optical or mass-spectrometric 

detectors for metabolite quantification48,72. The underlying principle of HPLC is that analytes 

dissolved in a solvent (i.e., mobile phase) and pumped through a column will interact with the 

specific column packing material (i.e., stationary phase)75. Depending on their chemical 

properties, these analytes exhibit varying retention times before they are eventually eluted from 

the stationary phase and carried by the mobile phase to a detector. This report details the 

preparation and analysis of E. coli lysate-based CFME reactions through HPLC-based methods 

leveraging RID and MS/MS detection.  

 HPLC coupled to refractive index detection (HPLC-RID) is a generally accessible method 

for quickly identifying central metabolic precursors and end-products. Briefly, RID measures how 

analytes change the deflection of light by the mobile phase76. RID signals corresponding to target 

analytes in samples can then be quantified by comparisons with RID signals of standard solutions. 

In CFME applications, this mode of detection has been most commonly used with HPLC columns 

that separate compounds based on a combination of size exclusion and ligand exchange 

mechanisms, or ion-moderated partition chromatography46,72,74,77. This particular technique is 

used to quickly quantify the consumption of sugar substrates like glucose as well as the formation 
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of fermentation products like succinate, lactate, formate, acetate, and ethanol in lysate-based 

CFME reactions74. Recording the concentration changes of these compounds via HPLC has been 

useful for both elucidating the potential of crude cell extracts to pool central metabolic precursors 

and understanding how pathway flux is redirected through fermentative pathways during complex 

metabolic conversions from glucose in lysates46,74,78. Seminal CFME studies in E. coli cell extracts 

confirm that fermentation compounds accumulate as end-products of glucose catabolism and 

also occur as unwanted by-products in lysates that overexpress exogenous enzymes46,47. It is 

suggested that fermentative metabolism plays a necessary role in regenerating redox equivalents 

of cofactors (i.e., NAD(P)H and ATP) to sustain glycolytic reactions74. Hence, an HPLC-based 

optical detection method designed to separate fermentation products is a useful and commonly 

applied tool when executing various lysate-based CFME tasks. 

 CFME can be implemented to accumulate metabolic end-products that are not 

carbohydrates, organic acids, or alcohols71. The measurement of intermediates that are 

consumed as quickly as they are synthesized may also be desirable48. While HPLC-RID is 

accessible in terms of cost and difficulty, this method is constrained by its ability to only distinguish 

metabolites based on retention time. A broader range of metabolites can be analyzed when liquid 

chromatography is coupled to MS/MS detection (LC-MS/MS)79. By this method, analytes in the 

mobile phase are ionized and differentially detected based on each molecule’s mass and charge 

properties. Knowledge of both the metabolite’s mass-to-charge (m/z) ratio and retention time on 

the column thus facilitates the separation of most metabolic intermediates and end-products with 

high resolution79. This detection technique can also be coupled to nano-liquid chromatography, 

which affords much lower flow rates and sample injection volumes, allowing more sensitive 

detection of small molecules in the complex lysate background80. LC-MS/MS can additionally be 

applied with isotope labeling since incorporated labels impart changes in analytes’ m/z values81. 

Timepoint measurements extracted from a CFME reaction supplemented with a 13C6-glucose 

substrate can thus determine the end- or by-products derived specifically from supplemented 
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glucose. Although this isotope tracing method is not yet commonly applied in CFME studies, it is 

a powerful tool for understanding metabolic conversions in lysate-based CFME systems, 

specifically since salt counterions (i.e., acetate and glutamate) in these reactions are also 

catabolized as secondary substrates49. Leveraging this technique can thus draw a comprehensive 

picture of glucose metabolism in lysates, which to this day is not completely understood. Here, 

the protocol details a method for nano-liquid chromatography coupled to nanoelectrospray 

ionization (nano ESI) MS/MS that can be used to interrogate a possible model of glucose 

metabolism, specifically in E. coli lysates (Figure 2.1). The model is based on reports of 

fermentative pathways and the pentose phosphate pathway being active in E. coli lysates derived 

from strains grown in rich media46,72,74,78. The technique is additionally used to investigate amino 

acid production since current knowledge on amino acid anabolism from glucose in lysates is 

limited to a few examples such as the synthesis of aromatic amino acids73. Given the mostly polar 

nature of end-products and intermediates in these pathways (i.e., organic acids, sugar 

phosphates, and amino acids), reverse-phased liquid chromatography was utilized here.  This 

technique separates polar compounds by elution from a nonpolar stationary phase. These 

compounds were then ionized by nano ESI in negative ion mode which permits the detection of 

analytes with at least one negative elementary charge and is thus useful for detecting acidic 

compounds. This technique is employed here to analyze glucose-derived 13C-incorporating 

metabolites and demonstrates the utility of LC-MS/MS for understanding glucose metabolism in 

lysates.  
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Figure 2.1. A putative metabolic model of lysates derived from E. coli BL21DE3-Star 

growing exponentially in high glucose concentrations. Intermediates and end-products of 

glycolysis (green), the pentose phosphate pathway (dark orange), and fermentative pathways 

(blue) from acetyl-CoA have been reported in lysate-based CFME. The presence of succinate 

fermentation implies the activation of the oxidative TCA branch (gray). Amino acid anabolism 

(gold) in lysates is not well-defined and is investigated here. 
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2.3. Methods 

2.3.1. Starting, stopping, and processing time course CFME reactions for HPLC-RID 

quantification  

1. Thaw previously prepared E. coli lysates and prepare the rest of the reaction components on 

ice. NOTE: The lysates reported here were derived from E. coli BL21DE3-Star grown in 

2xYPTG (1.8 % glucose) media to mid-log phase.  

1.1. Prepare an appropriate volume of filter-sterilized (0.20 μm pore filter) S30 buffer (1 M 

Tris-OAc adjusted to pH 8.2 with glacial acetic acid, 1.4 M Mg(OAc)2, and 6 M KOAc). 

1.2. Prepare an energy mix containing glucose, glutamate salts, ATP, Coenzyme A, NAD+, 

Bis-Tris buffer, and dipotassium phosphate in the S30 buffer. Final concentrations in the 

desired reaction volume used to prepare CFME reactions here were 100 mM glucose, 

18 mM magnesium glutamate, 15 mM ammonium glutamate, 195 mM potassium 

glutamate, 1 mM ATP, 0.2 mM Coenzyme A, 1 mM NAD+, 150 mM Bis-Tris, and 10 mM 

dipotassium phosphate. 

2. Combine the components in 1.5 mL microcentrifuge tubes to prepare final reactions with 4.5 

mg/mL of total lysate protein. Here, CFME reactions were prepared with final volumes of 50 

μL in triplicate per timepoint. Incubate the reactions at 37 °C for their respective timeframes. 

NOTE: Work fast and add lysate as the final component of the reaction mix to prevent 

premature metabolic reactions with glucose and glutamate salts. Minimal glucose 

consumption can occur depending on how long reaction mixes are incubated on ice.  

3. Terminate the reactions and process the samples for HPLC-RID analysis. 

3.1. To terminate the triplicate reactions at their appropriate time points, immediately add an 

equal volume of 5% trichloroacetic acid to each sample’s final reaction volume (i.e., 50 

μL of 5% trichloroacetic acid to a 50 μL reaction). Dilute each sample with sterile water 

at 2x the reaction volume (i.e., 100 μL).  
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3.2. To recapitulate time zero, mix the same volume of 5% trichloroacetic acid as the total 

final reaction volume (i.e., 50 μL) with the lysate prior to adding the rest of the reaction 

components. This acidification step precipitates lysate enzymes before they significantly 

metabolize glucose.  

3.3. Vortex the samples and centrifuge on a benchtop microcentrifuge at 11,600 x g for 5 min 

and transfer supernatants containing the organic analytes to clean tubes. Store the 

samples at -20 °C if HPLC analyses are to be conducted on a different day. Ensure to 

thaw the stored samples on ice before proceeding to the next step. 

3.4. Filter each supernatant with a 0.22 µm pore filter. As an alternative to syringes, use 

centrifuge tube filters and centrifuge the supernatants at 16,300 x g for 1 min.  

3.5. Transfer each filtrate to a clean HPLC glass vial. Load vials onto the HPLC autosampler 

tray. 

4. Prepare samples for standard curve generation. 

4.1. Prepare a stock solution of all target analytes dissolved in S30 buffer at equimolar 

amounts above the starting concentration of glucose in the CFME reactions. Here, a stock 

solution consisting of 150 µM glucose, succinate, lactate, formate, acetate, and ethanol, 

was prepared. Perform 1:1 (v/v) serial dilutions from the stock solution to obtain triplicate 

50 μL solutions with final concentrations ranging from 0 µM to the stock concentration 

(i.e., 150 µM). 

4.2. Dilute each solution with 50 μL of 5% trichloroacetic acid and 100 μL of sterile water. 

Repeat steps 3.4–3.5. NOTE: It is good practice to run solutions for standard curve 

generation with each batch of samples to ensure accurate quantification of metabolite 

concentrations. 
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2.3.2. Preparing the HPLC system for metabolite detection  

1. Under a fume hood, prepare a sterilized 5 mM sulfuric acid solution from deionized and filter-

sterilized water. Add ~550 µL of a 98% HPLC grade sulfuric acid  solution to 2 L of water to 

prepare 5 mM sulfuric acid. CAUTION: Sulfuric acid is a hazardous chemical and working 

under a fume hood with proper lab PPE prevents inhalation, skin contact, and eye contact. 

Concentrated sulfuric acid reacts vigorously with water and should be added directly to water, 

not the other way around. Store in a cool, dry area away from direct sunlight and follow proper 

waste disposal measures set by the laboratory. 

2. Keep the 2 L bottle of 5 mM sulfuric acid incubated in a water bath next to the HPLC 

instrument. Set the water bath to 35 °C. Place tubing with a solvent filter in the solvent bottle 

and attach the other end to a degasser module in line with the pump module.  NOTE: Purging 

the system with a freshly prepared solvent prior to installing the column is good instrument 

handling practice. 

3. Equip the HPLC instrument with the HPLC column in line with the RID module. Place the 

column in the 35 °C water bath if a column thermostat is not available.  

4. Prepare the RID module for analysis at 35 °C in OpenLab CDS (Online) 2.15.26 software 

installed on the system computer.  

4.1. In the View menu, select the Method and run Control view. Right-click on the Pump 

Module > Method. Set the flow rate to 0.55 mL·min-1 and select the On button to initiate 

the pump. NOTE: If the column was in storage prior to being equipped on the HPLC, 

ramp up the flow rate to 0.55 mL·min-1 after equilibrating the column following the 

manufacturer’s instructions. 

4.2. Right-click on the panel corresponding to the RID Module > Method. Set the temperature 

of the RI detector module to 35 °C and select On to start warming up the RI detector 

module. 
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4.3. Right-click on the panel RID Module > Control. Select On for the Purge Reference Cell 

for at least 15 min when using a fresh solvent or 1 h if different solvents flowed through 

the RI detector prior to this setup. Click on the On button. NOTE: Keep the pump and RI 

detector on until a stable baseline is achieved on the online plot. This is affected by 

temperature fluctuations in the laboratory and can take up to 4 h or longer. It is 

recommended that the system is kept on overnight prior to sample loading.  

 

2.3.3. Creating a method for the isocratic HPLC separation of organic fermentation 

products in OpenLab (Online)  

1. From the menu bar, select Method > New Method. Select Method > Save Method as 

[MethodName].M. Select Method > Edit Entire Method > Instrument/Acquisition. 

2. Within the Binary Pump tab, set the flow to 0.55 mL·min-1. Under Solvents, select the letter 

corresponding to the solvent input on the pump module and set it to 100% for isocratic elution. 

Set Pressure Limits to 0 and 400 bar and input 30 min as the Stoptime. 

3. Within the Sampler tab, set the Injection Volume to 50 μL. Select the As Pump/No Limit option 

under Stoptime. Set the Advanced Auxillary Settings for Draw Speed, Eject Speed, and Draw 

Position to 200 μL·min-1, 200 μL·min-1, and -0.5 mm. 

4. Within the RID tab, set Optical Unit Temperature to 35 °C. Under Signal, select Acquire for 

Signal and > 0.2 min for Peakwidth. Select the As Pump/Injector option for Stoptime. 

5. Under Advanced within the RID tab, set Analog Output to 5% Zero Offset and 500,000 nRIU 

for Attenuation. Select the Positive option for Signal Polarity and the On option for Automatic 

Zero Before Analysis.  

6. Save the method by selecting Method > Save Method. Ensure that the method is loaded by 

selecting Method > Load Method > [MethodName].M. 
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2.3.4. Creating a Sequence Table for autosampling and start the HPLC-RID system for data 

acquisition  

1. From the menu bar, select Sequence > New Sequence Template. Select Sequence > Save 

Sequence Template as [SequenceTemplateName].S.  

2. Select Sequence > Sequence Table. Append ‘n’ rows corresponding to ‘n’ vials, then input 

vial positions and sample names under Vial and Sample Name, respectively, according to 

their arrangement on the autosampler tray. Select the Method generated in step 3 from the 

Method Name dropdown menu and input 50 μL as Inj/Vial (Injection per Vial) for each row.  

3. Click Apply and save the sequence template by selecting Sequence Template > Save 

Sequence Template. Ensure the sequence template is loaded by selecting Sequence > Load 

Sequence Template > [SequenceTemplateName].S. 

4. Once a stable baseline is achieved on the online plot, right-click the panel RID Module > 

Control > Off Recycling Valve to ensure that solvent flow through the RID detector is directed 

to waste. To start data acquisition, select  Sequence from the menu bar,  Sequence > Run.  

 

2.3.5. Extracting and analyzing data post-run   

1. Select Data Analysis view from the View menu. Locate the Sequence File name from the File 

List on the left-hand side of the screen. On the center panel on the screen, go to the Signal 

View Selection > RID Signal to view the sample chromatograms. 

2. Select a row corresponding to a high concentration standard sample from the top panel on 

the screen. Take note of retention times for the target analyte peaks on the displayed 

chromatogram. Peaks corresponding to the target analytes will be arranged along the 

retention time axis as glucose, succinate, lactate, formate, acetate, and ethanol (Appendix 

Figure 2.7). NOTE: The first large peak on the chromatogram corresponds to trichloroacetic 

acid. Its RI units should be consistent across all standard curve samples. Validate the 

retention time of each target analyte by running each compound as a separate sample.  
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3. Extract peak areas for each target analyte from chromatograms of standards and reaction 

samples.  

3.1. Discern whether peaks-of-interest are well integrated by the software. Draw the red line 

as the base of each peak to obtain an accurately integrated area under the curve. If 

automatic integration fails (i.e., red line is askew), select the Manual Integration button 

from the Integration Tool Set and manually draw a peak base to integrate the peak area. 

NOTE: If manual integration must be performed for a target analyte in one sample, keep 

consistent and manually integrate the same analyte across all samples.  

3.2. Select the Cursor tool from the Common Tool Set to click on properly integrated peaks. 

The peak area and corresponding reaction time of the select peak will be highlighted as 

a table row on the bottom panel of the screen.  

3.3. To export peak areas, select File > Export > Integration Results.  

4. Quantify the target analyte concentrations using standard curves.  

4.1. Plot peak area values vs. known concentrations of samples (spreadsheet). Right-click on 

the plotted data, Add Trendline > Format Trendline > Display Equation on Chart.  

4.2. In a separate spreadsheet, use the equations of standard curve trendlines to convert peak 

area values to concentrations for every analyte from each sample. Calculate average 

peak areas and standard error values across triplicates for data visualization.  

 

2.3.6. Starting, stopping, and processing time course isotope tracing CFME reactions for 

LC-MS/MS quantification  

1. Set up triplicate reactions per time point (except time zero) on ice as described in 1.1–1.2. 

However, instead of glucose, use a final concentration of 100 mM 13C6-glucose in the 

reactions. Here, the reactions were incubated at 37 °C for 1 h, 2 h, and 3 h.   

2. To terminate, flash freeze the reactions in liquid nitrogen and store at -80 °C.  This storage 

step can be skipped for same-day analysis. NOTE: Trichloroacetic acid was not used to stop 
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reactions due to interference from the acid when detecting some central carbon metabolites 

via LC-MS/MS. Instead, extraction solvent containing formic acid (step 6.3) is used to 

precipitate metabolic proteins since formic acid’s mass is below the detection limit of the 

reported MS/MS method. 

3. Prepare 50 mL of extraction solvent. Combine and vortex 20 mL of acetonitrile, 20 mL of 

methanol, and 10 mL of water (all LC-MS grade) in a 50 mL centrifuge tube along with 0.199 

mL of formic acid to make a 0.1 M solution. Chill the solvent to 4 °C during extraction and 

store the solvent at -20 °C when not in use. 

4. Processing samples for LC-MS/MS analysis 

4.1. On the day of analysis, pipette an equivalent volume of extraction solvent (i.e., 50 μL) to 

each sample. If the samples were frozen, add the extraction solvent before samples 

completely thaw out to prevent the reactivation of glucose metabolism. Perform all sample 

processing steps on ice. 

4.2. To recapitulate time zero, pipette the final volume of extraction solvent (i.e., 50 μL) to an 

appropriate volume of lysate for the desired final concentration in the reaction (i.e., of 4.5 

mg/mL in 50 μL reaction volume). Add the rest of the reaction components as in step 1.2. 

This acidification step precipitates lysate enzymes before they significantly metabolize 

glucose. 

4.3. Incubate the samples in extraction solvent on ice for 30 min with gentle shaking, then 

centrifuge the samples at 21,000 x g for 15 min at 4 °C to separate the supernatant from 

the precipitated protein. Transfer 50 μL of the supernatant to autosampler vials and load 

the vials onto the tray within the 4 °C autosampler. Store the rest of the supernatant at -

20 °C for future analyses. 
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2.3.7. Setting up the LC system for LC-MS/MS analysis  

1. Prepare 1 L of Solvent A by completely dissolving 77.08 mg of ammonium acetate in 950 mL 

of water and 50 mL of isopropanol. Prepare 1 L of Solvent B with 650 mL of acetonitrile, 300 

mL of water, and 50 mL of isopropanol along with 77.08 mg of ammonium acetate. Ensure 

that all solvents are LC-MS grade.  

2. Connect the solvent bottles containing Solvents A and B to the pump module. Purge the 

system at a high flow rate to remove/limit any air contamination that may have occurred during 

the equipment of the solvents to the LC system. 

3. Equip the system with a C18 reversed-phased column (30 cm column length, 75 µm inner 

diameter, and 5 µm particle diameter). Condition the column to the LC-MS system by flowing 

100% solvent B and slowly flowing up Solvent A to 100%. NOTE: Column tips were prepared 

in-house using a micropipette puller and packed with pressure cells and helium. 

 

2.3.8. Creating a method on LC-MS/MS data acquisition and interpretation software for the 

LC system linked to Fourier Transform and Ion Trap Mass Spectrometers  

1. Open the Tune Plus software to edit a tune file for the MS method. 

1.1. From File on the menu bar, open a preinstalled negative mode tune file.  

1.2. Select ScanMode on the menu bar, then select Define Scan Window. Set the microscan 

time setting for MSn to 1 for both Ion Trap and FT.  

1.3. Go to settings for Nano-ESI Source and set Spray Voltage to 4 kV. Modulate this until an 

acceptable electrospray is generated; typically, acceptable electrospray can be achieved 

within the range of 2–5 kV.   

1.4. Save the tune file.  
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2. Generate a new LC method using the Setup Wizard of the instrument’s data acquisition and 

interpretation software. Open Roadmap > Sequence Setup > Wizard. Since these methods 

do not require the usage of a column heater, skip the Temp Control step.  

2.1. Under Flow Gradient Pump Options, select Multistep. In the next window, insert 7 lines 

and set the flow rate for each row to 0.1 mL·min-1. Input the following parameters for each 

row: from 0–3 min, deliver 100% solvent A; from 3–9 min, introduce a gradient from 100% 

solvent A to 20% solvent B; from 9–19 min, introduce a new gradient from 20% solvent 

B to 100% solvent B; from 19–27 min, hold at 100% solvent B; from 27–28 min, set the 

gradient back to 100% solvent A; from 28–44 min, rinse and recondition of the column for 

subsequent runs by holding at 100% solvent A. Include a final step to lower the flow rate 

to 0.03 mL·min-1 upon completion of the run to conserve the solvent when the LC is not 

in use. 

2.2. Apply Default settings for Sampler Options > Pump Pressure as the Acquisition Option 

and use Default Acquisition Time and use Default pump pressure options.  

3. Create an MS/MS method by selecting the Orbitrap Velos Pro MS icon from the sidebar on 

the Instrument Setup window. 

3.1. Click on New Method > Data Dependent MS/MS. Set Acquire Time to the length of the 

LC run (i.e., 44 min), Segment to 1, and Scan Events to 11. For Tune File, select the 

edited file from step 8.1. NOTE: The first event is an MS1 precursor scan using the Fourier 

Transform MS (FTMS). The succeeding 10 events will be MS2 scans selecting the 10 

most intense and unique ions in each precursor scan for MS2 fragmentation. 

3.2. For Event 1, under Scan Description set Analyzer to FTMS and Polarity to Negative. 

Under MSn Settings, use a Resolution of 30,000 and a Normalized Collision Energy of 

35 V. Set Scan Ranges to 50 m/z for first mass and 1800 m/z for last mass to capture 

small molecules.  
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3.3. For events 2 through 11, under Scan Description set Analyzer to Ion Trap. Select 

Dependent Scan and click on Settings > Global > Dynamic Exclusion and select Enable; 

set a 30 s repeat duration and 120 s exclusion duration to eliminate repeat scans in 

proximity.  

3.4. Go to Scan Event settings and set Mass Determined from Scan Event to 1 for all MS2 

events (2 through 11). To scan for the top 10 most intense ions, set each MS2 scan event 

to detect an nth Most Intense Ion from 1st to 10th. Therefore, set Event 2 to detect 1 as 

the nth Most Intense Ion, event 3 to detect 2, and so on.  

3.5. Close the setup window and go to File | Save As [Method_Name].meth. NOTE: For 

general use, maintenance, and calibration of the LC instrument and mass spectrometer, 

refer to the operating instructions and manuals supplied by the manufacturer. 

2.3.9. Setting up a run sequence and starting the LC-MS/MS run 

1. Set up a Run Sequence using the LC-MS/MS system’s data acquisition and interpretation 

software. Within Roadmap > Sequence Setup, right-click on the table to insert as many rows 

as samples.  For each row, set the Inj Vol to 5 μL and Position to the vial’s respective position 

on the autosampler tray. Input file names as sample names and set the desired file path for 

run results. NOTE: Blank vials containing Solvent A can be run at the start of the sequence 

and between each set of triplicate samples (each set of time points) to rinse the column.   

2. To start the run, highlight all File Names in the Sequence. From the menu bar, select Actions 

> Run Sequence > OK. 

 

2.3.10. Consolidating files and searching for tentative annotations on MZmine 2.53  

1. Open MZmine and import the ‘.raw’ output files from step 9.1. From the menu bar, Raw Data 

Methods > Raw Data Import. Select files corresponding to samples. 
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2. Construct a list of peaks distinguishing between MS1 and MS2 scans. From the menu bar, 

Raw Data Methods > Feature Detection > MS/MS Peaklist Builder. Relevant settings include 

m/z Window set to 0.01 and Time Window set to the length of the run. Under set filters, select 

Negative as Polarity and Centroided as the Spectrum Type.  

3. From the menu bar, go to Feature List Methods > Feature Detection > Peak Extender. Set 

m/z Tolerance to 0.005 m/z or 10 ppm and Minimum Height to 1E3. This step will create fully 

fleshed out peaks. 

4. Remove duplicate peaks. Go back to Feature List Methods > Filtering > Duplicate Peak Filter. 

Relevant settings include m/z Tolerance set to 0.005 m/z or 10 ppm and a RT Tolerance set 

to 5 min. 

5. To align peaks within similar data files (i.e., those of triplicate reactions), go back to Feature 

List Methods > Normalization > Retention Time Calibration. Be sure to process triplicate 

samples together and leave out blanks. Relevant settings include m/z Tolerance set to 0.005 

m/z or 10 ppm, RT Tolerance set to 3 min absolute (min), and Minimum Standard Intensity 

set to 1E3. 

6. Align peaks from all files by m/z and retention time from Feature List Methods > Alignment > 

RANSAC Aligner. Set m/z Tolerance to 0.005 m/z or 10 ppm, RT Tolerance and RT Tolerance 

After Correction to 44 and 39 min, respectively, RANSAC Iterations to 0, Minimum Number of 

Points to 10%, and Threshold Value to 1. Tick the option Require Same Charge State. 

7. Correct for any data points that may have been lost in prior steps in Feature List Methods > 

Gap Filling > Peak Finder. Relevant settings include Intensity Tolerance set to 50%, m/z 

Tolerance set to 0.005 m/z or 10 ppm, and RT tolerance set to 3 min. Enable RT correction. 
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2.3.11. Calculating negative mode masses of 13C-labeled glucose-derived metabolites and 

searching for the m/z features of these analytes in filtered data  

1. Calculate the masses of 13C-labeled metabolites from glucose metabolism for the targeted 

search.  

1.1. Calculate the monoisotopic mass of each target compound from the number of atoms in 

the compound’s molecular formula and the monoisotopic masses of each element. 

1.2. Calculate the compound’s negative mode mass [M-H]- by subtracting the mass of 1 

proton (1.007276 Da) from the monoisotopic mass. This is the mass detected by negative 

mode MS detection after molecules are stripped of a hydrogen ion during ionization.  

1.3. From the negative mode mass, calculate the mass of the 13C-incorporating metabolite. 

Here, the masses of isotopologues that maximally incorporate glucose-derived 13C-labels 

were calculated.  

2. Use calculated masses of 13C-labeled metabolites to search and annotate m/z features from 

MZmine results. For each possible hit, calculate the mass error (ppm) using the following 

equation: 

𝑝𝑝𝑚 𝑒𝑟𝑟𝑜𝑟 =  
(

𝑚

𝑧
)𝑡ℎ𝑒𝑜𝑟𝑒𝑡𝑖𝑐𝑎𝑙  − (

𝑚

𝑧
)𝑒𝑥𝑝𝑒𝑟𝑖𝑚𝑒𝑛𝑡𝑎𝑙

(
𝑚

𝑧
)𝑡ℎ𝑒𝑜𝑟𝑒𝑡𝑖𝑐𝑎𝑙

 𝑥 106  

 

NOTE: Experimental m/z values with < 15 ppm mass error were considered as putative 

annotations in the current analysis. 

3. Manually check spectra of putative annotations on a quality browser to confirm annotations.  

3.1. Open Roadmap > Qual Browser. From the Tool Bar, Open Raw File to import raw MS 

data of each sample.  

3.2. Draw a line under a desired range of retention times (i.e., corresponding to the putative 

annotation) on the total ion chromatogram (top panel) to view a mass spectrum (bottom 

panel). Right click on the spectrum and input a range of masses that encompass the 
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target analyte’s m/z. Check whether the putative annotations have distinct peak signals 

that are appreciably above noise (Appendix Figure 2.8). 

4. Calculate the average peak areas and standard errors of positive annotations across 

biological replicates for each time point. Visualize the data (i.e., on a bar graph) to observe 

trends in glucose metabolism.  

 

2.4. Representative Results 

2.4.1. HPLC-RID based analysis of lysate fermentative metabolism 

To quantify the lysate-based cell-free synthesis of common fermentation products from 

glucose, lysates derived from strains grown in 2xYPTG media were fed 100 µM glucose as a 

primary carbon source74. Reactions were stopped over a 24 h time course by protein acidification. 

Filtered supernatants containing pyruvate, succinate, lactate, formate, acetate, and ethanol 

produced from glucose catabolism were loaded onto the autosampler module of a 1260 Infinity 

HPLC system equipped with a RID module. Vials with filtered mixtures of fermentative end-

products and glucose at 1.17 µM, 2.34 µM, 4.69 µM, 9.38 µM, 18.75 µM, 37.50 µM, 75 µM, and 

150 µM concentrations in S30 buffer were loaded onto the instrument as standards. Analytes 

were eluted isocratically from an HPLC column to the RID. Peaks for glucose, succinate, lactate, 

formate, acetate, and ethanol within the 1 to 150 µM range could be resolved by RID. Peak areas 

for glucose were derived by manual integration from the RID data for time course and standard 

curve samples. Extracted peak areas for succinate, lactate, formate, acetate, and ethanol were 

taken from automatically integrated signals. All standard curves (peak area vs. known 

concentration) had R2 values >0.99 and were linear throughout the range of concentrations used 

here.   

Molar concentrations for all target analytes were calculated from their respective standard 

curves. Glucose was consumed within the first 3 h of the reaction and mainly fermented to lactate 
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(Figures 2.2A & B). Ethanol accumulation also significantly occurred within the first 3 h of the 

reaction and stopped thereafter (Figure 2.2C). The observation of significant lactate and ethanol 

production with significant glucose consumption after 3 h was not unprecedented since lactate 

and ethanol production pathways allow the regeneration of 1 net mol NAD+ from glycolytic NADH 

required for continued glucose consumption through glycolysis (Figure 2.1). Lactate and ethanol 

can thus be considered as the major fermentation end-products in lysate-based cell-free glucose 

metabolism. Acetate was initially present in the reactions as a component of the S30 buffer and 

unexpectedly only accumulated as a result of metabolism after 6 h when glucose consumption 

had slowed down (Figure 2.2D). This result suggests that acetate fermentation does not 

necessarily enable rapid glycolytic flux in earlier time points. Meanwhile, formate and succinate 

were synthesized as minor fermentation products (Figures 2.2E & F). Altogether, the method 

enabled the absolute quantification of sugar substrate depletion and fermentative product 

formation in E. coli S30 lysates.  

 

2.4.2. Tracing carbon metabolism in lysates via LC-MS/MS  

MS detection to profile lysate glucose metabolism specifically was applied here. Lysates 

derived from strains grown in 2xYPTG media were fed 13C6-glucose as a carbon source. CFME 

reactions were run in triplicate for 0 h, 1 h, 2 h, and 3 h. Samples from each timepoint were loaded 

on an LC system equipped with a reversed-phase column and coupled to Fourier transform and 

ion trap mass spectrometers. Negative ion mode spectra were obtained and processed to analyze 

organic acids, sugar phosphates, and amino acids. Calculated theoretical masses of 13C-labeled 

species belonging to central carbon metabolism were searched to identify compounds that are 

specifically glucose-derived. Based on the utilized source strain cultivation conditions and 

previous reports of active pathways in E. coli CFME, it is assumed here that the lysate proteome 

comprises a metabolic network that feeds glucose into glycolytic fermentation, the pentose 

phosphate pathway, and possibly amino acid anabolism46,72–74,78 (Figure 2.1). The search was 
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Figure 2.2. HPLC-RID data for glucose consumption and fermentative end-product 

synthesis in CFME reactions prepared with E. coli crude extracts. (A) Glucose consumption 

and (B) lactate, (C) ethanol, (D) acetate, (E) formate, and (F) succinate production in CFME 

reactions were monitored over 24 h. Average mM concentrations and error bars (SE) quantified 

with standard curves are presented. (n = 3) 
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therefore narrowed down to members of these pathways of which 16 metabolites incorporating 

glucose-derived 13C labels were unambiguously annotated (Appendix Table 2.1). 

13C6-glucose was observably consumed through glycolysis as evidenced by the fluctuations in 

glycolytic intermediate abundances (Figures 2.3A to E). Consistent with the HPLC-RID data, 

glucose accumulated to 13C3-lactate and was also fermented to 13C3-succinate within the first 3 h 

of the reaction (Figures 2.4A & B). The formation of 13C3-succinate isotopologue supports the 

proposed model of lysate glucose metabolism (Figure 2.1) where succinate is likely to be 

generated by the carboxylation of a 3-carbon phosphoenolpyruvate (PEP) molecule, and not from 

the entry of a 2-carbon acetyl-CoA molecule to the TCA cycle. Activation of the TCA cycle has 

been assumed in previous CFME studies, but other 13C-labeled intermediates of TCA were not 

detected here49,53,74. 13C3-aspartate synthesis however occurred within the first h and was 

consumed, reinforcing the idea that PEP is directly converted to oxaloacetate (Figures 2.1 & 

2.5C).  

The data are reflective of a lysate proteome from source strains harvested during 

fermentative growth on glucose-rich media (2xYPTG). This would further imply that the rest of the 

TCA enzymes not participating in succinate production form an oxidative TCA branch (Figure 

2.1). None of the metabolites in this pathway however were detected, possibly because high 

concentrations of glutamate added to the CFME reaction as a salt counterion prevent the 

progression of this branch. 

The HPLC-RID data is additionally complemented by the lack of 13C2-acetate detection 

within the 3 h reaction timeframe suggesting no build-up of acetate from glucose up to 3 h (Figure 

2.2B). However, the direct precursor of acetate, acetyl-phosphate (acetyl-P), accumulated 

suggesting that the Pta arm of the Pta-AckA pathway for acetate synthesis from acetyl-CoA is 

active (Figures 2.4C & D). The AckA catalyzed dephosphorylation of 13C2-acetyl-P to 13C2-acetate 

likely does not occur within this timeframe due to acetate being a major component of S30 buffer 

used in the reactions (Figures 2.1 & 2.2B). 
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Figure 2.3. Time course trends of 13C6-glucose and 13C-labeled glycolytic intermediates 

in E. coli lysate CFME. Relative abundances of (A) 13C6-glucose, (B) 13C6-glucose-6-

phosphate/fructose-6-phosphate, (C) 13C6-fructose-1,6-bisphosphate, (D) 13C3-glyceraldehyde-3-

phosphate/dihydroxyacetone phosphate, and (E) 13C6-pyruvate in CFME reactions over 3 h. Raw 

peak areas extracted by mzMINE software were used to calculate averages and error bars (SE) 

for positive annotations. (n = 3) 
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Figure 2.4. Time course trends of intermediates and end-products in 13C6-glucose 

fermentation in E. coli lysate CFME. Relative abundances of (A) 13C3-lactate, (B) 13C3-

succinate, (C) 13C2-acetyl-phosphate, and (D) 13C2-acetyl-CoA in CFME reactions over 3 h. Raw 

peak areas extracted by mzMINE software were used to calculate averages and error bars (SE) 

for positive annotations. (n = 3) 
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Figure 2.5. Time course trends of detected 13C6-glucose derived amino acids in E. coli 

lysate CFME. Relative abundances of (A) 13C9-tyrosine, (B) 13C5-histidine, and (C) 13C3-aspartate 

over 3 h. Raw peak areas extracted by mzMINE software were used to calculate averages and 

error bars (SE) for positive annotations. (n = 3) 
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The incorporation of 13C6-glucose derived carbons to sugar phosphates 6-

phosphogluconolactone (6PGL), 6-phosphogluconate (6PG), ribulose-5-phosphate (Ru5P), and 

sedoheptulose-7-phosphate (S7P) was also observed (Figure 2.6). These results confirm the 

participation of the pentose phosphate pathway in lysate glucose metabolism and likely feeds 

13C9-tyrosine synthesis, which has been suggested before by a proteomic study, while also 

providing a precursor for 13C5-histidine production73 (Figures 2.5A & B). Labeled phenylalanine 

and tryptophan were not observed here and neither were most of the essential amino acids. 

However, this is not entirely surprising since amino acid anabolism is likely to be enriched in 

lysates derived from cells grown in nutrient-starved conditions or at the stationary phase73,82. 

Moreover, the data thus far suggests that intermediates of glycolysis and fermentation are 

funneled towards cofactor regenerating end reactions, which must preclude the synthesis of many 

amino acids derived from glyceraldehyde-3-phosphate, pyruvate, and acetyl-CoA (i.e., glycine, 

cysteine, serine, alanine, valine, leucine, and lysine) (Figure 2.1). 

As mentioned, 13C3-aspartate was produced within the first hour, whereas aspartate 

derived 13C-incorporating amino acids (i.e., threonine, isoleucine, methionine, and asparagine) 

were not observed possibly because glucose-derived aspartate participates in fermentation 

(Figures 2.1 & 2.5C). Lastly, flux towards labeled glutamate and amino acids derived from 

glutamate may have been impeded by high levels of glutamate in the reaction environment 

(Figure 2.1). 

 

2.5. Discussion 

The outlined HPLC-RID approach can be used to successfully quantify sugar substrate 

consumption and subsequent conversions to major organic acid and alcohol products of lysate 

central metabolism over time. This protocol furthermore employs a simple isocratic method using 

a single mobile phase, requires minimal sample preparation, and allows a simple targeted  
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Figure 2.6. Time course trends of 13C6-glucose derived pentose phosphate pathway 

intermediates in E. coli lysate CFME. Relative abundances of (A) 13C6-6-

phosphogluconolactone, (B) 13C6-6-phosphogluconate, (C) 13C5-ribulose-5-phosphate, and (D) 

13C7-sedoheptulose-7-phosphate over 3 h. Raw peak areas extracted by mzMINE software were 

used to calculate averages and error bars (SE) for positive annotations. (n = 3) 
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downstream analysis. Analytes measured by the HPLC-RID method are distinguished solely by 

their retention times, and therefore their interactions with the selected column resin.The HPLC  

column utilized here was particularly designed for separating carbohydrates, organic acids, and 

alcohols by a combination of size-exclusion and ligand exchange (i.e., ion-moderated partition 

chromatography). The described method is, therefore, useful for more targeted analysis of 

carbohydrate substrates and select end-products of glucose fermentation pathways which are 

expected to primarily facilitate and energize lysate-based bio-transformations47,53,74. However, this 

protocol does not account for the activation of other metabolic pathways in cell extracts. Pipelines 

employing other chromatographic separation techniques (i.e., hydrophilic interaction 

chromatography), gradient elution methods, more complicated sample preparation (i.e., 

derivatization), and different optical detectors (e.g., ultraviolet light or evaporative light scattering 

detectors) could be used to detect other metabolites such as amino acids and sugar 

phosphates83,84. Alternatively, a global approach to studying lysate metabolism can be taken using 

LC-MS/MS. 

The described LC-MS/MS method is a single workflow for measuring and identifying a 

broader range of metabolites. LC-MS/MS is a state-of-the-art analytical tool for metabolome 

profiling because of its sensitivity and ability to distinguish metabolites by retention time and m/z 

ratios with high resolution79. With a focus on central carbon metabolic pathways and amino acid 

anabolism, negative mode MS/MS was implemented to specifically detect polar organic acids, 

sugar phosphates, and amino acids. Coupled with a nano-liquid chromatography technique, the 

method provides high sensitivity for detecting small molecules in the complex lysate 

background80. In terms of profiling lysate-based CFME metabolism, however, a limitation of the 

described LC-MS/MS protocol is its lower detection limit of 50 m/z which precludes the 

measurement of ethanol, a major product in lysate glucose metabolism, as well as formate, which 

are both otherwise easily quantified by the detailed HPLC-RID method. Compared to LC-MS/MS, 

HPLC-RID has the additional advantage of relative accessibility in terms of cost and difficulty. To 
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the latter point, troubleshooting of the LC-MS/MS method described here may require some 

degree of expertise in mass spectrometry. Nonetheless, MS detection has uniquely appealing 

applications over RID as it can additionally distinguish labeled isotopes in metabolomes, an 

excellent technique for understanding carbon movement from supplemented substrates through 

the complex lysate metabolic network81. Such an approach was applied here by supplementing 

reactions with 13C6-glucose and analyzing the relative abundance values of downstream 13C-

incorporating metabolites. The analysis allowed the definition of active and inactive pathways, 

supporting previously reported assumptions and providing new insights about metabolic flux in 

lysates. Modifications can also be made within the method for specific analyses. For example, 

standard solutions of 13C-labeled target compounds can be analyzed along with samples to 

achieve absolute quantitative measurements of glucose-derived molecules over time and make 

conclusions about flux distributions. Better detection of positively charged compounds can also 

be enabled within the current workflow by running sequences with .meth files adjusted for positive 

mode detection. 

Analytical sampling in both described methods is conveniently automated, ensuring high 

reproducibility. Moreover, smooth analytical runs can be expected as long as proper instrument 

handling practices and maintenance are observed. When using these tools to analyze CFME 

reactions, more critical considerations should be made upstream and downstream of sampling. 

During sample preparation, it is important that time-course controls are representative of time-

zero. Here, proteins were precipitated in lysates by acidification to stop metabolic reactions. For 

time-zero samples, the acid solvent was combined with lysate prior to adding the reaction mix 

containing glucose. Acidification with trichloroacetic acid effectively ensured that glucose is not 

metabolized at time-zero, as shown in the HPLC-RID data (Figure 2.2). While a similar procedure 

to quench glucose metabolism was performed in the reported LC-MS/MS analysis, 13C-labeled 

metabolites were detected in time-zero samples, albeit at significantly low abundance values 

relative to samples extracted at later timepoints. Moreover, these observations were limited to 
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intermediates of glycolysis. The data suggest that the reactions retain some degree of glycolytic 

activity after acidification with the extraction solvent that is detected by this highly sensitive 

method. The extent of this activity, however, should be quantified. A previous study reported that 

acidic extraction solvents may not sufficiently quench intermediate glycolytic reactions but can 

stop significant glucose consumption48. While this remains to be further investigated in the system 

used here, drastic changes in relative abundance values between time-zero and later timepoint 

samples can be interpreted as trends in glucose metabolism. Exploring alternative quenching 

methods, however is recommended in similar applications, specifically for obtaining absolute 

quantities of metabolic intermediates48. Furthermore, good practices during downstream software 

analyses should also be observed. Consistency is imperative when manually integrating peak 

areas from RID signals to reduce human error. Manual integration should also be applied to peak 

areas of standards whenever manually integrated peak areas are being used to quantify 

metabolite concentrations in samples. Throughout the targeted LC-MS/MS analysis, tentative 

annotations from MZmine analysis should be validated by manual peak checking using an MS 

quality browser and m/z features should only be annotated when calculated mass errors are 

acceptable. Here, these analyses were performed manually for a limited set of targets since 

comprehensive and robust software for isotope searching are not yet established. However, such 

automated methods for searching 13C labeled metabolites are currently emerging and would 

streamline more complicated analyses as well like profiling lysates beyond central carbon 

metabolism85. Advanced liquid chromatography is a robust and widely applied method for 

separating small molecules in complex metabolic mixtures75. The described methods couple this 

separation technique with refractive index or mass spectrometric detection to successfully 

analyze metabolite conversions in lysate-based CFME reactions. HPLC-RID and LC-MS/MS are 

individually powerful tools for profiling active lysate metabolism and their complementarity can 

further be leveraged to address each technique’s inherent limitations. The reported methods 

enable the application and development of CFME as they can be utilized towards understanding 
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lysate metabolism, monitoring improvements in targeted metabolite conversions, and elucidating 

alterations to metabolite flux when manipulating lysate metabolism. 
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Appendix 

 

 

Figure 2.7. Representative HPLC-RID chromatogram showing peaks for major fermentative 

products in a CFME reaction incubated at 37 ˚C for 24 hrs. Glucose, succinate, lactate, 

formate, acetate, and ethanol peaks are sufficiently distinguishable by their retention times on an 

HPLC column during isocratic elution with 5 mM sulfuric acid solvent. 
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Figure 2.8. Representative mass spectra for 13C-labeled metabolites in a CFME reaction 

incubated at 37 ˚C for 1 h. A) lactate, B) glucose, and C) 6-phosphogluconate (6PG).  
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Table 2.1. List of detected 13C-labeled metabolites, retention times (aligned across samples 

using MZmine), theoretical fully 13C-labeled negative mode m/z values, m/z values of 

detected features, and calculated mass errors. 
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CHAPTER 3 

A LYSATE PROTEOME ENGINEERING STRATEGY FOR 

ENHANCING CELL-FREE METABOLITE PRODUCTION 
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3.1. Abstract 

Cell-free systems present a significant opportunity to harness the metabolic potential of 

diverse organisms. Removing the cellular context provides the ability to produce biological 

products without the need to maintain cell viability and enables metabolic engineers to explore 

novel chemical transformation systems. Crude extracts maintain much of a cell’s capabilities. 

However, only limited tools are available for engineering the contents of the extracts used for cell-

free systems.  Thus, our ability to take full advantage of the potential of crude extracts for cell-

free metabolic engineering is constrained.  Here, we employ Multiplex Automated Genomic 

Engineering (MAGE) to tag proteins for selective depletion from crude extracts so as to 

specifically direct chemical production. Specific edits to central metabolism are possible without 

significantly impacting cell growth. Selective removal of pyruvate degrading enzymes resulted in 

engineered crude lysates that are capable of up to 40-fold increases in pyruvate production when 
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compared to the non-engineered extract. The described approach melds the tools of systems and 

synthetic biology to showcase the effectiveness of cell-free metabolic engineering for applications 

like bioprototyping and bioproduction. 

 

3.2. Introduction 

Driven by the prospect of biological systems that can be easily manipulated, the 

application of synthetic biology tools to in vitro environments offers a promising approach to 

harnessing an organism’s rich metabolic potential86. Cell-free systems use cytoplasmic 

components, devoid of genetic material and membranes, as a means of producing complex 

chemical transformations. While living cells require membranes, growth substrates, and 

biochemical regulation, in vitro systems sidestep these barriers to manipulation and present an 

opportunity to explicitly define a system for creating novel proteins and metabolites87. In this way, 

cell free metabolic engineering (CFME) can use the organism’s existing biochemical functions 

and further combine these capabilities with heterologous pathways to produce chemical 

precursors, biofuels, and pharmaceuticals.  

Efforts to engineer cell free systems have taken different approaches. Ideally, a CFME 

system would contain a minimal set of components necessary to carry out a desired biochemical 

process. Previous approaches employed a defined set of purified enzymes for producing high-

yielding chemical conversions and have successfully demonstrated a variety of capabilities 

including chemical production and protein synthesis57,88. Constructing complex, multistep 

pathways require significant development and upfront costs as utilizing purified proteins at scale 

remains costly40. Further, these purified component systems can exhibit slow catalysis rates, 

possibly due to the lack of accessory proteins and appropriate protein concentrations capable  of 
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improving pathway yield40. Nevertheless, long running CFME systems that can catalyze multi-

step reaction pathways for days have been developed57. 

The use of crude cell extracts presents an alternative approach to CFME.  Simple cell lysis 

and minimal fractionation can be rapidly carried out and result in complex enzyme mixtures for a 

fraction of the cost of purified components46,77,89. Crude extract systems derived from both 

commonly used cell-free model organisms, such as E. coli BL21 Star (DE3), or nontraditional 

strains, such as Vibrio natriegens, contain a similar biochemistry to the donor cell and can serve 

as both prototyping tools for in vivo metabolic engineering and as bioproduction platforms46,90–92. 

Cell-free systems work well for both prototyping and production as CFME can be modularly 

assembled with lysates enriched for specific enzymes or entire metabolic pathways in order to 

produce a specific molecule93. Additionally, their compatibility with chemical reactors and ability 

to consume low cost feedstocks have popularized them as potential sources for industrial 

production29,94,95. These combined capabilities allow CFME processes to make use of tools from 

traditional bioproduction platforms while taking advantage of the open and modular nature of cell-

free systems.   

While environmental variables of a cell-free system can be easily manipulated, the 

proteomic content of the crude extract is more difficult to engineer. Genetic manipulation of a 

donor strain can substantially impact its growth and function as a bioproduction system (Figure 

3.1)72. It has been noted previously that simple variations in growth conditions can lead to complex 

changes in the proteome and significant differences in metabolite flux in the resulting crude 

extracts72,96.  Further, specific enzymes can be added or expressed in an extract to further define 

metabolite production86. However, removing specific proteins is challenging as gene deletions 

can affect the growth and global expression of the donor cell. In particular, deletions to central 

metabolism can be lethal, which severely limits the ability to direct flux from simple carbon 

sources. The inability to remove specific pathways from CFME reactions poses a significant 

constraint and limits the use of crude extracts for bioproduction46,72. Tools that allow shaping of  
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Figure 3.1 Overview of approaches to preparing lysates for cell free metabolic engineering.  

A) Complex metabolism present in E. coli lysates harnessed for cell-free metabolite production 

can compromise central metabolic precursor yields. B & C) Cell-free metabolic engineering 

approaches seek to reduce lysate complexity in order to redirect carbon flux and pool central 

metabolic precursors. B) The standard CFME approach reduces lysate complexity by deleting 

target genes from the source strain, often resulting in growth impaired or lethal phenotypes. This 

can require multiple design-build-test cycles. C) The new approach involves engineering source 

strains to endogenously express recognition sequences, such as 6xHis-tags, into target proteins 

for subsequent removal from lysates through affinity purification, resulting in minimal to no impact 

on source strain growth and enhanced pooling of specific metabolic products. 
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the cell-free proteome have been proposed but have not been applied towards the manipulation 

of cell-free metabolism. Instead, these efforts have focused  on improving various single aspects 

of transcription and translation97,98. Providing approaches with the ability to modulate the presence 

of multiple enzymes and specific pathways will be critical in enabling the use of crude extract 

systems for metabolic engineering applications (Figure 3.1). strains to endogenously express 

recognition sequences, such as 6xHis-tags, into target proteins for subsequent removal from 

lysates through affinity purification, resulting in minimal to no impact on source strain growth and 

enhanced pooling of specific metabolic products.  

In this work, we describe the use of genome engineering, specifically MAGE, to enable 

the removal of particular proteins from crude extracts for CFME. 6xHis-tags are incorporated into 

proteins that are expected to consume pyruvate and are used for the affinity-based depletion of 

these proteins following cell lysis. Pyruvate, a key connection point in central carbon metabolism, 

was chosen due to its role linking glycolysis and the Krebs cycle, as well as its relevance as a 

central precursor for numerous products99,100. The use of genome engineering results in a 

modified proteome capable of producing engineered metabolic phenotypes with minimal impact 

on the viability of the donor cell (Figure 3.1)101,102. This general strategy was demonstrated using 

E. coli BL21 Star (DE3) as a chassis due to its prevalent use for cell-free synthetic biology. 

 

3.3. Methods 

3.3.1. Generation and validation of genome engineered strains using MAGE  

All multiplex allele-specific PCR (MASC-PCR), Sanger Sequencing oligos, and 

recombineering oligos were created manually and ordered from IDT (Coralville, IA) with standard 

purification. Each targeting oligo incorporated four phosphorothioated bases on the 5′ terminus. 

An 18-base CACCATCACCATCACCAT sequence was used to add the 6xHis-tag and directed 

at either the N- or C-terminus based on previous literature or crystal structure analysis103,104. The 
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pORTMAGE protocol used in this study followed previous work with the exception that growth 

was carried out in 6 mL of Luria-Bertani-Lennox (lbl) cultures in glass tubes with 100 mg/mL of 

carbenicillin, recovery was performed in 3 mL of terrific broth with a 1-hour incubation time prior 

to adding 3 mL of lbl-carb for outgrowth105. Given the significant time required to find accumulated 

mutations in a single strain, the additive mutations were started from previously found mutations 

such that Δ1 was used to create Δ2 and so on as per the protocols used in previous studies88. 

After every 8-12 cycles of MAGE, 30-60 colonies were screened for genome edits using MASC-

PCR as detailed previously88. Allelic genotyping was performed using standard primers designed 

to flank both modified genes. Amplicons were Sanger sequenced to validate the insertion of the 

6xHis-tag sequence. Primer sequences used in this study are listed in Supplemental Table 1 and 

Supplemental Table 2. 

 

3.3.2 Cell-free extract preparation protocol  

Following plasmid curing, the cell extracts were prepared from E. coli BL21 Star (DE3) 

grown at 37 °C in 2xYPT-G (16 g L-1 tryptone, 10 g L-1 yeast extract, 5 g L-1 NaCl, 7 g L-1 

KH2PO4, 3 g L-1 K2HPO4, 18 g L -1 glucose). Cell extracts were prepared by harvesting 50-mL 

cultures grown in baffled Erlenmeyer flasks to an OD600 of 5.0. Cells were harvested by 

centrifugation at 5000x g for 10 min in 50 mL volumes and washed twice with S30 buffer (14 mM 

magnesium acetate, 60 mM potassium acetate, 1 mM dithiothreitol (DTT) and 10 mM Tris-

acetate, pH 8.2) by resuspension and centrifugation. The pellets were weighed, flash-frozen, and 

stored at –80 °C. Extracts were prepared by thawing and resuspending the cells in 0.8 mL of S30 

buffer per gram of cell wet weight. The resuspension was lysed using 530 joules per mL of 

suspension at 50% tip amplitude with ice water cooling. Following sonication, tubes of cell extract 

were centrifuged twice at 21,100 x g for 10 minutes at 4 °C, aliquoted, frozen with liquid nitrogen, 

and stored at –80 °C. 
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3.3.3 Cell-free extract depletions  

Cell extracts were depleted for specific proteins by adding one volume of cell extract to 

0.2X volume of ice-cold HisPur™ Cobalt Resin (ThermoFisher Scientific) suspension in 1.5 mL 

microcentrifuge tubes. Prior to the addition of lysate, HisPur™ Cobalt Resin was washed 2X with 

500 µL S30 buffer and incubated with 10 mM imidazole buffer (pH 4.5; 10 mM imidazole, 50 mM 

monopotassium chloride, 300 mM NaCl). Lysate-resin mixtures were incubated for 1 hour at 4˚C 

under shaking conditions (800 rpm) to ensure the suspension of the resin particles in the extracts 

and then centrifuged at 14,000 x g for 30 seconds. Supernatants were aliquoted, flash-frozen, 

and stored at -80˚C until used. His-tagged proteins were eluted from the HisPur™ Cobalt Resin 

by suspending the resin in 50 µL elution buffer (pH 4.5; 250 mM imidazole, 50 mM monosodium 

phosphate, 300 mM NaCl) for 30 minutes at 4˚C under shaking conditions (800 rpm). The eluate 

was obtained for proteomic quantification by spinning down the suspension at 14,000 x g for 30 

seconds and collecting the supernatant. The selective depletions were verified with an anti-6xHis 

Western Blot.  

 

3.3.4 CFME reaction set-up  

Glucose consumption reactions were carried out at 37 °C in 50 μL volumes using a 

solution of 100 mM glucose, 18 mM magnesium glutamate, 15 mM ammonium glutamate, 0.2 

mM Coenzyme A, 195 mM potassium glutamate, 1 mM ATP, 150 mM Bis-Tris, 1 mM NAD+, 10 

mM dipotassium phosphate. Similarly, pyruvate fed reactions were carried out using the same 

conditions with the exception of 25 mM pyruvate being used in place of glucose. Extracts were 

added to a final protein concentration of 4.5 mg mL-1. Each reaction was quenched by the addition 

of 50 μL of 5% TCA. The supernatant was centrifuged at 11,000 x g for 5 minutes and directly 

used for analytical measurements.  
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3.3.5 Proteomics sample preparation  

Samples of both depleted and nondepleted versions of WT, 6xHis-pflB, 6xHis-2, 6xHis-3, 

and 6xHis-4 cell extracts were each prepared in triplicate as follows. Extracts were solubilized in 

200 μL of 4% SDS in 100 mM Tris buffer, pH 8.0. Trichloroacetic acid was added to achieve a 

concentration of 20% (w/v). Samples were vortexed and incubated at 4C for 2 h followed by 10 

min at -80C. Samples were then thawed on ice prior to centrifugation (~21,000g) for 10 min at 

4C to pellet precipitated proteins from the detergent and solutes. The supernatant was discarded, 

and samples were washed with 1 mL of ice-cold acetone. Pelleted proteins were then air-dried 

and resuspended in 100 μL of 8 M urea in 100 mM Tris buffer, pH 8.0. Proteins were reduced 

with 10 mM dithiothreitol incubated for 30 min and alkylated with 30 mM iodoacetamide for 15 min 

in the dark at room temperature. Proteins were digested with two separate and sequential aliquots 

of sequencing grade trypsin (Promega) of 1 μg. Samples were diluted to 4 M urea and digested 

for 3 hours, followed by dilution to 2 M urea for overnight digestion. Samples were then adjusted 

to 0.1% trifluoracetic acid and then desalted on Pierce peptide desalting spin columns (Thermo 

Scientific) as per manufacturer’s instructions. Samples were vacuum-dried with a SpeedVac 

(Thermo Scientific) and then resuspended in 50 μL of 0.1% formic acid. Peptide concentrations 

were then measured using a NanoDrop spectrophotometer (Thermo Scientific) and 2 μg of each 

sample was used for LC-MS measurement. 

 

3.3.6 LC-MS/MS analysis  

All samples were analyzed on a Q Exactive Plus mass spectrometer (Thermo Scientific) 

coupled with an automated Vanquish UHPLC system (Thermo Scientific). Peptides were 

separated on a triphasic precolumn (RP-SCX-RP; 100 μm inner diameter and 15 cm total length) 

coupled to an in-house-pulled nanospray emitter of 75 μm inner diameter packed with 25 cm of 

1.7 μm of Kinetex C18 resin (Phenomenex). For each sample, a single 2 μg injection of peptides 
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were loaded and analyzed across a salt cut of ammonium acetate (500 mM) followed by a 210 

min split-flow (300 nL/min) organic gradient, wash, and re-equilibration: 0% to 2% solvent B over 

27 min, 2% to 25% solvent B over 148 min, 25% to 50% solvent B over 10 min, 50% to 0% solvent 

B over 10 min, hold at 0% solvent B for 15 min. MS data were acquired with the Thermo Xcalibur 

software using the top 10 data-dependent acquisition. 

 

3.3.7 Proteome database search  

All MS/MS spectra collected were processed in Proteome Discoverer, version 2.3 with MS 

Amanda and Percolator. Spectral data were searched against the most recent E. coli reference 

proteome database from UniProt to which mutated sequences and common laboratory 

contaminants were appended. The following parameters were set up in MS Amanda to derive 

fully tryptic peptides: MS1 tolerance = 5 ppm; MS2 tolerance = 0.02 Da; missed cleavages = 2; 

Carbamidomethyl (C, + 57.021 Da) as static modification; and oxidation (M, + 15.995 Da) as 

dynamic modifications. The Percolator false discovery rate threshold was set to 1% at the peptide-

spectrum match and peptide levels. FDR-controlled peptides were then quantified according to 

the chromatographic area-under-the-curve and mapped to their respective proteins. Areas were 

summed to estimate protein-level abundance. 

 

3.3.8 Proteomic data analysis  

For differential abundance analysis of proteins, the protein table was exported from 

Proteome Discoverer. Proteins were filtered to remove stochastic sampling. All proteins present 

in 2 out of 3 biological replicates in any condition were considered valid for quantitative analysis. 

Data was log2 transformed, LOESS normalized between the biological replicates and mean-

centered across all the conditions. Missing data were imputed by random numbers drawn from a 

normal distribution (width = 0.3 and downshift = 2.8 using Perseus software (http://www.perseus-

framework.org). The resulting matrix was subjected to ANOVA and a post-hoc TukeyHSD test to 
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assess protein abundance differences between the different experimental groups. The statistical 

analyses were done using an in-house developed R script. 

 

3.3.9 Metabolite measurements  

Glucose, pyruvate, lactate, acetate, formate, and ethanol measurements were performed 

via high-performance liquid chromatography (HPLC) with an Agilent 1260 equipped with an 

Aminex HPX 87-H column (Bio-Rad, Hercules, CA). Analytes were eluted with isocratic 5 mM 

sulfuric acid at a flow rate of 0.55 mL min–1 at 35 °C for 25 min. Metabolite concentrations were 

calculated from measurements collected through a refractive index detector (Agilent, Santa Clara, 

CA) and a diode array UV-visible detector (Agilent, Santa Clara, CA) reading at 191 nm. Pyruvate, 

glucose, lactate, acetate, formate, and ethanol standards were used for sample quantification 

using linear interpolation of external standard curves. 

 

3.4. Results and Discussion 

3.4.1. Genome engineering enabled display of 6xHis-tags on endogenous pyruvate-

consuming enzymes  

Pyruvate sits at the biochemical junction of glycolysis and the TCA cycle.  It is a key intermediate 

in producing many food, cosmetic, pharmaceutical and agricultural products whose improved 

production has been largely unexplored in cell-free systems99,100. In order to create a pyruvate 

pooling phenotype in an E. coli cell-free extract, four proteins were chosen as targets for removal, 

LdhA, PflB, AceE, and PpsA (Figure 3.2) (Table 3.1)100. These were chosen due to their direct 

role in consuming pyruvate as well as the likelihood that they are active in lysates. LdhA was 

selected as the production of lactate from pyruvate has been observed in cell-free systems 

generated under similar conditions to those prepared here71,78. Since LdhA has previously been 

reported to be absent in lysates derived from aerobically grown cultures, we assumed that  
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Figure 3.2. Glycolysis and engineered pathway nodes showing the location of the modified 

enzymes PflB, LdhA, PpsA, AceE. 

 

Table 3.1. Gene and protein information for MAGE targets with a potential effect on 

pyruvate metabolism. 
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oxygen-limited zones are present in the cultures upon harvesting at mid-log phase106. This is 

typical for cells grown in flasks, even under constant shaking, in media with high concentrations 

of glucose such as the 2xYPTG media (18 g L-1 glucose) used here107,108. Under this assumption, 

PflB is also likely expressed minimally in the culture and would be capable of carrying pyruvate 

flux for glycolytic fermentation 109,110. At the same time, pyruvate dehydrogenase (Pdh), 

responsible for pyruvate flux in aerobic conditions, is also expected to be expressed in under 

these conditions as respiratory metabolism is reportedly active in S30 lysates111. Pdh expressed 

in oxygen-limited cultures is additionally known to be functional in E. coli lysates as long as NADH 

concentrations are not allosterically inhibiting112,113. During a cell-free metabolic reaction, one 

might expect PflB to be inactivated by oxygen due to its oxygen-sensitivity, and for pyruvate to 

acetyl-CoA flux to be controlled by Pdh114. Such activity however has yet to be reported so both 

PflB and AceE, the E1 component of Pdh, were additionally chosen as targets here. We also 

selected PpsA under the assumption that back-flux to phosphoenolpyruvate (PEP) might occur 

upon high pyruvate pooling in the lysates (Figure 3.2). 6xHis tags were fused on either the amino 

or carboxyl terminus by genetic modification based on an evaluation of literature related to 

previous purification attempts or crystal structures in order to find a non-inhibitory location (Table 

3.1)103,104.  

The pORTMAGE system was used instead of the traditional genome integrated system 

due to its potential transferability to multiple donor organisms including E. coli BL21 Star(DE3) 

115,116. Additionally, pORTMAGE is curable following genome engineering and relieves the 

metabolic burden on the cell that can be imparted due to plasmid maintenance36.  Colony 

screening was performed using MASC-PCR and further verified using Sanger sequencing 

(Figure 3.3B)117. A total of 5 strains were used for this work. (Table 3.2).  The strains included 

6xHis-pflB, 6xHis-2 (6xHis-pflB-ldhA), 6xHis-3 (6xHis-pflB-ldhA-ppsA), 6xHis-4 (6xHis-pflB-ldhA-

ppsA-aceE) and 6xHis-ldhA with each having a varying metabolic phenotype. 60 rounds of MAGE 

were needed to incorporate all four of the tags into the E. coli genome (Figure 3.3A) (Table 3.2).  
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Figure 3.3. Source strain multiplex genome engineering and expected metabolic 

phenotypes of derived lysates post-depletion. A) Strain construction course by MAGE cycling 

culminating with the 6xHis-4 containing all 4 tags. Each arrow designates the strain being taken 

through the MAGE process with the oligos used to transform each strain above the arrow. B) 

MASC-PCR results for additive mutations using primers specifically designed for the 6xHis-

tagged version of the gene. C) Expected metabolic phenotypes present in WT and engineered 

lysate proteomes after the depletion of lysates derived from all generated strains.  
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Table 3.2. Strains created for this study. 

 

 

 

 

 

 

 

  

Strain 

Name 
Background Modified Genes 

6xHis-pflb BL21 Star(DE3) 6xhis-pflB 

6xHis-ldh BL21 Star(DE3) 6xhis-ldhA 

6xHis-2 BL21 Star(DE3) 6xhis-ldhA, 6xhis-pflB 

6xHis-3 BL21 Star(DE3) 6xhis-ldhA, 6xhis-pflB, 6xhis-ppsa 

6xHis-4 BL21 Star(DE3) 6xhis-ldhA, 6xhis-pflB, 6xhis-ppsa, 

6xhis-aceE 



 64 

This is high when compared to studies producing single nucleotide changes, but in line with other 

efforts using 6xHis-tags with a genome incorporated MAGE system88.  

After curing each strain of the pORTMAGE plasmid, potential inhibitory effects on growth 

caused by the expression of tagged proteins were evaluated. Though the presence of the 

polyhistidine tags has previously been observed to cause growth defects due to the stability of 

tagged proteins, none of the cells produced for this work showed a significant drop in growth rate 

(Appendix Figure 3.6)118,119. 

 

3.4.2. Analysis of glucose metabolism and pyruvate production in enzyme-depleted 

extracts 

The effect of proteome reduction on the extract’s metabolic profile was then tested by 

measurement of glucose consumption, pyruvate accumulation, and the pooling of fermentation  

end-products (i.e., lactate, ethanol, formate, and acetate) in a CFME reaction mix. As nonspecific 

binding is commonly associated with the use of 6xHis-tags, we evaluated whether the reduction 

method would result in significant alterations in lysate metabolism. Evidently, the wild-type derived 

lysate and the wild-type lysate taken through the depletion process have comparable glucose 

consumption and fermentation end-product pooling (Appendix Figure 3.7A). Initial 

concentrations of acetate from the S30 buffer used to prepare the extracts could be observed 

(Appendix Figure 3.7). Further, there is no apparent pyruvate accumulation after incubation of 

the WT lysates with cobalt beads, indicating that the depletion process does not remove proteins 

that affect cell-free pyruvate production in an appreciable manner (Appendix Figure 3.7A). 

Extracts derived from 6xHis-pflB, 6xHis-ldh, 6xHis-2, 6xHis-3, and 6xHis-4 were thus reduced 

and assessed for glucose consumption and pyruvate build-up relative to their unreduced 

counterparts (Figures 3.4A & B). Significantly, none of the nondepleted extracts derived from 

these strains accumulated pyruvate, and metabolite profiles all trended similarly in terms of  

Figure  SEQ Figure \* ARABIC 2. MASC-PCR amplicons 

of isolated colonies in a 1.5% gel. 
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Figure 3.4. Relative changes between nondepleted and depleted versions of the lysates. 

A) glucose consumption (nondepleted minus depleted), and B) pyruvate, C) lactate, D) ethanol, 

E) acetate, and F) formate production (depleted minus nondepleted) over time. Depleted extracts 

have had specific 6xHis-tagged proteins removed by incubating with them cobalt beads. Extracts 

containing tagged proteins, but without an incubation step, are refered to as nondepleted. Data 

for the time course reactions were acquired using n=3 biological replicates. Standard errors 

calculated for replicates were negligible and are visualized in Appendix Figure 3.7. 
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glucose consumption and fermentation end-product pooling (Appendix Figure 3.7). A noteworthy 

general observation from the metabolite profiles of the depleted 6xHis-pflB, 6xHis-ldh, 6xHis-2, 

6xHis-3, and 6xHis-4 lysates is that they all continue to accumulate downstream products of the 

target pyruvate-consuming enzymes, albeit with varying trends (Appendix Figures 3.7B to F). 

This would suggest that the depletion method did not completely remove the targeted enzymes 

from the lysate proteome, but evidently allows a degree of targeted protein depletion that results 

in significant metabolic changes.   

 

3.4.3. Analysis of glucose metabolism and pyruvate production in enzyme-depleted 

extracts 

The effect of proteome reduction on the extract’s metabolic profile was then tested by 

measurement of glucose consumption, pyruvate accumulation, and the pooling of fermentation  

end-products (i.e., lactate, ethanol, formate, and acetate) in a CFME reaction mix. As nonspecific 

binding is commonly associated with the use of 6xHis-tags, we evaluated whether the reduction 

method would result in significant alterations in lysate metabolism. Evidently, the wild-type derived 

lysate and the wild-type lysate taken through the depletion process have comparable glucose 

consumption and fermentation end-product pooling (Appendix Figure 3.7A). Initial 

concentrations of acetate from the S30 buffer used to prepare the extracts could be observed 

(Appendix Figure 3.7). Further, there is no apparent pyruvate accumulation after incubation of 

the WT lysates with cobalt beads, indicating that the depletion process does not remove proteins 

that affect cell-free pyruvate production in an appreciable manner (Appendix Figure 3.7A). 

Extracts derived from 6xHis-pflB, 6xHis-ldh, 6xHis-2, 6xHis-3, and 6xHis-4 were thus reduced 

and assessed for glucose consumption and pyruvate build-up relative to their unreduced 

counterparts (Figures 3.4A & B). Significantly, none of the nondepleted extracts derived from 

these strains accumulated pyruvate, and metabolite profiles all trended similarly in terms of 

glucose consumption and fermentation end-product pooling (Appendix Figure 3.7). A noteworthy 
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general observation from the metabolite profiles of the depleted 6xHis-pflB, 6xHis-ldh, 6xHis-2, 

6xHis-3, and 6xHis-4 lysates is that they all continue to accumulate downstream products of the 

target pyruvate-consuming enzymes, albeit with varying trends (Appendix Figures 3.7B to F). 

This would suggest that the depletion method did not completely remove the targeted enzymes 

from the lysate proteome, but evidently allows a degree of targeted protein depletion that results 

in significant metabolic changes.   

The targeted depletion of PflB from the 6xHis-pflB extract results in a metabolic profile that 

is similar to its control counterpart in that neither accumulate pyruvate (Figure 3.4B).  Changes 

in glucose consumption and lactate, ethanol, acetate, and formate production between the 

depleted 6xHis-pflB and WT lysates, relative to their nondepleted controls, are also insignificant 

(Figures 3.4A, C to F). This metabolic phenotype could be expected considering that Pdh activity 

is active in crude extracts of E. coli112. The Pdh complex has a higher affinity for pyruvate than 

PflB (Km = 0.4 versus 2.0 mM ,respectively) when its activity is not inhibited by NADH such as in 

the presence of an NADH sink like LdhA (Figure 3.2)109. Thus, regardless of whether PflB 

concentrations are decreased, Pdh could likely be an active route for flux towards ethanol and 

acetate in this lysate. 

The lysate with targeted depletions of both PflB and LdhA (6xHis-2, depleted) pooled 32 

mM pyruvate relative to its nondepleted control in 3 h (Figure 3.4B). This lysate additionally 

consumed glucose steadily while maintaining a > 30 mM pyruvate concentration until 12 h. The 

depletion of LdhA is supported by the observation of a lower lactate concentration in reactions 

run in these lysates compared to their nondepleted counterparts (Figure 3.4C). The rapid build-

up of ethanol (20 mM in 3 h relative to the control) in these lysates, and the likely increased 

activation of aldehyde-alcohol dehydrogenase (AdhE) as an alternative sink for NAD+ 

regeneration, also supports successful LdhA depletion (Figure 3.2, Figure 3.4D). Acetate 

production is also not observed after LdhA depletion, presumably pointing to the increased 

funneling of acetyl-CoA from the Pdh reaction towards ethanol production to meet redox balance 
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(Figure 3.4E). Rather, acetate seems to be increasingly consumed as a secondary carbon source 

likely for generating more acetyl-CoA through the acetyl-CoA synthetase route (Figure 3.4E) 120. 

On the other hand, the contribution of depleted PflB to the observed metabolic phenotype in 

reactions run in this 6xHis-2 lysate is not as immediately observable.  However, at time points 

before 12 hours, there is a notable decrease in lactate and an increased maintenance of high 

pyruvate concentrations (Figures 3.4B & C). In comparison, the depleted 6xHis-ldhA lysate was 

not as efficient at retaining high pyruvate concentrations as the depleted 6xHis-2 lysate (Figure 

3.4B). The depletion of both LdhA and PflB from the 6xHis-2 extract may funnel pyruvate flux 

through Pdh, a claim bolstered by previous work showing NADH-insensitive Pdh to limit glucose 

fermentation in the absence of both PflB and LdhA109. Thus, the pyruvate pooled up to 12 h in the 

depleted 6xHis-2 lysate likely results from lowered glycolytic rates in these extracts. This 

interpretation is supported by the lowered consumption of glucose in the 6xHis-2 lysate compared 

to the 6xHis-ldhA lysate (Figure 3.4A). The concomitant increase in ethanol production and 

significantly lowered lactate synthesis at 3 h and 6 h in the depleted lysate relative to its control 

additionally suggests that pyruvate flux is directed through Pdh-AdhE maintaining redox balance 

by generating net 1 mol NAD+ per mol pyruvate (Figures 3.4C & D)109. Compared to reactions 

run when depleting PflB and LdhA individually, the co-depletion of LdhA and PflB has an additive 

effect on cell-free pyruvate pooling. This interpretation suggests that oxygen-sensitive PflB is 

indeed active in E. coli crude extracts, which is supported by the observable production of formate 

after LdhA reductions (Figure 3.4F). We reason that decreasing the concentrations of the NAD+ 

regenerating LdhA enzyme limits the in vitro activity of formate dehydrogenases that require NAD+ 

as a substrate to decompose formate to CO2 and H2O, thus resulting in formate build-up121.  

Compared to the depleted 6xHis-2 lysate, the pull-down of PpsA from the 6xHis-3 lysate led to a 

steady decrease of the pyruvate concentration after 3 h (Figure 3.4B). This observation 

presumably points to the importance of PpsA as an ATP sink in in vitro metabolism. E. coli 

glycolytic flux is naturally responsive to the cell’s energy charge via the allosteric inhibition of 
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phosphofructokinase and pyruvate kinase by ATP122,123. The build-up of ATP in the depleted 

6xHis-3 lysate that results from glycolysis can lead to lower pyruvate production from glucose at 

later timepoints, a claim additionally supported by the decrease in relative glucose consumed at 

24 h between the 6xHis-2 and 6xHis-3 lysates (Figure 3.4A). We additionally observed lower 

productivities (15 mM in 3 h) and final titers (41 mM) of ethanol formation in the depleted 6xHis-3 

extract compared to reactions run in the depleted 6xHis-2 lysate (productivity = 31 mM in 3 h; titer 

= 55 mM) (Figure 3.4D, Appendix Figure 3.7C & D). The low initial accumulation of ethanol 

despite high pyruvate pooling from LdhA depletion is possibly due to decreased Pdh activity under 

high adenylate charge124.  The same condition can explain lowered ethanol production in the 

depleted 6xHis-3 extract compared to the depleted 6xHis-2 lysate (Figure 3.4D). Alternatively, 

the less efficient ethanol pooling can be due to lowered synthesis rates of NADH from glycolysis 

after PpsA pull-down. 

The targeted depletion of AceE, a component of Pdh, did not increase pyruvate pooling 

capabilities, but led to the highest consumption of glucose observed (Figure 3.4A, Appendix 

Figure 3.7F). We reason that perturbing the redox balance in the lysate through the pull-down of 

AceE and thus the depletion of NAD+-dependent Pdh activity increased the availability of NAD+ 

for increased glycolytic flux (Figure 3.2)125. Moreover, the depletion of Pdh activity seems to shift 

the maintenance of redox balance back to LdhA at later timepoints, as suggested by the steady 

increase in lactate levels with the decrease in glucose stores (Figure 3.4A & C). NAD+ is thus 

continually regenerated by remaining LdhA and ethanol production for the NADH generating step 

in glycolysis, but this could possibly result in the build-up of glycolytic intermediates since the total 

consumption of 100 mM glucose is not fully accounted for by the concentrations of pooled 

fermentation end-products. In general, the rapid consumption of the NAD+ supply could be limiting 

due to the potential lack of cofactor recycling initiated by the decrease of LdhA levels. Pyruvate 

consumption experiments performed with the WT and 6xHis-4 lysates show that a significant 

portion of the pyruvate consuming pathways remain robust after reduction evidencing that the  
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constraint may be due to bottlenecks in upstream glycolysis and further shows that a balance 

between glucose and pyruvate consumption leads to the engineered pyruvate pooling phenotype 

(Figure 3.4B, Appendix Figure 3.8). 

 

3.4.4. Evaluation of modified lysate proteomes after selective enzyme depletion 

From the mass spectrometry-based proteomics profiling, it is evident that 6xHis-tagged 

LdhA and PpsA could be removed from lysates, while significant removal of 6xHis-tagged PflB 

was not successfully detected (Figures 3.5B to E). Although the decrease in PflB levels between 

the nondepleted and depleted 6xHis-4 lysates met the significance threshold (pval < 0.05), the 

change was only a 1.81-fold reduction compared to the significant decreases in LdhA and PpsA 

following lysate depletion (Figure 3.5E).  AceE was not observed to be pulled down after the 

purification of 6xHis-tagged proteins from the 6xHis-4 lysate. These findings are inconsistent with 

metabolic output data as the depletion of 6xHis-4 lysate causes a more significant glucose 

consumption phenotype than extracts with fewer tags (Figure 3.4A). However, anti-6xHis western 

blots of eluants from the cobalt beads used to deplete the engineered extracts show an 

enrichment for each of the targeted proteins in their respective strains while no enrichment was 

seen in the elution from the WT (Appendix Figure 3.9).  The corroborating evidence of the 

targeted metabolite analyses combined with antibody tagging leads us to conclude that some 

level of the targeted proteins are being sufficiently removed and affect the reactivity of the extracts. 

The minor inconsistency in the results from mass spectrometry and western blot can be explained 

away as differences between the analytical technique rather than biological. Mass spectrometry 

is known to identify and quantify proteins with higher reliability, reproducibility, specificity, and 

sensitivity in complex samples in compared to western blot 126,127. In this case, the comparative 

proteomic analyses may be complicated by background variability and thus comparability among 

the nondepleted lysates, depleted lysates, and the eluants 128. Although the western blot showed 

the enrichment result as expected, this result needs to be interpreted with caution. 
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Figure 3.5. Proteomic analysis of  control cell-free extracts without depletion (blue), and a 

depleted cell-free extract (orange), and the elutions from the depleted extracts (gray). 

Significant fold-changes in protein concentration when comparing the depleted to the nondepleted 

extract are denoted by p-value and fold change reduction in concentration of the protein above a 

bracket. Panels show protein levels in the A) WT, B) 6xHis-pflB, C) 6xHis-2, D) 6xHis-3, and E) 

6xHis-4 strains. Each experiment is derived from n=3 biological replicates.  
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First, the western blot was carried out only in eluant protein fraction whereas the comparative 

mass spectrometry analysis was carried out in three different protein fractions (i.e., cell extracts 

with/without targeted depletion and elutions). Thus, the western blot only provides partial 

information. Second, while bands corresponding to the approximate molecular weights of our 

targets consistently appeared in eluant fractions where expected, the western blot showed some 

false positive bands as well (Appendix Figure 3.9). Therefore, the results from western blot were 

utilized as an orthogonal check on the validity of MS results rather than the sole analytical 

technique for this study. While western blot analysis validated the depletion of proteins not 

identified through comparative mass spectrometry analysis, future efforts can benefit from a more 

targeted proteomics approach using labeled peptides to determine absolute quantitative 

measurements of the method’s depletion efficiency for targeted proteins. 

Nonetheless, our comparative mass spectrometry analysis provided additional information 

about our method. The results show that the incorporation of 6xHis-tags into the genomes had 

minimal effects on the expression of pyruvate-consuming enzymes in all strains’ proteomes 

(Figure 3.5, blue boxes), allowing the pull-down of one target protein without altering the 

concentrations of other pyruvate-consuming enzymes. This observation is corroborated by the 

comparable trends among the metabolite profiles of all nondepleted lysates (Appendix Figure 

3.7). This advances our method for precisely generating unconventional metabolic phenotypes 

that cannot be achieved via gene deletions, since knock-outs of metabolic genes would incite 

global proteomic and thus metabolic changes in cells129. We further analyzed relative proteomic 

changes in the nondepleted and depleted extracts to determine whether the method resulted in 

the removal of off-target proteins. Importantly, the process of depleting the proteome did not seem 

to significantly impact proteins in central metabolism outside of those targeted by the tagging 

process. When comparing the depleted and nondepleted WT lysates, in the 58 proteins with a 

greater than 4-fold reduction, none were connected to central metabolism outside of roles in 

membrane transport. Future efforts will seek to minimize off-target effects in order to improve the 
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general applicability of lysate proteome engineering. Though outside the initial scope of this study 

as the main prospect was to show the use of enzyme depletion as a tool for CFME, targeted 

proteomics could be an effective tool to connect concentrations of depleted proteins with their 

resultant metabolic profile.  

Targeted depletion of a lysate proteome enables a rapid means to manipulate central 

metabolism without the possible drawback of cultivating “sick” organisms as often results from 

traditional, in vivo metabolic engineering efforts. The pORTMAGE system offers the potential for 

extension of this engineering strategy to other, non-model cell-free chassis. Though not all 

proteins targeted for depletion could be shown to be depleted in substantial quantities through 

proteomics, our analysis of the metabolic products and western blot analysis shows clear 

differences between the extracts following each tagging and only following depletion. In contrast 

with gene knockout strategies that result in global proteomic changes during source strain 

cultivation, this method allows the selective removal of protein/s from a lysate proteomic 

background that is similar to the wild type derived extracts, allowing targeted manipulation of 

lysate proteomes. Thus, although lysates derived from the deletion of a target gene or the post-

lysis depletion of its corresponding protein are expected to have different metabolic phenotypes, 

our CFME approach could be broadly applied to yield metabolic states that are not traditionally 

possible in living organisms. Future improvements to lysate proteome engineering could make 

use of multiplex genome engineering methods that are amenable to the insertion of larger tags 

as MAGE based methods are naturally limited to low-base pair insertions116,130,131. To further 

advance the depletion of specific proteins in the lysate’s proteome, orthogonal protein degradation 

systems could be employed wherein proteins are genomically tagged and degraded in a cell-free 

extract using an exogenous protease. The mf-lon protease system serves this function through a 

27 amino acid long peptide and could allow for titration experiments leading to complete 

degradation of the proteins of interest132,133. A key factor to note stems from MAGE’s limited 

throughput when making large additions to the genome. Whereas single base changes can be 
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added with ease, longer tags such as 6xHis tags, are near the edge of feasibility for MAGE 

tagging.  

3.4.5. Evaluating the feasibility of integrating StrepII®-tags into the genome of the model 

microbe Vibrio natriegens 

An emerging model microorganism, V. natriegens, can take advantage of a MAGE like 

process termed MUGENT that allows for significantly longer incorporations92. This system has 

higher editing frequencies, reportedly allowing the multiplex integration of 3-4 ~3 kb sequences 

within a week130. V. natriegens is also an appealing host for CFME given its short doubling 

times134, which will shorten lysate preparation, and its faster central metabolism than E. coli135,136, 

which may enable more rapid cell-free bioconversion. We evaluated the feasibility of incorporating 

multiple StrepII®-tags, which are 9 amino acids long, into this microbe’s genome. StrepII®-tags 

have several advantages over 6xHis-tags for endogenous protein display. These include their 

high affinity for streptavidin-based resins, affording high specificity, and low impact on the 

physicochemical properties of proteins137–139. To evaluate whether functional StrepII®-tagged 

endogenous enzymes can be expressed in genome engineered V. natriegens, a strain with 11 

StrepII®-tagged genomic loci of genes encoding a complete glycolytic pathway was generated 

and called ST11 (Appendix Note, Appendix Figure 3.10). ST11 does not have significantly 

impaired growth compared to its wild-type (WT) counterpart (Appendix Figure 3.11A). 

Preliminary metabolomics data reveal that the affinity-based StrepII®-tag purification of derived 

lysates results in a reconstituted enzyme system capable of generating pyruvate and glycolytic 

intermediates from glucose after a 15-hour reaction period (Appendix Figure 3.11B). Preliminary 

HPLC data show that low but detectable amounts of pyruvate are produced in these systems 15 

h after 10 mM glucose supplementation under unoptimized reaction conditions (Appendix Figure 

3.11C). The low yield can be attributed to multiple issues such as the defined system lacking 

cofactor regenerating modules, the pathway being cofactor imbalanced, or significant bottlenecks 
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in the purified pathway due to a non-stoichiometric pull-down of these enzymes. Nonetheless, 

these data together suggest that the post-lysis strategy can be modified to leverage a microbe 

that is more amenable to multiplex genome engineering and StrepII®-tags, overcoming some 

significant limitations identified in the current approach. However, the higher cost of StrepII®-tags 

than 6xHis-tags and using a donor strain with less study than E. coli can be disadvantages in the 

advancement of the general extract proteome modification approach.  

 

3.5. Conclusions 

Shown in this work was the use of genome engineering to create protein modifications 

that allow for the control of metabolic activity in cellular lysates. This cell-free metabolic 

engineering strategy allows for the targeted removal of enzymes that can enable the focused 

production of metabolites from simple precursors using rapidly prepared crude extracts that would 

otherwise lead to changes in metabolic state and significant growth defects in living cells129,140–

142. The ability to extract pyruvate degrading enzymes, leading to unconventional metabolic states, 

was engineered and shown to be capable of pooling pyruvate for a significant period of time as 

well as improving the ethanol titer of the extract.  The ability to direct metabolic flux in cell-free 

systems and create proteomes untenable to living cells was demonstrated. The flexibility of CFME 

systems highlights the significant value they hold as novel bioproduction platforms. The advances 

made in this work can be extended to design molecule specific donor strains for natural product 

biosynthesis, such as for polyketides or carbohydrates, through the removal of defined inhibitory 

reactions. The removal of specific components of crude lysates allows for more complex reaction 

networks to be employed in the development of CFME bioproduction platforms. As CFME begins 

to tackle new challenges related to antibiotic, fuel, and materials production, innovative 

engineering tools and techniques designed to improve its efficiency will be crucial to advancing 

the scope and adoption of cell-free biological production.     
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Appendix 

 

 

Figure 3.6. Growth rate and terminal OD600 as measured using a WPA CO 8000 Cell 

Density Meter (Biochrom Ltd., Cambridge, UK) for each of the four main strains generated 

in this study. 
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Figure 3.7. Glucose consumption and fermentation product concentrations over time in 

modified lysates. A) WT, B) 6xHis-pflB, C) 6xHis-ldhA, D) 6xHis-2, E) 6xHis-3, and F) 6xHis-4 

lysates. Data and standard deviation for the time course reactions were acquired using n=3 

biological replicates. Depleted extracts have had specific 6xHis-tagged proteins removed by 

incubating them with cobalt beads. Extracts containing tagged proteins, but without an incubation 

step, are referred to as nondepleted. 

NONDEPLETED DEPLETED 
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Figure 3.8. Comparison of pyruvate consumption using depleted WT and Δ4 extracts. All 

reaction conditions were exactly as those used for the glucose consuming reactions aside from 

the replacement of glucose with 25 mM pyruvate. 
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Figure 3.9. Anti-6xHis western blot showing successful pull-downs of target proteins. 

Briefly, eluants from cobalt beads used to treat each lysate were concentrated to 0.6 mg/mL total 

protein concentrations. Protein solutions were denatured with equal volumes of 2x Laemli Sample 

Buffer (Bio-Rad) and boiled. Samples were loaded onto a 10 % Tris-glycine gel (Bio-RAD) and 

separated by denaturing PAGE. A Bio-Rad (Hercules, California) Trans-Blot SD Semidry Transfer 

Cell was used to transfer bands onto a PVDF membrane. The membrane was probed with 6xHis-

tag Monoclonal Antibodies (Thermo Fisher Scientific, Waltham, MA) overnight after blocking with 

Pierce Protein Free (TBS) Blocking Buffer (Thermo Fisher Scientific, Waltham, MA). Blots were 

incubated with the relevant secondary antibody, HRP conjugate then developed with Pierce DAB 

Substrate (Thermo Fisher Scientific, Waltham, MA). 
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Figure 3.10. StrepII®-tagged glycolytic enzymes in modified V. natriegens.strain, ST11. A) 

Pathway diagram of glycolysis with abbreviations of enzymes targeted for removal in black bold 

font. B) Agarose gel of StrepII®-tagged gene sequences in the genome of the ST11 V. natriegens 

strain, detected via MASC-PCR. MASC-PCR reactions with the same primers were prepared with 

the WT V. natriegens and no bands were detected. GK = “glucokinase”; PTS = 

“phosphotransferase system”; G6PI = “glucose-6-phosphate isomerase”; 6PFK = “6-

phosphofructokinase”; FBPA = “fructose-bisphophate adolase”; TPI = “triose phosphate 

isomerase”; G3PDH = “glyceraldehyde-3-phosphate dehydrogenase”; PGK = 

“phosphoglucokinase”; PGM = “phosphoglucomutase”; ENO = “enolase”; PYK = “pyruvate 

kinase”; G6P = “glucose-6-phosphate”; F6P = “fructose-6-phosphate”; F16BP = “fructose-1,6-

bisphosphate; G3P = “glyceraldehyde-3-phosphate”; DHAP = “dihydroxyacetone phosphate”; 

13BPG = “1,3-bisphosphoglycerate”; 3PG = “3-phosphoglycerate”; 2PG = “2-phosphogluconate”; 

PEP = “phosphoenolpyruvate”. 
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Figure 3.11. Growth curves and metabolite data of strain ST11.  A) Growth curves of WT and 

ST11 strains. B) LC-MS/MS metabolomics data showing glycolytic intermediates produced in a 

StrepII®-tag elution of the ST11-derived lysate (n=1) incubated with glucose, cofactors, and salts, 

and buffer for 15 h (Appendix Note). C) HPLC-RID quantification of pyruvate in a StrepII®-tag 

elution of the ST11-derived lysate (n=1) incubated with glucose, cofactors, salts, and buffer for 

15 h (Appendix Note).  
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Table 3.3. MAGE oligos use for this study. Phosphorothioated bases are noted with 

asterisks.  

Name  Sequence 

Pfl a*a*t*a*aaaaatccacttaagaaggtaggtgttacatgCACcatCACcatCACCATtccgagcttaatgaaa

agttagccacagcctgggaa 

Ldh t*a*a*a*tgtgattcaacatcactggagaaagtcttatgCACcatCACcatCACCATaaactcgccgtttatagc

acaaaacagtacgacaag 

Ppsa c*a*a*a*ccgttcatttatcacaaaaggattgttcgatgCACcatCACcatCACCATtccaacaatggctcgtc

accgctggtgctttggtat 

Pdh a*c*t*c*aacgttattagatagataaggaataacccatgCACcatCACcatCACCATtcagaacgtttcccaa

atgacgtggatccgatcgaa 

 

Table 3.4. MASC-PCR oligos used for this study.  

Name  Sequence 

Pfl F GCCAGCCAGGAAGGACTCGTCACCCTCG 

Pfl R GCAGTAAATAAAAAATCCACTTAAGAAGGTAGGTGTTACATGC 

Ldh F CAGCGTCATCATCATACCGATGGC 

Ldh R CTTAAATGTGATTCAACATCACTGGAGAAAGTCTTATGC 

Ppsa F GCTGGTTTACGCCGCTTTGGTCC 

Ppsa R ACCGTTCATTTATCACAAAAGGATTGTTCGATGC 

Pdh F TGGCCTTTATCGAAGAAATTTTGCTCGACAG 

Pdh R ATCCACGTCATTTGGGAAACGTTCTGAA 
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Appendix Note: 

Protocol for the generation of V. natriegens ST11 and the preparation of reconstituted enzyme 

reactions: 

V. natriegens ATCC 14048 was transformed with the pMMB-tfox plasmid and MUGENT 

was carried out as previously described130. Oligos for insertion into V. natriegens genomes were 

prepared by overlap PCR. Briefly, primers were designed so that ~ 3 kb long oligos containing 

the gene-of-interest and at least 1 kb of flanking sequences upstream and downstream of the 

gene could be isolated from V. natriegens ATCC 14048 genomic DNA. MASC-PCR primers were 

designed to validate genomic insertions via colony MASC-PCR. After confirming the 11 StrepII®-

tagged genes, the ST11 strain was grown to OD 6.0 and harvested for lysis. Lysates were 

prepared following the same protocol for E. coli described here. 500 µL lysate was used to load 

Strep-Tactin®XT Spin Columns (IBA Life Sciences, #2-4150-025). Columns were washed 4x and 

eluted for maximum protein yield following the manufacturer’s protocol. Approximately 450 µL of 

elution was buffer exchanged with S30 buffer using Amicon®Ultra Centrifugal Filters 3000 NMWL 

(Millipore, UFC500324) then concentrated to ~ 90 µL solution.  

CFME reactions with these reconstituted enzyme systems were prepared by mixing 35 µL 

concentrated protein solution with 10 mM glucose, 1.5 mM ATP, 1.5 mM NAD+, 10 mM bis-tris 

buffer, 10 mM dipotassium phosphate, 30 mM tris-acetate, 42 mM magnesium acetate, 180 mM 

potassium acetate, 18 mM magnesium glutamate, 15 mM ammonium glutamate, 0.2 mM 

Coenzyme A, and 195 mM potassium glutamate. Reactions were incubated at 37 ˚C then 

analyzed via LC-MS/MS or HPLC as described in Chapter 2 of this dissertation.  
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CHAPTER 4 

REWIRING CELL-FREE METABOLIC FLUX IN E. COLI 

LYSATES USING A BLOCK-PUSH-PULL APPROACH  
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A version of this chapter has been submitted for publication by Jaime Lorenzo N. 

Dinglasan and Mitchel J. Doktycz: 

 

Dinglasan, J.L.N. & Doktycz, M.J. (2023). Rewiring Cell-free Metabolic Flux in 

Escherichia coli Lysates using a Block-Push-Pull Approach. Accepted in Oxford Academic 

Synthetic Biology. 

 

This chapter has been adapted from its published format to accommodate new Figure, 

Table, and Equation enumeration. The Supplementary Information associated with this work may 

be found in the Appendix section of this chapter. All references are located at the end of the 

document.  

 

4.1. Abstract 

Cell-free systems can expedite the design and implementation of biomanufacturing 

processes by bypassing troublesome requirements associated with the use of live cells. In 

particular, the lack of survival objectives and the open nature of cell-free reactions afford 

engineering approaches that allow purposeful direction of metabolic flux.  The use of lysate-based 

systems to produce desired small molecules can result in competitive titers and productivities 

when compared against their cell-based counterparts. However, pathway crosstalk within 

endogenous lysate metabolism can compromise conversion yields by diverting carbon flow away 

from desired products. Here, the “block-push-pull” concept of conventional cell-based metabolic 

engineering was adapted to develop a cell-free approach that efficiently directs carbon flow in 

lysates from glucose and towards endogenous ethanol synthesis. The approach is readily 

adaptable, relatively rapid, and allows manipulation of central metabolism in cell extracts. In 

implementing this approach, a block strategy is first optimized, enabling selective enzyme removal 
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from the lysate to the point of eliminating byproduct forming activity while channeling flux through 

the target pathway. This is complemented with cell-free metabolic engineering (CFME) methods 

that manipulate the lysate proteome and reaction environment to push through bottlenecks and 

pull flux towards ethanol. The approach incorporating these block, push, and pull strategies 

maximized glucose to ethanol conversion in an E. coli lysate that initially had low ethanologenic 

potential. A 10-fold improvement in percent yield is demonstrated. To our knowledge, this is the 

first report of successfully rewiring lysate carbon flux without source strain optimization and to 

completely transform consumed input substrate to a desired output product in a lysate-based, 

cell-free system.  

 

4.2. Introduction 

Cell-based manufacturing systems routinely produce fuels and pharmaceutical precursors 

and products, among other commercially valuable compounds, from readily available 

substrates13,143,144. These biomanufacturing systems are commonly evaluated by their productivity 

(rate of product formation per unit volume), titer (concentration), and yield (amount of product 

formed per substrate amount consumed)13,143,144. However, engineering a living organism’s 

complex dynamic metabolism while meeting its survival demands typically requires multiple time-

consuming design-build-test-learn (DBTL) cycles to make modest gains in these performance 

metrics18,145. For example, ethanol is a major biofuel and realizing production at high titer (> 40 

g/L), productivity (> 1 g/L/h), and yield (> 90% of the maximum theoretical amount of ethanol that 

can be formed from substrate) in cell-based systems has taken decades of strain 

optimization20,146. Cell-free optimizations and implementations shows promise in expediting the 

generation of biosynthetic platforms with high production metrics20,57. 

Cell-free or in vitro systems employ the components necessary to carry out metabolism 

outside of a living cell, or in a “cell-free” space29,30,145. These systems are commonly generated 
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either as reconstituted pathways from purified enzymes (i.e., reconstituted enzyme systems), or 

as crude cell extracts (i.e., lysate-based systems) via lysis procedures that preserve the 

functionalities of select cellular components18,145. In either case, cell-free systems are open 

biochemical environments devoid of organismal survival demands. Their amenability to direct 

manipulation offers unique and straightforward metabolic engineering approaches and are 

considered to have high potential for commercially viable production of diverse materials20. For 

example, lysates have been used to synthesize several commodity chemicals such as 2,3-

butanediol and styrene at high titers and productivities46,51. Additionally, cell-free systems can be 

lyophilized and stored at room temperature which would eliminate the need for a cold chain and 

enable distributed biomanufacturing41. This is empowered by ongoing efforts to improve the shelf-

stability of these platforms for on-demand small molecule synthesis especially in times of supply 

chain disruption43.   

Implementing cell-free systems requires overcoming key barriers. When rebuilding large 

conversion pathways, reconstituted enzyme systems can be constrained by high enzyme 

production and purification costs as well as problems associated with cofactor turnover20,46. On 

the other hand, lysates typically contain endogenous central metabolic pathways and cofactor 

regenerating reactions that feed into reactions catalyzed by supplemented heterologous 

enzymes. Consequently, protein purification requirements are greatly reduced albeit at the 

expense of reaction crosstalk. However, a significant barrier to production in lysate-based 

systems is the competition for flux between unwanted endogenous background reactions and 

target production modules, which inevitably impacts their yield47. Making high yield targeted 

conversions would require insulating an endogenous pathway by removing only a few enzymes 

that redirect flux through undesired reactions20,47,147. The ability to do so could benefit the rapid 

cell-free synthesis of high-value metabolites, which commonly have precursors in central 

metabolism, without arduous whole pathway purification19,99. To advance the commercial potential 

of extracts for large-scale or distributed biomanufacturing, methods to eliminate unwanted 
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pathway crosstalk and rewire flux through target endogenous metabolic pathways in lysates are 

needed.  

“Block-push-pull” approaches are commonly applied when engineering cellular 

metabolism for insulating target pathways and maximizing conversion yields148–151. In this 

convention, to “block” means to inactivate reactions by removing endogenously expressed 

enzymes (commonly by gene deletions) that interface with target and flux-competing pathways. 

To “push” means to drive flux forward by overexpressing flux limiting enzymes, and to “pull” is to 

direct flux towards the end-product by overexpressing enzyme(s) in a terminal pathway 

module150,151.  These cell-based metabolic engineering strategies however take a toll on host 

vitality and require laborious molecular cloning procedures, lengthening and increasing DBTL 

cycles145. The open nature of lysate-based cell-free systems offers unique push and pull 

strategies to redirect flux without imposing metabolic burden on source strains. For example, 

bottlenecks can be overcome and specific pathway modules can be enriched by tailoring the 

reaction environment (i.e., cofactor availability and pH) to enhance enzyme activity, manipulating 

source strain cultivation conditions, and supplementing lysates with overexpressed 

proteins17,19,73,78. On the other hand, reaction blocking strategies that effectively shave lysate 

endogenous metabolic complexity while taking advantage of the manipulable cell-free 

environment are lacking. Prior CFME efforts that focused on rewiring carbon flux typically involved 

deriving lysates from knock-out strains47,53. However, this strategy will not always result in 

predicted changes to lysate metabolism, presumably because gene deletions lead to protein 

expression changes that rearrange flux distributions and metabolic networks in the source 

strain152. This method is also constrained by cell viability and thus faces limitations common to 

cell-based metabolic engineering47. Recently, negative CRISPR effectors that down-regulate 

byproduct forming enzymes in source strains were shown to rewire metabolic flux in a cell-free 

system towards target end-products without affecting source strain growth62. While this improved 

product titers, substrate to product conversion yields remained low because this strategy can only 
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knock-down, and not completely eliminate, flux-competing reactions62. Inhibiting enzymes in cell-

free reactions may be a viable strategy for inactivating unwanted reactions without impacting 

source strain phenotypes. This approach also benefits from being able to add inhibitors directly 

into the open lysate environment. However, the cost and availability of these molecules could be 

restrictive153. Another recently described strategy for reducing concentrations of select enzymes 

in extracts involves the incorporation of an affinity tag at the N- or C-terminus of endogenously 

expressed enzymes for subsequent removal from the lysate74. Importantly, genomic integration 

of the 6xHis-tags had no significant effect on source strain viability even though central metabolic, 

pyruvate-consuming enzymes were targeted. When the derived lysates were fed glucose, the 

formation of unwanted byproducts was slowed, enabling significant pyruvate accumulation for a 

few hours followed by eventual byproduct pooling. This affinity-based selective enzyme depletion 

method can theoretically be improved to completely remove these unwanted reactions post-lysis, 

but this has yet to be reported.  

Here, we describe a cell-free block-push-pull approach that insulates and drives flux 

through an endogenous lysate metabolic pathway for high-yield metabolic conversion. This is 

demonstrated with ethanol synthesis from glucose using an E. coli derived extract. To achieve 

this, the affinity-based selective enzyme depletion strategy was optimized to block unwanted 

reactions, those that compete with flux towards ethanol synthesis. This optimization was 

performed in lysates derived from a previously described E. coli strain that encodes an N-terminal 

6xHis-tag at its pyruvate formate lyase B (pflB) and lactate dehydrogenase A (ldhA) genes. The 

reaction blocking strategy was then complemented with existing CFME strategies (i.e., reaction 

and source strain cultivation condition optimizations) that drive flux through bottlenecks and 

towards ethanol without further genetic manipulations (Figure 4.1). Removing unwanted 

reactions and modifying reaction or cultivation parameters to focus and increase flux through the 

pathway successfully modified a low ethanol producing E. coli lysate into a homoethanologenic 

cell-free system that produces ethanol from glucose with > 90% yield.  
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Figure 4.1. Target pathway and workflow for flux optimization. A) Simplified metabolic 

pathway for endogenous ethanol biosynthesis from glucose in E. coli lysates. The strain used 

here was genome engineered to express endogenous LdhA and PflB proteins with terminal 6xHis 

tags for selective removal from the derived lysate. Red arrows represent reactions that are 

targeted for blocking while blue and green arrows represent reactions that flux will be pushed and 

pulled through, respectively. B) Schematic of the cell-free block-push-pull approach employed 

here to maximize ethanol yield from glucose.  
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4.3. Methods 

4.3.1. Cell Culture 

The strain, derived from E. coli BL21 (Star) DE3, used here was previously engineered 

via a pORTMAGE protocol to incorporate genomic 6xHis tag DNA sequence insertions upstream 

of  the ldhA and pflB genes74. These cells were initially grown in standard 2xYPT-G media (16 g 

L-1 tryptone, 10 g L-1 yeast extract, 5 g L-1 NaCl, 7 g L-1 KH2PO4, 3 g L-1 K2HPO4, 18 g L-

1 glucose). Glucose concentrations in media were adjusted to 9 g L-1 or 27 g L-1 according to our 

source strain cultivation conditions optimization protocol. Starter cultures in 6 mL 2xYPTG were 

incubated overnight at 30˚C with shaking at 250 rpm. Baffled Erlenmeyer flasks containing 100 

mL of the same media were inoculated with 2% of the overnight culture and incubated at 37˚C 

with constant shaking at 250 rpm. Cells were pelleted by centrifugation for 5 min at 10,000 g at 

4˚C, initially between OD600 5.8-6.0. When optimizing this parameter, cells were strictly grown to 

either OD600 5.0 or 7.0, then between OD600 5.0-5.2 for subsequent experiments. Cell pellets were 

washed twice with cold S30 buffer without dithiothreitol (DTT) (14 mM magnesium acetate, 60 

mM potassium acetate, and 10 mM Tris-acetate, pH 8.2) then weighed. These were flash-frozen 

and stored at -80˚C unless lysed on the same day. Fresh cultures were prepared for each 

optimization step.  

 

4.3.2. Lysate Preparation 

Cell pellets were resuspended in 0.8 mL S30 buffer (without DTT) per gram wet cell mass, 

after thawing on ice. Resuspensions were sonicated using a Branson 450 sonifier with a 3.2 mm 

tip. Briefly, 1 mL resuspension was placed in 1.5 mL microcentrifuge tubes surrounded by an ice 

water bath. Cells were lysed by applying 590 J at 50% tip amplitude at 10 s ON, 10 s OFF intervals 

directly to the resuspension. The resulting extracts were centrifuged twice at 21,100 g for 10 min 
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at 4˚C. The supernatant was aliquoted to clean microcentrifuge tubes, flash-frozen, then stored 

at -80˚C until use. Extracts were prepared from fresh cultures for each optimization step.  

 

4.3.3. Lysate Depletion 

For optimizing the post-lysis depletion method, HisPur™ Cobalt Resin (ThermoFisher 

Scientific) suspensions were washed with 600 µL S30 buffer (without DTT) on ice and centrifuged 

for 30 s at 21,100 g at 4˚C. It should be noted that the resin is suspended in ethanol in storage. 

In initial experiments, all resin suspension volumes were washed twice following our previously 

reported protocol, but this was insufficient for higher volume resin suspensions as residual ethanol 

storage buffer affected our time zero sample measurements74 (Appendix Figure 4.8). More wash 

cycles remedied this problem (Appendix Table 1). The number of wash steps were thus 

optimized per resin suspension volume to ensure the removal of ethanol buffer used for resin 

storage. LdhA-6xHis and PflB-6xHis were depleted from lysate proteomes by adding 1X volume 

of the cell extract to Co2+ beads washed from 0.2X, 0.6X, 1X, 1.4X, and 1.8X volume of ice-cold 

resin suspension. A fixed lysate volume of 200 µL was used. Lysates were initially mixed with 

beads for 1 hr at 4˚C under shaking conditions (900 rpm). Incubation time was changed to 30 min 

after optimization of this protocol for subsequent experiments. All lysate-bead mixtures were 

centrifuged at 21,100 g for 30 s. Supernatants were aliquoted, flash-frozen, and stored at −80 °C 

until use. The depletion method was performed in triplicate on the same batch of extract. 

Replicates are referred to here as “depletion replicates”.  

 

4.3.4. CFME Reaction Preparation 

All cell-free metabolic reactions were prepared with 18 mM magnesium glutamate, 15 mM 

ammonium glutamate, 195 mM potassium glutamate, 150 mM Bis-Tris, and 10 mM dipotassium 

phosphate. Lysate was added to these mixtures at a final concentration of 4.5 mg/mL unless 

otherwise noted. For every tested condition, reactions were prepared with depletion replicate 
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lysates (n=3) to evaluate variability in the depletion strategy. Cofactor (NAD+, CoA, ATP) and 

glucose concentrations and pH levels used to initiate the reactions are detailed in the manuscript. 

To achieve acidic pH levels, glacial acetic acid was added to S30 buffer solutions that were then 

used to prepare the reactions. The pH of the reaction itself was measured with Hydryion MicroFine 

pH papers prior to incubation. Reactions were carried out in 30 µL volumes in enclosed 1.5 mL 

microcentrifuge tubes (Thermo Scientific #3451), 0.2 mL PCR tubes (VWR #20170-012), or 50 

µL wells on a 384-well-plate (Corning #3544) sealed with polyester film (VWR #75853-868) as 

described. Reactions were incubated at 37˚C for 20 h unless otherwise stated. For each replicate, 

a control time zero reaction was prepared as described previously154. Briefly, lysate metabolic 

activity was terminated with 5% TCA prior to the addition of glucose to prepare controls.  

 

4.3.5. Metabolite Analyses 

CFME reactions were quenched with an equivalent volume of 5% TCA and then diluted 

with an equal volume of ultrapure water. High-performance liquid chromatography (HPLC) was 

used to measure changes in glucose, ethanol, lactate, and acetate concentrations between time 

zero and endpoint reactions. Measurements were taken with an Agilent 1260 Infinity system 

(Agilent, Santa Clara, CA) equipped with an Aminex HPX 87-H column (Bio-Rad, Hercules, CA) 

for carbohydrate, organic acid, and alcohol analyses. An isocratic method using 5 mM sulfuric 

acid was used to elute target metabolites from the column at a 0.55 mL min -1 flow rate for 30 min 

at 35˚C. Metabolites were detected with a refractive index detector (Agilent, Santa Clara, CA). 

Peak areas were extracted using manual integration for glucose peaks and automatic integration 

for lactate, acetate, and ethanol peaks in the HPLC system’s companion software. Concentrations 

were calculated using standard calibration. Reported values for metabolite consumption and 

production are changes in concentrations between endpoint and time zero reactions. Student’s t-

tests were used to evaluate statistical significance (pval < 0.05). Percent ethanol yield from 
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glucose was calculated as follows, given that 1 mole glucose can theoretically be converted to 2 

moles ethanol in E. coli lysates: 

 

% 𝑌𝑖𝑒𝑙𝑑
(

𝐸𝑡𝑂𝐻

𝐺𝑙𝑐
)

=  
𝐴𝑐𝑡𝑢𝑎𝑙 𝑌𝑖𝑒𝑙𝑑

(
𝐸𝑡𝑂𝐻

𝐺𝑙𝑐 )

𝑇ℎ𝑒𝑜𝑟𝑒𝑡𝑖𝑐𝑎𝑙 𝑌𝑖𝑒𝑙𝑑
(
𝐸𝑡𝑂𝐻

𝐺𝑙𝑐 )

 𝑥 100 (1) 

 

𝐴𝑐𝑡𝑢𝑎𝑙 𝑦𝑖𝑒𝑙𝑑
(

𝐸𝑡𝑂𝐻

𝐺𝑙𝑐
)

=  
𝑚𝑜𝑙𝑒𝑠 𝐸𝑡𝑂𝐻 𝑝𝑟𝑜𝑑𝑢𝑐𝑒𝑑

𝑚𝑜𝑙𝑒𝑠 𝐺𝑙𝑐 𝑐𝑜𝑛𝑠𝑢𝑚𝑒𝑑
 (2) 

 

𝑇ℎ𝑒𝑜𝑟𝑒𝑡𝑖𝑐𝑎𝑙 𝑦𝑖𝑒𝑙𝑑
(

𝐸𝑡𝑂𝐻

𝐺𝑙𝑐
)

=  
2 𝑚𝑜𝑙𝑒𝑠 𝐸𝑡𝑂𝐻

1 𝑚𝑜𝑙𝑒 𝐺𝑙𝑐
 (3) 

 

 

4.4. Results and Discussion 

4.4.1. Blocking flux-competing pathways via selective depletion of LdhA and PflB proteins 

in lysates redirects carbon flow to ethanol. 

Glucose derived carbon flow could theoretically be diverted towards ethanol by removing 

PflB and LdhA and associated flux towards formate and lactate. However, the [NAD+] to [NADH] 

ratio must be balanced to sustain flux towards ethanol. Conventionally, per mole glucose 

consumed, glycolysis generates 2 moles NADH that are primarily recycled to NAD+ via the lactate 

forming LdhA enzyme (Figure 4.1A). Because this reaction sustains glycolysis by providing 

NAD+, lactate has been observed as a major fermentation product in lysate metabolism of 

glucose.154 To redirect flux towards ethanol, an alternative ethanol forming, [NAD+]/[NADH] 

balancing pathway can be activated through the PDHC-AdhE pathway module74,155. Briefly, PDHC 

generates 2 moles acetyl-CoA and 2 moles NADH from 2 moles pyruvate (Figure 4.1A). The net 

output of glycolysis and PDHC is thus 4 moles NADH per mole glucose. AdhE can recycle the 
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equivalent amount of NAD+ from 4 moles NADH when transforming 2 moles acetyl-CoA to 2 moles 

ethanol, sustaining glycolytic flux155. A prerequisite for PDHC-AdhE activation is the inactivation 

of the PflB reaction. Although PflB is oxygen-sensitive, its activity in lysates and aerobic 

environments has been reported74,156,157.  Active PflB converts 1 mole pyruvate and 1 mole CoA 

to 1 mole acetyl-CoA, forming 1 mole formate in the process.  Because this reaction does not 

generate NADH, subsequent ethanol formation via NADH-dependent AdhE is imbalanced with 

glycolysis (Figure 4.1A)74,109,155.  

The post-lysis affinity-based enzyme depletion method was optimized to remove 6xHis-

tagged PflB and LdhA proteins from derived lysates to the point of inactivating these reactions, 

ensuring flux redistribution towards the PDHC-AdhE route of ethanol formation. In prior work, 

lysates were incubated with beads washed from a volume of His-Pur Cobalt resin suspension that 

was 1/5th the lysate volume74. This method however still resulted in some formate production and 

significant lactate accumulation after 24 hrs. Utilizing more Co2+ beads to bind 6xHis-tagged 

proteins in the lysate should help eliminate flux-competing reactions. To this end, Co2+ beads 

washed from varying volumes of resin suspension were mixed with a fixed volume of lysate 

derived from the genome engineered strain, and mixtures were incubated for 1 hour at 4˚C under 

shaking conditions. The resulting supernatants (i.e., depleted lysates) were normalized to the 

same protein concentration and used to prepare CFME reactions that were fed with a glucose 

substrate. All metabolite concentrations quantified in incubated reactions were normalized against 

time-zero controls, which were prepared as previously described154. Further, the variability of the 

depletion approach was assessed by performing this method in triplicate from the same batch of 

lysate, then using the resulting “depletion replicates” to prepare replicate cell-free reactions 

(Figure 4.2). Despite batch variability being an issue in other lysate-based applications (e.g., 

protein expression)158, metabolic performances of extracts prepared from biological replicates 

(i.e., different cell cultures) do not significantly vary72,74. 
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Figure 4.2. Optimization of the post-lysis lysate depletion method to selectively remove 

6xHis-tagged PflB and LdhA and redirect lysate metabolic flux to ethanol. Normalized 

metabolite concentrations and calculated % ethanol yields in reactions made with A) lysates that 

were exposed to varying amounts of Co2+ beads for 1 hour, and B) lysates depleted with Co2+ 

beads washed from an equivalent suspension volume for different incubation times. All reactions 

were set up using 1 mM of NAD+, CoA, and ATP and 100 mM glucose. Reactions were incubated 

at 37˚C for 20 hrs. Replicates of the depletion method (i.e., “depletion replicates”) were used to 

prepare triplicate reactions for all conditions and error bars represent standard errors. “BS:L vol. 

ratio” = bead suspension to lysate volume ratio. “ND” = non-depleted control. 
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Contrary to the previous report74, no formate was detected in any of the modified extracts 

nor in the unmodified extract. PflB activity in lysates has been described in the past, so it is likely 

that formate was only accumulated here at undetectable levels or was actively consumed by 

formate dehydrogenases74,121,154. Since it has been previously shown that LdhA and PflB can be 

simultaneously purified from the lysate by this procedure, decreasing lactate build-up was used 

as a proxy for evaluating the purification of both proteins74. Reactions prepared with lysates 

exposed to an equivalent volume of bead suspension resulted in no lactate accumulation and the 

highest % ethanol yield from glucose (31.2%  1.4%). This is a significant 2-fold improvement 

(pval < 0.01) compared to the % yield in the 1:5 volume ratio condition (12.9%  0.7%), which 

was the only ratio tested in the previous study74 (Figure 4.2A). This condition optimally enabled 

the removal of byproduct forming activity while increasing flux through the PDHC route of acetyl-

CoA formation. Notably, exposure to even more beads (7:5 and 9:5 volume ratios) lowered 

glucose consumption, ethanol production, and % ethanol yield relative to the 5:5 condition (Figure 

4.2A). This is possibly because of increased binding of background proteins in the lysate to the 

Co2+ beads74. Nonetheless, all lysates processed using the 6xHis-tag purification strategy 

consumed more glucose and produced more ethanol when compared against a non-depleted 

(ND) lysate (Figure 4.2A). The effect of removing lactate-forming activity on the target yield 

increase is obvious in these data. To confirm the contribution of PflB depletion, the 5:5 volume 

ratio condition was also applied to lysates derived from a strain that endogenously expresses 

6xHis-tagged LdhA only. Evidently, depleting both PflB and LdhA has a more positive impact on 

ethanol yield compared to LdhA depletion alone (Appendix Figure 4.9). 

To determine whether increasing the exposure period of lysates to beads would improve 

selective enzyme depletion, lysates were mixed for varying durations with beads washed from an 

equivalent His-Pur Co2+ resin suspension and then used to prepare CFME reactions (Figure 

4.2B). No significant improvement in % yield beyond 20 min of incubation was observed (Figure 



 98 

4.2B). The results also suggest that potential shear forces from shaking the beads vigorously in 

lysates have no effect on glucose metabolism or % ethanol yield, otherwise lysate performance 

could be expected to decrease with time (Figure 4.2B). Moving forward, a standard 30 min 

incubation period of lysates with beads from an equivalent volume of Co2+ resin suspension was 

used to prepare modified lysates. Extracts depleted under these conditions are henceforth 

referred to as blocked lysates.  

The reaction blocking strategy described here has several advantages over other tactics 

to rewire lysate metabolic flux. Gene knockouts can have unpredictable effects on harvested 

lysate metabolism, presumably because the source strain reconstructs its proteome to 

accommodate the deletion(s)47,53,159,160. These mutant lines would result in lysate proteomes that 

differ on a global scale when compared to the wild-type160. Intuitively, tractable changes to the 

“static” lysate proteome can be made by selectively removing enzymes post-lysis, enabling 

engineering designs with predictable outcomes and significantly simplifying the integration of 

lysate metabolic models. Displaying 6xHis-tags on endogenously expressed enzymes does not 

impact cell growth, whereas the number of gene knockouts that can be introduced without strain 

optimization is limited47. Additionally, simply reducing the concentrations of flux-competing 

enzymes by down-regulating gene expression does not eliminate unwanted reactions in 

lysates62,74. The strategy presented here already provides > 3-fold improvements in both titer and 

% yield compared against the unmodified extract even without optimization of the reaction 

environment or heterologous enzyme expression, both of which were necessary for achieving a 

similar improvement in BDO titer via a knockdown strategy62.  
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4.4.2. Optimized reaction and cultivation conditions push and pull flux through the 

insulated pathway and improve ethanol yield in blocked lysates 

Removing enzymes alone can be insufficient for achieving high conversion yields. Given 

the complexity of lysate metabolism, glucose-derived carbon can be trapped in metabolic 

intermediates or incorporated into less obvious end-products of central metabolism154. Push and 

pull metabolic engineering strategies are typically implemented to improve pathway yields by 

overcoming bottleneck reactions while increasing carbon flow towards a target metabolite148. 

Previous CFME efforts have shown that optimal reaction and source strain cultivation conditions 

can enrich the concentrations or activities of desirable enzymes in lysate-based systems, 

increasing flux through a pathway of interest17,19,53,62,73,78. Some of these tactics were thus applied 

sequentially to increase flux through the insulated ethanol biosynthesis pathway in the blocked 

lysate, using % yield of ethanol from glucose as a parameter for optimization. 

First, different combinations of starting cofactor concentrations were sampled in reactions 

prepared with glucose fed, blocked extracts. The cofactors NAD+, ATP, and CoA are all 

responsible for driving past flux restricting steps in the glycolysis module of the target pathway 

(Figure 4.1A), hence the initial supplementation of 1 mM of each of these reagents to the 

reactions. Interestingly, ~ 40% (39.1%  3.2%) of the maximum theoretical ethanol yield can be 

achieved when the reactions are started with 2 mM NAD+ (Figure 4.3A); supplementation with 

ATP or CoA are unnecessary for improving yield. These conditions result in a % yield that is 

significantly higher (pval = 0.03) than that of the initial condition (27.2%  3.5%) (Figure 4.3B). 

NAD+ concentrations beyond 2 mM had no positive effect on ethanol yield (Appendix Figure 

4.10). Approximately 40% yield could also be realized if 1 mM ATP and 1 mM NAD+ were added 

to reactions without CoA, suggesting a complex interplay between ATP and NAD+ availability 

(Figure 4.3B). Regardless of starting ATP or NAD+ concentrations, decreasing CoA 

concentrations consistently improved % ethanol yields (Figures 4.3A and B). This can be  
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Figure 4.3. Optimization of cofactor concentrations in reactions prepared with blocked 

lysate to drive carbon flux towards ethanol. Normalized metabolite concentrations and 

calculated % ethanol yields in reactions of blocked lysates prepared with 100 mM Glucose, 

different combinations of 0, 1, or 2 mM of NAD+ and CoA, and A) 0 mM or B) 1 mM ATP. Reactions 

were incubated at 37˚C for 20 hrs. Reactions for all conditions were prepared using depletion 

replicates and error bars represent standard errors (n=3).  
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attributed to the regulatory role of CoA-derived moieties which can bottleneck flux through 

glycolysis to ethanol. When accumulated, succinyl-CoA and acetyl-CoA inhibit the pyruvate 

forming enzyme pyruvate kinase and PDHC, respectively109,161,162. These intermediates can 

become excessive when there is high CoA availability at the start of the reaction and result in 

lower glucose consumption and ethanol production, thereby lowering % ethanol yields (Figures 

4.3A and B). Another possibility is that free CoA inhibits the forward reaction catalyzed by the 

acetaldehyde dehydrogenase component of AdhE, stalling ethanol synthesis163. 

Next, different reaction vessels were tested to determine whether smaller sized reactors 

would benefit the system’s conversion efficiency. Decreasing the size of the vessel reduces the 

air/liquid surface area to reaction volume ratio as well as the reaction headspace, both of which 

reportedly limit the oxygenation of cell-free reactions164,165. In E. coli cells, the electron transport 

chain and component oxygen-dependent enzymes that regenerate NAD+ from NADH are 

inactivated when oxygen is limited109,166–168. Increased [NADH]/[NAD+] in the cytosol is 

consequently regulated by the increased activity of endogenous AdhE enzymes166,168, a 

phenomenon that also likely occurs in oxygen-limited E. coli lysates169. Additionally, a smaller 

air/liquid surface area and reaction headspace could better prevent ethanol evaporation from the 

reaction volume. Hence, 30 µL glucose-fed reactions prepared with blocked lysates and optimized 

cofactor concentrations were incubated in reaction vessels of varying sizes: 1.5 mL 

microcentrifuge tubes, 0.2 mL PCR tubes, and 50 µL non-binding surface wells in a 384-well plate 

sealed with film. The air/liquid surface area to volume ratios of the 30 µL reactions in these vessels 

were approximately 0.65 mm, 0.42 mm, and 0.32 mm, respectively. Expectedly, 30 µL reactions 

in 50 µL wells had a significantly higher mean % yield (59.1%  1.4%) compared to the average 

~ 40% yield of reactions in 1.5 mL microcentrifuge tubes (pval < 0.01) (Figure 4.4A).  

Next, different reaction vessels were tested to determine whether smaller sized reactors 

would benefit the system’s conversion efficiency. Decreasing the size of the vessel reduces the 

air/liquid surface area to reaction volume ratio as well as the reaction headspace, both of which  
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Figure 4.4. Optimization of reaction vessel and initial reaction pH to drive carbon flux 

towards ethanol in blocked lysates. Normalized metabolite concentrations and calculated % 

ethanol yields in reactions incubated in A) different enclosed reaction vessels with varying 

airspace volumes, and B) sealed 50 µL wells with varying initial pH values. Reactions were 

supplemented with 2 mM NAD+ and 80 mM glucose then incubated at 37˚C for 20 hrs. Reactions 

for all conditions were prepared using depletion replicates and error bars represent standard 

errors (n=3).  

 



 103 

reportedly limit the oxygenation of cell-free reactions164,165. In E. coli cells, the electron transport 

chain and component oxygen-dependent enzymes that regenerate NAD+ from NADH are 

inactivated when oxygen is limited109,166–168. Increased [NADH]/[NAD+] in the cytosol is 

consequently regulated by the increased activity of endogenous AdhE enzymes166,168, a 

phenomenon that also likely occurs in oxygen-limited E. coli lysates169. Additionally, a smaller 

air/liquid surface area and reaction headspace could better prevent ethanol evaporation from the 

reaction volume. Hence, 30 µL glucose-fed reactions prepared with blocked lysates and optimized 

cofactor concentrations were incubated in reaction vessels of varying sizes: 1.5 mL 

microcentrifuge tubes, 0.2 mL PCR tubes, and 50 µL non-binding surface wells in a 384-well plate 

sealed with film. The air/liquid surface area to volume ratios of the 30 µL reactions in these vessels 

were approximately 0.65 mm, 0.42 mm, and 0.32 mm, respectively. Expectedly, 30 µL reactions 

in 50 µL wells had a significantly higher mean % yield (59.1%  1.4%) compared to the average 

~ 40% yield of reactions in 1.5 mL microcentrifuge tubes (pval < 0.01) (Figure 4.4A).  

Cell-free systems provide the advantage of directly altering the reaction environment’s pH, 

which can potentially improve activity of specific enzymes and therefore pathway performance. 

Sampling different initial reaction pH values has therefore become a common CFME strategy for 

improving product titers51,62,78,170. This strategy was employed here specifically to improve ethanol 

yield in the blocked extract. E. coli cells regulate cytosolic pH within a range of 7.2 to 7.8, hence 

the use of pH 7.2 as the initial condition171. However, reducing the pH from 7.2 to 6.2 resulted in 

a significant % yield increase (pval < 0.01) to 71.0%  1.9% (Figure 4.4B). This is attributed to a 

modest increase in ethanol concentration (pval > 0.05) and a significant decrease in glucose 

consumption (pval < 0.01) (Figure 4.4B). In E. coli cells, a reduction from cytosolic pH 7.0 to 6.0 

leads to a 20% decrease in glycolytic flux172. Although the pH optima of enzymes in vitro are 

generally lower than that observed in vivo, it is conceivable that cell-free glycolytic enzymes are 

already slightly impaired at pH 6.2, leading to the reduced usage of glucose at this pH173. 
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Intriguingly, however, the decrease in glucose consumption had no significant effect on ethanol 

concentration compared to the initial condition (Figure 4.4B). This suggests that carbon flux from 

consumed glucose is better directed towards ethanol in lysates with a slightly more acidic reaction 

environment. Further reducing the reaction pH results in a similar ethanol yield (68.6%  9.8%) 

but compromises ethanol concentration (Figure 4.4B). For these reasons, pH 6.2 was considered 

the optimum for succeeding experiments. 

To further improve ethanol yield, different source strain growth conditions were evaluated 

for enriching throughput of the target pathway. As reported, the lysate’s endogenous metabolic 

proteome can be curated by growing cells under different nutritional conditions or by harvesting 

cells at different growth stages, improving CFME outcomes72,73. Ethanologenic metabolism in E. 

coli cells is differentially expressed in cultures with varying concentrations of carbon substrate 

and growth phase167,174–176. Glucose rich media stimulate glycolysis, but substrate-derived carbon 

is primarily funneled to lactate generation instead of ethanol synthesis under high glucose 

concentrations174. E. coli ethanol production is known to occur during fast growth on glucose even 

under aerobic conditions, but up-regulated AdhE expression has also been documented in E. coli 

cultures at the onset of stationary phase175,176. The glucose concentration for growth and 

harvesting time could thus theoretically be optimized to obtain lysates with enriched ethanologenic 

activity. To this end, the strain with genomically integrated 6xHis-tags was grown in 2xYPT media 

containing different concentrations of glucose. Cells were then pelleted for lysis at mid-log growth 

(OD ~ 5.0) and the onset of the stationary phase (OD ~7.0). Blocked extracts were derived from 

these cells and were fed glucose in reactions using the optimized reaction conditions. A lysate 

with high ethanol yield from glucose (90.8  5.8%) could be extracted from cells grown 

exponentially on 0.9% glucose (Figure 4.5). Compared to lysates that were initially harvested 

from mid-log cells grown on 1.8% glucose, the optimized lysate produced ethanol at significantly 

higher concentrations (pval < 0.01), leading to the significantly higher % ethanol yield from  
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Figure 4.5. Optimization of source strain cultivation conditions to drive carbon flux 

towards ethanol in resulting lysate proteomes. Normalized metabolite concentrations and 

calculated % ethanol yields in blocked lysates derived from strains grown under different 

conditions. Reactions were prepared with optimized reaction conditions and 80 mM glucose then 

incubated at 37˚C for 20 hrs. Reactions for all conditions were prepared using depletion replicates 

and error bars represent standard errors (n=3).  
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glucose (pval < 0.01) (Figure 4.5). This > 90% theoretical yield is considered industrially relevant 

for ethanol biosynthesis20,146.  

In efforts to maximize redirection of glucose-derived carbon flux towards ethanol synthesis 

in crude lysates, reaction conditions defined as optimal should yield high glucose-to-ethanol 

transformation while minimizing acetate formation or consumption. In addition to ethanol 

production, changes in the system’s acetate concentrations were analyzed throughout 

optimization experiments. Both the production and consumption of acetate in E. coli lysate-based 

cell-free systems have been reported46,53,74,154. Enzymes involved in the acetyl-CoA—acetate 

pathway can drive reactions in either direction depending on the lysate’s adenylate charge154. 

That is, the pathway, which involves ATP/ADP exchange, can either form or deplete acetate 

depending on the availability of these adenosine cofactors (Figure 4.1A). When this pathway is 

driven forward, acetate is formed alongside ethanol since the two fermentative end-products 

share the same acetyl-CoA precursor. Consequently, acetate production is likely to compete with 

ethanol synthesis for glucose-derived carbon flux177. When driven backward towards acetyl-CoA 

synthesis, acetate can be a secondary carbon source for ethanol formation since it is initially 

present in the reactions at a final concentration of approx. 80 mM53. This is because the S30 

buffer used to prepare lysates consists of acetate salts. If acetate is indeed consumed in the 

reactions, this would obscure % ethanol yield from glucose calculations. When optimizing for 

starting cofactor concentrations, acetate was observed in the blocked extract. Like ethanol, 

acetate increased with decreasing CoA, reinforcing the assumption that glycolysis is bottlenecked 

by high CoA levels (Appendix Figure 4.11A). Incubating reactions in more oxygen-limited 

environments however increasingly drove the acetyl-CoA—acetate pathway module towards 

acetyl-CoA synthesis, as evidenced by acetate consumption in 50 µL vessels (Appendix Figure 

4.11B). This could be explained by the need for an additional ATP consuming sink that is fulfilled 

by the acetate kinase (AckA) reverse reaction when O2-dependent ATP hydrolases are 

inactivated in the system154,164. Despite acetate consumption in the sealed 50 µL wells, data from 
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the initial reaction pH optimization experiment imply that carbon derived from this secondary 

source is likely not incorporated into ethanol since ethanol concentrations do not significantly 

change in conditions where acetate is produced (pH 6.2) or consumed (pH > 7.0) (Appendix 

Figures 4.11C & B). These data also reinforce the use of pH 6.2 for ethanol production in lysates 

since this condition has the least significant acetate production or consumption. Under these 

reaction conditions, acetate formation or consumption remained insignificant in extracts 

regardless of source strain cultivation conditions (Appendix Figure 4.11D).  

To further ensure that ethanol in this optimized system was formed from glucose, reactions 

(n=2) were incubated for 20 h without glucose and compared to respective time zero controls. No 

glucose or ethanol was detected in any of the time zero replicates and only 1.9  0.08 mM ethanol 

was formed after 20 h. This strongly suggests that ethanol is derived from glucose, and not from 

carbon sources initially present in the reactions at high (> 80 mM) concentrations (i.e., acetate 

and glutamate)49. 

 

4.4.3. Maximum glucose-to-ethanol conversion is consistent in the optimized system  

The cell-free, block-push-pull approach enabled a 10-fold improvement in the optimized 

system’s ethanol yield from glucose compared to the unmodified extract (Figure 4.6). The 

consistency of the optimized system to perform at > 90% yield was then assessed.  

First, it was determined whether flux is still driven to ethanol without high concentrations 

of remaining substrate. In reaction optimization experiments, only a fraction of the glucose feed 

(~ 25 mM out of 80 mM) is consumed after 20 h (Figure 4.5). By Le Chatelier’s principle, the high 

remaining concentration of glucose could be favoring the overall forward reaction to ethanol, 

preventing bottlenecks and build-up of intermediates. However, optimized reactions fed 

increasing concentrations of glucose convert a common concentration, 20-25 mM, of glucose to  
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Figure 4.6. Summary of the additive improvements to % ethanol yield in the system due to 

conditions that optimally block, push, and pull flux. Reactions for all conditions were prepared 

using depletion replicates and error bars represent standard errors (n=3).  
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to ethanol at near 100% yields (95.5%  6.6% with 20 mM initial Glc; 110.1%  21.7% with 40 

mM initial Glc; 107.7%  4.3% with 80 mM initial Glc) (Figure 4.7A). Reactions are thus driven 

forward towards ethanol synthesis, even without excess glucose in the system, suggesting that 

glucose consumption, and therefore ethanol concentrations, are limited by another component of 

the reaction system. The total concentration of relevant pathway enzymes was hypothesized to 

limit the reaction. To this end, reactions made with increasing concentrations of blocked lysate 

were fed 50 mM glucose and incubated overnight. Compared to the initial reaction condition 

containing 4.5 mg/mL lysate, reactions with more concentrated extracts could consume more 

glucose and produce more ethanol while maintaining near 100% yields (96.0%  2.8% with 4.5 

mg/mL lysate; 89.8%  5.4% with 7.5 mg/mL lysate; 97.1%  1.9% with 10.5 mg/mL lysate).  

(Figure 4.7B). Thus, increasing the concentration of extract in the mixture can be a useful strategy 

for improving ethanol production and possibly even the system’s productivity without impacting 

yield. However, it is also conceivable that the positive effect of concentrating extract on reaction 

production efficiency has an upper limit due to reaction viscosity178,179. Alternatively, terminal 

enzymes may be overexpressed heterologously to help drive flux through the insulated 

pathway46,62.  

To confirm that these highly efficient conversions were consistent over time, a time course 

experiment was set up with 4.5 mg/mL lysate in reactions that were fed 25 mM glucose, the 

maximum amount of substrate this system would consume (Figure 4.7A). Glucose consumption 

inversely correlated with ethanol production, resulting in 100% ethanol yield in the blocked lysate 

at every timepoint (Figure 4.7C & E) These results strongly suggest that as glucose is consumed, 

its carbons are fully shuttled and incorporated into ethanol in the optimized system. Additionally, 

no significant production or consumption of acetate was observed through time (Appendix Figure 

4.12). Furthermore, reactions prepared under the same reaction and cultivation conditions, but 

with non-depleted extract, accumulated half as much ethanol and only transformed glucose to 
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Figure 4.7. Evaluation of maximal glucose to ethanol conversion efficiency in the optimized 

system. Normalized metabolite concentrations and calculated % ethanol yields in the optimized 

reaction system prepared with A) 4.5 mg/mL lysate and different concentrations of glucose feed 

or B) 50 mM glucose and varying concentrations of lysate. Normalized metabolite concentrations 

in time course reactions set up with C) the system optimized via the block-push-pull approach 

and D) its non-depleted lysate counterpart (i.e., a system prepared with the optimized reaction 

and cultivation conditions but without removing competing reactions). These reactions were fed 

25 mM glucose. E) Percent ethanol yields in the optimized system and its non-depleted lysate 

counterpart through time. All reactions were incubated at 37˚C. Except for the time course 

experiment, reactions were run for 20 hrs. Reactions for all conditions were prepared using 

depletion replicates and error bars represent standard errors (n=3).  
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ethanol at less than half of the theoretical yield in 24 h. (Figure 4.7D & E) These data reinforce 

that removing unwanted reactions was indeed necessary for effectively rewiring flux. However, 

this still had to be complemented by strategies to drive flux through bottlenecks and towards 

ethanol to realize the maximum yield. This is implied by the ~ 50% yield obtained in the non-

depleted system under optimized cultivation and reaction conditions (Figure 4.7E), which is a ~ 

5-fold improvement from the < 10% yield in the non-optimized system (Figure 4.6). 

It should be noted that the non-depleted lysate consumed glucose more rapidly than the 

blocked extract (Figures 4.7C & D). At early timepoints (1, 2, 3 h), this seems to be due to the 

lactate-forming ability that helps AdhE turn over excess NADH to drive rapid glycolytic flux (Figure 

4.7D). Indeed, > 90% of glucose carbon was incorporated into lactate and ethanol at these earlier 

timepoints. Interestingly, when remaining glucose was completely consumed in the non-depleted 

extract between 6 and 12 h, less glucose carbon was incorporated into ethanol, lactate, or other 

fermentative products that are detectable by the HPLC method used here (Figure 4.7D). Whether 

this is because flux is being directed to non-fermentative end-products or because bottlenecks 

are causing the build-up of intermediates requires further investigation. Regardless, this finding 

highly contrasts the continuous production of ethanol from glucose with > 90% theoretical yield 

beyond 12 h in blocked extracts, further supporting that the workflow efficiently directs carbon flux 

from glucose to ethanol (Figure 4.7E).  

 

4.5. Conclusions 

Here, a lysate-based cell-free system was optimized to synthesize ethanol from consumed 

glucose with an industrially relevant % yield (> 90%)146. To our knowledge, this is the first report 

of metabolic flux rewiring in lysates that maximizes the yield of a targeted compound. To 

accomplish this, a block-push-pull approach was designed and implemented. Specifically, an 

efficient strategy for depleting flux-competing reactions from the lysate itself was first employed. 
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CFME methods that could drive flux through the insulated target pathway were then applied to 

improve the system’s conversion of substrate to product. These strategies take advantage of the 

manipulable cell-free environment. That is, the lysate proteome could be curated without 

introducing metabolic burden from protein overexpression or deleterious mutations, and pathway 

activity could be rapidly modulated by directly manipulating reaction conditions. The engineering 

workflow here is therefore unconstrained by cell viability and enables shorter build steps in DBTL 

cycles. As a result, the yield of the target endogenous metabolite could be quickly maximized in 

a lysate which initially synthesized ethanol from glucose at only 10% of the theoretical yield. A 

source strain that already had the native or introduced capacity to synthesize the targeted product 

with high performance metrics was therefore not needed62,71,180. This implies that time-consuming 

strain optimizations or the availability/discovery of already optimized strains to rewire endogenous 

metabolic flux are not required for engineering lysates that result in high conversion yields. This 

can be advantageous for reducing the number of heterologous genes introduced into the source 

strain, reducing manipulations to only those that are necessary for completing cell-free pathway 

designs. Elements of the current workflow can be feasibly applied at the bench-scale to study 

cellular metabolism, test unconventional phenotypes, or prototype potential high-yield pathway 

designs for in vivo production. It is important to note that the depletion strategy is reliable for such 

applications as it does not cause significant variability. However, the current method could benefit 

from testing other tag-resin combinations with higher specificity, and an assessment of the 

number of enzymes that can be feasibly depleted by these approaches. 

Efficient bioconversion is essential to realizing lucrative lysate-based biomanufacturing. 

According to estimations provided by Rasor et al., the synthesis of certain high-value molecules 

(e.g., limonene, 3-hydroxybutyrate) can be profitable in cell extracts provided that available 

reaction cost reduction strategies are integrated, and maximum conversion yields can be 

engineered in lysate pathways11. The latter is demonstrated by the optimizations described here, 

which were designed specifically to propel flux through glycolysis for ethanol production. 
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Appropriately designed cell-free block-push-pull approaches should similarly be able to direct 

carbon flow to other target metabolites. CFME methods that enrich and activate enzymes of the 

target pathway, integrated into the described approach as push and pull strategies, have already 

been applied to increase titers and productivities of lysates that synthesize a broad range of 

compounds28,47,51,62,71,73,145. If complemented with an efficient strategy for removing unwanted 

reactions, it is conceivable that high yields of these metabolites can also be achieved. However, 

refinements should be made to the described depletion approach to enable sustainable 

production in extracts due to the high cost of the metal chelate affinity-based strategy (Appendix 

Note). Other protein tag technologies could be considered. These tags must be small enough so 

that 1) their sequences can be easily inserted into genomes and 2) they do not affect the 

endogenous enzyme’s physicochemical properties. Cellulose binding domains with sequences 

as short as 27 amino acids long181 can be utilized as protein tags and tested with inexpensive 

cellulose beads182,183. We estimate that lysate depletion with cellulose beads can enable profitable 

lysate-based biomanufacturing in the future (Appendix Note). The mf-ssrA tag is also 27 amino 

acids in length and is sensitive to proteolysis by an exogenous mf-Lon protease132. This system 

was previously recommended for removing flux-competing reactions post-lysis74 but the cost of 

large-scale protease purification should be analyzed. An alternative strategy is the use of a native 

protease in E. coli that only degrades tagged enzymes upon cell lysis184. An OmpT protease 

cleavage site (a dibasic amino acid sequence) was engineered into a strain’s endogenous 

cytosolic protein and cleaved by the native OmpT protease, which is localized in the outer 

membrane, only after membrane disruption. This method had no impact on cell growth and could 

thus be adapted as a block strategy for pathway yield optimization. However, this demonstration 

was focused on degrading a single protein for enhanced non-canonical amino acid incorporation 

in cell-free protein synthesis reactions184. Using this approach to selectively lyse multiple enzymes 

for metabolic flux rewiring may introduce new challenges, like OmpT’s potential proteolysis of 

metabolic enzymes with dibasic cleavage sites as OmpT reportedly has more degradation targets 
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in extracts38,185,186. Non-native proteases like mf-Lon may be assessed for this type of approach, 

but tuning the heterologous expression of the outer membrane-localized protease would likely 

require strain optimization25,133.  

This work described here illustrates the feasibility of engineering high-yield bioconversion 

in complex lysate environments by optimizing and combining CFME approaches. Looking 

forward, we anticipate that the design and execution of pathway-specific, cell-free block-push-pull 

workflows that can achieve industrially relevant yield metrics for high value molecules in extracts. 

Variations of the described workflow can be leveraged to study cellular metabolism or to prototype 

pathway designs before construction in vivo. Innovative, low-cost strategies for selective depletion 

of enzymes will advance commercially viable lysate-based biomanufacturing systems, providing 

an alternative engineering platform for rapid and sustainable bioconversion.   
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Appendix 

 

 

Figure 4.8. Residual ethanol from resin suspension storage buffer carried over to time zero 

lysate reaction set-ups. 

 

Table 4.1. Number of cycles needed to wash ethanol off different resin suspension 

volumes with S30 buffer (for 200 µL lysate).  

Volume resin suspension (µL) Number of wash cycles 

40 2 

120 2 

200 3 

280 5 

360 7 
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Figure 4.9. Contribution of PflB depletion to the improvement of ethanol yield in LdhA 

depleted lysates. Lysates were derived from a strain that endogenously expresses both 6xHis-

tagged LdhA and PflB or 6xHis-tagged LdhA alone. Lysates were depleted by mixing 200 µL 

lysate with washed Co2+ beads from a 200 µL resin suspension. Reactions were initiated with 100 

mM glucose and incubated for ~ 20 hrs at 37˚C along with non-depleted control reactions. 

Depletion reactions were used for all conditions and error bars represent standard error of the 

mean (n=3). 
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Figure 4.10. Additional NAD+ was supplemented to reactions prepared with blocked lysate, 

100 mM Glucose, 0 mM CoA and ATP, but had no improvement or significant effect on % 

ethanol yield from glucose beyond 2 mM NAD+. Reactions were incubated at 37˚C for 20 hrs. 

Depletion replicates were used for all conditions and error bars represent standard errors (n=3).  
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Figure 4.11. Acetate production or consumption in reactions. These were A) initiated with 0 

mM ATP and various combinations of NAD+ and CoA, B) incubated in different enclosed reaction 

vessels, C) initiated with varying pH levels, D) prepared with lysates derived from strains grown 

in different cultivation conditions. Depletion replicates were used for all conditions and error bars 

represent standard errors (n=3). 



 120 

 

Figure 4.12. Acetate production or consumption in the optimized system and its non-

depleted lysate counterpart. Values were calculated as the difference between acetate 

concentrations at a particular timepoint and at time zero reactions. Depletion replicates were used 

for all conditions and error bars represent standard errors (n=3). 
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Appendix Note: 

The cost of the current selective enzyme depletion approach (i.e., block strategy) is 

evaluated using reaction preparation costs that were already calculated by Rasor et al11. Briefly, 

they estimate the breakeven cost of a reaction that produces high-value targets (e.g., limonene 

and 3-hydroxybutyrate) to be $275.00/L reaction. They define the breakeven reaction cost as “the 

cost of reaction required to start having a return on investment at a given max theoretical yield.” 

With innovative cost-reducing strategies (i.e., efficient cofactor utilization, single-carbon 

substrates, high-density cultivation) and neglecting labor/capital costs, the price of reaction 

preparation can be reduced to $90.00/L reaction in the future.  

In the current approach, equal volumes of lysate and Co2+ resin suspension (Thermo 

Scientific #89964) are needed to eliminate byproduct-forming activity. The resin is $132.00/10 mL 

bottle. The resin itself therefore adds $0.40 to the preparation of a 30 µL reaction. Assuming 

$90.00/L reaction ($0.0027/30 µL reaction), the total cost for preparing a system with the modified 

extract is $0.4027/30 µL reaction or $13,423.00/L reaction.  Potential bulk pricing and other 

economies of scale may reduce these costs, but the present depletion strategy is unlikely to be 

viable for commercialization.  

Alternative pre-purification strategies may enable sustainable yield engineering efforts. 

Islam et al. recently reported an approach involving the purification of proteins via cellulose 

binding domains (CBD) and microcrystalline cellulose (Sigma-Aldrich #310697)182. In their 

method, 700 mg of microcrystalline cellulose, which costs $49/50 g, could be used to make 2000 

µL bead volume. If each target endogenous enzyme is engineered to display a CBD and an 

equivalent volume of bead volume is needed to eliminate byproduct-forming activity, the material 

costs $0.0010/30 µL. Assuming $90/L reaction, the total cost for preparing a system with the 

modified extract is $0.0040/30 µL reaction or $133/L reaction.  Even without considering 

economies of scale, this is well below the breakeven reaction cost for high-target chemicals. With 
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method optimization, it is possible that less microcrystalline cellulose is necessary to inactivate 

byproduct-forming activity, further reducing preparation costs.  
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CHAPTER 5 

APPLYING A REPORTER SYSTEM TO INVESTIGATE AND 

OPTIMIZE THE LYSATE-BASED CELL-FREE EXPRESSION 

OF NONRIBOSOMAL PEPTIDE SYNTHETASES 
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be found in the Appendix section of this chapter. All references are located at the end of the 

document.  

 

5.1. Abstract 

Lysate-based cell-free expression (CFE) systems are accessible platforms for expressing 

proteins that are difficult to synthesize in vivo, such as nonribosomal peptide synthetases 

(NRPSs). NRPSs are large (> 100 kDa), modular enzyme complexes that synthesize bioactive 

peptide natural products. This synthetic process is analogous to transcription/translation (TX/TL) 

in lysates, resulting in potential resource competition between NRPS expression and NRPS 

activity in cell-free environments. Moreover, CFE conditions depend on the size and structure of 

the protein. Here, a reporter system for rapidly investigating and optimizing reaction environments 

for NRPS CFE are described. This strategy is demonstrated in E. coli lysate reactions using blue 

pigment synthetase A (BpsA), a model NRPS, carrying a C-terminal tetracysteine (TC) tag which 

forms a fluorescent complex with the biarsenical dye, FlAsH. A colorimetric assay was adapted 

for lysate reactions to detect the blue pigment product, indigoidine, of cell-free expressed BpsA-
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TC, confirming that the tagged enzyme is catalytically active. An optimized protocol for endpoint 

TC/FlAsH complex measurements in reactions enables quick comparisons of full-length BpsA-

TC expressed under different reaction conditions, defining unique requirements for NRPS 

expression that are related to the protein’s catalytic activity and size. Importantly, these protein-

dependent CFE conditions enable higher indigoidine titer and improve the expression of other 

monomodular NRPSs. Notably, these conditions differ from those used for the expression of 

super folder GFP (sfGFP), a common reporter for optimizing lysate-based CFE systems, 

indicating the necessity for tailored reporters to optimize expression for specific enzyme classes. 

The reporter system is anticipated to advance lysate-based CFE systems for complex enzyme 

synthesis, enabling natural product discovery. 

 

5.2. Introduction 

Nonribosomal peptides are a structurally diverse class of natural products with valuable 

biological activities that include antibiotics, immunosuppressants, insecticides, fungicides, and 

pigments among others187. These short peptides are made independent of the ribosomal 

machinery, and are instead synthesized by large (> 100 kDa) enzyme complexes called 

nonribosomal peptide synthetases (NRPSs)188. NRPSs are modular proteins and can exist as a 

single module or can be comprised of multiple modules organized into a complex assembly line. 

Each module has catalytic domains that carry out discrete chemical transformations to build a 

peptide product from amino acid precursors that are tethered by flexible linkers188–190.  

Considerable efforts to reprogram NRPS architectures to generate novel peptides have been 

made, both in terms of altering selectivity of amino acid recognizing or loading domains through 

point mutations191–193 as well as domain swapping194–196.  However, many of these designs are 

hindered by slow experimental throughput including the ability to screen large enough numbers 

of constructs to develop adequate design rules67,193,196–203. Additionally, there is a desire to study 
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uncharacterized NRPSs identified through genome mining which will enrich the portfolio of 

valuable nonribosomal peptide structures190,204. To enable these endeavors, NRPS gene clusters 

have been expressed in vivo in microbial hosts187. However, NRPS yields in cells are 

compromised by the metabolic burden from expressing such large and complex proteins, the 

cytotoxicity of their products, as well as the throughput limitations of genetics68,205. Hence, there 

is increasing interest in developing platforms that allow high-throughput profiling of NRPS genes 

in vitro such as in cell-free expression (CFE) systems23.  

CFE platforms are considered highly suitable for NRPS production because they lack 

cellular survival objectives, bypassing challenges with in vivo expression28,68. The open nature of 

CFE systems is additionally appealing for NRPS characterization and engineering because it can 

accelerate design-build-test-learn (DBTL) cycles. Direct manipulation of the expression 

environment affords high-throughput protein synthesis from exogenously added DNA as well as 

the introduction of non-natural components like non-canonical amino acids, all without requiring 

extensive cell engineering35. To these ends, NRPSs have recently been expressed in both 

PURE207 and lysate-based54,208 cell-free systems. The nonribosomal peptide products made in 

these systems include the pigment indigoidine and rhabdopeptides in the PURE format, as well 

as valinomycin and a diketopiperazine precursor of gramicidin S in extracts28. However, CFE is 

limited by components of the user-defined reaction environment, requiring the definition of 

effective reagent (e.g., energy substrates, salts, cofactors) concentrations that achieve sufficiently 

high protein expression yields35,64,158. 

Understanding the impact of a set of reaction conditions on CFE is a non-trivial task 

especially in lysate-based CFE systems which possess complex crosstalk between the lysate’s 

active transcriptional/translational (TX/TL) and metabolic machineries209. For example, 

components meant to supply protein expression can also be metabolized or used to energize 

lysate metabolism in ways that unintentionally impact TX/TL processes210. This can be especially 

complicated when synthesizing functional and structurally complex enzymes like NRPSs. The 
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catalytic domains of NRPSs could theoretically utilize reaction components that would otherwise 

sustain TX/TL, an additional resource competition problem in CFE systems that lacks prior 

investigation. For example, the NRPS adenylation (A) domain initiates NRP chain elongation by 

recognizing and activating an amino acid monomer as an adenylate using magnesium-ATP to 

generate an aminoacyl-AMP intermediate. This domain alone could thus contribute to 

unintentional lysate metabolism that competes for the TX/TL machinery’s synthesis of the enzyme 

itself, including certain amino acids, the ATP producing energy substrate phosphoenolpyruvate 

(PEP), and magnesium ions. In addition to these active domains, the larger architectures of these 

proteins could be responsible for the production of NRPSs and NRPS-like proteins (i.e., polyketide 

synthases) complexes at low mg/L quantities and with high levels of premature truncation in lysate 

CFE systems54,211,212. This is presumably because previous efforts have used reaction conditions 

that are not tailored for full-length translation of these large and complex enzymes54,211,212, but 

instead were optimized to achieve g/L yields of small and robustly folding proteins such as the 

reporter proteins chloramphenicol acetyltransferase (CAT) and superfolder GFP (sfGFP)209.  

Different reaction conditions can be sampled to probe limitations to NRPS CFE. Examining 

this parameter space however can be daunting due to barriers at the level of detection. That is, 

full-length NRPS CFE has only been validated through SDS-PAGE or mass spectrometric (MS) 

detection of the product, which by themselves can require time-consuming protocol optimization 

for different proteins or metabolites, limiting throughput54,211. This feedback loop can be shortened 

with optically detectable peptide tags expressed at the C-termini of the expressed proteins213. The 

use of a terminal tetracysteine (TC) peptide tag that forms a fluorescent complex with an 

exogenously added organoarsenic molecule has been utilized to monitor in vitro protein synthesis 

in the PURExpress cell-free system. However, its efficiency in the more complex cell extract 

environment has not been demonstrated213. Adapting such reporters for lysate-based systems 

would have several advantages for NRPS CFE. On top of their relative accessibility and scalability 

compared to the PURExpress platform, lysate-based systems can be derived from strains that 
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already possess genetic components necessary for post-translationally modifying NRPSs into 

their functional holo-forms212,214. Furthermore, alternate lysate systems have been developed for 

a range of other hosts including Streptomyces sp.215–218 and Bacillus subtilis219, which are natural 

producers of industrially relevant NRPSs. Adapting reporters to the cell-free lysates would thus 

allow for applications in a larger range of transcriptional and translational machineries.   

Here, the TC tag is used to investigate factors that limit full-length NRPS translation and, 

consequentially, metabolite production in an E. coli lysate-based cell-free system. Specifically, 

blue pigment synthetase A (BpsA, ~ 140 kDa), a model NRPS, with a terminal TC tag is expressed 

in E. coli lysate reactions220–222. Based on measurements of BpsA’s optically detectable pigment 

product, the cell-free expressed TC-tagged NRPS is functional in lysates. Furthermore, full-length 

expression of the tagged protein is detectable in backgrounds supplemented with FlAsH, a 

fluorogenic biarsenical dye which emits fluorescent signals when bound to the TC tag223. The 

TC/FlAsH reporter system can be used to sample the relative expression of full-length BpsA under 

different concentrations of PEP, magnesium, and amino acids, and to investigate how the NRPS’s 

catalytic A domain competes against the lysate TX/TL machinery for these resources. 

Furthermore, conditions defined to improve BpsA synthesis based on TC-FlAsH measurements 

also increase BpsA activity, as suggested by improved pigment production. TC tag technology 

therefore can be leveraged as a strategy for quickly investigating and optimizing the lysate-based 

CFE of functional, full-length enzyme complexes like an NRPS213. 

 

5.3. Methods 

5.3.1. Strains and plasmids 

E. coli BL21 (DE3) was purchased from VWR (Radnor, Pennsylvania, USA). E. coli BAP1 

was generously provided by Prof. Christopher Boddy (University of Ottawa, Ottawa, Canada) 

and has been described previously214,224. E. coli BL21 Star (DE3) was purchased from New 
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England Biosciences (Ipswich, Massachusetts, USA). A pET28a(+) backbone containing the TC 

tag sequence, TGTTGCCCGGGTTGCTGT, and 6xHis-tag, CACCACCACCACCACCAC, was 

designed and ordered from TWIST biosciences (Table S1). The bpsA gene from Streptomyces 

lavendulae was codon optimized using Integrated DNA Technology’s (IDT) codon optimization 

tool (https://www.idtdna.com) and was ordered as two gene blocks from IDT (part 1 and part 2) 

(Table S1) These were cloned into the described pET28a(+) vector using the GoldenGate 

assembly kit (New England Biolabs, part #E1601S) to generate the pET28a(+)-BpsA-TC plasmid. 

The codon-optimized bpsA sequence was mutated with the E315A substitution by mutagenic 

Gibson assembly (New England Biolabs, part #E2611S) to generate the pET28a(+)-BpsA-

TC_E315A construct. The pys gene from Pseudomonas fluorescens and the tycA gene from 

Bacillus brevis were codon optimized and ordered as two gene blocks from IDT (part 1 and part 

2) containing the TC tag sequence followed by a StrepII-tag, 

TGGAGCCACCCGCAGTTCGAAAAA (Table S1). The pys and tycA gene blocks were cloned 

into a pET28a(+) vector using the GoldenGate assembly kit (New England Biolabs, part 

#E1601S) to generate pET28a(+)-Pys-TC and pET28a(+)-TycA-TC plasmids. The plasmid pJL1-

sfGFP was ordered from Addgene (part #69496). Primers used in this study were designed with 

the J5 software and are listed in Table S2.225 

 

5.3.2. In vivo expression and purification of BpsA-TC 

E. coli BAP1 was used as a host strain for in vivo BpsA-TC expression. Cultures were 

grown in LB (Miller) broth supplemented with kanamycin at 50 µg/mL.  Overnight seed cultures 

(25 mL) were grown from a single colony at 37°C, shaking at 210 rpm. Flasks (VWR 29171-854) 

containing 1 L media were inoculated with 10 mL seed culture and incubated at 37°C, shaking at 

210 rpm, until an OD800 of 0.3-0.4 was reached. OD800 rather than the more typical OD600 was 

used to monitor growth to ensure that interference from the signal from indigoidine would not 

interfere with measurements of cellular turbidity. This strategy was adapted from Beer and 



 130 

coworkers and was reproduced with the correlation between the OD600 and OD800.198 The 

temperature was then lowered to 18 °C and cooled for 15 minutes prior to induction with 0.5 mM 

IPTG. The cultures were then incubated for ~ 20 hours at 18 °C prior to harvesting by 

centrifugation (4000 x g, 45 mins at 4 °C). Cell pellets were resuspended in wash buffer (5mM 

imidazole, 0.5 M NaCl, 10% v/v glycerol, 50 mM sodium phosphate, pH 7.8) and lysed by 

sonication.  After sonication, the lysate was clarified via centrifugation (11,000 x g, 45 min, 4 °C) 

and purified via IMAC on an AktaPure system (Cytiva) using a 5 mL HisTrap column (Cytiva). 

Protein was eluted with elution buffer (400 mM imidazole, 0.5M NaCl, 10% v/v glycerol, and 50 

mM sodium phosphate, pH 7.8) using a linear gradient from 20-60% elution buffer for 1 column 

volume (CV), 1 column volume (CV) of 60-100% elution buffer, and followed with a hold at 100% 

elution buffer for 3 CV. After purification, the collected fractions were dialyzed with 10K MWCO 

dialysis tubing (Thermofisher) for 2 passes for a minimum of six hours in storage buffer (50 mM 

phosphate pH 7.8, 100 mM NaCl, 10% (v/v) glycerol).  The protein was then concentrated using 

a 100K MWCO concentrator (Thermofisher).  Purity was assessed via SDS-PAGE using 4-20% 

pre-made gels (NuSep) (Fig S2). 

 

5.3.3. In vivo indigioidine production and purification 

A 25 mL seed culture of BAP1 harboring the pET28a(+)-BpsA-TC construct was grown 

overnight (37 °C, 2010 rev/min) in LB medium supplemented with 50 µg/mL kanamycin. After ~ 

20 h, 10 mL of seed culture was used to inoculate 1 L media in a flask (VWR 29171-854). Cells 

were incubated at 37 °C shaking at 210 rev/min.  At an OD800 of 0.3-0.4, the culture was induced 

with 0.5 mM IPTG and grown at 16 °C for 20 h then lyophilized for 36 h.  The dry cell mass was 

then washed with three rounds of DI water, methanol, ethanol, isopropanol, and hexanes to 

remove metabolites, salts, and proteins.  Finally, the product was dried for one week under 

vacuum.  Purity was verified via 1H NMR (400 mHz, D6MSO) δ 11.30ppm (s, NH), 8.18ppm (s, 

CH), and 6.46ppm (s, NH2) which is in agreement with previous literature report226.   
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5.3.4. Cell-free extract preparation 

The same extract preparation procedure was used for all strains here. A seed culture was 

prepared with 30 mL 2xYPTG media (10 g/L yeast extract, 7 g/L potassium phosphate dibasic, 3 

g/L potassium phosphate monobasic, 5 g/L NaCl, 16 g/L tryptone, and 18 g/L glucose) inoculated 

with a fresh colony and incubated overnight at 32˚C, 220 rpm. 1 L of 2xYPTG media in a 2.5 L 

Tunair flask was then inoculated with the overnight culture and grown at 34˚C, 220 rpm. Cell 

growth was monitored by NanoDrop (Thermo Scientific). At OD600~ 0.9-1.0, the culture was 

induced with 0.5 mM IPTG. Cells were harvested at OD600 ~ 2.8-3.2 by centrifugation (5000 x g, 

15 min, 4˚C), then washed three times using S30 buffer (10 mM Tris acetate, 14 mM magnesium 

acetate, 60 mM potassium acetate, and 10 mM DTT). All wash steps were performed at 4˚C. Cell 

pellets were then weighed, flash frozen, and then stored at -80˚C. For extract preparation, the cell 

pellets were then thawed on ice and resuspended in 0.8 mL of S30 buffer per g of cell pellet of 

the pellet by vortexing with short bursts (vortex 15 s, rest 30 s, repeat). 1.4 mL aliquots were 

sonicated on ice in 1.5 mL microcentrifuge tubes using a Branson 450 sonifier equipped with a 

3.2-mm microtip (45 s on, 59 s off for three cycles, 50% amplitude set). 4 µL of 1 M DTT was 

added into each tube immediately after sonication. All samples were centrifuged at 12000 x g for 

10 minutes at 4˚C. The supernatant was collected without disturbing the pellet and centrifuged 

again to remove remaining debris. The resulting supernatants were aliquoted into fresh centrifuge 

tubes, flash frozen, and stored at -80˚C. 

 

5.3.5. CFE reaction preparation 

The initial cell-free reaction base mix comprised 1.2 mM ATP, 0.85 mM GTP, 0.85 mM 

UTP and 0.85 mM CTP; 34.5 μg/mL folinic acid; 0.4 mM nicotinamide adenine dinucleotide (NAD), 

0.27 mM coenzyme A (CoA), 4 mM Oxalic Acid, 1 mM, 1.5 mM spermidine, 57.33 mM HEPES 

buffer, 10 mM magnesium glutamate, 10 mM ammonium glutamate, 130 mM potassium 

glutamate, 2 mM each of the 20 amino acids, and 33 mM phosphoenolpyruvate (PEP). Reactions 
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were set up in 10 µL volumes unless otherwise stated. Before condition optimization, reactions 

were started with 13 ng/µL DNA template and incubated at 30˚C. The type of lysate used and 

changes to any of these conditions are described in the text. Unless otherwise stated, all CFE 

reactions were incubated for ~ 20 h. All reactions were incubated in a clear-bottom, black-wall 

384-well plate with a non-binding surface (Corning #3544). Whenever possible, reactions were 

laid out in center wells. Surrounding wells were filled with 1x phosphate buffered saline (PBS) to 

control the humidity and prevent evaporation. Plates were covered with a hard covered lid and 

wrapped with parafilm at the sides before incubation. 

 

5.3.6. Indigoidine quantitation in lysates with absorbance measurements 

To generate standard curves from pigment absorbance measurements, increasing 

concentrations of the purified pigment dissolved in DMSO were spiked into BAP1 lysate mock 

reactions (i.e., reaction mix without DNA). Absorbance measurements were made in a 384-well 

plate, without a lid, loaded into a BioTek Cytation5 (Agilent) plate reader. The read protocol was 

set to shake the plate at high speed for 2 s then measure absorbance in selected wells at 590 nm 

and then at 800 nm. Absorbance values at 590 nm (A590) were divided by values at 800 nm 

(A800) following a previously described protocol in E. coli cells to deconvolute pigment 

absorbance from the lysate’s optical density.198 To solubilize purified indigoidine, 50 %, 60 %, 70 

%, or 80 % DMSO were added to reaction mixes containing purified indigoidine following a 

protocol previously described in purified BpsA samples.69 Mixing was performed by gentle swirling 

using the pipette tip. A590/A800 values taken before DMSO addition were subtracted from values 

taken after DMSO addition to measure solubilized indigoidine. The resulting values were then 

normalized to the 0 µM pigment condition. A concentration of 70 % DMSO with this absorbance 

measurement method could detect a broad range of pigment concentrations. 

To measure the absorbance of indigoidine produced by cell-free expressed BpsA-TC, 

base reaction mixes with BAP1 lysate and pET28a(+)-BpsA-TC were incubated at 30˚C. 
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Modifications to the reactions for validating pigment production are described in the text. All 

reactions were laid out on a 384-well plate and measured after ~ 20 h. A590 and A800 

measurements were taken before and after 70 % DMSO addition and normalized as described 

above. Values reported for the L-Gln, CoA, and DNA experiments were further normalized to 

appropriate baseline conditions (0 mM L-Gln or CoA and 0 ng/µL DNA).  

 

5.3.7. Comparative quantification of TC-based fluorescence measurements 

The distribution of reactions across a plate and subsequent analyses with FlAsH-EDT2 

and ReAsH-EDT2 labeling reagents (Thermo Fisher #T34563) were evaluated to correct for 

positional effects from the plate and reader227. An appropriate design, tested with protein 

standards, was then used in all experiments comparing endpoint TC/FlAsH measurements 

among reactions within a single plate read (e.g., different concentrations of PEP). For each 

condition tested (e.g., specific PEP concentration), a triplicate set of test reactions (with plasmid) 

and its corresponding triplicate set of control reactions (without plasmid) were prepared (10 µL 

volumes). Triplicate test reactions were then plated adjacently on one row (e.g., Row H) and 

control reactions on another row (e.g., Row I). The test set and control set of each condition were 

laid out symmetrically to minimize well-to-well variation due to plate design.227,228 After reaction 

incubation, 0.5 µL of the labeling reagent was added with gentle swirling of the pipette tip to each 

well in the triplicate set of test reactions then immediately to the corresponding control set. This 

was done for each condition before moving to the next. The plate was then read without a lid on 

a BioTek Cyation5 (Agilent) reader. For the experiment comparing labeling reagents, 

fluorescence measurements were taken with top optics every 5 minutes for almost an hour using 

appropriate filter sets (ReAsH: Exc 590 / 15 nm, Em 610 / 15 nm; FlAsH: Exc 510 / 15 nm, Em 

530 /15 nm) and autogain, with 2 s shaking at 567 cycles per minute linear frequency before every 

read. For every other experiment with FlAsH, measurements were taken after a 10 min incubation 

period at room temperature (Exc 510 / 15 nm, Em 530 / 15 nm, Gain 70). To isolate signals from 
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TC/FlAsH complexes in the data, signals from control reactions were subtracted from those of 

test reactions. To mitigate row effects from the detector (which were apparent in our data because 

our microplate reader reads row-wise) all resulting differences were normalized to the minimum 

value.227 Averages with standard error bars were plotted to visualize relative expression changes. 

For relative intensity analyses (%), the averaged values and standard errors were recalculated 

by multiplication to a constant of 100 over the maximum average value.  

 

5.3.8. BpsA concentration estimation using TC/FlAsH measurements 

Triplicate reactions containing pET28a(+)-BpsA-TC and triplicate controls with no DNA 

were set up on the same row in a microplate with reaction mixes (without DNA) laid out on an 

adjacent row. All reactions were prepared in 10 µL volumes. After a ~ 20 h incubation at 25 ˚C, 

the blank reaction mixes on one row were spiked with 1 µL of water or purified BpsA-TC protein 

dissolved in water to prepare triplicate sets of reactions containing 0, 50, 100, 200, 400 µg/mL 

protein for standard curve generation. The test and control reactions on the adjacent row were 

spiked with 1 µL water to equalize volumes. FlAsH (0.5 µL) was added to each well and the plate 

was read following the protocol described above. Signals for reactions from either row were 

normalized to the minimal signal within the same row (i.e., lowest signal among the 3 control 

reactions). The appropriate dilution factor was applied. Linear regression using average 

normalized values from standard reactions was used to estimate the concentration of expressed 

BpsA-TC in the test reaction. This analysis was performed for each reaction mix (base vs 

optimized) when quantifying BpsA-TC since TC/FlAsH complex formation is likely to alter in 

different reaction backgrounds (Appendix Figure 5.10). 
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5.3.9. TycA and Pys concentration estimation 

 Triplicate reactions used to make comparative TC/FlAsH measurements between base 

and optimized conditions were pooled. Approximately 45 µL of pooled lysate reactions were run 

through equilibrated Strep-Tactin®XT Spin Columns (IBA Life Sciences, #2-4150-025). Columns 

were washed 4x and eluted with 50 µL elution buffer following the manufacturer’s protocol. 

Elutions were loaded onto SDS-PAGE gels to visualize purified proteins.  

 

5.3.10. SDS-PAGE gel and Western Blot analyses 

For protein expressed in vivo, 5 µL of purified BpsA-TC protein was denatured with 5 µL 

2x Laemmli sample buffer (BioRad #1610737). After boiling at 98˚C for 7 minutes, 8 µL of the 

denatured protein was loaded into a pre-cast 4-20% gel ordered from NuSep. The gel was run for 

60 min at 250 V, fast stained (Fisher Scientific #2456) for 20 min, then de-stained in DI water 

overnight.  

For protein expressed cell-free, triplicate reactions were pooled into a microcentrifuge tube 

immediately after FlAsH analysis. 5 µL from the reaction was added to 5 µL of a loading buffer 

mixture containing 20 mM DTT and 2x Laemmli sample buffer (BioRad #1610737) in a PCR tube. 

Tubes were incubated in boiling water for 5 minutes, then 2 µL of each sample was loaded into 

7.5% pre-cast gels (BioRad #4561026). Gels were run for 10 minutes at 80 V then 90 min at 250 

V. After being stained (Thermo Fisher #LC6060) for 60 min, gels were de-stained in DI water 

overnight. This protocol was also used to visualize elutions of StrepII-tagged TycA and Pys, but  

µL of sample was used to load SDS-PAGE gels.  

For Western Blot analysis, a Bio-Rad Trans-Blot SD Semidry Transfer Cell was used to 

transfer bands onto a PVDF membrane. The membrane was probed with 6xHis-tag Monoclonal 

Antibodies (R&D Systems #MAB050) overnight after blocking with BSA in TBS Buffer (Thermo 

Fisher #37520). Blots were incubated with the relevant secondary antibody, HRP conjugate then 

developed with CN/DAB Substrate (Thermo Fisher #34000). 
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5.3.11. Quantification of active sfGFP 

 Fluorescence measurements of reactions expressing sfGFP were taken using top optics on 

a BioTek Cytation5 (Agilent). Excitation and emission filters were set to 485 nm and 538 nm, 

respectively.  

 

5.4. Results and Discussion 

5.4.1. Cell-free expression of functional BpsA-TC in E. coli lysates 

The activities of enzymes can affect their cell-free production if the enzymes’ catalytic 

domains share substrates with the TX/TL machinery. To study this phenomenon for NRPS CFE 

using TC tag technology, it is important that the TC tag itself does not abolish the catalytic function 

of cell-free expressed NRPSs in E. coli lysates. To this end, a pET28a(+) vector containing the 

BpsA coding sequence and a C-terminal TC tag sequence to express TC-tagged BpsA (BpsA-

TC) was constructed. BpsA is a great model for investigating NRPS CFE due to its relatively 

simple structure as a single module NRPS and the optical detectability of its product220–222. BpsA 

synthesizes one molecule of indigoidine, a blue pigment that absorbs light at a wavelength of 590 

nm, from two molecules of L-glutamine (L-Gln) (Figure 5.1A)69. To do so, BpsA must be 

functionally activated into its holo-form by a 4′-phosphopantetheinyl transferase (PPTase) which 

phosphopantetheinylates the PCP domain. BAP1 is a BL21(DE3) derivative strain with a 

genomically integrated sfp gene that expresses a PPTase214.  

Detecting the blue pigment in BAP1 lysate reactions incubated with the plasmid construct would 

indicate successful expression of full-length and functional BpsA-TC protein. An assay was 

therefore established, allowing indigoidine measurement in a lysate-based cell-free system. To 

achieve this, purified indigoidine was spiked into lysate reactions without DNA. A sufficiently broad 

range of pigment concentrations could be detected by normalizing the absorbance of the pigment 

at 590 nm to lysate turbidity absorbance at 800 nm, and then coupling these normalized values  
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Figure 5.1. Indigoidine production via BpsA in CFE reactions. A) Schematic of BpsA-

catalysed conversion of 2x L-Glnto 1x indigoidine. The apo-form of BpsA is activated by the 

addition of a coenzyme A and the presence of PPTase. The active holo-form BpsA converts two 

L-Gln molecules to indigoidine, involving oxidation (Ox), adenylation (A), peptide carrier protein 

(PCP), and thioesterase (TE) domains. B) Standard curve of indigoidine generated by spiking 

increasing concentrations of purified indigoidine into BAP1 lysate CFE mock reactions. 

Indigoidine in the lysate background was solubilized by adding 70 % DMSO directly to individual 

reactions. Absorbance measurements were taken at 590 nm (A590) and divided by signals at 800 

nm (A800) to deconvolute pigment absorbance from lysate turbidity. Afterwards, A590/A800 

signals before DMSO addition were then subtracted from measurements after 70 % DMSO 

addition to measure soluble pigment.42 For visualization of trends, values were averaged, 

compared to a baseline condition, and plotted with error bars representing the standard error of 

the mean (n=3). C, D, E) Validation of indigoidine production from functional BpsA-TC protein in 

CFE reactions using the indigoidine detection method established here. CFE reactions with 13 

ng/µL plasmid were initiated with increasing concentrations of C) supplemented L-Gln (no CoA) 

or D) supplemented CoA (no L-Gln). E) CFE reactions containing 1 mM CoA were initiated with 

different concentrations of plasmid DNA. Asterisks represent significant differences compared to 

the no L-Gln, no CoA, or no DNA conditions, evaluated with a Student’s t-test. * p-value < 0.05, 

** p-value < 0.01. 
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to the addition of 70 % DMSO directly to the mock reactions (Figure 5.1B, Appendix Figure. 

5.7). This optimized protocol was adapted from previous reports of indigoidine measurement in 

cell cultures and purified samples69,198. 

With an assay established, pigment production from the pET28a(+)-BpsA-TC construct 

could be tested in overnight CFE reactions. Reactions initiated with higher concentrations of the 

indigoidine precursor, L-Gln, have increasing normalized absorbance values, implying pigment 

production (Figure 5.1C). Separately, the base reaction mix was supplemented with CoA, from 

which the PPant post-translational modification that functionalizes the NRPS PCP domain is 

derived. Absorbance measurements also increase when up to 2 mM CoA was added to the 

reaction (Figure 5.1D). The improvement in pigment production in CoA-supplemented reactions 

is drastic even without supplemented L-Gln. To further validate that the measurements 

correspond to functional BpsA expressed from construct, 1 mM CoA was added to base reaction 

mixtures containing varying concentrations of the plasmid. Consistent with previous observations, 

the DNA template concentration affects protein expression and therefore product formation 

(Figure 5.1E). Altogether, the system expresses BpsA-TC and the terminal TC tag does not 

abolish BpsA folding and activity. Additionally, while optimizing enzyme turnover is outside the 

scope of this work, it is important to note for future efforts to advance NRPS CFE that these 

lysates generated a maximum concentration of ~ 900 µM or ~ 223 mg/L indigoidine which is 

higher than indigoidine titers reported in the PURE cell-free system (250 µM)207. 

 

5.4.2. Optimization of a method for TC-based fluorescence measurement in an E. coli lysate 

CFE system 

Given that a functional TC-tagged NRPS can be expressed in the system, a protocol for 

TC tag detection in lysate-based CFE reactions could be established. The TC tag, optimized for 

in vivo applications, has successfully been adapted for an in vitro expression study in the 

PURExpress system, where the tag was complexed with the organoarsenic ReAsH reagent to 
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emit a fluorescent signal at 610 nm213. Reportedly, the TC/ReAsH complex has a low signal-to-

noise ratio in lysate reaction backgrounds, but the use of controls to mitigate noise has not been 

explicitly stated in the literature213. Alternatively, the organoarsenic FlAsH reagent, which emits at 

530 nm, has been used to detect TC-tagged proteins with higher specificity than ReAsH in cells 

but has not been tested in lysate reactions223. 

In overnight reactions that expressed BpsA-TC, signals above background are highest 

after a 10-minute incubation period with the same concentration of either reagent (Figure 5.2A). 

This is sufficient time for the TC/fluorophore complex to form based on a previously described 

protocol in cells223. The signal in BpsA-TC expressing reactions however decreases at later 

timepoints, consistent with the manufacturer’s descriptions of these reagents binding to the 

background. The FlAsH reagent was therefore selected over ReAsH to obtain end-point 

measurements of BpsA-TC production since the former emitted less noisy and variable signals. 

To verify that the signal obtained at 10 minutes corresponds to synthesized BpsA-TC, FlAsH was 

added to overnight BAP1 lysate-based reactions prepared with varying DNA concentrations. 

Evidently, increasing concentrations of the expression template in reactions results in higher 

fluorescence readouts, suggesting the detectability of BpsA-TC in lysate reactions with the FlAsH 

reagent (Figure 5.2B). However, the signal does not increase between the 6 and 13 ng/µL DNA 

conditions which contradicts the trend in indigoidine production in the same lysate (Figure 5.1E). 

It was hypothesized that fluorescence signals from reactions that produce significant pigment 

quenched due to possible overlap in the indigoidine absorbance and TC/FlAsH emission spectra. 

To evaluate this possibility, apo-form BpsA-TC was purified from E. coli BL21(DE3) cells lacking 

the sfp gene for PPTase expression. Purified BpsA-TC was then added into BL21(DE3) lysate-

based reaction mixes with or without purified indigoidine, demonstrating that the presence of 

pigment does dampen TC/FlAsH emissions (Figure 5.2C). This quenching issue should thus be 

considered when pairing the fluorescence protein labeling method with the detection of other 

enzymatic products with optical properties. Moving forward, the TC/FlAsH method is further 
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Figure 5.2. Optimization of TC/FlAsH complex measurements in E. coli lysate-based CFE 

reactions. A) Analysis of FlAsH vs ReAsH utility for measuring purified BpsA-TC spiked into 

BAP1 lysates containing 1 mM CoA. 15 µM of each organoarsenic reagent was added to 

overnight reactions started with pET28a(+)-BpsA-TC and their corresponding controls. 

Fluorescence measurements were taken every 5 minutes for 1 h and signals from reactions with 

cell-free expressed BpsA-TC were normalized to controls. B) End-point TC/FlAsH measurements 

in BAP1 lysate-based reactions incubated overnight with 1 mM CoA and increasing amounts of 

starting pET28a(+)-BpsA-TC DNA concentrations. Values are normalized RFUs taken after 10 

min of reaction incubation with 15 µM FlAsH. C) Signal interference due to TC/FlAsH fluorescence 

quenching by indigoidine. TC/FlAsH fluorescence measurements of purified BpsA-TC protein 

(100 µg/mL) in mock lysate reaction mixes with or without 200 µg/mL indigoidine. RFUs were 

taken after 10 min reaction incubation with 15 µM FlAsH and normalized to respective no protein 

controls. D) Absorbance measurements of indigoidine in BAP1 and BL21(DE3) lysate-based 

reactions after overnight BpsA-TC expression, normalized to appropriate controls without DNA 

template. E, F) TC/FlAsH fluorescence standard curves generated by adding 30 µM FlAsH to E. 

coli E) BL21(DE3) and F) BL21 Star (DE3) lysate reaction backgrounds carrying purified BpsA-

TC standards. The dotted line in each graph represents the least squares regression. Reactions 

were run in triplicate. For all graphs, averaged normalized values are visualized with error bars 

representing the standard error of the mean (n=3).  
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optimized in lysates from the E. coli BL21(DE3) strain, which lack the PPTase and do not produce 

pigment after overnight BpsA-TC expression (Figure 5.2D), and in its derivative BL21 Star(DE3) 

strain, which should similarly express the apo-form of the enzyme.  

In overnight reactions that expressed BpsA-TC, signals above background are highest 

after a 10-minute incubation period with the same concentration of either reagent (Figure 5.2A). 

This is sufficient time for the TC/fluorophore complex to form based on a previously described 

protocol in cells223. The signal in BpsA-TC expressing reactions however decreases at later 

timepoints, consistent with the manufacturer’s descriptions of these reagents binding to the 

background. The FlAsH reagent was therefore selected over ReAsH to obtain end-point 

measurements of BpsA-TC production since the former emitted less noisy and variable signals. 

To verify that the signal obtained at 10 minutes corresponds to synthesized BpsA-TC, FlAsH was 

added to overnight BAP1 lysate-based reactions prepared with varying DNA concentrations. 

Evidently, increasing concentrations of the expression template in reactions results in higher 

fluorescence readouts, suggesting the detectability of BpsA-TC in lysate reactions with the FlAsH 

reagent (Figure 5.2B). However, the signal does not increase between the 6 and 13 ng/µL DNA 

conditions which contradicts the trend in indigoidine production in the same lysate (Figure 5.1E). 

It was hypothesized that fluorescence signals from reactions that produce significant pigment 

quenched due to possible overlap in the indigoidine absorbance and TC/FlAsH emission spectra. 

To evaluate this possibility, apo-form BpsA-TC was purified from E. coli BL21(DE3) cells lacking 

the sfp gene for PPTase expression. Purified BpsA-TC was then added into BL21(DE3) lysate-

based reaction mixes with or without purified indigoidine, demonstrating that the presence of 

pigment does dampen TC/FlAsH emissions (Figure 5.2C). This quenching issue should thus be 

considered when pairing the fluorescence protein labeling method with the detection of other 

enzymatic products with optical properties. Moving forward, the TC/FlAsH method is further 

optimized in lysates from the E. coli BL21(DE3) strain, which lack the PPTase and do not produce 
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pigment after overnight BpsA-TC expression (Figure 5.2D), and in its derivative BL21 Star(DE3) 

strain, which should similarly express the apo-form of the enzyme.  

To use TC/FlAsH signals for measuring protein CFE in lysate reactions, an optimal 

concentration of FlAsH for detecting a range of BpsA-TC concentrations in E. coli lysates should 

be established. To this end, BpsA-TC expressed and purified in vivo was used to generate 

standards for optimization of the TC/FlAsH method (Appendix Figure 5.8). Evidently, 

fluorescence signals for a range of protein concentrations (0 to 400 µg/mL) in BL21(DE3) lysates 

are most distinguishable with 30 µM FlAsH reagent compared against concentrations of 7.5 and 

15 mM FlAsH, seemingly because these lower concentrations are insufficient to overcome 

background noise from the lysate (Figure 5.2E, Appendix Figure 5.9). 30 µM FlAsH is similarly 

useful in BL21 Star(DE3) lysate reactions (Figure 5.2F). Thus, TC/FlAsH measurements can be 

obtained when either lysate is used as an expression platform for BpsA. However, BpsA-TC can 

be best validated via SDS-PAGE when expressed in BL21 Star(DE3) lysate reactions incubated 

at 25 ˚C (Appendix Figure 5.11). Since SDS-PAGE can serve as an orthogonal method for 

validating correlations of TC/FlAsH signal trends to protein CFE, succeeding reactions were 

performed in these lysates at this temperature.  

Having established parameters for detecting BpsA-TC in lysates using FlAsH-based and 

orthogonal SDS-PAGE methods, the TC/FlAsH complex’s utility for measuring NRPS CFE under 

different reaction conditions could be evaluated. The large sizes, complex structures, catalytically 

active domains, and precursor (i.e., amino acids) and cofactor requirements (i.e., magnesium and 

ATP for adenylation) of NRPSs could constrain TX/TL processes and therefore their full-length 

synthesis, but evidence of such limitations and methods for probing these with high throughput 

have not been reported212. To address this, the ability of the optimized TC/FlAsH detection 

protocol to interrogate NRPS CFE is assessed using BpsA with an active A domain (a core 

component of NRPSs) as a model190. This strategy is specifically applied here to determine 

whether resource competition problems exist for three crucial CFE reaction components that are 
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known to energize TX/TL and background lysate metabolism, but could also feed into the typical 

NRPS A domains—PEP, magnesium, and amino acids. However, a potential caveat of the current 

fluorescence labeling method is the influence of the physicochemical environment on TC/FlAsH 

complex formation. Indeed, drastically changing the composition of reactions by removing all or 

one of these three components affects TC/FlAsH signals (Appendix Figure 5.11). A possible 

explanation for this is that altering the ionic strength (by removing magnesium) and pH (by 

removing amino acids or PEP) of the system impacts binding of fluorophore’s arsenic groups to 

the tag’s cysteine groups. For this reason, the effect of each reagent on BpsA-TC CFE was 

evaluated separately and optimized sequentially. SDS-PAGE gels were crucial for validating a 

testable range of reaction concentrations wherein trends in fluorescence measurements correlate 

with TC-tagged protein. The results show that despite the method’s caveats, expression trends 

can be determined from TC/FlAsH measurements for the reported ranges of reagent 

concentrations that are still relevant to lysate-based CFE.  

 

5.4.3. Unique reaction conditions are required for the full-length synthesis of different 

functional proteins 

5.4.3.1. PEP conditions 

An obvious potential limitation to functional NRPS CFE is ATP availability. TX/TL 

processes that depend on ATP include dNTP synthesis, aminoacyl-tRNA charging, and GTP 

regeneration for peptide bond formation209. In the PANOx-SP system, ATP generation is 

sustained by ADP phosphorylation when the energy substrate PEP is converted to pyruvate. 

Without other limiting factors, a higher PEP requirement should theoretically better fuel the 

sufficient expression of a large protein (> 100 kDa) compared to smaller model CFE proteins (e.g. 

CAT and sfGFP) which are < 30 kDa209. The degradation of PEP itself however contributes to 

inorganic phosphate accumulation which in turn inhibits cell-free protein synthesis229. 

Furthermore, ATP overproduction negatively impacts CFE efficiency210. Thus, for any given 
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protein, an optimal range of initial reaction PEP concentrations exists where PEP energizes but 

is not inhibitory towards TX/TL229–231. This range is further defined by central metabolic reactions 

that consume ATP in an unproductive manner  (i.e., not contributing to protein expression)74,154,210. 

In the case of NRPS CFE, the A domain that is characteristic of these enzymes could also deplete 

the ATP pool, further contributing to expression limitations190,204. The TC/FlAsH protocol was thus 

tested as a potential strategy for assessing the sensitivity of BpsA expression to PEP 

concentrations, and for investigating whether the catalytic A domain also competes for this TX/TL 

resource. 

Fluorescence reads of the BpsA-TC reactions supplemented with FlAsH reagent show a 

trend in signals that were corroborated by an SDS-PAGE analysis, demonstrating the method’s 

applicability for measuring relative expression in reactions fed different concentrations of PEP. To 

interrogate the interdependency between NRPS TX/TL and NRPS catalytic activity, a construct 

that would express BpsA-TC with a glutamine-to-alanine substitution at a catalytically essential 

residue in the active site of the A domain was generated. This point mutation (E315A) disrupts 

magnesium ion binding which stabilizes ATP in the active site (Appendix Figure 5.12)232. The 

mutant protein, BpsA-TC_E315A, would thus have an inactive A domain due to disrupted ATP 

binding. Where BpsA-TC synthesis in this system peaks with higher starting PEP concentrations 

(55-77 mM), the maximal BpsA-TC_E315A expression already occurs in the reaction initiated with 

33 mM PEP (Figures 5.3A & B). Trends for BpsA-TC expression under the tested PEP 

concentrations can be corroborated by SDS-PAGE gels (Appendix Figure 5.13A). These results 

confirm that functional NRPS TX/TL can have higher energy substrate requirements than proteins 

of the same size because the catalytically active A domain contributes to the additional catabolism 

of ATP. Indeed, BpsA-TC_E315A is expressed more than BpsA-TC in reactions that are read at 

the same time and that were initiated with the same amount of PEP. 

Reactions were also set up with sfGFP to compare the BpsA trends to those of a smaller, 

robustly folding protein (Figure 5.3C). Interestingly, relative expression patterns for sfGFP  



 147 

 

Figure 5.3. TC/FlAsH analysis of energy substrate requirements in NRPS CFE using BpsA 

as a model. A, B, C) Reactions were initiated with varying amounts of PEP to determine cell-free 

expression changes for A) BpsA-TC, B) BpsA-TC_E315A, and C) sfGFP. D, E) The tolerance of 

BpsA with or without an active A domain to ATP was similarly analyzed. Reactions with 77 mM 

PEP plus varying concentrations of ATP were started with plasmid expressing D) BpsA-TC and 

E) BpsA-TC_E315A. F) Reactions expressing BpsA-TC_E315A were initiated with or without 2 

mM  phosphate solution. All reactions were prepared with E. coli BL21 (Star)DE3 lysates. 

Reactions were run in triplicate and TC/FlAsH measurements were obtained by adding 30 µM 

FlAsH reagent to each reaction after ~ 20 h incubation. TC/FlAsH measurements are presented 

as % relative intensities for visual comparison of trends between BpsA-TC and BpsA-TC_E315A 

data since these experiments were run on separate days. Error bars represent the standard error 

of the mean (n=3).  
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resemble those of BpsA-TC. However, sfGFP yields significantly increase as initial PEP 

concentrations rise to 77 mM while BpsA-TC_E315A expression has no significant change 

beyond the 33 mM PEP condition. Both BpsA-TC_E315A and sfGFP should not compete with 

TX/TL processes for ATP, so the disparity in these trends may be attributed to other factors that 

limit the full-length synthesis of a larger and likely less soluble protein than sfGFP. 

Unexpectedly, BpsA-TC synthesis in reactions initiated with 100 mM PEP is substantially 

reduced which may also be attributed to the active A domain (Figure 5.3A). In the conventional 

PANOx-SP system, PEP concentrations beyond the optimum cause high inorganic phosphate 

accumulation due to the degradation of PEP itself229. In the current system, this phenomenon may 

be partially responsible for the significant inhibition of BpsA-TC synthesis in the 100 mM PEP 

reactions compared to all other conditions. However, BpsA-TC_E315A yields in reactions started 

with 100 mM PEP are not as drastically reduced (Figure 5.3B). These data imply that the A 

domain contributes to the inhibition of NRPS TX/TL when PEP is increasingly available, 

hypothetically because there is a larger ATP pool to liberate pyrophosphates from during amino 

acid adenylation190,229. To test whether the active A domain indeed leads to lower expression of 

BpsA when more ATP is available, reactions containing constructs for BpsA-TC or BpsA-

TC_E315A were fed 77 mM PEP and increasing supplemental concentrations of ATP. PEP was 

still added to the system because adding ATP alone resulted in no protein expression. Compared 

to reactions without additional ATP, increasing ATP concentrations only reduces BpsA-TC 

expression (Figure 5.3D, Appendix Figure 5.13B) but improves or has no significant effect on 

BpsA-TC_E315A synthesis (Figure 5.3E). However, BpsA-TC_E315A synthesis decreases when 

reactions are supplemented with inorganic phosphates (Figure 5.3F). Altogether these data imply 

that the active A domain’s liberation of free phosphates is increasingly deleterious to expression 

when higher ATP pools are available. 
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5.4.3.2. Magnesium conditions 

Magnesium ions are essential in almost all stages of TX/TL. Among a multitude of roles, 

they stabilize mRNA molecules and ribosomes, are required in the aminoacylation of tRNAs, 

regulate the ionic strength of the lysate reaction environment, and serve as a co-factor for several 

TX/TL relevant enzymes233,234. Particularly in cell extracts, where magnesium is also sequestered 

by enzymes of central metabolism, the magnesium requirement for maximum synthesis can vary 

per protein and even per batch of lysate209,229,235. Methods for routinely optimizing the magnesium 

concentration of a specific target protein in a lysate-based cell-free system are thus necessary. 

Such protocols would be particularly beneficial in NRPS CFE efforts, given that enzymes 

belonging to this structurally diverse family may have varying magnesium concentration optima 

for TX/TL based on size differences alone229,235. Additionally, NRPSs themselves use magnesium 

at their A domains to stabilize ATP binding when adenylating an amino acid substrate.190,204,232 

Thus, along with metabolic processes that are counterproductive to TX/TL, this domain could also 

affect magnesium homeostasis in NRPS CFE reactions if it were to sequester free magnesium 

during in vitro synthesis.  

If applicable, the TC tag and FlAsH fluorophore can be leveraged to understand and meet 

the magnesium requirements for the functional expression of an NRPS. BpsA-TC reactions were 

therefore prepared with varying concentrations of magnesium and 77 mM PEP since this 

concentration allowed the highest BpsA expression. The results, confirmed by SDS-PAGE, show 

that an optimal magnesium concentration for expression of the wild-type enzyme can be defined 

by the approach (Figure 5.4A, Appendix Figure 5.14). The expression trend for these reactions 

differ from those of BpsA-TC_E315A and sfGFP in the same reaction backgrounds, showing that 

the active A domain impacts NRPS CFE magnesium requirements and reinforcing that the optimal 

concentration of this TX/TL resource can vary from protein to protein (Figures 5.4B & C).235 

Compared to sfGFP and BpsA-TC_E315A, BpsA-TC requires more magnesium for peak  
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Figure 5.4. TC/FlAsH analysis of magnesium requirements in NRPS CFE using BpsA as a 

model. Reactions were initiated with varying amounts of Mg2+ to determine cell-free expression 

changes for A) BpsA-TC, B) BpsA-TC_E315A, C) sfGFP. All reactions were prepared with E. coli 

BL21 (Star)DE3 lysates. Reactions were run in triplicate and TC/FlAsH measurements were 

obtained by adding 30 µM FlAsH reagent to each reaction after ~ 20 h incubation. TC/FlAsH 

measurements are presented as % relative intensities for visual comparison of trends between 

BpsA-TC and BpsA-TC_E315A data since these experiments were run on separate days. Error 

bars represent the standard error of the mean (n=3). 
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expression in the current system. A likely explanation is that additional phosphates liberated by 

the active A domain sequester free magnesium236.    

 

5.4.3.3. Amino acids  

Amino acids are the building blocks of peptides and are thus added into CFE reaction 

mixes to supply protein synthesis237. Like PEP and magnesium, this reaction component has been 

optimized for CFE in the E. coli PANOx-SP system, which is commonly initially supplemented 

with 2 mM of the 20 essential amino acids237–239. This amount reportedly increases yields of CAT 

compared to lower or higher concentrations and has been previously adapted for NRPS 

expression in E. coli lysates54,211,239. However, the sensitivity of NRPS expression to a range of 

amino acid concentrations should be assessed. As an NRPS is synthesized, its A domain(s) may 

recognize and adenylate certain amino acids that would otherwise be used for TX/TL190,199. 

Additionally, NRPSs can have sequences with diverse amino acid distributions or A domains with 

different amino acid specificities193. Also, compared to sfGFP, the CFE of a much larger protein 

like an NRPS would hypothetically require more free amino acids. Considering these, TC/FlAsH 

measurements can be used to probe NRPS production under different amino acid concentrations. 

The initial concentrations of the amino acid mix (containing all 20 essential amino acids) 

in BpsA-TC expressing reactions were varied. Reactions were prepared with PEP and 

magnesium concentrations optimized for BpsA expression thus far (77 mM PEP and 18 mM 

magnesium). TC/FlAsH measurements from these reactions demonstrate no significant 

differences in expression levels between the 2, 4, and 6 mM conditions (Figure 5.5A). However, 

a substantial decline occurs when 8 mM of the amino acid mixture is used. These results are 

consistent with SDS-PAGE data (Appendix Figure 5.15A). On the other hand, BpsA-TC_E315A 

synthesis shows no significant change across all conditions, implicating the A domain’s role in 

impairing BpsA expression presumably because of its interaction with L-Gln (Figure 5.5B)240. To 

investigate this, reactions containing 2 mM total amino acids and the constructs for BpsA-TC or  
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Figure 5.5. TC/FlAsH analysis of amino acid (AA) requirements in NRPS CFE using BpsA 

as a model. A, B, C) Reactions were initiated with varying amounts of the AA mix containing all 

20 essential AAs to determine cell-free expression changes for A) BpsA-TC, B) BpsA-TC_E315A, 

C) sfGFP. D, E) BpsA, with or without an active A domain, expression with extra L-Gln was 

similarly analyzed. Reactions with 2 mM AA mix plus varying concentrations of L-Gln were started 

with plasmid expressing D) BpsA-TC and E) BpsA-TC_E315A. All reactions were prepared with 

E. coli BL21 (Star)DE3 lysates. Reactions were run in triplicate and TC/FlAsH measurements 

were obtained by adding 30 µM FlAsH reagent to each reaction after ~ 20 h incubation.  TC/FlAsH 

measurements are presented as % relative intensities for visual comparison of trends between 

BpsA-TC and BpsA-TC_E315A data since these experiments were run on separate days. Error 

bars represent the standard error of the mean (n=3). 
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BpsA-TC_E315A were also initiated with increasing concentrations of L-Gln However, extra L-

Gln in the reaction impairs expression of both proteins, but the mutant BpsA has a more gradual 

decline with increasing L-Gln supplement (Figure 5.5D & E, Appendix Figure 5.15B). Altogether, 

these findings are contrary to the assumption that reactions expressing BpsA with A domain 

mediated amino acid adenylating activity would benefit from more amino acids than the mutated 

counterpart. Expression trends for BpsA-TC and BpsA-TC_E315A also contradict the expectation 

that yields of larger proteins will increase with amino acid concentrations. Where sfGFP synthesis 

peaks at 2 mM, which was expected of this small protein in the PANOx-SP system, amino acid 

supplementation has no positive effect on the expression of both the wild-type and mutant BpsA 

(Figures 5.5A-C). Amino acid oxidation, which has been observed during lysate-based CFE, 

could be partially responsible for these observations236. Reactions that actively deplete amino 

acids like glutamate form phosphates241. Amino acids also serve as secondary energy substrates 

that can drive ATP generation236, which in turn can also release phosphates. The deleterious 

effect of the free phosphate pool on BpsA expression is exacerbated by the A domain’s 

participation in phosphate liberation (Figures 5.3C-E), which may explain the higher sensitivity of 

wild-type BpsA to amino acid concentrations compared to its mutant counterpart (Figures 5.5A 

& B). Further, the oxidation of certain amino acids in lysates reportedly occurs quickly, which may 

prevent the prolonged translation of larger enzymes that require these amino acids in batch 

reactions. For example, compared to one mole of sfGFP, BpsA requires 9x and 11x more moles 

of arginine and tryptophan, respectively, and both of these amino acids are depleted within 30 

minutes in lysates236,241.   

In summary, BpsA expression was measured under different CFE reaction conditions to 

elucidate the sensitivity of this process to PEP, magnesium, and amino acid concentrations given 

the protein’s physicochemical properties. The A domain’s activity and the enzyme’s structure were 

both investigated by comparing BpsA to BpsA-TC_E315A and BpsA-TC_E315A to sfGFP 

expression, respectively. Compared to standard CFE conditions, higher PEP and magnesium 
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concentrations benefit BpsA expression, largely due to the active A domain. As a result, PEP and 

magnesium concentrations that improve BpsA CFE are defined. Moving forward, it was 

determined whether these conditions that increase full-length BpsA synthesis would lead to a  

concordant increase in indigoidine production or similarly improve the expression of other 

monomodular NRPSs. 

 

5.4.4. Nonribosomal peptide production improves with optimized NRPS expression 

NRPSs are valuable for their bioactive peptide products. The previous sets of experiments 

show that full-length NRPS expression can be optimized by testing different CFE conditions with 

a C-terminal TC tag and the FlAsH dye. Higher concentrations of the fully synthesized enzyme 

should enable higher nonribosomal peptide production as well. To assess this, both BpsA-TC and 

indigoidine concentrations were estimated and compared in reactions made with base (containing 

33 mM PEP and 12 mM magnesium) and optimized (containing 77 mM PEP and 18 mM 

magnesium) reaction mixes. Using TC/FlAsH measurements and appropriate standard curves, 

the average concentrations of BpsA-TC in reactions prepared with the optimized mix and base 

mix  are estimated to be 95 µg/mL and 56 µg/mL, respectively (Figure 5.6A). Reactions 

expressing BpsA-TC prepared with either mix were additionally initiated with purified PPTase, 

CoA, and L-Gln then incubated overnight. Using the colorimetric assay, titers of indigoidine were 

calculated from a standard curve and show a similar improvement after PEP and magnesium 

concentration optimization (160 µM and 99 µM indigoidine in the optimized and base reactions, 

respectively) (Figure 5.6B). As expected, optimizing CFE facilitates increased nonribosomal 

peptide production. Notably, the indigoidine titer in the optimized BL21 Star(DE3) lysate is lower 

than the maximum concentration obtained in the BL21(DE3)-derived BAP1 lysate (~ 900 µM) 

(Figure 5.1D), despite BL21(DE3) being less productive for NRPS CFE compared to BL21 

(Star)DE3 (Appendix Figure 5.10A)208. PPTase, CoA, and L-Gln concentrations can therefore 

be optimized to enable higher NRPS turnover in BL21 Star(DE3) lysates. Alternatively, a BL21 
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Figure 5.6. Conditions optimized for BpsA improve indigoidine production and the 

expression of similar NRPSs in lysates. A) PEP and magnesium optimization improve full-

length, functional NRPS expression.  BpsA-TC concentrations in reactions prepared with 77 mM 

PEP and 18 mM Mg2+ (optimized mix) or 33 mM PEP and 12 mM Mg2+ (base mix) were estimated 

with TC/FlAsH fluorescence standard curves for either reaction background. Indigoidine 

concentrations in lysate reactions incubated with 50 µg/mL purified PPTase, 1 mM CoA, and 4 

mM L-Gln in optimized or base reaction mixes were estimated using pigment standards. B) 

Compared to standard CFE conditions used in previous NRPS CFE studies (30˚C incubation and 

base mix), the total set of conditions optimized for BpsA (25˚C incubation and optimized mix) 

benefits the production of other monomodular NRPSs, TycA and Pys. C) Super folder GFP 

(sfGFP) lysate-based CFE using the condition set optimized for BpsA expression vs the standard 

condition set for protein synthesis in E. coli lysates. All reactions were run in triplicate. TC/FlAsH 

measurements were obtained by adding 30 µM FlAsH reagent to each reaction after ~ 20 h 

incubation. Averaged values are visualized with error bars representing the standard error of the 

mean. All reactions were prepared with E. coli BL21 (Star)DE3 lysates. 
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(Star)DE3 strain with a genome-integrated sfp gene could benefit the CFE of NRPSs, especially 

those that catalyze high-value but cytotoxic metabolites.  

 

5.4.5. Conditions optimized for BpsA allow or improve the CFE of other single-module 

NRPSs 

Standard CFE conditions commonly used in previous reports of lysate-based NRPS or 

NRPS-like protein expression include the preparation of reactions using the described base mix 

and their incubation at 30 ˚C54,211,212.  In theory, the CFE of NRPSs with similar architectures to 

BpsA will benefit from the total set of reaction conditions optimized here (i.e., optimized mix and 

25 ̊ C incubation). Other known monomodular NRPSs include tyrocidine synethetase I, TycA (124 

kDa), which incorporates and isomerizes an L-phenylalanine residue into the cyclic antibiotic 

decapeptide tyrocidine242, and pyreudione synthetase, Pys (142 kDa), which adenylates L-proline 

in the synthesis of amoebicidal pyreudiones243. In addition to being close in size to BpsA, these 

NRPSs each have an active A domain. TC- and StrepII-tagged versions of these NRPSs were 

expressed using standard CFE conditions and conditions optimized here for BpsA. TC/FlAsH 

measurements for both TycA-TC and Pys-TC show that these proteins are better synthesized 

under conditions optimized for BpsA expression. TycA expressed particularly well in the optimized 

system and could be visualized upon purification (Appendix Figure 5.16). Like TycA synthesized 

in base conditions, Pys produced in either condition set could not be observed in gels of lysate 

reactions or StrepII-tag elutions. On the other hand, the standard condition set, which was initially 

optimized for sfGFP231, is still more beneficial for the synthesis of this protein compared to 

conditions optimized here for BpsA (Figure. 5.6C)231. This implies that sfGFP is not universally 

informative when tailoring extracts for CFE, and further reinforces the need for reporters like the 

TC/FlAsH system when developing lysate-based platforms for different types of proteins. 

Together, these results confirm that CFE conditions optimized for a particular enzyme allow or 

improve the synthesis of proteins with similar architectures. Thus, while conditions optimized for   
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sfGFP production may not be universally optimal for larger biosynthetic enzymes, generalizable 

reporter tools like TC/FlAsH may be leveraged to construct model systems for studying and 

defining better CFE conditions of whole enzyme classes with high throughput. Notably, 

discrepancies in how much these conditions improved TycA vs Pys or BpsA expression suggest 

that TC/FlAsH measurements will still be useful for further probing and optimizing CFE on a 

protein-by-protein basis.  

 

5.5. Conclusions 

 Lysate-based CFE is an accessible and scalable approach for expediting the expression of 

proteins that are difficult to synthesize in vivo, such as natural product forming NRPSs28,35,165. 

Lysates may additionally be derived from strains that can post-translationally modify NRPSs into 

their active holo-forms212,214, or microbial species that are already heavy producers of 

NRPSs215,217–219. However, lysates possess complex interactions between the TX/TL machinery 

and metabolic reactions in the lysate that are unproductive to protein expression210. The latter 

may include the catalytic activities of the enzyme product itself. Establishing the utility of protein 

fluorescence labeling in cell extracts, in addition to minimal expression systems213, advances the 

investigation of these confounding relationships. It also provides insight into how protein size 

influences CFE requirements. These in turn enable the optimization of cell extracts for NRPS 

CFE. Here, a fluorescence-based protein detection method that employs a TC tag and FlAsH 

fluorophore was adapted for measuring NRPS expression in lysate-based CFE systems. This 

strategy can validate full-length NRPS translation in the lysate background with higher throughput 

than current NRPS detection methods. The approach allows the quantification of NRPS 

expression across several reactions with the use of careful controls that account for caveats of 

the dye in different reaction environments. Importantly, these measurements enable reaction 

optimizations that apply to the expression of other NRPSs as well. Overall, the method enables 
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rapid hypothesis generation and testing for broad applications in lysate-based NRPS CFE that 

could be extendable to other proteins. As demonstrated here with BpsA and its pigment product, 

this approach can also be complemented with an assay for indirectly measuring improvements to 

functional protein folding and post-translational modification226. 

As demonstrated in this investigation, the method can be applied towards understanding 

requirements for full-length NRPS expression considering the mechanistic features of these 

enzymes (such as the role of ATP in catalysis). The conditions for the cell-free TX/TL of NRPSs 

are expected to change depending on the size, structure, and activity of the protein product itself. 

An objective here was to demonstrate that TC/FlAsH experiments can elucidate these 

relationships which previously lacked evidence. Comparisons of BpsA-TC, BpsA-TC_E315A, and 

sfGFP expression under various reaction conditions revealed the unique needs of NRPS CFE. 

This TC/FlAsH detection protocol may also be modified to meet specific experimental objectives 

under the umbrella of understanding NRPS CFE. For example, the TC tag may be appended to 

truncated forms of the NRPS coding sequence to quantify the frequency of premature NRPS 

translation.  Or alternately, the TC tag could be appended N-terminally to demonstrate the degree 

of initiation of translation.  

 Measuring TC/FlAsH is also a powerful strategy for tailoring lysate-based reaction 

environments towards high-yield NRPS CFE. Throughout this investigation for example, the 

TC/FlAsH method identified better temperature, PEP, and magnesium conditions for 

monomodular NRPS CFE while providing insight into potential bottlenecks of productive amino 

acid utilization. The results of these experiments lend to further improvements in NRPS CFE 

systems. For example, the drastic inhibition of NRPS synthesis beyond a threshold concentration 

of PEP may be remedied using alternative ATP recycling schemes to prevent excessive free 

phosphate accumulation229,244. Factors limiting productive amino acid utilization in NRPS CFE 

systems can also be further investigated. Apart from amino acid oxidation, it is also possible that 

concentrations of other reaction components such as tRNAs or aminoacyl-tRNA synthetases may 
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be insufficient for full-length large protein synthesis even when amino acid levels are high 

enough237. Moreover, extensive efforts to optimize lysates for high-yield production of other NRPS 

architectures would benefit from TC/FlAsH. While the results reported here are informative for 

monomodular NRPS CFE, the NRPS family of proteins is known to have high structural 

diversity190. NRPSs with different sizes and numbers of A domains would therefore likely have 

unique optimal reaction condition sets. The TC/FlAsH method would be useful for defining these 

reaction parameters through sequential optimization experiments, in a way that offers more 

throughput than current methods to detect these enzymes54,211,212.  

 Additional applications of the TC/FlAsH approach for NRPS CFE include discovery and 

prototyping. Despite their natural abundance, difficulty expressing NRPSs in in vivo systems has 

been a barrier to the characterization of these enzymes for natural product discovery211. The 

strategy could thus be usefully applied towards expressing libraries of NRPS sequences 

incorporating TC tags or prototyping genetic parts for successful NRPS expression in model or 

non-model lysate backgrounds. Measuring TC/FlAsH could also have value in screening 

engineered libraries, facilitating the discovery of structurally diverse nonribosomal peptides245.  

 Looking forward, this approach is envisioned to help expedite the study and optimization of 

lysate-based CFE systems for specific protein synthesis, especially enzymes like NRPSs that 

possess complex physicochemical properties which may impede cell-free TX/TL. This will 

consequently advance the development of robust NRPS expression platforms that will support 

academic and commercial applications. 

 

 

 

 

 

 



 160 

Appendix 

 

Figure 5.7. Standard curves of indigoidine from purified indigoidine in BAP1 lysate mock 

reactions. Due to the solubility limits of indigoidine, different concentrations of DMSO were added 

to the lysate reaction mix to dissolve indigoidine: A) 0% DMSO, B) 50% DMSO, C) 60% DMSO, 

D) 80% DMSO. In all cases, absorbance measurements were taken at 590  nm and divided by 

signals at 800 nm to deconvolute pigment absorbance from lysate turbidity.198 Afterwards, 

A590/A800 signals before DMSO addition were then subtracted from measurements after 70 % 

DMSO addition to measure soluble pigment.69 For visualization of trends, values were averaged, 

compared to the baseline condition (0 µM indigoidine), and plotted with error bars representing 

the standard error of the mean (n=3).  
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Figure 5.8. SDS-PAGE gel of purified BpsA-TC expressed heterologously in E. coli BAP1. 

 

 

Figure 5.9. Optimization of FlAsH concentration for TC/FlAsH measurement and validation 

in E. coli lysate-based reactions. Increasing concentrations of purified BpsA-TC were spiked 

into BL21 (DE3) lysate-based CFE mock reactions. 0.5 µL FlAsH was added to different final 

concentrations for each set of reactions to determine an effective FlAsH concentration for 

measuring a range of TC-tagged protein in lysates: A) 7.5 µM, B) 15 µM. Averaged normalized 

values are visualized with error bars representing the standard error of the mean (n=3). 
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Figure 5.10. BpsA-TC CFE in different temperatures and E. coli lysates. A) SDS-PAGE gel 

of CFE protein at 25˚C and 30˚C of BL21(DE3) lysate and BL21 Star (DE3) lysate using the CFE 

base conditions. Lanes represent pooled reactions (n=3). A faint band is most visible compared 

against the control for BL21 Star (DE3) reactions started with DNA and incubated at 25˚C. 

Difficulty expressing other NRPSs in BL21(DE3) lysates has been reported and is presumably 

due to the instability of NRPS mRNA in this system211. B) Comparison of BpsA-TC synthesized 

in BL21 Star (DE3) lysate reactions under different incubation temperatures (25˚C vs 30˚C), 

analyzed with 30 µM FlAsH. These results reinforce higher expression of BpsA-TC in BL21 (Star) 

DE3 lysate reactions incubated at 25 ˚C, compared to 30 ˚C, which is consistent with reports of 

higher soluble BpsA expression in cells at lower temperatures226,246. Reactions were run in 

triplicate and TC/FlAsH measurements were obtained by adding 30 µM FlAsH reagent to each 

reaction after ~ 20 h incubation. Averaged normalized values are visualized with error bars 

representing the standard error of the mean (n=3). 
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Figure 5.11. TC/FlAsH measurements in different reaction backgrounds. Magnesium, PEP, 

the amino acid (AA) mix, or all of these components were removed from mock reaction mixes 

containing 100 µg/mL purified BpsA-TC. Appropriate controls were prepared, and all samples 

were distributed on a 384-well microplate. The mixes were incubated at room temperature for 1 

h. Afterwards, 30 µM FlAsH reagent was added to each sample and all wells were read with the 

appropriate filter set after 10 min. Averaged normalized values are visualized with error bars 

representing the standard error of the mean (n=3).  
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Figure 5.12.  Sequence alignment of BpsA indicating the conserved glutamine involved in 

the ATP binding motif. The A domain of BpsA was identified by using the prediction tool on 

AntiSMASH. Following with that, other A domains from other biosynthetic gene clusters were 

identified by using MiBiG library across a range of different organisms, including: DifD from 

Bacillus velezensis, strain KKLW (GenBank: CP054714.1); HasG from Anabaena sp. 90 

chromosome chANA01 (GenBank: CP003284.1); FscA from Streptomyces sp. FR-008 

(GenBank: AY310323.2); PcbAB from Penicillium chrysogenum strain Wisconsin 54-1255 

(GenBank: AM920436.1); FkbP from Streptomyces sp. MA6548 (GenBank: AF082100.1). 

Sequence alignment of these chosen A domains and the A domain of BpsA was determined by 

using the multiple sequence alignment tool from Clustal Omega.  
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Figure 5.13. Effects of A domain activity on BpsA’s PEP usage and expression. SDS-PAGE 

gels of pooled reactions (n=3) expressing BpsA-TC prepared with different concentrations of A) 

PEP and B) ATP. C) Differences in TC/FlAsH signals of BpsA-TC and BpsA-TC_E315A 

expression in reactions initiated with 77 mM PEP. D) Western Blot confirmation of BpsA-TC and 

BpsA-TC_E315A made in CFE reactions initiated with 77 mM PEP. All reactions were prepared 

with E. coli BL21 (Star)DE3 lysates. Reactions were run in triplicate and TC/FlAsH measurements 

were obtained by adding 30 µM FlAsH reagent to each reaction after ~ 20 h incubation. TC/FlAsH 

measurements are presented as % relative intensities for visual comparison of trends between 

BpsA-TC and BpsA-TC_E315A data since these experiments were run on separate days. Error 

bars represent the standard error of the mean (n=3).  
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Figure 5.14. SDS-PAGE validation of magnesium concentration effects on BpsA 

expression. SDS-PAGE gel of pooled reactions (n=3) prepared with varying magnesium 

glutamate concentrations, expressing BpsA-TC. All reactions were prepared with E. coli BL21 

(Star)DE3 lysates. 

 

 

Figure 5.15. SDS-PAGE validation of amino acid concentration effects on BpsA 

expression.  SDS-PAGE gels of pooled CFE reactions (n=3) expressing BpsA-TC with A) varying 

amino acids concentrations, and B) varying concentrations of supplemented L-glutamine. All 

reactions were prepared with E. coli BL21 (Star)DE3 lysates. 
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Figure 5.16. SDS-PAGE gel of elutions from the StrepII-tag purification of TycA. “Opt” = 

reactions run in BpsA optimized conditions (25 ˚C, 77 mM PEP, and 18 mM magnesium); “Std” = 

reactions run in standard conditions (30 ˚C, 33 mM PEP, and 12 mM magnesium). 
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Table 5.1. Plasmid and gene sequences used in this study. 

Name Sequence 
bpsA E. coli 
codon 
optimized part 
1 

atgacgttgcaagagacttcggtactggagcctaccttacaggggacaacgaccttacccggcttacttgcacagcgtg
tcgctgaacacccagaagctattgcggtggcatatcgtgacgataagttaaccttccgcgagttagcttcccgcagcgc
ggcgttggcagattacttagagcatttaggggttagcgcggatgactgtgtaggcctgtttgtagagccatccatcgacct
gatggtgggcgcctggggaattttgaatgcaggagcagcttacttacccctttcgccggagtaccccgaggatcgtcttc
gttatatgatcgagaattcggaaacaaaaattattttggcccagcaacgtctggttagtcgcctgcgcgagcttgcaccta
aggacgttactattgtcacattgcgtgaaagcgaagcatttgttcgccctgagggtactgaggcaccagctgcccgtag
cgcacgtccagacacccttgcctatgtaatctatacctctggatctacgggaaagccgaagggtgtgatgattgagcatc
gctccattgtaaaccagttaggatggctgcgcgaaacatatgccatcgatcgttccaaggtcatccttcagaaaacccc
gatgtcttttgacgcagcgcaatgggagatcctgtcgccggctaacggtgctaccgtcgtaatgggcgccccaggagtg
tatgcagatccggaagggctgattgaaacaatcgtcaagcacaacgtcacaacattacagtgtgtcccaactctgctgc
agggcttaattgatacagagaaattcccggagtgcgtatcactgcagcaaattttctcgggtggagaggccttaagtcgc
ctgttagcaattcaaacaacccaggaaatgccgggacgtgcactgattaatgtatatggccccacggagacaacgat
caatagttctagctttccagtcgatcccgcggatctggatgagggaccccaatcgatctcaatcggatcgcctgtgcatg
ggacgacttaccatatcttggacaaagagactcttaagcctgtgggagtaggcgaaatcggggagttatacattggag
gcattcagctggcccgcggctaccttcatcgtgacgacttaactgccgaacgctttcttgagattgaactggaggaaggt
gccgagccggtacgtttatacaagactggagacttaggccaatggaataatgacgggacggtccagttcgccggtcgt
gccgacaatcaagtgaaacttcgtggatatcgtgtggaattggacgagatctctttagctattgaaaatcacgattgggtg
cgtaatgcggctgtaatcgtgaagaatgatgggcgcacaggttttcagaatcttatcgcctgcattgaattatccgagaa
ggaagccgcccttatggaccagggcaaccacggctcccaccatgcatccaagaaatcgaagttacaagtaaaggct
caactgtctaacccaggactgcgtgacgacgcagaactggcagctcgtcctgcttttgacctggagggcgctgagcct
acgccagaacagcgcgcccgtgtatttgcccgcaagacttaccgcttttacgaagggggagccgttacgcag 
gcggatttacttgggcttctgggggctaccgttacggcagggtattcgcgtaaagccgcagatttggcgccagccgaatt
aggacaaattctgcgttggtttgggcagtacatctcggaagaacgcttgttgccaaagtatgggtatgcatccccggggg
ctttgtatgctacacagatgtactttgaacttgaaggtgtgggtgggcttaaaccaggctactattactatcaaccggtccgt
catcaactggtgcttatttcagagcgtgaggctactggtaaggctaccgctcagattcactttattggcaaaaaatcgggc
atcgagcctgtgtacaagaacaacatcctggaggttttagagatcgaaacgggtcacatggtaggactttttgaacaaa
ttttgccggcctacggattggacatccacgatcgtgcttacgaaccagctgtgaaggatttgcttgatgtagctgatgaag
actattatcttgggacattcgagttggtgccacatgccggggcccgcgatgaccaagccgaagtgtatgtccaaacgca
tggtggtaaagtggccggactgcccgaggggcaatatcgttacgaaaatggagaacttactcgcttttctgatgacattg
tcttaaagaagcatgttattgctatcaaccagtccgtgtaccaggctgcatcg 

bpsA E. coli 
codon 
optimized part 
2 

tttggaatttcagtatatagtcgcgcagaggaggaatggctgaaatatattacactgggcaaaaaacttcaacatcttatg
atgaacggcttgaacttgggattcatgtccagcggttattcgtccaagactggcaaccccctgccagcttctcgccgtatg
gacgctgtattaggcgcgaacggggttgactcggccccaatgtatttttttgtaggaggacgtatctctgatgagcagatt
ggacatgaaggtatgcgtgaagacagcgttcacatgcgcgggcctgccgaattaatccgtgacgacttggtctccttcct
gccagattatatgatcccgaaccgtgtcgttgtgttcgaccgtttaccgttgagtgctaacggaaaaattgacgtcaaagc
cttagctgcatcagaccaagtcaacgcagaattggtggagcgcccgttcgtagcgcctcgtaccgagacagagaaag
aaattgccgccgtatgggagaaggctcttcgccgtgaaaatgcctcggttcaagacgacttcttcgaaagtggaggtaa
ttcgctgattgcagtaggattagtccgcgaactgaatgcacgtttaggcgttagccttcccttacagtctgtacttgagagc
cctaccattgagaagttggctcgtcgcttggaacgcgaagtcgcgcaggaatcgtcccgctttgtgcgtcttcacgctga
aaccggcaaagcccgtccggtcatctgctggcctggtctgggaggctatccaatgaatttgcgctcacttgcaggagag
atcggcctgggacgctcgttctatggggttcaaagctatggcatcaatgagggggagactccctacgaaaccattactg
agatggcgaagaaagacatcgaggccttgaaggagatccagcccgcagggccatatactctgtgggggtattctttcg
gcgctcgtgtggcgtttgagactgcatatcagctggaacaggcgggcgagaaagtggacaacttattcttaatcgcccc
gggtagtccaaaagtccgtgcggagaatggcaaagtctggggccgcgaggccagtttcgccaatcgcgggtataca
acgatccttttctccgtctttactgggaccatcagcggcccagatcttgatcgctgcttagagacggtaactgacgaggca
tccttcgccgaattcattagtgaactgaaaggcattgacgtggacttggcgcgccgtattattagtgtcgttggccaaacat
atgaattcgaatactcgttccatgagttggcggaacgtactttacaggcacctattagtattttcaaggctgtgggtgacga
ctattcgttccttgaaaattcgagcggctatagcgctgagccaccgaccgtaattgacttggacgccgaccactatagctt
gttgcgtgaagacatcggagaactggtcaagcatatccgctatttacttggtgaatgttgcccgggttgctgtcatcaccat
caccatcactaa 
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Table 5.1 continued 

pys E. coli 
codon 
optimized part 
1 

atgcgcgatgtccacccatgcccactgagtactgcgcaacaagaagtgtgcttggccattagtcaatctcattcaaatct
gaattaccatctttgtgatgtaattgaattgcgcggcgaacttcacttgccttggcttgaagcggccattcgtgcccagttttt
acaaacggacacccttcgcgcaacattcgacatcgacccgactacgggaacatacgcccagcatatccagcctgcc
gatgcgttaccggcgaaggcatttgagtcacttgacgtaagcgaccaggcagaccccgcgcaggccagtaacgagc
ttttggagcatctgttggatcaagacatggatttacaacacgggccgttaatccgctatgtgctgattcgtctggcaccgca
acattatcgcatgattgaactggcttctcatttagtagtcgacggcttcggccacggaatcctttttgggaatattactgctca
ctataacgctttgtcacgcggtgagacggtagaagcacttgaattagccccgttatctagcgtgttcgatgcccaagaag
agtatcgccattcggatatgcataagaaggatcgtacgtattggcgccagtattgtctgaaaatgcccgaaccaacaca
attggtccctggagatgctccgttgattaaactgaatcgtctgcgcaaagtctttggaggcgccacacttcttcagcttcgtg
ccgcggcgtccgagcatcaacttcgtttatcctctatcctgttggctttatgtgccacatatttgcagcgcatgaccgggca
gcacgagttggccttgggcatgccagttgcggcacgtcagttaaaggctttgcgcaatgtaccctctatggtagcaaata
tcttgccactgcacttgtcatttacaccggagtcaaccgtcttaagcgtcgcggccaatcttcaacgccagttacgccatc
acttgctgcatcaatcttaccgttcggagtcgatgatccgcgacttacatgcggaacgcgggaataagccgttatttaata
ccttgttgaacatcgttgcgtatgaccaagggccgggatttgcgggctgcgatactacgatccaaaacgtcgccaacgg
gccagccgaccaccttggcattgacatcttcgaccgtcatgacgacggtcgtttggagatcgggttcaatgccaatgctg
atctgtattcggctgaggcattggagctgcactaccaacgtttgactgcgttattcgagcgcttcgctaacgctccccaaa
cgctggcagcagactataacctgttcttaccagacgagcaacaacgccactacgcacttcccccccatccagaaaag
cttcctgtttttgcggaggcgtttgcgaacgcggttcatgactacgctgagcgcccagcactttcccaaggagcccagac
cctgagttaccgtcgtttggacgatgacgctacacgcctggcagcccacctgcgcgaacgtggggtgcgcgccggag
attgcgtcgtagtcatgttcagtcgctccgtcgagtgggcggtagcggccgtagctttgtttaagctgggagcgtgttacgt
accagtggatccagatctgcccgaagcccgcattgaacatatcttctctgacgccgacccggcagtagtcattgtggca
ccaggatcacagcttaaggtggaggtagccgcagataaactgctgcgtctttccgcagagactttagctcagttgccag
ctgtcacgcaacctctgtcagcattcgatgctggcttgcctggctatcttatttatactagcggatctacagggaagcctaa
gggcgtggaggtgacgcagcgcaactta 

pys E.  coli 
codon 
optimized part 
2 

gtgcccatcgctcgtactgctatcaatgccgcccagctgcaaccaggcgcgcgtgtgcttcagttcatcgcagctggattt
gacatgtctgttttagagattatgatgacgcttttagcgggggccgaattagtaattacagacaaagtatcgagtgctcca
gggaaagcgcttgctacactggttaagcgtgagggcatcaatttgcttgtaatgaccccgtccctgttggcctgtcaccaa
actgaggactttccccaggatacggtcttaatgcttggaggggagccttgtacgcccgccctgctggcgcgttttgccca
ctgtcgtttgttgaacgtgtatggaccaacagaaaccagtttcgcaacaagtattaacgcctgctatggagcgggggact
tatctatcggtccggccacggctaacactcgcttgtatgtagtcgatgggcaacagcgcttacttcctccgggagcctgg
ggggatttgtttatcgggggtcccggtgtagcccgtggctaccgtaaccgccccgacttaactgctaagggttttgtagca
gatttgttagactctgcatcaacgatgtaccgtgcaggggaccgtgtgttcttcgaccatgccggacgcattcattacctgg
gtcgtcaagataatcaaattaagttacgcggtttgcgcatcgaattagacgagattaagaatgtcttgttaggatgtgcag
gcgtagatgacgccacagttattttacgtgaattggggcacggaccagcgattgtgggttacgtggcgtctaaggattcc
agtcttgatggtcaacatcttaagcaggcgctgggccgtcatttaccccaacatatggtgccgtccgtaatcatgtgtgtta
gcgagttccctctgacccccaatggtaaattagctgttgatcgtttgccagctccggcactgtatgatgccactgaactgg
ctccagctcaaaacgctgaggaggcggccatgtgcaagttgtttgcggaggccttagattgcaacgaagttttcgcgaa
ccagaatttttttgaccttggcggccatagtttactggggttgcagcttgtgagtcgtattaaggagcagttcgggattgcac
ttggaattgccgattttcttgctgcgccaacaccgcgccaattagcgcagcgcttacagacaaactcaggcgactctga
cccgtttgatgcagtcttaaccctgcgcagtgaaggttctcgcccacccctgttttgcatccatccagggggggggattgc
gtggccctatgccggattattaccattcttgccggaagaccaaccaatgtacgcccttcaatcgccgattctgcgtgatcc
gactcgtgttatcgggagcttagatgaactggccgccgagtatttacaacgcattgtagacttgcatcctgaaggtcccta
ccaacttgcaggctggtcagtgggaggcaaccttgccttacgtatcggtgctatgcttcaagcgcgtggccgtgaggtat
cttttttatgcatgtttgactcatatccattgcagggaggccccgcttcgttgaaacttgatgatgcgatgattatctcacgcat
gacccgtgctattgtcggaactcctcgtgcgggattaaagggcctgaagtccgcaatggaagaagtcttgggaagccg
tcaaattggcgacgaattcttgacacgccttgtagacgattcaaaattgatgttagagttgttagggcgcacgcagtatga
ggtatttaatggcgatctgctgttcattcgcgcgacaacagacattcttcgccaagatgagcagcagccaggtctgtggg
caccgtacatttctggtgagttaatccagcacgacgtcgaggctcctcacgaatgcttgcttcaacgccagtacttagaa
caatttgggaaggcgttcgtagaggctttacttaaacgtcaagcctcccccgcttcggaaacccaaaagctgtcggaag
tctgttgcccgggttgctgttggagccacccgcagttcgaaaaataa 
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Table 5.1 continued 

tycA E. coli 
codon 
optimized part 
1 

atgcttgcaaaccaagctaatcttattgaccttgaatgggagaaagaacaagttgcgctttttaacgacaccaaagcgg
agtaccctcaggacaagagcatccaccaattattcgaggaacgtgccgaagcagtcccgcatcgcgtggcaattgtgt
atgaaaatgagcgcttaacctaccaggaattaaataaaaaagccaaccaattagcgcgtgccctgattgaaaaaggc
atcacaacagattctatcgtgggagtcatgatggaaaagtctattgaaaatgtcacagccattttagctattttaaaggca
ggtggagcgtatgttcccatcgacattgagtacccgcgtgaccgtatccaatacatcttgcaggactcccagactaaaat
cgtaattacacaaaagaatgttagtcaattagtctacgatgtcgggtatcgtgggcctgttgtcgtattggaagaagaaca
gctggactctcgtcctaactcgaacttgcatttgccgtcgaaaccgactgatatggcctacgtaatttatacctcaggcac
aacaggcaagccaaagggaactatgttggaacacaaaggtattgcaaacttgcagtctttttttcagaacacgtttgac
gtaacgcccgccgaccgtattggtcagttcgcgtccatgagtttcgatgcaagtgtctgggagatgtttatggctcttttgac
cggagccagcttatatattttgtcgaaacagacgattcatgacttcatcagcttggaaaactaccttaatgagaatgagctt
accattattactcttcccccgacataccttacacaccttaatcctgaccatattactactcttcgtatcatgattacggccgga
tctgcagcaaattttccgttagtaaatcgttggaaaaataaagtccgttatgtaaacgcctatgggcctacggaaacaag
catttgtgcgactatttgggaggcgcctcctaacgaacttttaaatcagacaatccctatcggaaaacccattcagaatac
atatgcatatattgttaacgaagaactgcaacttcagcctattggctcggaaggggaattgtgcatcgggggagtaggg
ctggcccgcgggtattggaaccgtccggatttaaccgcggagaagtttgttgataatcctttcgttccaggggaaaaaat
gtatcgtacaggggacctggccaaatggcttccgtctggagagatcgaattccttggccgtatcgaccaccaggtcaag
atccgtgggcaccgcatcgagttgggcgaaattgagtctgtattgcttaaacatgaacaaattaaggaagctgtcgtaat
tgcgcgcgaagaccaacatgcgcaaccatatttgtgcgcatacttcatttcgcagaaagaagtgacgcccgctcaaatt
cgtgaatacgccgctcagaagctgccagcatacatgttgccgtcttatttcgttaaacttgacaagatgccgctgacacct
aatgataagattgaccgcaaggccctg 

tycA E. coli 
codon 
optimized part 
2 

cccgaacctgacgtaacgtcggaaactaatccagcgtatgagcctcctcgcaatcagaccgaaaagattctggctac
agtatggcaggaagttcttggaatcgaaaagattgggattctggacaacttctattcgttaggtggtgatagcattcaagc
gattcaagtggcagcgcgtctgcacgcctatcagcgcaagttagacacgaaggatttattaaactatccgaccatttccc
aagtcgcattatacgtgaagtccacgacccgcagctccgaacagggaattatcgaaggcccagtagcactgacacc
catccagcactggtttttcgagaaaaacttcacaaacatgtcgcattggaaccaaagctatgttctgtatcgtgaacagg
ggttcgatccagaggccattcgcaaagctctggataagattttaagtcaccacgacgcgttgcgcatgatctaccagcgt
gaaaatgggtctatcgtacagcagaatcgcggattgggtagtgaactgtatcaattcttgcaatatgacctgacatcgca
ctgggacgtacagaaggctatcgaagaagaaaccaaacgcttgcatagttcaatgaatctgcaagaagggcaatta
gtaaaagcggcccttttccacacgcttcaaggcgatcacttgttccttgcaatccaccatctggttatggacggtatttcttg
gcgcattctgttcgaagaccttgcaacggcatacagtcaggtagttgcggggaaggagatcgttctgcccgagaaaac
tgattcatttaaggactggacagtgtggttaaacgattacgctaatagcgacgctctgatgcgtgaaatcccctactggga
gaacttggaatcaggagctcgtaatgcctcacttcccaaagactatgagacagtaggatgtaagcaaaaaagtaccc
gcaatatccaggttggtcttctggcagctgaaaccgaacaattactgaaacaggcaaatagcgcttaccaaacggaa
attaatgatctgctgttagccgccctgggtcttgcagtggctgagtggggacgtcttgaccaaattgttatcaacttggaag
ggcacggtcgtgaagacgttattgagcacgcaaatgtgactcgtactattggctggtttacatctcagtatccggtccttct
ggacgtctctcaaatgaaccacttaccaaaccacattaagtgtacaaaggagaatcttcgcaaaatccctaacaagg
gtatcggctacgaaatcttaaagtatatgacggaacccgaacgtcgcggctctttgtcattctctctgcaacctgaggttac
attcaattatttaggtcagtttgattcagggttgaattcagaactgtttactcgtagcccatactccagcgggaatacccttgg
agccgatggtaagaataatcttagtccggattctgagatttacactgccctgaacattaccggacgcattgaaggtggag
agcttttgatcacatttacgtattccgaggagcagtttcgtgaggagtccatccatcaattatcggaaaattaccagaaac
acctgcgctcgatcattacacactgcgtacaaaaaaaagaagtagagcgtacaccctcggatttctccctgaagggcc
ttcagatggaggaaatggatgatatctttgaggtcttggctaacaccttaaactgttgcccgggttgctgttggagccaccc
gcagttcgaaaaataa 
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Table 5.1 continued 

pET28a(+) 
sequence with 
TC tag 

gatgtaactgaatgaaatggtgaaggacgggtccagtaggctgcttcggcagcctacttgttgagtagagtgtgagctc
cgtaactagttacatcctagcataaccccttggggcctctaaacgggtcttgaggggttttttgcggatccgaactcgagc
accaccaccaccaccactgagatccggctgctaacaaagcccgaaaggaagctgagttggctgctgccaccgctga
gcaataactagcataaccccttggggcctctaaacgggtcttgaggggttttttgctgaaaggaggaactatatccggatt
ggcgaatgggacgcgccctgtagcggcgcattaagcgcggcgggtgtggtggttacgcgcagcgtgaccgctacact
tgccagcgccctagcgcccgctcctttcgctttcttcccttcctttctcgccacgttcgccggctttccccgtcaagctctaaat
cgggggctccctttagggttccgatttagtgctttacggcacctcgaccccaaaaaacttgattagggtgatggttcacgt
agtgggccatcgccctgatagacggtttttcgccctttgacgttggagtccacgttctttaatagtggactcttgttccaaact
ggaacaacactcaaccctatctcggtctattcttttgatttataagggattttgccgatttcggcctattggttaaaaaatgag
ctgatttaacaaaaatttaacgcgaattttaacaaaatattaacgtttacaatttcaggtggcacttttcggggaaatgtgcg
cggaacccctatttgtttatttttctaaatacattcaaatatgtatccgctcatgaattaattcttagaaaaactcatcgagcat
caaatgaaactgcaatttattcatatcaggattatcaataccatatttttgaaaaagccgtttctgtaatgaaggagaaaac
tcaccgaggcagttccataggatggcaagatcctggtatcggtctgcgattccgactcgtccaacatcaatacaacctat
taatttcccctcgtcaaaaataaggttatcaagtgagaaatcaccatgagtgacgactgaatccggtgagaatggcaa
aagtttatgcatttctttccagacttgttcaacaggccagccattacgctcgtcatcaaaatcactcgcatcaaccaaacc
gttattcattcgtgattgcgcctgagcgagacgaaatacgcgatcgctgttaaaaggacaattacaaacaggaatcga
atgcaaccggcgcaggaacactgccagcgcatcaacaatattttcacctgaatcaggatattcttctaatacctggaatg
ctgttttcccggggatcgcagtggtgagtaaccatgcatcatcaggagtacggataaaatgcttgatggtcggaagagg
cataaattccgtcagccagtttagtctgaccatctcatctgtaacatcattggcaacgctacctttgccatgtttcagaaaca
actctggcgcatcgggcttcccatacaatcgatagattgtcgcacctgattgcccgacattatcgcgagcccatttatacc
catataaatcagcatccatgttggaatttaatcgcggcctagagcaagacgtttcccgttgaatatggctcataacacccc
ttgtattactgtttatgtaagcagacagttttattgttcatgaccaaaatcccttaacgtgagttttcgttccactgagcgtcaga
ccccgtagaaaagatcaaaggatcttcttgagatcctttttttctgcgcgtaatctgctgcttgcaaacaaaaaaaccacc
gctaccagcggtggtttgtttgccggatcaagagctaccaactctttttccgaaggtaactggcttcagcagagcgcaga
taccaaatactgtccttctagtgtagccgtagttaggccaccacttcaagaactctgtagcaccgcctacatacctcgctct
gctaatcctgttaccagtggctgctgccagtggcgataagtcgtgtcttaccgggttggactcaagacgatagttaccgg
ataaggcgcagcggtcgggctgaacggggggttcgtgcacacagcccagcttggagcgaacgacctacaccgaac
tgagatacctacagcgtgagctatgagaaagcgccacgcttcccgaagggagaaaggcggacaggtatccggtaa
gcggcagggtcggaacaggagagcgcacgagggagcttccagggggaaacgcctggtatctttatagtcctgtcgg
gtttcgccacctctgacttgagcgtcgatttttgtgatgctcgtcaggggggcggagcctatggaaaaacgccagcaac
gcggcctttttacggttcctggccttttgctggccttttgctcacatgttctttcctgcgttatcccctgattctgtggataaccgta
ttaccgcctttgagtgagctgataccgctcgccgcagccgaacgaccgagcgcagcgagtcagtgagcgaggaagc
ggaagagcgcctgatgcggtattttctccttacgcatctgtgcggtatttcacaccgcatatatggtgcactctcagtacaat
ctgctctgatgccgcatagttaagccagtatacactccgctatcgctacgtgactgggtcatggctgcgccccgacaccc
gccaacacccgctgacgcgccctgacgggcttgtctgctcccggcatccgcttacagacaagctgtgaccgtctccgg
gagctgcatgtgtcagaggttttcaccgtcatcaccgaaacgcgcgaggcagctgcggtaaagctcatcagcgtggtc
gtgaagcgattcacagatgtctgcctgttcatccgcgtccagctcgttgagtttctccagaagcgttaatgtctggcttctgat
aaagcgggccatgttaagggcggttttttcctgtttggtcactgatgcctccgtgtaagggggatttctgttcatgggggtaa
tgataccgatgaaacgagagaggatgctcacgatacgggttactgatgatgaacatgcccggttactggaacgttgtg
agggtaaacaactggcggtatggatgcggcgggaccagagaaaaatcactcagggtcaatgccagcgcttcgttaat
acagatgtaggtgttccacagggtagccagcagcatcctgcgatgcagatccggaacataatggtgcagggcgctga
cttccgcgtttccagactttacgaaacacggaaaccgaagaccattcatgttgttgctcaggtcgcagacgttttgcagca
gcagtcgcttcacgttcgctcgcgtatcggtgattcattctgctaaccagtaaggcaaccccgccagcctagccgggtcc
tcaacgacaggagcacgatcatgcgcacccgtggggccgccatgccggcgataatggcctgcttctcgccgaaacgt
ttggtggcgggaccagtgacgaaggcttgagcgagggcgtgcaagattccgaataccgcaagcgacaggccgatc
atcgtcgcgctccagcgaaagcggtcctcgccgaaaatgacccagagcgctgccggcacctgtcctacgagttgcat
gataaagaagacagtcataagtgcggcgacgatagtcatgccccgcgcccaccggaaggagctgactgggttgaa
ggctctcaagggcatcggtcgagatcccggtgcctaatgagtgagctaacttacattaattgcgttgcgctcactgcccg
ctttccagtcgggaaacctgtcgtgccagctgcattaatgaatcggccaacgcgcggggagaggcggtttgcgtattgg
gcgccagggtggtttttcttttcaccagtgagacgggcaacagctgattgcccttcaccgcctggccctgagagagttgc
agcaagcggtccacgctggtttgccccagcaggcgaaaatcctgtttgatggtggttaacggcgggatataacatgag
ctgtcttcggtatcgtcgtatcccactaccgagatatccgcaccaacgcgcagcccggactcggtaatggcgcgcattg
cgcccagcgccatctgatcgttggcaaccagcatcgcagtgggaacgatgccctcattcagcatttgcatggtttgttga
aaaccggacatggcactccagtcgccttcccgttccgctatcggctgaatttgattgcgagtgagatatttatgccagcca 
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Table 5.1 continued 

pET28a(+) 
sequence with 
TC tag 
(continued) 

gccagacgcagacgcgccgagacagaacttaatgggcccgctaacagcgcgatttgctggtgacccaatgcgacc
agatgctccacgcccagtcgcgtaccgtcttcatgggagaaaataatactgttgatgggtgtctggtcagagacatcaa
gaaataacgccggaacattagtgcaggcagcttccacagcaatggcatcctggtcatccagcggatagttaatgatca
gcccactgacgcgttgcgcgagaagattgtgcaccgccgctttacaggcttcgacgccgcttcgttctaccatcgacac
caccacgctggcacccagttgatcggcgcgagatttaatcgccgcgacaatttgcgacggcgcgtgcagggccaga
ctggaggtggcaacgccaatcagcaacgactgtttgcccgccagttgttgtgccacgcggttgggaatgtaattcagctc
cgccatcgccgcttccactttttcccgcgttttcgcagaaacgtggctggcctggttcaccacgcgggaaacggtctgata
agagacaccggcatactctgcgacatcgtataacgttactggtttcacattcaccaccctgaattgactctcttccgggcg
ctatcatgccataccgcgaaaggttttgcgccattcgatggtgtccgggatctcgacgctctcccttatgcgactcctgcatt
aggaagcagcccagtagtaggttgaggccgttgagcaccgccgccgcaaggaatggtgcatgcaaggagatggcg
cccaacagtcccccggccacggggcctgccaccatacccacgccgaaacaagcgctcatgagcccgaagtggcg
agcccgatcttccccatcggtgatgtcggcgatataggcgccagcaaccgcacctgtggcgccggtgatgccggcca
cgatgcgtccggcgtagaggatcgagatctcgatcccgcgaaattaatacgactcactataggggaattgtgagcgga
taacaattcccctctagaaataattttgtttaactttaagaaggagatatacc 
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Table 5.2. Primers used in this study; highlighted nucleotides are for the point mutation in 

the A domain: E315A. 

Primer name Sequence 
E. coli BpsA part 1 
Forward 

CACACCAGGTCTCACAATGACGTTGCAAGAGACTTCGG   

E. coli BpsA part 1 
Reverse 

CACACCAGGTCTCAAACGATGCAGCCTGGTACACGG 
 

E. coli BpsA part 2 
Forward 

CACACCAGGTCTCAAACGATGCAGCCTGGTACACGG 
 

E. coli BpsA part 2 
Reverse 

CACACCAGGTCTCATTATTCACCAAGTAAATAGCGGATATGC 
 

pET28a with E. coli 
BpsA Forward 

CACACCAGGTCTCAATAACTGCCAGCGCATCAACAATATTTTCACC 
 

pET28a with E. coli 
BpsA Reverse 

CACACCAGGTCTCAATAACTGCCAGCGCATCAACAATATTTTCACC 

BpsA-TC_E315A part 
1 Forward AGATCAAAGGATCTTCTTGAGATCCTTTTTTTCTGCGCGT 

BpsA-TC_E315A part 
1 Reverse ATCGTTGTCGCCGTGGGGCCATATACATTAATCAGTGCA 

BpsA-TC_E315A part 
2 Forward GTATATGGCCCCACGGCGACAACGATCAATAGTTCTAGCTTTCCAGT 

BpsA-TC_E315A part 
2 Reverse 

CGCGCAGAAAAAAAGGATCTCAAGAAGATCCTTTGATCTTTTCTACGGG
GTCTGACG 

E. coli Pys part 1 
Forward CACACCAGGTCTCAGCATGCGCGATGTCCACCCATGC 

E. coli Pys part 1 
Reverse 

CACACCAGGTCTCAACTAAGTTGCGCTGCGTCACCTCC 

E. coli Pys part 2 
Forward 

CACACCAGGTCTCATAGTGCCCATCGCTCGTACTGC 

E. coli Pys part 2 
Reverse 

CACACCAGGTCTCATTTTATTTTTCGAACTGCGGGTGGCTCC 

pET28a with E. coli 
Pys Forward 

CACACCAGGTCTCAAAAAGCTTGCGGCCGCACTCG 

pET28a with E. coli 
Pys Reverse 

CACACCAGGTCTCAAAAAGCTTGCGGCCGCACTCG 

E. coli TycA part 1 
Forward 

CACACCAGGTCTCACAGCATGCTTGCAAACCAAGCTAATCTTATTGACCT 

E. coli TycA part 1 
Reverse 

CACACCAGGTCTCAGGCAGGGCCTTGCGGTCAATCT 

E. coli TycA part 2 
Forward 

CACACCAGGTCTCAGGCAGGGCCTTGCGGTCAATCT 

E. coli TycA part 2 
Reverse 

CACACCAGGTCTCATTTTATTTTTCGAACTGCGGGTGGC 

pET28a with E. coli 
TycA Forward 

CACACCAGGTCTCAAAAAGCTTGCGGCCGCACTCG 

pET28a with E. coli 
TycA Reverse 

CACACCAGGTCTCAGCTGCTGCCCATGGTATATCTCC 

 

 



 174 

CHAPTER 6 

CONCLUDING STATEMENTS 
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Lysate-based cell-free systems offer a potential route to the accelerated growth of bio-

based industries and, consequently, the bioeconomy. Economically viable cell factories are 

replacing a few petrochemical-based industries, but their optimization is a rate limiting process. 

Because cells are naturally resistant to being programmed, engineering their metabolic pathways 

to convert inexpensive substrates to value-added compounds is laborious and time-consuming. 

Integrating innovative strategies that improve the production efficiencies of lysates can help attain 

economically viable, next-generation manufacturing in these systems11. Further, they afford 

easier and faster pathway building. This work provides techniques that can improve E. coli lysate 

pathway yield, a metric that must be optimized for sustainable production in cell extracts. These 

approaches are designed to be void of source strain viability constraints and to exploit features of 

cell-free systems that allow fast pathway engineering. Specifically, this work details the 

development of new strategies for 1) restructuring endogenous pathways post-lysis to focus flux 

through target native pathways, and 2) quickly improving the CFE of commercially relevant 

biosynthetic enzymes to increase flux through a heterologous module without source strain 

optimization. The results of these efforts support the feasibility of building efficient lysate-based 

biomanufacturing systems while providing points of improvement for achieving sustainable, totally 

cell-free engineering workflows.  

Part I of this dissertation encompasses Chapters 2-4 and describes the development and 

application of a proteome engineering technique for maximizing conversion yield through 

pathways that are endogenous to the E. coli lysate. Part II of this thesis consists of Chapter 5 

which implements a reporter-based assay for investigating biosynthetic enzyme expression under 

different CFE condition sets in lysates, enabling increased heterologous enzyme expression. 

Chapter 2 details methods for analyzing lysate metabolomes and investigates how carbon 

flows from glucose through E. coli lysate metabolism. Given the less dynamic nature of lysate 

proteomes, metabolic flux in lysates is expected to behave differently compared to that in cells. 

The ability of interfacing pathways to “sense” one another via transcriptional regulation is lost in 
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lysates, resulting in potential bottlenecks or the unexpected accumulation of certain metabolites. 

Further, cofactors are present in limited supply which impacts the turnover of cofactor-

regenerating reactions.  By leveraging LC-MS/MS-enabled isotope tracing and HPLC techniques, 

metabolites formed in glucose-fed E. coli lysates can be measured through time. Based on these 

data, a model of the central metabolic network in this extract is proposed. The results confirm 

previous assumptions of metabolic behavior in lysates while contradicting others. For example, 

these results justify that lysate metabolism is largely fermentative, mostly producing lactate and 

ethanol, to regenerate cofactors for glycolysis. Succinate seems to be made largely through a 

fermentative pathway and other TCA cycle intermediates are undetected, implying an inactive 

TCA cycle in the E. coli extract. These data further provide important information on flux 

bottlenecks in glucose-fed extracts, given that several intermediates of central metabolic 

pathways are accumulated. Generally, the proposed model serves as a guide for future 

investigations of lysate metabolism. In the context of pathway engineering, insights obtained from 

these analyses provide design principles for restructuring the endogenous metabolism in lysates. 

Chapter 3 introduces a new approach for the post-lysis reduction of selective enzyme 

activity from an E. coli extract. Pathway crosstalk inherent to cells still occurs in their derived 

lysates. Prior to the publication of this work, CFME efforts to shave the lysate proteome’s 

complexity involved knocking out genes in the source strain47,53. However, cell-free systems 

present the unique advantage of bypassing challenges in cellular engineering that are associated 

with host viability. Our method leverages the extract’s open reaction environment for restructuring 

the lysate metabolic proteome after cell lysis. As a result, pyruvate can be transiently accumulated 

40-fold better in a modified extract compared to the control without imposing metabolic burden on 

the host cell. This work provides a proof-of-concept that engineering the endogenous enzymes of 

cells to display tags can be innocuous to cell growth, and that the post-lysis manipulation of tagged 

enzymes is a viable cell-free engineering technique for reducing pathway crosstalk. Alternative 

approaches that are agnostic to source strain health involve the CRISPR-enabled down-
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regulation of select genes or the use of inhibitors to inactivate certain enzymes in the lysate62,153. 

In theory, gene down-regulation in the source strain cannot completely eliminate flux-competing 

reactions in derivative lysates. The use of inhibitors is restricted by their availability and cost of 

production. Meanwhile, the affinity-based pull-down procedure can be optimized to improve the 

removal of select enzymes. These results could also inspire the exploration of other protein tag 

technologies that would reduce the method’s overall cost. 

Chapter 4 leverages insights gained from Chapter 2 and the method established in 

Chapter 3 to develop the first workflow that engineers 100% yield through a lysate pathway that 

initially had 10% yield. This was achieved by the optimization of our proteome engineering method 

to remove unwanted reactions, and its application with complementary CFME techniques that 

drive flux through bottlenecks and towards a specific native end-product, ethanol, in E. coli 

lysates. The workflow is completely cell-free as every step is unconstrained by source strain 

viability, allowing pathway yield optimization while bypassing time-consuming source strain 

optimization. Importantly, demonstrating maximum conversion yield in lysates advances the 

feasibility of their commercialization for synthesizing high-value targets especially when coupled 

with efficient heterologous pathway modules. Furthermore, the technique can be used for 

prototyping high-yield or even unconventional pathway designs in integrated in vitro-in vivo 

engineering frameworks. 

Future efforts will seek to address limitations of the flux rewiring workflow developed in 

Part I, which include the efficiency of the genome engineering tool used and the cost of the current 

enzyme depletion strategy. While pORTMAGE’s portability and specificity make it an appealing 

choice for genome editing, its efficiency for inserting protein tag sequences into the genome is 

low, requiring 23 cycles (~ 2 weeks) of MAGE for the insertion of the 6xHis-tag sequence at both 

pflB and ldhA sites. The incorporation of genome engineering tools with higher success rates per 

cycle will speed up this part of the enzyme depletion process. Since we initiated the development 

of our strategy, pORTMAGE has been modified to allow 5- to 10-fold increases in multiplex editing 
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in E. coli247. A CRISPR-based technique for integrating up to 0.5 kb DNA into targeted sites with 

~ 80% efficiency in E. coli has also been released248. Alternative protein tag technologies can be 

assessed to reduce the cost of the enzyme removal process which, in its current state, is too 

expensive for building profitable lysate-based biomanufacturing systems. We discuss the 

economics of this process and the feasibility of using cellulose-binding domains and 

microcrystalline cellulose beads in Chapter 4 (Appendix). The genomic integration of protease 

tags and compartmentalized expression of a compatible protease in the same source strain could 

also be cheaper than an affinity-based enzyme removal approach. 

Part II of this dissertation, which consists of Chapter 5, details the optimization and 

implementation of a reporter-based assay for quickly sampling different condition sets in lysate-

based CFE reactions. CFE is a powerful tool for constructing heterologous pathways at sufficient 

concentrations for high-yield bioconversion, especially when considering enzyme classes that are 

difficult to synthesize or functionalize in vivo. These include naturally abundant biosynthetic 

enzymes that convert central metabolites into high-value natural products28. Broadly, this work 

investigates how target enzyme structure and catalytic activity impact CFE requirements in 

extracts. The resource competition between TX-TL processes involved in the synthesis of the 

enzyme and the enzyme itself is highlighted as a significant barrier in the advancement of CFE 

for rapid heterologous pathway building in lysates. Tailoring CFE reaction condition sets to 

different enzyme targets is thus needed, especially for enzymes that interface with lysate 

endogenous metabolism and thus contribute to the unproductive sequestration of TX-TL 

resources (e.g., energy substrates and salts). This tool enables such investigation, demonstrated 

through the improved expression of large biosynthetic enzymes, NRPSs, in cell extracts with 

higher throughput than conventional techniques. The results also show a concordant increase in 

nonribosomal peptide formation with higher NRPS expression. By accelerating CFE condition 

optimization for valuable biosynthetic enzymes, the current strategy enables the rapid 

construction of efficient whole biosynthetic pathways in extracts. This is not only important for 
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quickly expressing known heterologous enzymes, but also for screening engineered variants or 

novel heterologous pathways249.  

Future CFME studies that leverage CFE for heterologous pathway building will benefit 

from refining the current technique or exploring alternatives for high-throughput enzyme 

expression validation. A limitation of the FlAsH reagent is that it interacts with the lysate 

background and possibly different components of the reaction environment. Consequently, the 

signal-to-noise ratio decreases over time, and only end-point measurements can be reliably 

made. Further, careful negative controls must be designed to subtract noise when measuring 

TC/FlAsH fluorescence under different reaction condition sets. Testing tags that carry the 

tetracysteine motif but have higher specificity for FlAsH may reduce this noise. An alternative 

approach that can be used for screening reaction conditions was reported at the same time we 

ended our investigation. This method leverages the split-GFP system and was used to validate 

the parallel expression of enzyme homologs in lysates250. Briefly, a 28-amino acid tag carrying a 

small, non-fluorescent fragment of sfGFP called GFP11 is displayed on the C-terminus of an 

expressed enzyme in a lysate reaction. A larger fragment of sfGFP called GFP1-10 is then added 

exogenously to the enzyme enriched lysate and forms the fluorescent GFP complex with the 

tagged enzyme. The split-GFP assay does not suffer from high background noise and thus does 

not require negative (i.e., no DNA) controls when making relative comparisons of different reaction 

condition sets. However, GFP11 is a larger tag than the 6-amino acid TC tag and may thus 

interfere with the structure and activity of the tagged enzyme. Also, whether different reaction 

conditions (e.g., ionic strength, reaction temperature) impact the binding of GFP1-10 and GFP11 

has yet to be evaluated.  

Developing strategies that improve the production efficiencies of lysates while affording 

accelerated (i.e., unconstrained by cell viability) engineering campaigns will help actualize lysate-

based biomanufacturing. The expedited development of biomanufacturing processes in lysates 

can accelerate the diversification of bioindustries and the subsequent replacement of most 
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petrochemical-based manufacturing processes with sustainable alternatives. Additionally, the 

ability of productive extracts to be lyophilized and distributed without a cold chain enables 

decentralized manufacturing during supply chain disruptions. Thus, refining and integrating these 

strategies into cost-effective CFME workflows will expand our biomanufacturing capabilities, and 

as our cell-free engineering toolkit grows, so too will the bioeconomy. 
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