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ABSTRACT

Omics technologies have rapidly evolved over the last half century through vast improvements in efficient extraction methodologies, advances in instrumentation for data collection, and a wide assortment of informatics tools to help deconvolute sample data sets. However, there are still untapped pools of molecules that warrant further analytical attention. As the frontline defense of the cell against exterior influences, the phospholipid membrane is key in structure, defense, and signaling, but current omics studies are only just now catching up to the potential hidden within cellular lipid profiles. Examination of shifts in phospholipid speciation and character could provide researchers with a wealth of information about how a cell attempts to adapt and survive when faced with adverse conditions. Application of such information could be valuable to the production of industrially relevant specialized bacterial strains, capable of processing large amounts of waste or feedstock as an affordable and renewable method. Using a flexible lipid extraction method using methyl tert-butyl ether (MTBE) combined with nanoscale hydrophilic interaction chromatography (HILIC) and nano-electrospray (nESI) tandem mass spectrometry (MS/MS), shifts in the lipidomes of several bacteria under consideration as industrial workhorses were investigated under variable growth conditions induced by introduction of toxic chemicals. Specific lipidome shifts were linked to specific growth conditions, which could lead to the production of bacterial strains designed to survive rough environments through genetic modification of phospholipid production.
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[bookmark: _Toc87009121]CHAPTER 1: A BRIEF INTRODUCTION ON BIOLOGICAL APPLICATIONS AND ANALYTICAL CONSIDERATIONS OF BACTERIAL LIPIDOMICS


As approaches to biological research have grown more advanced with the development of increasingly versatile and sensitive instrumentation, more focused lines of research, and better understanding of biological questions that remain to be answered, the importance of robust omics technologies becomes more valuable. Comprehensive exploration of specific classes of macromolecules can help to deconvolute ongoing biological questions [1], and the rising interest of systems biology [2] to tie together multiple different aspects of cellular function means that robust measurements across several molecular categories are crucial. However, this is not an easily achievable goal upon consideration of the cell as a complicated, multidimensional unit. Deoxyribonucleic acid (DNA), the building block of life itself, drives cellular propagation. Transformation of that data into proteins via ribonucleic acid (RNA) and assembly of amino acids in specific orders helps to create the machinery that keeps the cell alive. Those proteins drive basic cellular functions by creation, conversion, and transportation of a plethora of small molecules that can be collectively referred to as metabolites, itself a broader categorization with several different subgroups. 
This central dogma is further described within Figure 1, which shows the main branches of omics technologies. While genomics, proteomics, and metabolomics are generally considered to be comprehensive measurement platforms, subcategories do exist. Research areas focusing on transcriptomics [3, 4] and peptidomics [5, 6] have arisen as scientists have gradually begun digging deeper into genomics and proteomics data. Likewise, subsets of metabolomics have focused on sugars (glycomics [7, 8]), lipids (lipidomics), or even more systems-level studies like metabolic flux (fluxomics [9, 10]). 
[image: Shape
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[bookmark: _Ref81994284][bookmark: _Toc87009233]Figure 1. Major omics fields, along with a brief description of what each aims to examine.


Still, even at this broad level of observation, it becomes very clear that comprehensive examination and understanding of all facets of the cell is not a task that can be accomplished with just a singular analysis, and even understanding within a given category likely requires careful consideration of all potential molecular subclasses and modifications.
Delving into shifts in lipid composition specifically has a lot of untapped potential, especially in the context of single cell organisms that are not subject to the level of cellular differentiation within eukaryotic organisms. While manipulation of genetic material and proteins have widespread implications in multiple cellular processes, lipids are often uniquely localized within the cell membrane, contributing heavily to cellular structure [11], energy storage [12, 13], and propagation of the cell cycle [14-17], and this level of specialization can be incredibly useful for answering very specific questions about cellular function. In addition to natural shifts in phospholipid speciation and fatty acid modifications to modulate the permeability of the membrane [18, 19], specialized lipid species such as complexes with sugars and amino acids (peptidoglycan), glycerol (teichoic and lipoteichoic acids), and proteins (lipoproteins) all contribute to cellular response to exterior stimuli [20].
The complexity of these datasets can quickly escalate even within the simplest of organisms across all omics experimental designs, and lipidomics is no different. As of September 2021, the LIPID MAPS Structure Database contained 46,150 unique lipid structures, 24,205 of which were experimentally determined and/or mined from literature reports and 21,945 of which were generated through computer modeling. While this may appear to be a large number, it is important to understand that this is somewhat misleading. For example, consider the phosphatidylglycerol (PG) species PG(32:2). This phospholipid contains fatty acids (FA) whose carbon chains total to 32 carbons and have a total of two double bonds contained within them. However, there are many different variations of PG(32:2) – this could be the result of many different fatty acid combinations such as 16:1/16:1, 20:0/12:2, 17:2/15:0, or 18:0/14:2, just to name a few. Additionally, many databases or informatics packages fail to comprehensively report generic lipids as well as all possible alterations that can be observed. These can include oxidation [21], addition of amino acids [22, 23], and modification of the fatty acid content of the phospholipid [24]. While databases are generally robust when it comes to generic lipid coverage, the depth of measurements is often just limited to variations in fatty acid composition and isomerization issues (often the result of headgroups), so many of these modifications are left to be studied in more focused studies instead of being present in databases [25].
Despite this, the functional building blocks of phospholipids afford a certain level of predictability within lipidomics. While deep dives into each and every member and perturbation of the phospholipid membrane are intriguing, it is often more than sufficient to start with basic lipidomics questions about phospholipid head groups and fatty acid character, and that alone can be an incredibly powerful tool for analytical chemists to utilize for research and industrial experiments. Combined with a highly sensitive, robust analysis platform, fluctuations in phospholipid profile can be identified and probed to elucidate how organisms modify the structure of their cell membrane in response to various challenges and conditions. To that end, execution of a tandem mass spectrometry platform combined with effective separations and a workable informatics approach should enable comprehensive analysis of lipids as well as observation of trends across variance in cellular environment.
[bookmark: _Toc87009122]Lipidomics as a tool for monitoring industrially relevant bacteria

Currently, humanity faces several challenges that are not easily or quickly solved. As changes to the environment continue to be an ongoing problem in the world, many different solutions have been proposed to try to circumvent the cost, danger, and/or investment required to approach these issues. Increasing interest in biofuels has been driven as a current alternative and future replacement for fossil fuels and is primarily driven by relative increases in energy yield, decreased pollutant dispersion and reduction of greenhouse gas emission [26]. Cleanup of waste sites [27, 28] and contaminant spills [29] has proven to be difficult to completely solve by conventional means. Additionally, many common household, medical, and industrial products come at a heavy cost of production [30, 31], requiring a large material and monetary investment. 
All these can potentially be addressed by bacteria, which offer a renewable, efficient, and cost-effective platform that can be manipulated to address a wide array of systematic issues [32-36], and utilization of lipidomics can offer a unique approach to assessing how bacteria respond to these various conditions [37, 38]. While production of medically important bioproducts such as insulin [39] may not place much stress on bacteria, forced production of ethanol [40] or biodiesel [41] or exposure to waste streams for bioremediation [42, 43] can lead to decreased productivity over time or even cell death. However, observation of how the cell attempts to remodel the composition of its cell membrane, the first line of defense against the environment, is a key area of focus for researchers in ongoing research to develop optimized bacteria strains for widespread industrial applications [44-46]. 
[bookmark: _Toc87009123]Approaching lipidomics from an analytical viewpoint
[bookmark: _Toc87009124]Liquid chromatography-mass spectrometry as a tool for lipidomics research
While researchers have attempted to approach lipidomics with nuclear magnetic resonance (NMR) [47] and matrix-assisted laser desorption/ionization (MALDI) [48] mass spectrometry, an ongoing challenge endemic to omics as a field is the issue of balancing complex sample extracts with comprehensive analysis. Both NMR and MALDI-MS struggle to measure complex mixtures in such a way that they are easily deconvoluted during analysis, which is why mass spectrometry methods directly coupled to efficient chromatography separations have become the primary method for omics-based analyses in recent years. 
Application of electrospray ionization (ESI) alongside tandem mass spectrometry was first proposed in 1994 [49] as a possible approach to large scale comprehensive lipidomics, with nESI methods quickly rising to popularity in the coming years [50]. From there, multiple different approaches to mass spectrometry-based lipidomics have been developed, including wholescale shotgun lipidomics for full sample analysis [51] and multiple reaction monitoring (MRM) for quick characterization of known lipids [52].
Mass analyzers have also advanced over the years to help researchers more thoroughly annotate lipid extracts. Time of flight (TOF) instruments have moderate resolution and high mass accuracy coupled to fast scan rates, but often the limited dynamic range of the mass analyzer restricts measurement depth [53]. Fourier transform ion cyclotron mass spectrometry (FT-ICR-MS) offers upside in tandem mass spectrometry analysis, with hybrid mass analyzers allowing for detection of precursor masses as well as fragmentation spectra, and extremely high mass accuracy and resolution aid in efficient identification of lipids, but low scan speeds can be a hindrance in increasingly complex samples [54]. This has led to the coupling of the linear ion traps seen in FT-ICR-MS instruments with the orbitrap analyzer, which helps to balance slightly lower resolution and mass accuracy with increased scan speed, allowing for scans of precursor and fragmentation spectra at respectable resolution and low mass error while not significantly compromising the speed at which measurements are made, which is of critical importance for complex lipidomics samples [55, 56].
[bookmark: _Toc87009125]Building blocks of the membrane – a brief introduction to phospholipids
With an understanding of how to approach lipidomics, it is also essential to understand the targets of analysis. Within bacterial lipidomics, the most prominent category of lipids is mainly the phospholipids comprising the cell membrane. As shown in Figure 2, even fundamental phospholipids can carry a wide array of variability. While the backbone of phospholipids remains largely consistent across all phospholipids (Figure 2A), variation in fatty acid chain length and/or saturation (Figure 2B) as well as head groups that can be key modifiers in membrane chemical properties (Figure 2C) can create wildly variable cell membranes. 
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[bookmark: _Ref81994384][bookmark: _Toc87009234]Figure 2. General characteristics of phospholipids. A) Phosphate backbone, where R1 and R2 indicate fatty acids and R3 indicates head group. B) Examples of structures of saturated and unsaturated fatty acids. C) Phospholipid head groups. 


Understanding the importance of each phospholipid, as well as how each individual phospholipid species differs in head group and fatty acid character, is a key component of crafting lipidomics experiments. Without a firm approach to obtaining the complete lipidome of a given sample set, it is readily possible to end up with data sets that are lacking in depth and quality.
Specifically in the context of bacterial lipidomics, it is important to also understand whether the bacteria in question is Gram-negative or Gram-positive, as specified by the process of Gram staining to determine the retention of Gram stain (Gram-positive) within the cell or lack of retention (Gram-negative). While not a strict rule, generally Gram-negative bacteria prefer larger proportions of PE within their cell membranes, while Gram-positive bacteria often prefer PG, though the latter is much more variable than the former in terms of PE/PG ratio [57, 58]. Additionally, the Gram-staining class of bacteria can also lead to further questions such as the presence and/or absence of other lipid derivatives such as teichoic and lipoteichoic acids, aminoacylated phospholipids, and lipid A, among others, which can help drive the determination of more thorough lipid profiles [57]. This can help to narrow potential targets and streamline analysis.
Despite the relative predictability across phospholipid construction thanks to the modular character of this molecular class, it is important to consider proper selection of chromatography when executing LC-MS experiments. This is largely driven by the proposed goals of the study – while RP analyses can help to provide excellent separation of phospholipids by the length of fatty acid tails, HILIC is highly efficient at separating phospholipids by head group chemical character [59]. This results in experiments being designed around whether the head group or fatty acid tails of the phospholipid are more desirable, but this also leads to complementary experiments being a viable path forward for comprehensive experiments. However, issues can arise without careful consideration of how lipids will interact with each stationary phase (which will be described further in Chapters 2 and 3). Deciding whether separation quality or complete elution of samples is an important aspect of experimental design, and improper selection and deployment of LC-MS/MS methods and instruments could block complete acquisition of lipidomes from sample sets.
[bookmark: _Toc87009126]Membrane fluidity and lesser reported phospholipid perturbations
While understanding how to obtain robust lipidomics data sets is important, it is also critical to have a thorough grasp on how to interpret changes in the context of biology. In addition to reporting the general phospholipid or fatty acid composition of a given lipidome, recognizing how those components influence the level of fluidity or rigidity of the membrane is a vital aspect of understanding lipidome trends. The concept of membrane fluidity is driven by several different extracellular effects, including shifts in pH [60-62], temperature [63, 64],  electrostatics [65, 66], solute permeability [67], and salinity [68], which then drives changes in the character of the cell membrane by way of modifications to phospholipid speciation [69, 70] and degree of unsaturation of fatty acids [71, 72]. However, it is not reasonable to expect that every organism will have the same response to every type of environmental change, nor is it reasonable to expect that a specific shift in cellular condition will have the same effect across all organisms. 
In general, membrane fluidity can be narrowed down to very specific metrics (Figure 3). Membrane rigidity is often conferred by the presence of phospholipids containing longer fatty acids with little to no unsaturation [73] (Figure 3A). This allows the membrane to pack more tightly together and reduce how easily molecules can diffuse through the membrane due to increased thickness. On the other hand, introduction of kinks by way of fatty acid unsaturation or a general thinning of the membrane because of shorter fatty acids leads to increased gaps and increased liquid and metabolite permeability (Figure 3B). The modulation of membrane rigidity and fluidity is a key factor in prolonged survival of the cell, and careful observation of how the cell attempts to change membrane character by way of fatty acid length and saturation as well as modifications to phospholipid head group character and proportion can be incredibly informative to researchers attempting to craft new bacterial strains that can better withstand the pressures of potentially harmful environments.
However, there is still much to learn about membrane fluidity, even amongst traditionally accepted metrics, including what exactly controls the action of membrane fluidity and rigidity. While there are methods to quantitate membrane fluidity, often through fluorescence polarization measurements [74-76] or through observation of other related metabolic processes that may have an influence on membrane properties [77], these measurements are very topical and do not really help to explain how the membrane changes in terms of actual membrane composition. 
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[bookmark: _Ref81994428][bookmark: _Toc87009235]Figure 3. A brief demonstration of membrane fluidity. A) A largely rigid membrane, composed of tightly packed phospholipids with saturated fatty acids. B) A more fluid membrane, consisting of phospholipids with bent, unsaturated fatty acids that cannot pack as tightly. 


There can also be conflict in experimental data depending on the construction of the experiment – often times, it is possible to observe completely opposite trends in membrane fluidity in an organism despite being exposed to environments which would theoretically drive membrane fluidity in a similar fashion. This was observed within this dissertation, where it almost seemed like cells were caught in the middle of transition from one membrane condition to another one, indicating that perhaps the time needed to adapt to a new environment or cellular growth stage could have an impact on membrane fluidity as well. 
Membrane fluidity is also driven by the presence of membrane proteins and other molecules such as sugars that can interact with membrane phospholipids to stabilize or fluidize the membrane. Expanding this understanding further, bacteria are often characterized as having a cell envelope, which is considered to include everything that binds the cytoplasm, including the membrane as well as other structures that help to offer a level of protection and structural integrity. While proteins are often embedded within the membrane and act as solid rafts in a sea of phospholipids, other structures such as lipopolysaccharides, teichoic acids, and peptidoglycan extend past the membrane and confer a level of structural integrity to the cell. With the right tools, these can also be probed using lipidomics given that many are either derived from or contain lipids, and many often contribute, at least partially, to the fluidity of the cell membrane [78]. Additionally, studies on lipid rafts, which are enriched regions of specific lipid within the membrane, have increased in recent years, as they were previously thought to be a eukaryotic feature but have been shown to be present in bacteria as well. Regions of singular phospholipids would also have a notable effect on membrane fluidity, though perhaps the effect of lipid rafts on membrane fluidity may be more localized to specific membrane regions than across the entire cell. Additionally, lipid rafts are not as readily analyzed through the means described later here and are more easily detected through the use of visualization tools such as fluorescence microscopy [79]. Nevertheless, it is important to note that phospholipids in isolation are not necessarily the only factors driving membrane fluidity.
To address what exactly is driving the fluidity or rigidity of the cell membrane, more thorough measurements are needed to probe the phospholipid profiles of sample sets and assess how phospholipid head groups and fatty acid composition change as a function of applied sample conditions. Mass spectrometry can be incredibly powerful in this regard, with LC-MS being a powerful tool for analysis of lipid speciation by head group composition [80] and GC-MS having a long history in characterization of fatty acids using the fatty acid methyl ester (FAME) method [81]. Comprehensive analysis of phospholipid character and thorough understanding of the relationship between membrane fluidity and lipid modifications can greatly help in understanding a cell’s response to environmental changes.
[bookmark: _Toc87009127]Membrane damage
While membrane fluidity does offer a window into how bacteria remodel the cell membrane, it is often more of a concerted response to environmental shifts or changes through manipulation of phospholipid species and fatty acid properties. Membrane damage, a much more uncontrollable phenomenon, is the other possible result of this. However, this can still be detectable through lipidomics, just with slightly different approaches. Currently, known pathways of membrane damage include inhibition of phosphatidic acid production as well as shifts in fatty acid profile, the latter of which being somewhat more niche [82]. There are also less observable effects – with knowledge that phospholipids can arrange in bundles in the membrane for various biological purposes, the loss of that phospholipid localization can also be interpreted as a type of membrane damage [83]. This is often how antimicrobial peptides damage cell membranes through simple forced incorporation into the membrane [84]. Additionally, membrane damage can simply be observed through spectroscopic and microscopic approaches – this can often be observed through warping of the shape of the cell and observation of pockmarks across the membrane [82]. While not a primary focal point within a mass spectrometry-based bacterial lipidomics analysis, it is important to note that it is possible to observe damage visually, and the coupling of mass spectrometry to neutron scattering could also yield valuable information about physical membrane damage using isotope labels specifically targeting phospholipids and/or fatty acids of interest [85-87].
[bookmark: _Toc87009128]Membrane modifications
As mentioned earlier, one of the big analytical challenges associated with lipidomics is the ability to detect and accurately identify how basic phospholipids are modified to adapt to changing cellular conditions. This is most often centered within modification of the fatty acids comprising the phospholipids, as any kind of bend or kink in the fatty acids can begin to introduce voids, decreasing the ability of membrane phospholipids to pack as tightly as they could in an ideal scenario with fully saturated, unmodified fatty acids. 
Cell can also modify membrane phospholipid fatty acids to modulate membrane fluidity; these include modification of the double bonds in unsaturated fatty acids into cyclopropane or oxidized products. These transformations can have unique effects on the property of the membrane. In the case of cyclopropane fatty acids, while the addition of a protruding carbon in the middle of the fatty acid has a negative impact on the ability of the membrane to pack tightly, they do confer a moderate upgrade in stabilization due to the rigid cyclopropane ring heavily restricting bond rotation, leading to the odd combination of promotion of membrane fluidity and increased membrane stability [88]. Oxidized double bonds within the membrane often result in the same effect [89]. Cells can also modulate the conformation of double bonds to swap between cis and trans double bonds – cis double bonds create disorder and loosen the rigid character of the membrane, much like what is shown in Figure 3B, while trans double bonds often mimic the character of fully saturated fatty acids and encourage better overall packing of the phospholipids, leading to relatively rigid membrane structures [90, 91].
There are also changes associated with the head group of the phospholipid – aminoacylation of the head group of phospholipids is a common membrane modification within bacteria, allowing bacteria to better control the electronic potential of the membrane and resist potentially deadly cationic antimicrobial agents through the addition of negatively charged amino acids (such as lysine and alanine) to the head groups of specific phospholipid species, most often phosphatidylglycerol [92, 93].
All of these changes have differing effects on the fluidity and permeability of the cell membrane and arise from different scenarios, but it is important to understand not only that they do exist but also to have methods of detection so as to account for their influence within the membrane. This ensures that lipidomics analyses are as comprehensive as possible and can adequately answer any relevant biological questions being probed. 
[bookmark: _Toc87009129]Attempting to solve the issues in lipidomics

Analytical challenges in lipidomics range from efficient and complete extraction of lipid profiles from samples [94], selection of a proper stationary phase for quality separations (in the case of mass spectrometry) [59], and approaching backend data analysis. However, of the previously described issues, none is more vital to solve than the issue of current lipidomics informatics. Lipidomics is not lacking in open-source programs that can process lipidomics data sets to varying degrees; examples include LipidFinder 2.0 [95], LipidXplorer [96], Lipostar [97], and LIQUID [98]. Additionally, generic omics data processing programs such as MZmine [99], XC-MS [100], and MAVEN [101] all offer an excellent combination of data processing power and access to lipidomics databases. However, testing with actual data has shown that there are several issues associated with current lipidomics informatics approaches.
The first issue is balancing the efficiency of data processing power with the depth of lipid database searching. Most of the programs described above are incredibly powerful with specific tasks, such as proper utilization of mass spectrometry data for lipid annotation, filtering of unwanted or duplicate peaks, or alignment of broad sample sets, but most lack the ability to fully perform all of those tasks. To properly assess the lipidome of a sample set measured using tandem mass spectrometry, it is essential to have all three of those metrics present within the analytical protocol of the experiment, and currently many programs just do not have those capabilities. 
The other is the depth of current lipid databases. Current lipid search tools are incredibly robust when it comes to determination of general phospholipid head group and fatty acid character, especially when those tools have access to methods for using fragmentation spectra, many of them are woefully deficient in helping to determine modifications within sample sets. While lipid variants such as aminoacylated phospholipids [92], teichoic and lipoteichoic acids [102], lipid A [103], oxidized lipids and fatty acids [104], and cyclopropane fatty acids [88] are well reported in literature, they are not necessarily well represented in many mass-spectrometry-based lipid databases. Given that many of those are simple lipid modifications, they could easily be incorporated into databases as a possible search option, much like how proteomics search tools have begun to add post translational modifications to search algorithms [105]. 
Unfortunately, there is no easy solution to any of these problems. While the obvious approach would be to combine many of these complaints or deficiencies alongside an existing robust platform and create a new program, most of these open-source programs were designed with specific needs in mind, not for more widespread applications, and as such there is not necessarily a significant need for a more generally applicable program. Additionally, databases such as LIPID MAPS would greatly benefit from development of increased annotation for lipids containing head group modifications or fatty acid variants, either through better incorporation of lipids reported in literature or tools to help analyze datasets and predict the occurrence of these modifications through identification of characteristic peaks within fragmentation spectra. Understanding how organisms modify their membranes through changing lipid character can have important implications in future experimental design, and as such it is important to push the boundaries of current lipid analysis tools to help advance the field.
[bookmark: _Toc87009130]Dissertation overview 

While bacteria are relatively simplistic organisms, there is still a wide range of value that can be gleamed from omics analyses when exposing cells to controlled conditions of interest. Additionally, with selection of the proper species, bacteria can be highly customizable to fit any number of industrial, medical, or experimental niches, modified to eliminate harmful characteristics, emphasize beneficial traits, or improve production of desired natural products through careful genetic engineering. Lipidomics can offer a unique perspective on these questions through a much more simplistic view of cellular health than what is normally observed in genomics, proteomics, and metabolomics while simultaneously giving insights about how the cell immediately reacts to shifts or drastic changes in the cellular environment, which can then drive future experiments in genomics and proteomics to engineer more efficient organisms or better responses to those cellular stressors. 
To that end, this dissertation aims to address two main research questions: 1) What is needed to construct a robust analytical platform combining multiple aspects of high throughput, high sensitivity mass spectrometry analyses to perform comprehensive lipidomics on bacteria species? and 2) What are the trends that can be observed within bacteria that are indicative of shifts in the membrane phospholipid profile as a function of several controlled applications of exterior growth conditions? Described here is a comprehensive lipidomics platform built using several different methodologies tested for optimal use alongside each other, involving thorough examination of potential parameters for sample preparation, lipid extraction, mass analysis, and lipid annotation. Specific focus was placed upon balancing methodological efficiency with a sufficient thoroughness and depth of measurements such that inference of specific phospholipid shifts can be observed using a high-performance LC-MS/MS platform and an informatics pipeline crafted to answer relevant biological research questions. 
After a brief expose of the state of the field of lipidomics described here in Chapter 1, Chapter 2 will delve into an in-depth explanation of the materials and methods associated with the selected lipidomics pipeline approach - methyl tert-butyl ether lipid extraction, successful execution of nanoscale HILIC chromatography, nESI tandem mass spectrometry, and phospholipid characterization using a combination of several open-source programs and manual spectral interpretation. Chapter 3 will expand further on Chapter 2, focusing more on the rationale behind each module from sample creation to annotation, as well as optimization steps and testing to ensure robust operation and measurements. Each step will contain further explanation of why it was deemed to be the optimal approach, supported by experimental data and potential concerns. 
Chapters 4 and 5 will apply the comprehensive lipidomics platform designed and described in Chapters 2 and 3 to relevant sample sets and examine how bacteria modify their membrane in response to environmental challenges, as well as consideration of the concept of membrane fluidity and how bacteria attempt subvert solvent presence causing the softening of the bacteria membrane. Chapter 4 explores changes induced in the model organism Bacillus subtilis from genetic alterations to fatty acid biosynthesis and degradation as well as exposure to solvents characteristic of conditions commonly seen in biofuel reactors. Lipidomics will be used to examine phospholipid speciation trends to potentially identify targets for improved production of more rugged B. subtilis strains for use in industry, as well as whether manipulation of fatty acid metabolism can be used as a possible vector for improved strain creation as well. Chapter 5 will explore the lipidome of Pseudomonas putida, a commonly observed Gram-negative microbe within wastewater streams and a major target for bioremediation studies. Lipidomics will examine how P. putida attempts to modify membrane composition as a function of exposure during growth to several chemicals commonly observed in wastewater streams, as well as a composite mock wastewater solution. The dissertation is concluded by a summary of the conducted research, as well as perspectives on the field of lipidomics and possible routes for future research. 
[bookmark: _Toc289175825]This dissertation will demonstrate the development, optimization, and execution of a comprehensive lipidomics platform to characterize phospholipid trends and changes in bacteria as a function of induced challenges during growth. While none of the individual components of this dissertation are necessarily novel in isolation, the simultaneous execution of an untargeted, nanoscale HILIC, nESI-MS/MS analysis of bacterial phospholipids extracted with MTBE and critically analyzed with MS2 validation is one of the first of its kind and will hopefully aid in streamlining future lipidomics studies. Furthering the understanding of how bacteria respond to specific environmental challenges will enable genetic modification of fatty acid and phospholipid synthesis to emphasize beneficial membrane characteristics that show evidence of sustained resistance to toxic conditions, leading to development of bacterial strains that can better survive and propagate for experimental and industrial applications.


[bookmark: _Toc87009131]CHAPTER 2: FUNDAMENTALS OF SAMPLE EXTRACTION, MEASUREMENT, AND DATA-MINING FOR MS/MS-BASED LIPIDOMICS

[bookmark: _Toc289175826][bookmark: _Toc87009132]Abstract

[bookmark: _Toc289175827]Omics platforms require delicate planning and execution to fully capture and visualize molecular classes of interest. This is no different with lipidomics; while traditional reversed-phase (RP) methods are prevalent in lipidomics literature, in practice they can be difficult to set up properly, and complete elution of all desired analytes within an extract is not always possible without customized solvent conditions. As a result, an alternative approach using HILIC was crafted with a focus on complete lipid elution over separation quality in order to capture the lipid profiles more fully within the experiments described in Chapters 4 and 5. Presented here is a lipidomics platform utilizing methyl tert-butyl ether (MTBE) extractions and nanoscale HILIC separations alongside nESI ionization and tandem mass spectrometry, with a combination approach to lipidomics informatics and annotation validation. Perspectives on each of the decisions made here will be presented later in Chapter 3.
[bookmark: _Toc81494077][bookmark: _Toc87009133]Considerations for mass spectrometry-based lipidomics

With all omics measurements, it is of critical importance to construct an experimental design that enables the most efficient method of extracting, isolating, and analyzing the target group of molecules for the study being performed. These steps include proper sample preparation, an effective method for cell lysis and extraction of desired analytes, a robust system for data collection, and an informatics approach that allows for efficient use of data and highly accurate annotations. While a certain level of overlap is possible, particularly with chromatography and mass detection, it is important to keep the desired pool of analytes at the forefront of research design.
To that end, a workflow was developed, tested, and executed that aimed to capture and detail the full lipidome of a given sample set. Important analytical metrics were considered along each step of the pathway, including extraction efficiency, matching chromatography conditions to the analytes, and key analytical figures of merit that drove selection of mass spectrometry parameters. To sufficiently capture the information captured within a sample lipidome, it is critical to consider and optimize each of these metrics for both the sample as well as the analyte of interest. Automatic assumption of similarity between lipidomics experimental setups and those used for metabolomics or proteomics could work, but there is no guarantee that it would yield optimal results, and there is an equal likelihood of failure, which is why it is important to select parameters specifically for lipidomics.
For a lipidomics experiment using bacterial samples, it is crucial to understand how to approach construction of a proper protocol. Omics studies have long been subject to the question of how to accurately capture detected features and sample hits within a desired pool of similar analytes that are detected by robust analysis techniques and validated by appropriate informatics packages [106, 107]. This is always the goal for omics platforms, but each pool of analytes presents different challenges and considerations. Metabolomics is possibly the most difficult – potential annotations can come from a massive pool of classes such as sugars, amino acids, nucleotides, and energetics, as well as difficulties introduced by varying chromatography affinities between metabolite classes and shared isomers [108-110]. Genomics and proteomics are made slightly easier by well-defined backbones (nucleotides and amino acids, respectively) giving a level of predictability to analysis as well as benefiting for a greater length of time in the research spotlight [111]; lipidomics operates in a similar manner, especially in phospholipidomics, where lipids can be characterized and sorted by headgroup and fatty acid chain character (length and level of saturation). 
[bookmark: _Toc81494078]Finally, while not always applicable depending on the sample in question, literature review of previous studies can help to focus analytical targets. Studies are available that have previously characterized normal cultures of the bacteria that were used for the experiments described in Chapters 4-5, which is useful for providing a framework for expected lipid profile composition. This enables studies to focus on how the lipidomes shifts as the cell either changes internally due to genetic modifications or is forced to adapt to changing exterior conditions by using known lipids as a base and then expanding into other potential matches as well as lipid derivatives that are known to exist within the bacteria of interest. Literature is also the best source for most of the novel lipid derivatives or modifications that are of rising interest to researchers, which can help to flesh out the depth of lipidomics measurements.
[bookmark: _Toc87009134]Brief considerations prior to sample analysis 
[bookmark: _Toc81494079][bookmark: _Toc87009135]Cell culture preparation

Samples were prepared with experimental design in mind. In Chapters 4 and 5, both bacterial sample sets involved modification of growth conditions specifically for analysis via lipidomics to test the strain and changes that the cell membrane would undergo to attempt to adapt to those changing conditions. Chapter 4 also involved genetic modifications specifically to test how bacteria can adapt when the ability to inherently produce, modify, and process fatty acids has been stripped away. Samples were delivered in the form of whole cell pellets so that the period of time between cell lysis and analysis was kept as short as possible to prevent degradation or alteration of lipid extracts. Each sampling condition was also delivered in biological triplicate to monitor fluctuations due to experimental design as well as help with statistical validation. 
For experiment-specific sample preparation, including cell culturing, genetic modifications, and customized growth conditions, please refer to Chapters 4 and 5.
[bookmark: _Toc81494080][bookmark: _Toc87009136]Chemicals and supplies

[bookmark: _Ref81258919][bookmark: _Toc81402525]Methanol (MeOH), water (H2O), chloroform (CHCl3), isopropanol (IPA), and acetonitrile (ACN), all LC-MS grade, were purchased from MerckMillipore (OmniSolv, Burlington, MA, USA). The ionization agent ammonium acetate (NH4Ac) and extraction solvent MTBE were purchased from Sigma-Aldrich (St. Louis, MO, USA). Acetic acid (used in preparation of calibration solutions) and nitric acid (used in cleaning of metal LC-MS components) were purchased from Sigma-Aldrich. Calibration solutions for positive and negative ionization modes were obtained from ThermoFisher Scientific (Waltham, MA, USA). Standards were purchased from Avanti Polar Lipids (Alabaster, AL, USA); these include the LightSPLASH LIPIDOMIX Quantitative Mass Spec Primary Standard, the Differential Ion Mobility System Suitability Synthetic Standard Mixture, and standards for individual phospholipids (Table 1). Phospholipid standards were stored in glass vials at -20°C when not in use; dilutions were prepared with a 50/50 solution of methanol and chloroform and stored in glass autosampler vials for analysis.  All chemicals were used as supplied, without further purification.
[bookmark: _Ref82180609][bookmark: _Toc87009214]Table 1. Inventory of lipid standards purchased from Avanti Polar Lipids used in testing and quality control of lipidomics experiments

	LightSPLASH LIPIDOMIX Quantitative Mass Spectrometry Standard (each @ 100 µg/mL)
	Differential Ion Mobility System Suitability LipidoMix Kit (each @ 1 mg/mL)
	Other Standards

	18:1 Cholesterol Ester
	19:0 Cholesterol Ester
	CL(16:0/18:1/16:0/18:1)

	
	Cholesterol
	CL(16:1/16:1/16:1/16:1)

	
	
	CL(18:1/18:1/18:1/18:1)

	C15 Ceramide (d18:1/15:0)
	Ceramide (18:1/18:1)
	

	
	
	PC(15:0/15:0)

	MG(18:1)
	DG(14:1/14:1)
	

	SM(d18:1/18:1)
	SM(18:1/18:1)
	PE(16:1/16:1)

	TG(15:0/18:1/15:0)
	TG(18:1/18:1/18:1)
	PE(18:0/18:0)

	
	
	PE(18:1/0:0)

	PC(15:0/18:1)
	CL(14:1/14:1/14:1/14:1)
	PE(18:1/18:1) (Δ9-Cis) (DOPE)

	PC(18:1/0:0)
	PA(14:1/14:1)
	PE(18:1/18:1) (Δ9-Trans)

	PE(15:0/18:1)
	PC(14:1/14:1)
	

	PE(18:1/0:0)
	PC(18:1/0)
	PG(18:1/0:0)

	PG(15:0/18:1)
	PE(14:1/14:1)
	PG(18:1/18:1) (Δ9-Cis)

	PG(15:0/18:1)
	PG(14:1/14:1)
	PG(18:1/18:1) (Δ9-Trans)

	PI(15:0/18:1)
	PI(14:1/14:1)
	

	PS(15:0/18:1)
	PS(14:1/14:1)
	



[bookmark: _Toc81494081][bookmark: _Toc87009137]MTBE extraction as an alternative to traditional chloroform-methanol methods

While most traditional approaches to cellular lipid extraction rely on decades-old chloroform/methanol solvent systems [112, 113], the use of MTBE as the organic solvent for lipid extraction has risen in popularity in recent years because of a significantly lower density, resulting in separations that have the organic layer lying on top of the extraction mixture instead settling to the bottom. The generic outline of an extraction using MTBE as the primary organic solvent for trapping lipids was first published by Matyash in 2008 [114], with solvent amounts scaled down to match smaller sample sizes while retaining published solvent ratios.
After receipt of the cell pellets and any required washing steps, cell samples were kept at -80°C for storage as recommended for long term lipid viability [115]. dried cell pellets (typically around 10-50 milligrams each and around 10% of the dry weight of bacterial cells [116]) were left in 1.5 mL Eppendorf centrifuge tubes for extraction and stored on ice whenever possible. Once samples were dried and isolated as dry cell pellets, it is often advisable to keep track of dry cell weights, both to help with data normalization as well as allowing for percentage weight calculations of the lipid extract from the cell.
To begin, 150 µL of methanol were added to each sample, after which the samples were each vortexed for approximately 10 seconds to ensure cell dispersion. 500 µL of MTBE was then added to each sample. A Branson 450 digital sonifier (Branson, CT, USA) fitted with an upright adaptor was used to mechanically lyse cells; the sonicator top was rinsed with a 70% ethanol solution before and after each cycle of cell lysis. Samples were pulsed for 10 seconds at 20% amplitude, followed by 10 seconds of rest, for a total of 2.5 minutes of sonication and a total lysis cycle length of 5 minutes. Samples were suspended in a room temperature water bath during sonication for cooling. 
After cell lysis, samples were lightly shaken on ice for 1 hour. To induce phase separation, 125 µL of water was added to each sample and briefly sonicated. Samples were centrifuged for 15 minutes at 4°C at 20000 x g to confirm phase separation. The upper MTBE organic phase containing the nonpolar lipids was removed for drying, and the lower aqueous layer (containing polar metabolites and DNA) and protein pellet were retained in case further analysis using metabolomics, proteomics, and/or genomics. Each 500 µL organic partition was concentrated to 100 µL using a nitrogen air stream, and all samples were stored in a -20°C freezer until analysis, the recommended temperature by Avanti Polar Lipids for storage of their standard mixes [117]. Previous literature reports storage at -80°C being appropriate [115], though Avanti does warn against long term storage at extremely low temperatures. Total lipid mass or concentration was not measured, but there are methods [118] using ultraviolet-visible spectroscopy (UV-Vis) [119, 120], Fourier transform infrared spectroscopy (FTIR) [121-123], and nuclear magnetic resonance spectroscopy (NMR) [47, 124, 125] that can accomplish this if desired, as well modified mass spectrometry (MS) methods such as those described here in tandem with standards [50, 126, 127]. The experiments in Chapters 4-5 were targeted at assessing relative shifts within phospholipid profiles, so more quantitative measurements using dry cell weights and standard dilution curves were not as necessary.

[bookmark: _Toc81494082][bookmark: _Toc87009138]LC-MS/MS Analysis
[bookmark: _Toc81494083][bookmark: _Toc87009139]Setup of HILIC-based liquid chromatography methods

Liquid chromatography (LC) separations were performed using a Dionex UltiMate 3000 HPLC pump and autosampler (ThermoFisher Scientific), coupled to an LTQ Orbitrap Velos Pro mass spectrometer (ThermoFisher Scientific) for mass detection. Described here is the preparation, upkeep, and use of the liquid chromatography segment of sample analysis, as well as the basic principles of chromatography and why it is an effective tool to couple to mass spectrometry for both general omics analyses as well as the uses and considerations in lipidomics.
Chromatography is a very simple but powerful approach for achieving highly customizable separations. The technique relies on equilibrium partitioning involving three separate entities – the stationary phase, the mobile phase, and the analyte. Experiments utilizing chromatography must take stock of a few things. Of primary importance is the analyte of interest – this could be as simple as a single class of molecules largely sharing chemical properties or as complicated as a generic cellular extract containing anything soluble in the extraction solvent. As mentioned earlier, most omics studies focus on a specific class of molecules, with the notable exception of some untargeted metabolomics research. Knowledge of the general chemical characteristics of the sample in question drives the decision making in selection of the stationary and mobile phases. The stationary phase is the solid material to which the analytes adhere; optimal stationary phases will retain most/all analytes in a sample but not to such an extent that the mobile phase is unable to break the interactions between the analyte and the column. The mobile phase, either a liquid or a gas, can be constructed in a variety of different ways. Depending on the interaction between the analyte and the stationary phase, the mobile phase can be as simple as a singular component or as complicated as a multi-step, multi-component gradient that forces elution of different analytes with solvents of varying chemical characteristics [128].
For a liquid chromatography setup coupled to a mass spectrometer, column selection is the first consideration. While micro-scale and capillary liquid chromatography methods have been used in mass spectrometry-based analyses for years with larger scale columns (inner diameters on the scale of millimeters and hundreds of micrometers), [129], reduction of the inner diameter of the column can grant significant analytical advantages, which is why the use of nanoscale chromatography methods (using columns with tens of micrometer inner diameters) has become more widespread in recent years [130, 131]. Use of nanoscale liquid chromatography offers several advantages when applied to LC-MS experimental designs [132, 133]. The decreased size of the column automatically reduces both the amount of solvent needed for analysis as well as the amount of sample needed to achieve similar analyses. This is automatically appealing to omics analyses, where sample amounts are often precious and limited - instrument failure no longer means restarting from the beginning because not all sample is necessarily expended in the first attempt at analysis.
The other consideration in column selection was stationary phase. Both RP and HILIC columns were considered for use with lipid extracts. While several RP columns (C5 and C18 being the most notable) were tested for their ability to elute lipids with various mobile phase compositions, it was determined that lipids could not be disassociated from the highly nonpolar character of RP columns without a mobile phase composed of predominantly isopropanol. Isopropanol has issues as well when used as a major component of a chromatography gradient. When a chromatography gradient has upwards of 90% isopropanol content, the high viscosity of isopropanol can cause pressure spikes within the LC; while the UltiMate 3000 system is rated for high pressure chromatography systems, this is not universally applicable. Additionally, while the LC might be rated for higher pressure chromatography systems, this is not always applicable to the downstream fittings used to connect the LC to the column, as higher viscosity solvents can cause those fittings to rupture due to an increase in system pressure.
Therefore, the column of choice for untargeted lipidomics analysis was HILIC. HILIC and RP operate in complementary manners; while RP separations elute increasingly nonpolar analytes, HILIC separations start with the elution of hydrophobic analytes and end with elution of hydrophilic analytes (Figure 4). This complementary relationship has a unique dichotomy in lipidomics – RP separations tend to separate lipids based on fatty acid chain length, while HILIC separations are usually driven by lipid head groups. Here, the polymeric ZIC-pHILIC zwitterionic stationary phase was used (5 µm, SeQuant, bulk stationary phase provided through special request via Merck Millipore), demonstrating efficient hydrophilicity-based separations (Figure 4B). Because of the specialized nature of the stationary phase being used here, special instructions for preparation, care, and use of a HILIC column are included; unless otherwise noted procedures described here are in accordance with SeQuant’s provided direction [134].
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[bookmark: _Ref81258805][bookmark: _Ref81258859][bookmark: _Toc81493935][bookmark: _Toc87009236]Figure 4. Mechanics of analyte elution on columns using A. RP (C18) stationary phase and B. HILIC (ZIC-pHILIC) stationary phase, along with schematics of the stationary phases.



Columns were prepared in-house using a laser tip puller and pressure cell. A P-2000 laser-based micropipette puller (Sutter Instrument) was used to create the electrospray tips on a length of 100 µm inner diameter (i.d.) fused silica (Polymicro Technologies) sufficient to pack a 15 cm column with a small amount of void volume. The empty, fused silica tip was then packed with the HILIC stationary phase by use of a pressure cell driven by helium carrier gas. The stationary phase was delivered via a slurry composed of around 100 mg of the ZIC-pHILIC column material and 1 mL of 5 mM ammonium acetate in water. Columns were filled to approximately 15 cm on the pressure cell, usually erring on the side of excess in the case of further packing induced by the pressure exerted by the LC instrument.
The construction of the LC solvents and gradient is shown in Table 2. For HILIC columns, the gradient started with the strong organic component of the mobile phase and shifted towards the more aqueous component to elute increasingly hydrophilic compounds off the column. As with preparation of the column, there was a level of care needed to balance the amount of water that the column can take at any given time. Per the care and use instructions, the column always needs to have a minimum level of water exposure to keep the stationary phase hydrated. However, oversaturation of the column with water, overly steep gradients, or extreme flow rates can lead to a complete loss of column separation efficiency, making the preparation and upkeep of HILIC columns difficult without adequate experience. Those factors were taken under consideration during crafting and testing of the LC gradient to ensure that the column was operating properly.
[bookmark: _Ref82180645][bookmark: _Toc87009215]Table 2. Gradient conditions for nano-LC-MS separations using ZIC-pHILIC stationary phase. 
	ZIC-pHILIC Gradient Conditions

	Time, minutes
	% B (97/3 ACN/H2O + 5 mM NH4Ac)
	% A (5 mM NH4Ac in H2O)

	0
	100%
	0%

	1
	100%
	0%

	20
	40%
	60%

	25
	100%
	0%

	35
	100%
	0%





The HPLC flow rate was set to 100 µL/min; this was the flow rate of the mixed solvent and sample flowing out of the LC. However, this was not the effective flow rate being delivered downstream at the tip of the column. Instead of a split less flow system where all solvent and sample are delivered directly to the ESI source of the mass spectrometer, this setup utilized a split flow system, discarding the majority of the LC output to waste and only delivering a small fraction of the total solvent/sample mixture to the mass spectrometer [135]. This is largely done to perform nanoflow LC-MS/MS measurements, where samples in nanoliters worth of liquid are ionized instead of microliters [136-138]. Estimates of the flow rate at the tip of the column were made via liquid collection with a capillary – typical columns tested throughout the course of later described experiments delivered flow rates of approximately 100-300 nL/min, meaning that over 99% of the original LC liquid flow was being discarded to waste.
[bookmark: _Toc81494084][bookmark: _Toc87009140]Quality Control

Prior to runs, there were several checks and cleaning steps performed to ensure that the liquid chromatography setup was functioning optimally. Upon changing chromatography solvents and prior to a sample set, each line leading from the solvent bottle to the mixer within the instrument was purged to waste for 5 minutes to remove any lingering air bubbles from the solvent and solvent lines that may have been introduced during exchange or refilling of solvent bottles. Similar checks were made with the injection needle; sequential blank injections of a set volume of solvent B were performed to ensure that the autosampler is drawing the correct amount of liquid from a vial, and the injection needle is checked for any buildup of air pockets that could skew the effective injection volume. For downstream checks, all plumbing past the exit line from the LC to the column was replaced and/or cleaned prior to a new sample set being run. Fused silica lines, including connective pieces between the LC and the column as well as the waste line, were replaced with clean fused silica, metal connective pieces were sonicated in a 35% nitric acid solution and rinsed with water and methanol, and plastic connective pieces were either cleaned with a 10% methanol solution or replaced for new ones if irreparably clogged.
After equilibration of a new column but before exposure to any sample sets, standard mixes (Avanti’s Ion Mobility mix or their LightSPLASH mix) were run on the column in order to confirm that analytes were eluting off the column properly and that the retention quality of the stationary phase was in line with expected results. As mentioned later, this was also done sporadically within sample sets for spot checking as well as at the end of a sample set to confirm that there had not been any drift in retention time or degradation of column quality. 
[bookmark: _Toc81494085][bookmark: _Toc87009141]Operation and methods for tandem mass spectrometry using the LTQ-Orbitrap Velos Pro
[bookmark: _Toc81494086][bookmark: _Toc87009142]Fundamentals of nano-electrospray ionization

The first consideration needed when approaching an experiment in mass spectrometry is the method with which ions will be delivered to the mass spectrometer. The mass spectrometer can detect molecules as charged ions, not as neutral molecules, so it is important to use a technique that will efficiently convert analytes into charged ions. There are several approaches which can adequately do this – electrospray ionization (ESI), matrix-assisted laser desorption ionization (MALDI), and atmospheric pressure chemical ionization (APCI) are the most common sources used in mass spectrometry. For the LTQ Orbitrap Velos Pro instrument used in later experiments, ESI-based methods were used. 
Electrospray ionization has long been known as a possible method for delivering molecules in a liquid medium by converting them into gaseous ions. Taylor [139] and Dole [140] both theorized that there was a way to use electrospray to create beams of molecules from a liquid source, but they were both limited by the technology of their day. Only in the 1980s did instrumentation finally catch up with theory, and Fenn and Mann discovered a way to convert proteins into gaseous ions in a way that did not destructively break them down [141]. Since then, ESI-based MS experiments have risen to prominence as reliable, sensitive methods for analyte detection.
Electrospray ionization operates on a relatively simple concept (Figure 5A). ESI starts with proper composition of the mobile phase using either an aliquot of liquid (for direct infusion approaches) or a liquid chromatography gradient infused with sample, combined with an ionization agent, usually a volatile weak acid (acetic or formic acid) or base (ammonium acetate) to have prepared charged ions present at the point of emission from the column tip. As the liquid stream approaches the column, an electric voltage is applied to the liquid, creating a stream of small, charged droplets that erupt from the tip of the column. This is achieved by creation of an electronic potential between the capillary and the tip of the column, usually around 1-5 kV and attuned before runs to create decent spray quality as well as ion transfer. As the charged droplets leave the tip of the column, the heat of the adjacent capillary in the instrument causes rapid evaporation of the LC solvent. The shrinking size of the droplets creates a subsequent increase of charge density across the droplet, rapidly increasing the Coulomb repulsive force contained within the droplets. Once the droplets shrink enough and that force is powerful enough to overcome the adhesive force of the solvent mixture’s surface tension, a Coulomb explosion occurs, causing fission events creating increasingly smaller droplets. This process continues to occur until all solvent has been fully evaporated and raw ions are being ejected and pulled into the heated capillary by the vacuum created within the mass spectrometer. This process of creating gas phase ions from the output of a liquid chromatography column creates a visible phenomenon known as the Taylor cone (Figure 5B) [142, 143].
While good in theory, there are some significant challenges that arise when analyzing samples instead of controlled standards. Complex mixtures, the purity of a sample, LC solvent composition, and the presence of salt within the sample can create significant issues with electrospray ionization [143]. Many of these problems can be overcome by using a separation technique prior to mass analysis, which is why chromatography methods are so often attached to mass spectrometry. Another approach is careful formulation and tuning of solvent compositions. The high surface tension of water makes it unappealing as a dominating component of an ESI-based LC-MS experiment, so more volatile organic solvents are often included to coax conditions to a state that is more amenable to ESI methods [144]. This is also why most mass spectrometry experiments only focus on one class of molecules; it reduces the variables needed both in extraction as well as fine tuning analysis. 
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[bookmark: _Ref81258810][bookmark: _Toc81493936][bookmark: _Toc87009237]Figure 5. Fundamentals of electrospray ionization, demonstrating A. ion formation through the Coulomb explosion generating dry charged ions that are left to be pulled via vacuum into the mass spectrometer, as well as the B. the Taylor cone, an observable demonstration of this phenomenon.

However, the issue of salt interference is one that is not easily solved, especially when it comes to samples that end up being extracted within water or water-soluble solvents. The presence of salt within a sample can create significant interference once a voltage potential is applied at the column tip, leading to bad spray quality and poor ionization. Thankfully, increasing use of nESI has helped to alleviate this [145, 146]. The issues of salt intolerance and sample investment that plague normal ESI approaches can be significantly mitigated by using a narrower bore column, which also then lowers the solvent investment and LC flow rate requirements [147, 148]. The biggest advantage is an overall increased tolerance for salt present in the sample. With less injected sample volume and lower sample flowing through the column (on average an order of magnitude less), effective salt concentrations at the tip are much smaller, meaning there is less interference caused during ionization [149]. While this is not nearly as relevant in lipidomics, where samples are extracted in highly organic solvents, it does significantly help in aqueous extracts used in proteomics and metabolomics. Still, the lower sample injection investment is always beneficial, no matter which method is used.
[bookmark: _Toc81494087][bookmark: _Toc87009143]A brief discussion of mass analyzers

The LTQ Orbitrap Velos Pro (schematic in Figure 6, instrument image in Figure 7) was used for mass analysis. This instrument contains two different mass analyzers, enabling MS/MS experiments that can capture both precursor scans and fragmentation of individual ions within that precursor scan. MS/MS approaches are incredibly valuable, enabling full cataloging of masses within a sample while also correlating masses with tentative annotations through characteristic fragmentation ions or patterns. 
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[bookmark: _Ref81258956][bookmark: _Toc81493937][bookmark: _Toc87009238]Figure 6. Schematic of the LTQ Orbitrap Velos Pro mass spectrometer (ThermoFisher Scientific) [150].
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[bookmark: _Ref81258962][bookmark: _Toc81493938][bookmark: _Toc87009239]Figure 7. Image of the LTQ Orbitrap Velos Pro mass spectrometer (photo taken by the author).

In order to fully capture the data contained within a lipid extract, a method was created to not only detect the masses of precursor ions (defined as MS1 scans, the first and most basic level of mass spectrometry analysis) but also destructively fragment those precursor ions and record the fragmentation patterns of each precursor ion (defined as MS2 scans, as in the second and next deeper level) that can be used to more definitely confirm tentative annotations and provide an extra layer of validation that can be utilized by certain informatics packages. The methods by which these scans are recorded differ depending on experimental design and the desired level of resolution depth with which one wishes to capture data. Here, lipidomics runs were operated in a high-low scan mode, with precursor MS1 scans obtained within the high-resolution Orbitrap and 10 subsequent MS2 fragmentation scans were obtained within the low-resolution ion trap using the top 10 most intense unique ions from the MS1 scan.
The Orbitrap is an incredible piece of technology, dating back to theories in the 1920s stating that it was possible to trap ions within a metal can using only a charged wire [151]. While intriguing in theory, applications for mass spectrometry were nonexistent; trapping ions was great but there was no way to convert those trapped ions into tangible mass information. Despite attempts to couple a detector to the system, the simplistic design of the metal wire and can model made separation of complex samples nigh impossible [152]. This problem was finally alleviated thanks to the work of Makarov, who took the can and wire model and reengineered it such that the wire was now a large, machined electrode in the general shape of a football [153]. Further advancements led to the C-trap, which allowed efficient coupling to other mass analyzers contained within one instrument and sequential injection of packets of ions into the Orbitrap [154]. This design enables injection of specific packets of ions into the trap, which are contained as oscillating rings around the central electrode that exert slightly different currents that can be detected by an amplifier and converted into m/z values. Here, the Orbitrap is utilized to capture high resolution precursor MS1 scans.
Once the instrument creates an MS1 scan with a given list of ions, a list of the top ions in terms of abundance is created depending on the desired number of fragmentation scans as well as exclusion list settings forcing ignorance of ions that have recently been fragmented (here, this was set to exclude ions observed within the previous 30 seconds and not to select them for fragmentation for the next 120 seconds). In the experiments described here, ten MS2 scans are created per MS1 precursor. These MS2 fragmentation scans are created using collision-induced dissociation (CID), where ions are excited through the application of an electrical potential and fragmented through collisions with an inert gas (here, helium). This data-dependent acquisition (DDA) method of high-resolution precursor scans created within the Orbitrap and subsequent lower-resolution fragmentation scans created by CID within the two-dimensional ion trap from the initial MS1 scan is repeated throughout the entirety of an LC-MS/MS run.
Finally, a brief examination of analytical figures of merit was necessary to fine-tune the MS/MS method. The first metric is quite simple – mass range is usually relatively easy to establish. For lipidomics, there are distinct groups of lipids and lipid components that lie within specific mass-to-charge (m/z) values. Basic fatty acids are m/z 200-400, lyso-phospholipids containing only one fatty acid chain are m/z 400-600, most basic phospholipids are m/z 600-800, and cardiolipin species start at m/z 1100-1200. With that in mind, the mass range selected for the lipidomics experiments described here was m/z 200-2000. 
Next are mass accuracy, sensitivity, resolution, and duty cycle – key analytical figures of merit in mass spectrometry that warrant consideration when crafting a method for MS/MS analysis. Mass accuracy is perhaps the easiest to define as well as actively monitor – as described in the next section, frequent checks of mass calibration using specially crafted calibration solutions enables that the instrument accurately detects masses. Typically, calibration checks keep mass error below 1 ppm, while in practice Orbitrap instruments can reasonably retain a mass accuracy between 5-10 ppm. Sensitivity is typically a bit more nebulous. Sensitivity refers to signal-to-noise ratio, which generally is a measure of how well the samples can be detected against the inherent background noise signal of a mass spectrometry run. This is typically achieved not through a specific setting but rather through testing and modification of several different parameters, including sample loading amounts, selection of an appropriate chromatography technique, testing and use of an optimal ionization voltage for a given setup, and avoidance of ion suppression agents within the mobile phase. 
Resolution and duty cycle go hand in hand. Resolution is the ability of an instrument to be able to distinguish between two peaks whose m/z values are closely related, thus enabling accurate assignment of m/z values as well as efficient discrimination of between m/z values that are close in value. Orbitrap instruments can achieve resolutions as high as 100,000, but this is more relevant when applied to highly complex samples that contain thousands of potential features processing at the same time. Lipidomics samples are far less complex, and as such, there is less need to examine samples quite that deep, so these runs were performed with a resolution of 30,000. Duty cycle is the amount of time it takes to accomplish one full “cycle” of scans, or the amount of time that it takes the mass spectrometer to complete detection of a singular MS1 scan and the 10 data dependent MS2 scans. Resolution and duty cycle share an inverse relationship – while slowing scan rate down will allow for better ion accumulation and increased mass accuracy, less ions can realistically be detected, and with the coupling of chromatographic separations, this can lead to lost features. Therefore, a balance must be struck between resolving power and being able to process ions in a timely, efficient manner. 
[bookmark: _Toc81494088][bookmark: _Toc87009144]Instrument quality control

As with the LC, the mass spectrometer does require a certain level of upkeep to maintain good working order. Weekly calibration checks were performed on the instrument to ensure that both the ion trap and the Orbitrap/FT analyzer were working as expected, using calibration solution containing compounds with masses that are recognized by the instrument for mass calibration and other checks. An ion optics charging evaluation was also done during those checks to discharge ion buildup on the instrument lenses by sequentially swapping the polarity of the electronic potential across each lens. In the case of a failure to pass, the merits of an inhouse instrument cleaning were considered, where the RF lenses and the top coverboard containing the quadrupole and octupole were removed and all accessible lenses and multipoles were cleaned using multiple sonication-aided washes with soap, water, and methanol. The heated capillary, through which ions enter the mass spectrometer, was cleaned with a 35% nitric acid wash before sample sets were processed to remove any buildup. Because the mass spectrometer creates vacuum using heavy duty vacuum mechanical pumps, those pumps were frequently ballasted and checked for oil leaks, refilling if necessary. 
[bookmark: _Toc87009145]On internal standards

Before discussing data analysis, it is worth mentioning the use of standards in analysis. While it has been mentioned that standards were regularly used for quality control purposes, no internal standards were explicitly used during the testing of bacterial lipidomics samples. Data normalization was and remains a key aspect of backend omics data processing, lipidomics not excluded [155], but often internal standards are much more useful for quantitative studies [156]. Many of the relevant research questions surrounding the bacterial lipidomics experiments described here involve relative comparisons instead of absolute quantification of all lipid species present in the samples, and as such, there is little need. Chapter 3 describes the use of standards to help normalize mass spectrometric response as a function of phospholipid headgroup, but this is largely the extent of any quantitative analysis performed with the samples analyzed in Chapters 4-5, and as such standards were largely reserved for quality control before and during mass spectrometric analysis of bacterial lipidomics sample sets. Additionally, the use of dry sample weights and statistical data normalization was deemed more than sufficient for the relatively qualitative analysis being performed in this dissertation. 
[bookmark: _Toc81494089][bookmark: _Toc87009146]Approaching the difficult task of processing MS-MS lipidomics data

As with all omics-based analyses, it is important to choose informatics packages and approaches that are appropriate for the type of analysis that is being performed. There are several options for analyzing lipidomics data, with the choice being between free open-source programs and vendor-curated packages that can be used effectively, so it is crucial to test several potential options and select programs that best help in answering relevant research questions. For the projects and experiments described in Chapters 3-5, it was essential to have access to a way to consolidate multiple raw files into one dataset matched across detected masses, validation of annotations using MS2 data collected in each raw file, and methods for simple statistical analysis and comparison between sampling conditions. The following section describes the selection of programs and processes that were used to process raw lipidomics files, assign tentative annotations to lipid features, and perform basic statistical analysis, as well as why each choice was key in comprehensive analysis. 
[bookmark: _Toc81494090][bookmark: _Toc87009147]Bulk processing of raw MS/MS files using MZmine

Raw LC-MS/MS files were first processed using the open-source software MZmine2 (version 2.53) [99]. The framework of the analysis performed here using MZmine was previously outlined [157] and modified for use with extracted lipid sample sets. After downloading, selected raw files were first uploaded into the program using the Raw data import option. For the experiments described here, all copies of the dataset raw files plus a few blanks from the beginning of the sample set to remove background peaks were uploaded to MZmine. To begin analysis, the MS/MS peak peaker was used to scan each raw file and extract any chromatographic peaks that have MS2 scans associated with them. Metrics were selected in accordance with the method file used in Chapters 3-5 for lipidomics runs. For this and most subsequent modules, 10 parts per million (ppm) was used for the m/z window as that is generally considered to be the upper end of the mass error for the LTQ Orbitrap Velos Pro instrument used for mass analysis. This module specifically did not have an option for ppm error, so +/- m/z 0.05 was used as an analogue for 10 ppm. The time window of 35 minutes was set to match the length of the LC gradient, and the polarity and spectrum types were similarly matched to the MS method of negative ionization and centroided spectra, respectively. 
Having extracted peaks that contained MS2 hits, the next step was to transform and shape those single points into fully exploded extended peaks using the Peak Extender module. This was done by searching in both directions from a point found in the previous step and extending the peak shape through each scan until no valid data was found within the bounds of the selected m/z window and/or minimum peak height requirement. The mass tolerance here did have an option for both m/z window and ppm, so the same values were used as described earlier. This module also had a minimum peak height restriction; typically, this can be attuned to the noise threshold of the sample as demonstrated by blanks. In these lipidomics samples, the noise threshold is typically in the E4-E5 range, but for analysis it was intentionally kept it lower just to ensure that any relevant lipid species that were present at lower concentrations in the sample did not accidentally get removed from later analysis. 
After regeneration of peaks from the raw data, the next step was to begin removing extraneous data and consolidating files. The first step was isolating isotope packets within the peak lists by identifying groups of peaks that formed an isotope packet using the Isotope peaks grouper module. This module would consolidate an entire isotope packet down and only retain the main, naturally occurring isotope peak for later steps. For metrics, retention time tolerance was kept tight to 1 minute; any peaks that would be within an isotope packet should elute near the parent peak. Because the expected features in these sample sets were only singly charged, the monotonic shape function was enabled, and the maximum charge was kept at 1. Finally, the m/z tolerance was kept the same as described previously. As a side note, when MZmine was employed for data consolidation of runs where isotope labeling was used, this step was not used to avoid removing any peaks that were of interest. 
The next step of data filtering involved the removal of duplicate peaks within the datasets using the duplicate peak filter. This allows extraneous peaks to be removed in favor of the most abundant peaks for a given m/z value. Duplicate peaks can be a byproduct of overloading, poor column performance, or simply the presence of analytes that have a high affinity with the column, all of which are hopefully removed through column and system quality control testing but can still be a factor. For these lipidomics runs, the NEW AVERAGE filter mode was used, which considers peaks as duplicates if their m/z values and retention time differences are within the set tolerances. This filter created a consensus row using the lowest ID number, which is related to retention time; this accounted for peaks of analytes that are retained on the column for most/all of a chromatography run. The m/z tolerance was kept the same as before; the retention time tolerance was kept wider at 5 minutes to account for long eluting peaks, which is a concern specific to potentially sticky and recalcitrant lipid samples. 
Next, the retention time of samples was normalized using the retention time calibration module (this was referred to as the retention time normalizer module in previous versions of MZmine). As indicated by the name, the function of this module was to attempt to reduce the variability between retention times of a given m/z within a peak list. This module treated peaks (and their m/z values and retention times) shared across all files as standards and used them to adjust the retention times of all other peaks within the list of selected files. The m/z tolerance and minimum standard intensity were kept the same as with previous modules, and the retention time tolerance was kept relatively strict at 3 minutes because there was a low likelihood of peaks that escaped previous filters that fall well outside those bounds needing to be aligned using this tool. Finally, this module was only used on sets of similar samples, and never on blanks.
After application of relevant filtering steps, the next step was to align all the separate peak lists from the samples and blanks into one file. There are a few options contained within MZmine that can do this; the RANSAC aligner [158] was selected for this analysis. Samples were aligned by using a master peak list created by the alignment tool and through the creation of a model of deviation across all samples to align retention times. Previews provided within MZmine allowed for modification of parameters if the model did not perform well across most peaks. For metrics, the retention time tolerance was set to the length of the run as done previously, and the retention time tolerance post correction narrows the range that the aligner can probe for correction. Here, this correction was set to approximately 2/3 of the full run length. RANSAC iterations indicates the number of times the module will search for the right model for use in alignment. Because that number is typically not known, a value of zero can be used to let the tool decide the number of necessary iterations needed, and that is what was used here. The minimum number of points needed to create a valid model is dependent on how strict the researcher desires the model to be; because these are somewhat rich sample sets, this value was set low at 10%. The same charge state is also required, simply because none of the desired samples should have variable charge states. Finally, the threshold value is like previous retention time tolerance values, indicating the window within which a data point can fit the created model; because these samples have already been processed, this window was set low at 1 minute.
Here, analysis can be somewhat divergent depending on what is desired. If there is a predetermined list of results that needs to be probed, the aligned file can be exported for analysis within Microsoft Excel using a list of masses. If automated search results are of interest, MZmine has built-in tools for searching LipidMaps as well as a relatively new in-house lipid search tool [159]. To have the search results in hand for comparison to later searches, the online database search module was used to search LipidMaps, while the lipid search module was used for the MZmine-based tool. LipidMaps bounds were kept within the boundaries of the LTQ Orbitrap Velos Pro’s expected mass error, with the m/z tolerance kept at 10 ppm as described previously and the ionization type set to the standard [M-H]- as well as [M-Ac]- to account for complexes formed as a byproduct of the ammonium acetate included in the mobile phase.
For the lipid search tool, constraints were kept wide simply because of the known presence of cardiolipin in the bacterial lipid extracts. The ionization methods searched were the same as with the LipidMaps search, and all possible lipids were probed. 
[bookmark: _Toc81494091][bookmark: _Toc87009148]Leveraging tandem MS data using LIQUID

MZmine’s power lies largely in data analysis and refinement; however, in order to fully leverage the power of MS2 fragmentation spectra, LIQUID was chosen as an excellent complementary tool. LIQUID is another free, open-source program that uses a database of MS2 fragments to match to imported raw files and gives scored returns based on the level of overlap between MS2 peak and database as well as MS1 m/z matching [98]. LIQUID has a very simple and user-friendly interface (Figure 8). For a global analysis of a single file, as was done for the lipidomics samples acquired in Chapters 3-5, the mass errors were set to expected Orbitrap values of 10 ppm for precursor masses and 100 ppm for CID mass error. Lipid target libraries for both positive and negative mode are provided within the download of LIQUID; the library for the relevant ionization mode was loaded into the program. Raw files were uploaded and processed to output a list of tentative identifications, scored by the level of overlap with MS2 fragments stored within the database. A higher score indicates a higher level of overlap with the database. 
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[bookmark: _Ref81259081][bookmark: _Toc81493939][bookmark: _Toc87009240]Figure 8. Example LIQUID output, showing the interface and customizable search options and an example sample run and matching of MS2 peaks to the database.


Each LIQUID output was then exported as a .csv file and further filtered in Microsoft Excel. Manual examination of outputs, such as the sample output shown in Figure 8, led to application of an arbitrary score cut off at 10 and above, which is (on average) where the quality and quantity of MS2 matches begin to drop. The resultant pool of potential hits was then manually filtered to remove duplicate m/z values to narrow down search results from hundreds of rows to around a few dozen. Finally, sample outputs were manually consolidated and aligned, with care taken to retain which annotations corresponded to which specific sample runs. For comparative analysis across an entire sample campaign, a tentative annotation was not removed within a specific sampling condition if it was present in at least 2 of the three triplicate sample runs; any annotations that only appeared once across a triplicate were removed. This method created robust lists of tentative annotations across several different sampling conditions that take full advantage of MS2-level validation.
Where LIQUID fails is where MZmine shines – LIQUID can only process one raw file at a time, and it also has no tools built into the program for data filtering or processing. As a result, there is a lot of manual processing needed to be able to fully utilize the output of a LIQUID file. Manual data filtering and alignment of files must be done by hand with the exported LIQUID outputs through Microsoft Excel, a task that can be increasingly tedious the larger the sample set is. However, it is a necessary step to obtain a focused list of tentative annotations with which to begin analysis. Despite these difficulties, MZmine and LIQUID are excellent when used in tandem. Cross validation of the highly processed aligned MZmine files and LIQUID outputs with validated MS2 scans gives rich peak lists from which inferences can be made about the biology of the system.
[bookmark: _Toc81494092][bookmark: _Toc87009149]Manual spectral interpretation using Xcalibur

Manual interpretation of files was also necessary to characterize lipid derivatives and modified lipid species either known or theorized to be present in sample sets, including everything from fatty acid oxidation products to aminoacylated phospholipids. ThermoFisher’s inhouse qualitative browser contained within the control software Xcalibur (version 3.0.63) was used to manually locate species of interest, such as the aminoacylated phospholipids described in Chapters 4-5. The qualitative browser allows manual exploration of raw files, with the ability to pull out peaks by m/z value or an m/z range and examine the MS2 spectra for presence and quality. 

[bookmark: _Toc81494093][bookmark: _Toc87009150]Statistical analysis using MetaboAnalyst

For statistical analysis and data visualization, there were a few options available. InfernoRDN (previously known as DAnTE) [160] was previously used to validate datasets and generate data-driven images for publications, but it has not been supported and updated frequently and contains modules for crucial steps that either break or are non-functional. As such, a different program was desired that could handle basic statistical analysis as well as being able to produce high quality images for data comparison. MetaboAnalyst provides both of those contained within a single, web-based, user-friendly package [161].
MetaboAnalyst’s statistical analysis tool was used for Chapters 4-5. MetaboAnalyst can accept several different forms of mass spectrometry data; to get robust lists of MS-validated, aligned features, combination of MZmine and LIQUID outputs was necessary. All features found by LIQUID over the score cutoff within at least two of a set of biological triplicates were retained; a master list of tentative MS-validated lipid annotations was constructed by combining those files from all conditions within a sample set. Simultaneously, lists of processed, aligned peak areas produced by the above methods in MZmine were exported, and peak areas were assigned tentative annotations using the LIQUID master list (in the case of multiple hits within an error range of m/z value, the maximum peak area within those possible features was retained for a given condition), resulting in a master list of tentative lipid annotations supported by peak areas. If data for normalization by raw cell pellet mass was available, this was performed by dividing the masses of each pellet by the mass of the heaviest pellet within the sample group; the peak areas of a given condition were divided by the mass ratio obtained for each pellet to normalize by raw cell mass. 
For MetaboAnalyst analysis, a plain text file (.csv) of the above data was uploaded to the web module, with appropriate sample condition titles added as per the recommended settings, selecting the settings for unpaired data in columns and peak intensity table. Because the uploaded files did not complain wholly comprehensive, untargeted sample sets and instead selected based on MS2 validation from LIQUID no filtering was applied to the uploaded sample sets. Basic data transformation was performed by way of mean normalization, log transformation, and mean centering, which enables use of several different data visualization tools. For sample sets that have corresponding sample weights, the normalization can be skipped in favor of normalization prior to statistical analysis. 
For comparison of lipid sample sets between control samples and specific sampling conditions, the Student’s t-test (one mean, two tailed). For comprehensive examination of all conditions, the analysis of variance (ANOVA) test was used. Heatmaps and principal component analysis (PCA) plots were generated with this online tool for data visualization and comparison. Heatmaps were constructed using only significantly variable features as indicated by ANOVA or t-test p-values under 0.05, with variance being indicated by relative fold change on a color gradient scale. PCA plots were generated with the including of 95% confidence regions. Volcano plots were constructed using a p-value threshold of 0.05 (from the Student’s t-test) and a fold change threshold of 2.
[bookmark: _Toc81494094][bookmark: _Toc87009151]Conclusions

Presented here is the complete lipidomics platform used to undertake the experiments described in Chapters 4-5, with thorough explanation of each step and the relevant metrics involved. Having laid out the numerous parameters required for an untargeted lipidomics experiment, including selection of an optimal extraction method, chromatography setup, mass detection platform, and informatics software, the next step is to examine the available options for each step of the process and defend the use of the methods described here in Chapter 2 while also considering other options, which will be presented in Chapter 3. 
[bookmark: _Toc87009152]CHAPTER 3: DEVELOPMENT AND OPTIMIZATION OF A FLEXIBLE LC-MS ANALYSIS PLATFORM FOR LIPIDOMICS MEASUREMENTS


[bookmark: _Toc81494096][bookmark: _Toc87009153]Abstract

Preparing a robust analysis pipeline requires thorough understanding of relevant options, background research, difficult decisions about what approach to try for each individual step, and no shortage of testing to determine the best manner with which to proceed through analysis. Just as with all types of omics platforms, there have been many different modifications and improvements suggested over the years to try to fully optimize various techniques, but each advance comes with caveats specific to the sample, analysis, or desired outcome of the study. Additionally, conditions and issues related specifically to experimental design, samples, or accessible instrumentation can add an extra layer of complexity to parameter selection. Presented here is a systematic pipeline development explaining each step of the lipidomics analysis process utilized in later chapters, discussing each step from sample preparation to analysis and why specific choices were made in the context future plans experiments. 
[bookmark: _Toc81494097][bookmark: _Toc87009154]Introduction

While Chapter 2 laid out the general mechanics behind each step of the lipidomics platform constructed here, there are still many other options available with which to approach lipidomics. Methods of sample preparation are highly variable depending on experimental design, extraction methodologies have slowly evolved over the years to allow for more optimized preparations, and there are constantly new programs with different functions and upgrades that attempt to solve previous issues in lipidomics. One of the biggest issues in lipidomics, the balancing act within chromatography sample elution off columns and adequate retention to allow for separation, required ample testing of multiple different combinations of mobile and stationary phases to determine which system would work best to detect the range of lipids expected within bacterial lipid extracts. Described here is the process of how each step of the lipidomics analysis platform was established, discussing the choices made and the alternatives that have been reported previously in literature studies.
[bookmark: _Toc81494098][bookmark: _Toc87009155]Lipid extraction
[bookmark: _Toc81494099][bookmark: _Toc87009156]A brief consideration about sample preparation

Before any extraction and analysis takes place, one needs to be mindful of what exactly they are going to be receiving from a collaborator. Depending on the organism, sampling conditions, and any special modifications that may have been incorporated into the experiment, it is possible to receive cell pellets or cultures in any number of different ways. Inconsistent concentrations/biomass amounts, the presence or lack of media and/or buffer, and whether the pellets are frozen or delivered as cell cultures are just several the issues that need to be considered before beginning extraction. 
For the work in Chapters 4 and 5, bacterial cells were delivered as pellets in variable levels of dryness and size. Because the extraction methodology was designed to fully extract a lipidome using only tens of milligrams worth of cell material, pellets upwards of hundreds of milligrams or even grams would not only force a modification of procedure but also would waste precious sample material that could instead be kept frozen for possible later reanalysis if needed. There is also the matter of making sure pellets were washed as thoroughly as possible to remove anything that might remain from preparation. This was mainly done to avoid backend issues within the LC-MS analysis – while not as much of a concern with nanoscale LC-MS setups, it is still always preferable to wash cultures before extraction with phosphate-buffered saline (PBS) to have access to clean extracts free from the high concentrations of salt that can cause irregular spray quality and signal suppression in LC-MS setups [143, 162, 163]. This wash step also allowed for partitioning of large pellets into smaller aliquots, half of which will usually be used for lipid extraction and the other half stored at -80°C as a backup for reruns or other analysis.
[bookmark: _Toc81494100][bookmark: _Toc87009157]Selection of optimal extraction solvent

As outlined in Chapter 2, traditional lipidomics experiments have heavily preferred to use chloroform-based extraction procedures; however, in recent years MTBE has risen to prominence as a functional alternative to CME approaches. While both are functionally equivalent in terms of pure extraction efficiency, there are some practical applications that bear mentioning specifically for lipidomics experiments or multiomics experiments that have a lipidomics component to them.
Figure 9 outlines the differences between extractions using MTBE and chloroform as the primary organic component. For MTBE-based extractions (Figure 9A), the lower density of the MTBE layer results in the lipid-containing organic layer being at the top of the extraction, while the water and methanol aqueous layer, containing water-soluble metabolites and genetic material, sinks below, and the remaining solid protein and cellular waste pelleting at the bottom of the vial. With chloroform-based extractions (Figure 9B), the chloroform layer is much denser than water, and as such it sinks to the bottom of the vial.
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[bookmark: _Ref81261637][bookmark: _Toc81920371][bookmark: _Toc87009241]Figure 9. Comparison of lipidomics extraction methods. A. MTBE-based extraction, with the organic lipid layer present at the top of the extraction and the protein pellet settling at the bottom of the vial. B. CME extraction, with the organic lipid layer at the bottom of the vial and the protein pellet lying at the interface between the aqueous and organic layers.


In fact, chloroform is so dense that even the solid protein partition ends up turning into a semi-solid layer present between the aqueous and organic layers. The lipid-containing chloroform layer lying at the bottom of the extraction vessel is problematic if none of the other layers are of interest in a strictly lipidomics-only experiment and are effectively discarded to waste – in testing, it was found that there was a significant risk of contamination from one or both of the solid protein layer and aqueous metabolite partition that was not easily mitigated. MTBE extractions largely avoided that issue; any level of slight contamination from the aqueous layer could easily be removed thanks to the differences in solvent density, and there was no chance of contamination from the solid protein partition, so pure MTBE lipid extracts were much easier to acquire than with chloroform extractions, which is why MTBE was selected for this experimental design.
While it is easier to access lipids with MTBE in isolation, there are also implications when applied to one pot multiomics analyses, where one can theoretically perform some or all of genomics, proteomics, metabolomics, and lipidomics using a single extraction. While the focus of the experiments described in later chapters was solely on lipid analysis, there were considerations about exploring the other layers for metabolomics, proteomics, and genomics. Having easy access to both liquid layers and then availability of the solid layers as a leftover with the MTBE setup results in a much more streamlined procedure than having to avoid contamination of the liquid layers because of the solid protein lying at the liquid-liquid interface. While not applicable here, this was an important consideration for future experimental design.
[bookmark: _Toc81494101][bookmark: _Toc87009158]Approaching cell lysis for lipidome access

Another metric that bears a brief discussion is how to lyse cells. In lipidomics, this is particularly important because the main lysis target – the cell membrane – is also the target of extraction. Bursting cells for omics experiments to access the various pools of macromolecules contained within is not usually difficult – methanol alone (which many extraction methods use) is more than sufficient to denature membrane-bound proteins as well as increase the overall fluidity and permeability of the membrane, rendering it loose and/or broken [164, 165]. However, it is worthwhile to apply another method to ensure that the cell membrane is completely dispelled, an important consideration for lipidomics, and there are a number of mechanical disruption methods available to perform such a task. Bead beating and sonication are among the most popular mechanical lysis methods for omics studies, but as with all steps it is critical to consider which is going to provide the best results [166-168]. Physical disruption by way of the addition of plastic or metal beads of various sizes and high-speed shaking or vibration can create very thorough cell lysis. However, this is typically reserved for cells that have thick cell walls and require a level of physical disruption and simulation of tearing forces to get pack the hardly cell wall and access the weaker cell membrane. Bead beating also requires use of both beads (which may or may not be recoverable and/or recyclable) and an instrument with which to perform bead beating. Sonication is much more effective at more generic bacterial lysis, only requiring a probe and appropriate settings for the sonic waves applied the sample as well as cooling. 
The main drawback of sonication usually lies in overall efficiency - the method employed for the analysis in Chapters 4 and 5 uses a sonicator that can only process one sample at a time, and each run takes approximately as long as bead beating would take on an entire sample set [169]. While this was admittedly a significant detriment, sample sets were not usually large enough for this to be a significant problem, or samples were received and processed in waves, and as such it was more than sufficient for the experiments described here.
[bookmark: _Toc81494102][bookmark: _Toc87009159]Lipidome analysis – proper selection of analytical parameters
[bookmark: _Toc81494103][bookmark: _Toc87009160]Effect of injection solvent choice
Before discussing mass spectrometry parameters, it is worth discussing injection of samples once they have been prepared. Samples are delivered to the mass spectrometer within a solvent that can readily dissolve the analytes; however, this may not always be a solvent that is also present within the specific liquid chromatography setup being utilized. The interaction between injection solvent, mobile phase, and stationary phase is of critical importance to quality separations. Using injection solvents that do not sufficiently share similar chemical characteristics with the mobile phase can cause the analytes to not sufficiently interact with the column and coelute in a bundle at or near the void volume [170]. In the case of HILIC-MS/MS measurements, such as the ones being described here, the main mobile phase is composed primarily of acetonitrile, with a gradient towards an increasing amount of water content as well as a low concentration of ammonium acetate for ionization. This would generally dictate that the samples be dissolved in acetonitrile to match the LC solvents.
Preservation of samples is important, so it was not possible to directly test bacterial extracts with a variety of injection solvents. However, the possible effects of this on chromatographic separations can be observed using standards as a stand-in (Figure 10). While the standard mixtures used were prepared in a 1:1 mixture of chloroform/methanol, 1:4 dilutions in each of the major solvents enabled an adequate platform for comparison. MTBE was used because of the extraction procedure, and pure methanol and chloroform were used because of their use in prepared standards, both stand alone as well as in a mixture with each other. Because of the nature of lipids and how they interact specifically with a HILIC-based column, as will be described in the following section, there is not a reasonable expectation that changing the solvent in which a lipid extract is dissolved would cause a massive shift in retention times. However, there is a reason to believe that changing dissolution solvent could lead to a change in peak shape. 
As can be seen, samples dissolved in MTBE generally led to quicker elution times, while methanol and chloroform solutions are generally more delayed. However, there was not much of a different in retention time between the methanol and chloroform solutions across all samples, and there was also not a massive difference in gross retention time, as all three specified samples eluted over the span of about 2-2.5 minutes. This would indicate that while it is possible to manipulate retention time, there is not a massive gain in overall separation, and as such, there was no real need to dry samples and redissolve them in either methanol or chloroform.
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[bookmark: _Ref81261712][bookmark: _Toc81920372][bookmark: _Toc87009242]Figure 10. Extracted ion chromatograms of A. PG(28:2), B. PE(28:2), and C. CL(56:4), each shown shown diluted in methyl tert-butyl ether (top), chloroform (middle), and methanol (bottom).

[bookmark: _Toc81494104][bookmark: _Toc87009161]Importance of proper stationary phase selection
Chapter 2 introduced RP and HILIC as commonly used stationary phases for LC-MS based omics experiments. While both have been used successfully in literature for years, it was important to test them both within the context of the experiments described in Chapters 4-5. Described here is a brief explanation behind the thought and testing between RP and HILIC stationary phases.
The expected range of fatty acid length observed in B. subtilis [171] and P. putida [172] phospholipids is 14 to 18 carbons, with some minor variation observed depending on species and cellular environment. In traditional C18 columns, this is a major issue to consider and overcome (Figure 11). Lipids must migrate through many centimeters worth of packing material that holds a surprisingly similar amount of chemical character to the samples. The non-polar interactions between these 18 length carbon chains on the silica base of C18 and the 14-18 carbon long fatty acids are rather strong, rather hard to break without the presence of an extremely strong nonpolar solvent. The nonpolar component of the mobile phase in RP experiments is typically acetonitrile. While this can be overcome with isopropanol [173-176], as described in Chapter 2, operation of such a system can be unpredictable and unstable, and even with substantial amounts of isopropanol, it was found that very little phospholipid would elute. Often, the only species that would be observed would be lyso-phospholipids, which only have one fatty acid tail and as such would likely not create as strong of an association as a normal phospholipid with 2 or 4 fatty acids. This was like due to improper dissociation from the stationary phase, resulting in a shearing of sorts and loss of one fatty acid tail.
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[bookmark: _Ref81261806][bookmark: _Toc81920373][bookmark: _Toc87009243]Figure 11. Issues using C18-based stationary phases in RP-LC-MS lipidomics. A: A commonly observed phospholipid within the cell membrane, PG(34:0). B: Example of how the non-polar interactions of the long fatty acid chains can interact with each other and create strong interactions that are hard to separate without the use of an incredibly strong nonpolar solvent. 


One alternative is using an RP packing material that has shorter carbon chains attached to the silica base, such as C5 which has been shown to be largely successful in elution of most components of lipid standard mixes [177, 178]. C5 largely avoids the problems observed with C18 RP stationary phase (Figure 12A) because the carbon chains on C5 stationary phase are still nonpolar to enable retention but not long enough to create the near-irreversible interactions observed with C18 (Figure 12B). 
In practice, the C5 column did perform well when analyzed using Avanti’s standard lipid mixtures (Ion Mobility – Table 3; LightSPLASH – Table 4). A C5 column equipped with a 60-minute isocratic gradient primarily composed of isopropanol was successful in eluting most of the lipids contained within a lipid standard mix, but the issues associated with isopropanol were still present, which meant that moving away from RP-based column systems appeared to be a better direction. This led to HILIC-based separations, which have been popular in recent years in part due to elutions based more in hydrophilic interactions between column, solvent, and analytes [59, 179-181]. This also allowed for separations that focused on the more polar parts of the lipid, namely the headgroups, while RP was almost completely blind to headgroups and separated based on chain length when elution was possible. 
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[bookmark: _Ref81261877][bookmark: _Toc81920374][bookmark: _Toc87009244]Figure 12. Comparison of lipid associations between a generic long fatty acid chain phospholipid and A: a C18 column and B: a C5 column.

[bookmark: _Ref81296292][bookmark: _Toc81920358][bookmark: _Toc87009216]Table 3. Comparison of elution quality between C5 and HILIC stationary phases across positive and negative ionization mode using Avanti’s Ion Mobility standard mix.
	Lipid Species
	C5 Column
Positive Ionization
	C5 Column
Negative Ionization
	HILIC Column
Positive Ionization
	HILIC Column
Negative Ionization

	Ceramide (18:1)
	Yes
	Yes
	No
	Yes

	CL(14:1) 
(Na salt)
	No
	No
	No
	Yes, 
[M-2Na]2-

	Cholesterol
	Yes, 
[M+H-H2O]+
	No
	No
	No

	Chol Ester (19:1)
	No
	No
	No
	No

	DG(14:1)
	Yes
	No
	No
	No

	Lyso-PC(18:1)
	Yes
	No
	Yes
	No

	PA(14:1) 
(Na salt)
	No
	Yes, 
[M-Na]-
	Yes
	Yes, 
[M-Na]-

	PC(14:1)
	Yes
	No
	Yes
	No

	PE(14:1)
	Yes
	Yes
	Yes
	Yes

	PG(14:1) 
(Na salt)
	Yes
	Yes,
[M-Na]-
	Yes
	Yes, 
[M-Na]-

	PI(14:1) 
(NH4 salt)
	Yes
	Yes, 
[M-NH4]-
	Yes
	Yes, 
[M-NH4]-

	PS(14:1) 
(Na salt)
	Yes
	No
	Yes
	Yes, 
[M-Na]-

	SM(18:1)
	Yes
	No
	No
	No

	TG(18:1)
	Yes
	No
	No
	No



[bookmark: _Ref81296295][bookmark: _Toc81920359][bookmark: _Toc87009217]Table 4. Comparison of elution quality between C5 and HILIC stationary phases across positive and negative ionization mode using Avanti’s LightSPLASH standard mix.
	Lipid Species
	C5 Column
Positive Ionization
	C5 Column
Negative Ionization
	HILIC Column
Positive Ionization
	HILIC Column
Negative Ionization

	C15 Ceramide
	Yes
	Yes
	Yes
	Yes

	Chol Ester (18:1)
	No
	No
	No
	No

	DG(15:0/18:1)
	Yes
	No
	No
	No

	Lyso-PC(18:1)
	Yes
	No
	Yes
	No

	Lyso-PE(18:1)
	Yes
	Yes
	Yes
	Yes

	MG(18:1)
	Yes
	No
	No
	No

	PC(15:0/18:1)
	Yes
	No
	Yes
	No

	PE(15:0/18:1)
	Yes
	Yes
	Yes
	Yes

	PG(15:0/18:1) 
(Na salt)
	Yes
	Yes, 
[M-Na]-
	No
	Yes,
[M-Na]-

	PI(15:0/18:1) 
(NH4 salt)
	Yes
	Yes, 
[M-NH4]-
	Yes
	Yes,
[M-NH4]-

	PS(15:0/18:1) 
(Na salt)
	No
	Yes, 
[M-Na]-
	No
	Yes, 
[M-Na]-

	SM(d18:1/18:1)
	Yes
	No
	No
	No

	TG(15:0/18:1/15:0)
	No
	No
	No
	No



Additionally, in testing of extracts from strains of P. putida, HILIC separations resulted in a wider variety of lipid samples than RP analyses, as can be observed in Figure 13. Not only were more lipid species detected in HILIC by head group, over double the individual lipid species were detected in most HILIC samples. Crucially, cardiolipin was not detected using the C5 RP column, while it was readily observed and one of many different expected lipid classes seen using the HILIC column. If cardiolipin was not a major component of the bacterial species being tested, it would have been much easier to approach the later described experiments with a complementary chromatography approach, but the known presence of cardiolipin within bacteria meant that HILIC was needed for a more complete analysis.
Another important observation is the disparity in intensities between lipid species. Specifically, while the relative proportion of PG to PE was around 2:1 in the HILIC separations, this widened significantly to at least 4:1 and maxed out at 8:1 in the RP separations, which is indicative of differing response rates of the analyte to the separation method. To track this, peak areas of equimolar standards of PG, PE, and CL within Avanti’s Ion Mobility mix were extracted to observe the peak area ratios of PG, PE, and CL (Table 5). Despite equimolar concentrations of each lipid standard, the peak areas differed depending on the lipid class. Because this was done in a pure standard mix, matrix effects were assumed to be relatively low, which is not necessarily a logical assumption in a cellular lipid extract. Still, this can be a useful correction to be able to compare relative proportions of lipid within a sample, and this correction was applied in Chapters 4 and 5 when appropriate. 
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[bookmark: _Ref81261935][bookmark: _Toc81920375][bookmark: _Toc87009245]Figure 13. Comparison of eluted lipid profiles in Pseudomonas putida EM42, EM42-cti, KT2440, and KT2440-cti between HILIC and C5 RP columns, both performed in negative ionization mode.

[bookmark: _Ref81262022][bookmark: _Ref82180717][bookmark: _Toc81920360][bookmark: _Toc87009218]Table 5. Peak areas of PG(14:1/14:1), PE(14:1/14:1), and CL(14:1/14:1/14:1/14:1) in the Avanti Ion Mobility standard mix, as well as ratios of the peak areas.
	Concentration
	10 ug/mL
	25 ug/mL
	Average Factor of PG/PE

	Solvent
	MTBE 1
	MTBE 2
	MTBE 1
	MTBE 2
	

	PG(14:1/14:1)
	1.14 x 107 
	7.65 x 106
	1.17 x 107
	1.34 x 107
	

	PE(14:1/14:1)
	4.36 x 106
	4.40 x 106
	7.41 x 106
	6.10 x 106
	

	PG/PE
	2.62
	1.74
	1.59
	2.20
	2.04

	
	
	
	
	
	

	Concentration
	10 ug/mL
	25 ug/mL
	Average Factor of PG/CL

	Solvent
	MTBE 1
	MTBE 2
	MTBE 1
	MTBE 2
	

	PG(14:1/14:1)
	1.14 x 107 
	7.65 x 106
	1.17 x 107
	1.34 x 107
	

	CL(14:1/14:1/14:1/14:1)
	1.53 x 107
	1.55 x 107 
	2.70 x 107
	2.31 x 107
	

	PG/CL
	0.75
	0.49
	0.43
	0.58
	0.56

	
	
	
	
	
	

	Concentration
	10 ug/mL
	25 ug/mL
	Average Factor of PE/CL

	Solvent
	MTBE 1
	MTBE 2
	MTBE 1
	MTBE 2
	

	PE(14:1/14:1)
	4.36 x 106
	4.40 x 106
	7.41 x 106
	6.10 x 106
	

	CL(14:1/14:1/14:1/14:1)
	1.53 x 107
	1.55 x 107 
	2.70 x 107
	2.31 x 107
	

	PG/CL
	0.28
	0.28
	0.27
	0.26
	0.28


With all these factors in mind, it was found that based on the proposed sample sets, expected range of lipids, and the limits of the instrumentation being used, HILIC was the stationary phase best suited for the needs of this lipidomics platform.
[bookmark: _Toc81494105][bookmark: _Toc87009162]Polarity selection in lipidomics
Another major consideration for all mass spectrometry-based omics sciences is knowing which ionization polarity is effective for the specific sample set being tested. Proteomics utilizing mass spectrometry is strongly dominated by positive ionization studies, but given the variability of the electronic character of amino acids and the preference of post-translational modifications for negative ionization, comprehensive proteomics studies would be remiss without a thorough examination of a sample in both polarity modes [182]. Similarly, metabolomics has historically also followed a similar trend, given large classes of molecules tend to prefer positive or negative ionization modes [183], and even within lipidomics this still applies. Although the fundamental base of most phospholipids, phosphatidic acid, retains a strong negative charge thanks to the phosphate group, the addition of various headgroups can quickly modify that. 
Specifically, in the case of lipidomics, it is possible to be somewhat more selective in how one chooses to approach an approach based in mass spectrometry. This becomes a key consideration in analysis of plant and animal cell-derived lipidomes, as phosphatidylcholine (PC) is a major component of the membranes in those organisms. However, PC is rarely observed in bacterial membranes, which allows a level of selectivity within bacterial lipidomics analyses. The major expected phospholipids in most bacterial species are PG, PE, and CL, with trace amounts of PA, PS, and PI occasionally be present as either species-specific contributors or as intermediates of synthesis for the more common phospholipids. As such, use of a singular polarity mode where all of those species can be readily detected can greatly streamline analysis (Table 6). Standards of those specific phospholipid species (Figure 14) indicated that both PE and PG were readily visible in both positive and negative mode, while cardiolipin stands out as primarily visible within negative ionization mode only. As a result, negative ionization stands out as the polarity of choice for bacterial lipidomics studies (Figure 15). 
While there are studies that have shown methods for using both modes with minimal effort [184, 185], they often use setups that can utilize both positive and negative ionization with minimal risk or downtime. Most modern instruments (such as the Thermo Q-Exactive instruments) can easily switch back and forth between polarities within a set of runs, but older instruments (like the LTQ Orbitrap Velos Pro used here) often need downtime in between runs of differing polarities. For experiments where both positive and negative polarity runs are performed, this is circumvented by placing several blanks in a run sequence that help to bridge the gap and allow sufficient time for the instrument to re-equilibrate to a different polarity. Still, if prior knowledge of expected phospholipids is known, the time investment into measuring samples using both polarities may not be worth the effort. Therefore, alongside testing of the LC-MS platform in general for metrics like spray quality and stability, negative ionization was determined to be a much more functionally useful ionization mode. While there is a possibility that positive mode could yield results for minor phospholipids, negative mode is the ionization mode of choice to comprehensively process bacterial lipidomes.
[bookmark: _Ref81262320][bookmark: _Ref82180733][bookmark: _Toc81920361][bookmark: _Toc87009219]Table 6. Preferred ionization polarities for major classes of phospholipids.
	Phospholipid Species
	Polarity (at neutral pH)
	Preferred Ionization Mode

	Phosphatidic Acid 
(PA)
	Anionic
	Either

	Phosphatidylglycerol 
(PG)
	Anionic
	Either

	Phosphatidylethanolamine (PE)
	Zwitterionic
	Either

	Phosphatidylcholine 
(PC)
	Zwitterionic
	Positive

	Phosphatidylserine 
(PS)
	Anionic
	Either

	Phosphatidylinositol 
(PI)
	Anionic
	Either

	Cardiolipin 
(CL)
	Anionic
	Negative
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[bookmark: _Ref81262430][bookmark: _Toc81920376][bookmark: _Toc87009246]Figure 14. Extracted ion chromatograms of the PG, PE, and CL standards within a 25 µg/mL dilution of the Avanti Ion Mobility standard mix in A) positive ionization mode and B) negative ionization mode.
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[bookmark: _Ref81262462][bookmark: _Toc87009247][bookmark: _Toc81920377]Figure 15. Comparison of eluted lipid profiles in a selection of Pseudomonas putida samples (KT2400/EM42 and and KT2440-cti/EM42-cti, strains with an overexpressed cis-trans isomerase, cti) run on a HILIC column in positive and negative ionization modes, along with total lipid species observed in each sample. 

[bookmark: _Toc81494106][bookmark: _Toc87009163]Identification of key phospholipid species using MS spectra

Finally, before delving into applied lipidomics experiments, it is important to understand the general contents of the samples in question. Much like proteomics, lipidomics carries a significant advantage over metabolomics because of a level of predictability granted by a building block-like system of lipid construction. While this is not universally applicable to all lipids (sterols and acylglycerides have their own unique construction), for phospholipidomics this is incredibly powerful. Outlined here are brief descriptions of the major expected phospholipids for the experiments described within Chapters 4-5 along with additional species that were deemed relevant due to presence as intermediate species or as literature-reported lipid variants. Annotated mass spectra were extracted from runs using the Differential Ion Mobility System Suitability LipidoMix Kit from Avanti Polar Lipids.
[bookmark: _Toc81494107][bookmark: _Toc87009164]Phosphatidylglycerol and phosphatidylethanolamine
The cell membranes of most bacteria are primarily composed of phosphatidylglycerol (PG) and phosphatidylethanolamine (PE), with varying proportions depending on the species in question [186]. Both are produced from cytidine diphosphate-diacylglycerol (CDP-DAG), a derivative of the main phospholipid precursor phosphatidic acid (PA). For PG, CDP-DAG reacts with glycerol-3-phosphate to form an intermediate known as phosphatidylglycerol phosphate; the phosphate group is hydrolyzed to result in PG species. PE is synthesized by transformation of CDP-DAG into phosphatidylserine, a common phospholipid in other organisms but often only fleetingly observed in bacteria as an intermediate, followed by a decarboxylation step to create PE species [57]. The structures of PG and PE are shown in Figure 16.
As mentioned earlier, mass-spectrometry based lipidomics is aided by a certain level of predictability in how lipids fragment. It is often very easy to obtain MS2 spectra with clear fatty acid traces as well as some type of peak or neutral loss that corresponds to the headgroup of a specific phospholipid species. Figure 17 shows a sample MS2 spectra of PG with characteristic fragmentation peaks. In negative ionization mode, while the glycerol head group is too low of a mass to be observed in the MS2 spectrum, the loss of the glycerol can be observed at m/z 587 as a loss of 74 Da, which is the rearranged oxirane form of glycerol created through the loss of water. Additionally, PG generally follows the pattern of most phospholipid ionization, showing the fragmentation and loss of fatty acids through the base fragment peaks (here, shown at m/z 225 since both fatty acid chains are identical) and the loss of the fatty acid (at m/z 435) [187].
Figure 18 shows a sample MS2 spectra of PE with characteristic fragmentation peaks. PE is somewhat harder to pin down specifically by MS2 validation simply because the ethanolamine head group lies beneath the m/z range of the MS2 spectrum, and there is no discernable loss peak that can be connected to the head group, at least with the settings used in these experiments. There is a rearranged version of the headgroup involving an additional fragment of the phospholipid being retained as an epoxidized adduct; this ion appears at m/z 196 and is visible within the mass spectrum, giving validation that this is in fact PE [188]. 
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[bookmark: _Ref81262716][bookmark: _Toc81920378][bookmark: _Toc87009248]Figure 16. General structures of A. PG and B. PE.
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[bookmark: _Ref81262773][bookmark: _Toc81920379][bookmark: _Toc87009249]Figure 17. Extracted ion chromatogram (top) and MS2 spectrum (bottom) of PG(14:1/14:1) along with annotated fragment peaks. 
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[bookmark: _Ref81262781][bookmark: _Toc81920380][bookmark: _Toc87009250]Figure 18. Extracted ion chromatogram (top) and MS2 spectrum (bottom) of PE(14:1/14:1) along with annotated fragment peaks.

[bookmark: _Toc81494108]Another issue with MS2 validation of PE is the issue of isomeric convolution with PC species [189]. However, this can be largely mitigated by which ionization mode is selected for analysis. As shown earlier, this setup did not detect PC species in negative ionization mode, and all This can also be somewhat avoided through prior research of the samples in question – both B. subtilis [171] and P. putida [172] do not have any reported presence of PC as a component of their membranes.
[bookmark: _Toc87009165]Cardiolipin
Cardiolipin (CL, structure shown in Figure 19, fragmentation of CL(14:1/14:1/14:1/14:1) shown in Figure 20) is also present in many bacterial cell membranes but at much lower concentrations as a structural aid. It is synthesized from PG as a dimer of sorts, creating a phospholipid that has one glycerol head group but with four fatty acid chains instead of two. Fragmentation of cardiolipin is somewhat dependent on the sample – cardiolipin can appear as a doubly charged ion, as shown earlier (Table 3), or as a singly charged ion, as is commonly observed within extracted lipidomes from samples. Doubly charged cardiolipin ions are relatively easy to decipher thanks to the presence of the singly charged parent ion (here, at m/z 1230), as well as the loss of fatty acids from the singly charge parent ion (m/z 1005) [190].
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[bookmark: _Ref81262864][bookmark: _Toc81920381][bookmark: _Toc87009251]Figure 19. General structure of cardiolipin.
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[bookmark: _Ref81262856][bookmark: _Toc81920382][bookmark: _Toc87009252]Figure 20. Extracted ion chromatogram (top) and MS2 spectrum (bottom) of CL(14:1/14:1/14:1/14:1) along with annotated fragment peaks. 

[bookmark: _Toc81494109][bookmark: _Toc87009166]Phosphatidylserine and phosphatidic acid
As mentioned previously, PS and PA (structures shown in Figure 21, fragmentation of PS shown in Figure 22, fragmentation of PA shown in Figure 23) are only present as intermediates in bacteria and not as majorly abundant phospholipid species – PS is regularly observed as an intermediate in PE production, while PA is a universal precursor to most common phospholipids. However, it is still important to be able to identify them, as lysis of cell cultures will likely result in extraction of non-zero amounts of PS and PA due to interrupted metabolism and synthesis. 
PS is readily identifiable by the neutral loss of the serine headgroup; this is visible at m/z 587 (Figure 22) [188]. Additionally, normal fatty acid fragmentation can be observed as described earlier, with losses of fatty acids showing up as peaks along with the aforementioned neutral loss of serine. As the common precursor to most phospholipids, PA does not have a specialized head group, and as such, there is no head group to observe in fragmentation. The resultant fragmentation is very simple (Figure 23) – observation of the fatty acid fragment, as well as the losses from those fatty acids and the ketene forms of the fatty acids from the parent ion.
Using these known fragmentation patterns for each phospholipid species as well as the data mining tools afforded by programs such as MZmine and LIQUID, as will be described later, it is possible to create lists of high quality, high confidence annotations of lipid profiles.
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[bookmark: _Ref81262970][bookmark: _Toc81920383][bookmark: _Toc87009253]Figure 21. General structures of A. PS and B. PA. 

.





[image: Graphical user interface

Description automatically generated]
[bookmark: _Ref81262980][bookmark: _Toc81920384][bookmark: _Toc87009254]Figure 22. Extracted ion chromatogram (top) and MS2 spectrum (bottom) of PS(14:1/14:1) along with annotated fragment peaks. 
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[bookmark: _Ref81263015][bookmark: _Toc81920385][bookmark: _Toc87009255]Figure 23. Extracted ion chromatogram (top) and MS2 spectrum (bottom) of PA(14:1/14:1) along with annotated fragment peaks. 

[bookmark: _Toc81494110][bookmark: _Toc87009167]Use of isotopic labeling in lipidomics

While not a major component of the studies shown here, it is important to mention the utility that isotopic labeling can provide to an omics study [191-195]. While most untargeted studies aim to fully catalog as many of the components of a sample as possible, the incorporation of isotopic labeling into an organism and/or sample can reveal crucial insights into how molecules move within a system and are transformed into other molecules. In mass spectrometry-based omics, the simple mass different between a labeled and unlabeled atom is more than enough to identify an added molecular isotope or a downstream derivative of a known added isotope, which can help to reveal the movement of molecules within a system and unlock new lines of targeted research. 
[bookmark: _Toc81494111][bookmark: _Toc87009168]Tracking the efficiency of label incorporation into the bacterial cell membrane
Tracking the incorporation of deuterium into phospholipids can be a useful tool for researchers. While deuterium is an appealing labeling method in general due to the ease with which one can generate deuterated molecules, there are some discrepancies that need to be addressed when it comes to exchangeable hydrogens. When feeding a cell culture an aliquot of known percentages of deuterated water, a reasonable expectation for incorporation into the sample is that molecules will have deuterium incorporation that is comparable to the percentage of D2O fed to the sample. However, this is not generally observed, as the phospholipids in samples grown in 100% D2O never exceeded 85% incorporation, with the lower percentages of feedstock D2O following similar trends. Similarly, this has been observed in previous studies that have a setup not unlike what has been described here [196-198].
The cause of this is likely a very simple answer that can be quickly tested and reveal some interesting insights into how the cell synthesizes both phospholipids as well as the components (fatty acids and head groups). D2O is not the only component of the cell culture broth; there are also sugars and other molecules containing hydrogen that could just as easily be incorporated into a given phospholipid and affect the percentage of deuterium incorporation. To fully achieve a level of deuterium incorporation that is in line with the expected percentage of deuterium, it is necessary to regulate not only the D2O but also any other organic molecules in the media that the cell could incorporate. This generally means analyses such at this require media-relevant sugars to also be fully deuterated, which would then likely cover as many of the possible routes of exchangeable hydrogens into the cell as possible.
Despite these challenges, this type of analysis has shown some very promising preliminary results, with the fatty acids (Figure 24), PE species (Figure 25), PG species (Figure 26), and CL species (Figure 27) all showing distinct patterns of deuteration. Despite a certain level of necessary ambiguity about the exact number of labeled carbons per lipid species at each deuteration level, especially considering the previous concerns about unlabeled hydrogens managing to be incorporated into the phospholipids even at 100% deuterated water, there is clear evidence of a rising amount of deuteration within both the fatty acids and the phospholipids as the level of deuteration in the starting culture increases. Further testing to establish easier methods of identifying the level of deuterium incorporation is needed, but this is a promising start. 
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[bookmark: _Ref81263247][bookmark: _Toc81920386][bookmark: _Toc87009256]Figure 24. Comparison of lipid profiles across various deuteration levels within the fatty acids of E. coli
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[bookmark: _Ref84589780][bookmark: _Toc87009257]Figure 25. Comparison of lipid profiles across various deuteration levels within the  PE species of E. coli
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[bookmark: _Ref84589784][bookmark: _Toc87009258]Figure 26. Comparison of lipid profiles across various deuteration levels within the  PG species of E. coli
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[bookmark: _Ref84589788][bookmark: _Toc87009259]Figure 27. Comparison of lipid profiles across various deuteration levels within the  CL species of E. coli






[bookmark: _Toc81494112][bookmark: _Toc87009169]Processing lipidomics data – selected tools and techniques

Data processing is always a key consideration with omics analysis. Being able to full utilize all aspects of mass spectrometry-produced data as well as manipulating and filtering it properly means that it is necessary to explore all the possible options available that would be useful. While there are still many informatics packages locked behind paywalls or instrumentation-specific metrics, there are a wide variety of free, open-source programs available that can perform a more than sufficient analysis. Here, the selection and rationale behind approaching lipidomics with an informatics platform comprised of several methods and programs will be discussed.
[bookmark: _Toc81494113][bookmark: _Toc87009170]Data processing programs
The first software package commonly used within metabolomics is MZmine, a frequently updated metabolomics data processing and annotation informatics package that provides a high level of data curation while also containing access to several different databases. Very user friendly and highly customizable to whatever experiment or dataset being examined, MZmine offers a fantastic platform for almost any type of omics analysis, modified to the demands of the researcher piloting it. As a brief overview, MZmine utilizes raw spectral files that can be transformed and enhanced in several different fashions, depending on the study in question. Spectral lists with information-rich peaks can be generated, which then can be modified, edited, and filtered using several modules to the level with which the researcher is comfortable, after which the files can be searched using databases that have MZmine plug-ins. 
Outside of processing time for certain modules and database searches, MZmine is a relatively quick and intuitive program. Still, there is one notable downside, and that lies in the near complete lack of any level of MS2 validation. While MZmine does use MS2 scans to create pick lists, it does not utilize that data in any appreciable way, which means tentative annotations rely almost exclusively on high mass accuracy MS1 masses. This can lead to major issues specifically with isomers - metabolomics and lipidomics are rife with isomers that can quickly convolute analyses, and a lack of MS2 validation means the only way to approach a level of accuracy is to use context clues from the organism or system being examined. This can be used in lipidomics in select circumstances; the studies described later rely on the assumption that a lack of clarity between PC and PE is largely moot because of the species in question not possessing any discernable level of PC. However, metabolomics is much harder to deconvolute this issue. Take central metabolism as an example – with the abundance of sugars and sugar derivatives in glycolysis, interest may arise in being able to discriminate between forms of fructose and glucose. While there are labeling methods that can achieve this [199, 200], reliance on underivatized samples and MS1 measurements cannot fully achieve desired results.
To solve the issue of MS2 validation in lipidomics, LIQUID was explored as a possible alternative or complementary package to MZmine. On the surface, LIQUID appears to be an exceptional upgrade over MZmine. After processing a raw file with appropriate mass error boundaries, LIQUID generates an output file based on mass accuracy and MS2 fragment overlap, giving a score that is indicative of how well a given MS1 peak matches up to the database based on head group- and fatty acyl-specific MS2 fragmentation. However, the one major downside to LIQUID is a complete lack of any data consolidation or processing tools. Files can only be processed one by one, which eliminates any possibility of automated alignment and consolidation of files, and there are no filtering tools to eliminate duplicate peaks. As a result, despite the massive upgrade this program provides over MZmine in MS2 validation, LIQUID is still somewhat limited in applicability as a stand-alone application, though it does notably work very well as a very quick spot checker for simplified runs such as standards. Additionally, while LIQUID is very proficient at basic phospholipid identifications, LIQUID’s provided databases appear to be limited to just that; examination of MZmine hits do reveal occasional lipid variants and fatty acid modifications, while LIQUID appears to be more restricted to basic, higher-level lipids. 
New tools for lipidomics are also being produced every year, with LipidCreator [201] and lipidr [202] being just two promising programs released in the past 2 years that were considered as possible alternatives. There are also more traditional tools that have been available for years, such as LipidBlast [203] and the recently updated LipidFinder 2.0 [95], as well as instrument- or platform-specific programs like Thermo’s LipidSearch and Sciex’s LipidView. Each one offers slightly different levels of peak validation, data processing, and user viability, but the level of comfort with the programs selected as well as the scientific questions being probed meant that MZmine and LIQUID were the primary choices for later experiments.
It is also worth mentioning manual annotation as the most basic method of tentative annotation and species confirmation. Manual spectra examination remains the best method for determination of lipid species, but it is an incredibly slow method. Still, in a field where variants and modifications are common and largely unrepresented in most databases, despite being reported in literature, knowing how to manually explore spectra for MS1 masses and figure out how a given molecule fragments to identify peaks within an MS2 spectrum is a crucial skill to have. In this manner, it is possible to fully validate tentative annotations with highly accurate precursor masses as well as identification of key fragment peaks, but it is preferable to only use this when database searching proves fruitless.
[bookmark: _Toc81494114][bookmark: _Toc87009171]Conclusions

Described here was a thorough exploration into each step of the lipidomics analysis outlined in Chapter 2, critically examining each step for validity and optimization as well as explaining the thought process behind selection of techniques used over possible alternatives. Having established both a methodology as well as robust testing of validation of the various steps within the procedure, the next step is to apply these principles to actual samples. In the following two chapters, lipidomics experiments are describe that have probed the lipid profiles of Bacillus subtilis and Pseudomonas putida samples under several conditions. These include growth in several solvents and solutions that are indicative of conditions that might be present where those bacterial species are expected to be of specialized industrial use in the future. By understanding the changes induced within the cell membrane by presence of specific conditions, it may become possible to engineer bacterial strains that can better adapt and survive under those conditions for large scale industrial applications.
[bookmark: _Toc87009172]CHAPTER 4: PROBING OF THE LIPIDOME OF THE MODEL ORGANISM BACILLUS SUBTILIS ACROSS DIFFERENT GROWTH CONDITIONS REVEALS SHIFTS IN PHOSPHOLIPID COMPOSITION


A version of this chapter is in preparation for publication:

Reeves, D.T., Bonifer, K.S., Elkins, J.G., Hettich, R.L. “Changes in membrane physiology of Bacillus subtilis from biofuel reactor conditions revealed by HILIC-MS/MS lipidomics (tentative title).” Manuscript currently in preparation.

[bookmark: _Toc87009173]Abstract

Critical bottlenecks have emerged that require innovative solutions to overcome. As natural resources are drained and supply chains are stressed by ever growing needs, increasingly diverse methods are necessary to keep up with demand. Bacillus subtilis offers a unique research platform with which to design experiments based in biotechnology, as it has a long history of characterization as a model organism while also generating significant interest in medical, industrial, and biofuel applications. Utilization of the information provided by the B. subtilis lipidome, which has been thoroughly researched and published, can give crucial information about how the bacterial cell adapts and reacts to adverse growth conditions, from various solvent growth conditions characteristic of expected biofuel reactor conditions to genetic modifications and restrictions on cellular fatty acid access. Described here is a lipidomics platform that allows for comprehensive examination of the B. subtilis lipidome, probing differences induced by several experimental conditions as well as testing measurement depth through the exhibition of expected phospholipid profiles and lesser expected lipids. Additionally, lipid variants were characterized, such as aminoacylated derivatives of phosphatidylglycerol and cellular structural components like lipoteichoic acid, that are not always commonly reported as being present in generic lipidome extracts. The ability to pull out lipidome differences arising from known growth perturbations in conjunction with the utilization of quality MS2 spectra for lipid characterization is encouraging to future lipidomics studies, and the implications of the results within the context of B. subtilis-driven studies will fuel endeavors to create bacterial strains optimized for future biotechnology applications.
[bookmark: _Toc87009174]Introduction

Bacillus subtilis has long been used as a model organism for research projects in no small part due to thorough understanding of the genome and proteome compiled over the years and general ease in genetic manipulation, which lends itself to a certain amount of untapped potential for production of important bioproducts and even industrial goods with proper engineering [204]. This potential has intrigued scientists for years, raising the question of how to properly utilize B. subtilis in such a way that cells can efficiently produce natural products with minimal risk to the long-term viability of the cell.
This is critically important when engineering strains of B. subtilis for use in various large scale industrial biofuel operations that utilize lignin as a feedstock targeted for degradation. While bacteria have been shown to be a capable vector for lignin degradation [205], both the chemicals used to help soften lignin to a state that is processable as well as the expected products (short-chain alcohols) present a challenge for extended viability of the potential bacterial workhorses [206]. Therefore, it is critical to understand how the bacterial cell reacts when faced with the (often toxic) chemicals that would be expected to be present as desired products or waste. While downstream effects likely would be evident throughout all aspects of the cell, the cell membrane is particularly intriguing as it lies in direct contact with the exterior environment and would theoretically be subject to more drastic and immediate changes than either the genome or proteome [207, 208]. With phospholipids comprising the main portion of the cell membrane, lipidomics has recently risen to prominence as a useful tool in assessing how a cell or system instantaneously reacts to the presence of a foreign substance or shift in cellular environment by modifying the construction and fluidity of the cellular membrane in an attempt to survive or adapt [209]. Because of the general interest in advancing understanding of human health, utilizing lipidomics often centers around how it can aid in the discovery of important biomarkers [210-212], but applications within bacteria [213], fungi [214], and plants [215, 216] have countless different applications as well. 
The basic B. subtilis lipidome has been thoroughly investigated in the past [85, 171, 217, 218], but studies relating to how the membrane reconfigures as a function of exterior environment have largely been limited to common solvents such as methanol and ethanol [219]. While those two alcohols are highly desired products for use for industry and transportation [220, 221], the ability to efficiently mass produce longer chain alcohols would further embolden those fields. However, butanol and related isomers are not as easily produced, even though they challenge ethanol and acetone as highly prized chemicals that can be produced via microbe [222-225]. There are also considerations in the solvents required for the softening of lignocellulosic material; tetrahydrofuran (THF) is often used as a pretreatment that is effective in isolating lignin from the lignocellulosic biomass, and the active biomass would be exposed to significant levels of THF [226, 227]. However, THF has been shown to exhibit inhibitory effects on the microbial communities used in activated sludge used to treat wastewater [228, 229]. While there are reports on genomic and proteomic consequences of prolonged exposure of bacterial cultures to these solvents, effects on the bacterial cell membrane are not well reported.
In this study, a comprehensive examination of the lipidome of Bacillus subtilis will be performed, with a focus on how the phospholipid profile shifts in response to growth within varying concentrations of butanol, isobutanol, and THF. Additionally, strains of B. subtilis that have been altered to remove significant portions of the fatty acid biosynthesis pathway will be examined, probing how the membrane composition of those strains shifts when exposed to fatty acid feed stocks of variable complexity. Finally, in addition to probing the generic phospholipid profile of B. subtilis, characterization of lesser reported phospholipid derivatives and phospholipid-adjacent molecules will be undertaken, such as expected aminoacylated phospholipids as well as cellular structural components like lipoteichoic acid, which are not always observed in general lipidomics extracts and analyses. Through this study, the goal is to demonstrate tangible shifts in the phospholipid profile, tied to specific experimental conditions, that can be used in future work to engineer workhorse microbial communities with phospholipid membranes that can withstand increasingly harsh environments while not sacrificing industrial efficiency.
[bookmark: _Toc87009175]Experimental Approach 
[bookmark: _Toc87009176]Preparation of B. subtilis cell cultures
Cultures of Bacillus subtilis 168 were prepared to examine an array of modifications to phospholipid speciation and responses to environmental challenges similar to those that might be observed within biofuel reactor conditions. Fatty acid access was modulated by introducing a knockdown of the FabF gene and then adding mixtures of fatty acids to the resultant culture; all cultures (both the FabF knockdown strains and the control cultures with no modification to fatty acid biosynthesis) also contained a knockout for FadN to prevent fatty acid recycling within the cell. Fatty acid mixtures included a native mixture of six fatty acids commonly seen within  B. subtilis, as well as a more restrictive non-native mixture of two fatty acids. Additionally, cultures were grown in butanol (2%) and isobutanol (2%), as relevant potential bioproducts, and THF (6%), as a commonly used chemical for lignocellulose degradation. In addition to isolated cultures, mixtures of the fatty acid feeding conditions and solvent growth conditions were performed as well.
[bookmark: _Toc87009177]MTBE-based extraction of B. subtilis lipidome
Samples were delivered in biological triplicate as large, dried cell pellets grown to an optical density (OD) of 0.6-0.8 in 1.5 mL Eppendorf centrifuge tubes and were stored overnight at -20°C before processing, after which they were consistently kept on ice during extraction. For lipid extraction, a modified version of the Matyash method was used with MTBE, as previously described in Chapter 2 [114]. 
[bookmark: _Toc87009178]LC-MS/MS lipidomics analysis
Before sample processing, samples were loaded into auto-sampler vials (10 µL of sample, 5 µL sample injection volume). No ionization agent was added to samples prior to injection, as the additive in the HILIC-specific chromatography solvents used here (specifically, 5 mM ammonium acetate) are sufficient for ionization, both in positive- and negative-ion mode. Samples were run in batches, with technical blanks added in between similar sampling conditions for quality control as well as to monitor potential carry-over and standards run at frequent intervals to monitor consistency. Chromatographic separations and tandem mass spectrometry analysis were performed as previously described in Chapter 2 for HILIC separations in negative polarity mode. 
[bookmark: _Toc87009179]Lipidomics data analysis 
Bulk processing of the raw LC-MS/MS files was performed using the free, open-source software MZmine (version 2.53) [99, 159, 230] alongside manual annotation. Information regarding the purpose and rationale for each step of data analysis within MZmine can be found within Chapter 2.
Here, because a significant facet of the experimental design revolved around limiting the ability of the bacteria to have full access to fatty acid biosynthesis and degradation pathways, a specific range of lipids was created with prior studies and previously observed B. subtilis lipidomes in mind. References to literature indicated that the phospholipids of B. subtilis were relatively uniform and well known [231], though there is some debate on the presence of unsaturated fatty acids [171]. To that end, the masses of PE, PG, and PL species containing fatty acids of length 14-17, corresponding to the range of fatty acids including in the fatty acid mixtures fed to specific cultures in this experiment, as well as no greater than one double bond per 2 fatty acid chain phospholipid (max of 2 for cardiolipin species) were calculated, and the corresponding aligned peak areas from MZmine were assigned to each feature. The peak areas for those phospholipids are shown below for growth in normal media (Table 7), butanol (Table 8), isobutanol (Table 9), and THF (Table 10).
[bookmark: _Ref82180370][bookmark: _Ref85025658][bookmark: _Toc87009220]Table 7. Compiled master list of selected phospholipid species with averages across triplicate MZmine-aligned peak areas in B. subtilis 168 samples grown in normal media.
	Phospholipid Species
	No Solvent/No FA Feeding
	No Solvent/Native FA Mixture
	No Solvent/Non-Native FA Mixture

	PE(28:1)
	0
	369225.3254
	0

	PE(28:0)
	33183.3218
	5871.184497
	394377.8825

	PE(29:1)
	2194.391782
	417287.7238
	657462.568

	PE(29:0)
	366532.7018
	5451.292518
	136584.8929

	PE(30:1)
	28431.62967
	2909427.806
	24173431.13

	PE(30:0)
	2136151.637
	732278.0842
	606768.4296

	PG(28:1)
	3717.86891
	2464915.964
	9560.414528

	PG(28:0)
	2792027.246
	359514.5503
	1617658.276

	PE(31:1)
	436909.2763
	13478662.11
	272816.8093

	PE(31:0)
	486799.9432
	31769.79694
	21693711.69

	PG(29:1)
	25189.19157
	1439643.299
	125902.4741

	PG(29:0)
	4387951.214
	941355.5651
	3633778.806

	PE(32:1)
	3310826.019
	3248181.025
	60596.06377

	PE(32:0)
	46263269.86
	29383.79354
	53767.92449

	PG(30:1)
	513987.0254
	28844310.53
	5261984.52

	PG(30:0)
	31409040.75
	13865534.04
	77446021.8

	PE(33:1)
	502692023.5
	10703834.94
	354582.7977

	PE(33:0)
	29393737.11
	199468.3808
	0

	PG(31:1)
	10878309.5
	59594507.86
	25465999.64

	PG(31:0)
	3129830.913
	24747963.14
	465029977.6

	PE(34:1)
	32244649.53
	54687.07425
	1163.610792

	PE(34:0)
	389506.5341
	0
	0

	PG(32:1)
	22402794.18
	40805100.9
	200520.4248

	PG(32:0)
	129383933.1
	9671369.196
	10946565.83

	PG(33:1)
	1203863455
	118007748.6
	204927.8127

	PG(33:0)
	19176892.54
	19210857.77
	1022.947742

	PG(34:1)
	2545978.769
	518032.8452
	12280.26943

	PG(34:0)
	4206656.512
	1205.162678
	55326.89252

	CL(56:0)
	0
	0
	0

	CL(57:0)
	0
	0
	157132.3102

	CL(58:0)
	0
	2522.812739
	796795.1633

	CL(59:1)
	0
	0
	6710.39045

	CL(59:0)
	56873.65835
	0
	1549375.143

	CL(60:1)
	1144.330108
	0
	204836.049

	CL(60:0)
	261876.0316
	5539.278829
	3315032.717

	CL(61:2)
	2377.36184
	0
	62934.7493

	CL(61:1)
	0
	1884.290161
	2372873.409


Table 7 Continued

	Phospholipid Species
	No Solvent/No FA Feeding
	No Solvent/Native FA Mixture
	No Solvent/Non-Native FA Mixture

	CL(61:0)
	317517.864
	5053.208832
	36613965.79

	CL(62:2)
	2269.610872
	6799.485589
	173341.755

	CL(62:1)
	15518.72611
	3248.435181
	9893224.666

	CL(62:0)
	359039.1743
	20969.13057
	97520482.49

	CL(63:2)
	1584.250345
	1675.199527
	1355.478529

	CL(63:1)
	14160.04828
	3230.997518
	114870.7374

	CL(63:0)
	116924.257
	1627.980228
	1631774.289

	CL(64:2)
	4025.351023
	7798.846141
	10804.10292

	CL(64:1)
	62789.58228
	10507.65306
	2361.871341

	CL(64:0)
	83638.35224
	3655.647765
	23275.9076

	CL(65:2)
	0
	0
	0

	CL(65:0)
	81843.74808
	2236.245177
	0

	CL(66:2)
	6104739.989
	22323.96358
	32405.96719

	CL(66:1)
	2391589.231
	24986.79573
	18140.266

	CL(66:0)
	84120.10663
	5142.88952
	1943.589582

	CL(67:2)
	1192730.488
	9732.876378
	126138.5157

	CL(67:1)
	449242.7496
	3636.56685
	2083.415598

	CL(67:0)
	1433886.991
	1695.81638
	0

	CL(68:2)
	4631907.729
	850261.3061
	670483.0541

	CL(68:1)
	8649206.933
	29216.61671
	1259.523691

	CL(68:0)
	131480.3624
	0
	0





[bookmark: _Ref82180377][bookmark: _Toc87009221]Table 8. Compiled master list of selected phospholipid species with averages across triplicate MZmine-aligned peak areas in B. subtilis 168 samples grown in varying concentrations of butanol.
	Phospholipid Species
	Butanol @ 2%/No FA Feeding
	Butanol @ 2%/Native FA Mixture
	Butanol @ 2%/Non-Native FA Mixture

	PE(28:1)
	0
	0
	0

	PE(28:0)
	3455.359
	31433.95
	647836.3

	PE(29:1)
	3183.052
	3016907
	53813.33

	PE(29:0)
	9218.614
	1817080
	10024

	PE(30:1)
	41213.84
	5790066
	16438121

	PE(30:0)
	362804.8
	89419344
	58289.5

	PG(28:1)
	6385.345
	68464.84
	13031.11

	PG(28:0)
	189394.8
	72319.07
	167890.1

	PE(31:1)
	1545874
	1292099
	12856.95

	PE(31:0)
	105694.6
	38029664
	6452957

	PG(29:1)
	2457522
	1539332
	163924.3

	PG(29:0)
	1312094
	15803263
	531371.9

	PE(32:1)
	25808389
	102521.4
	24037.85

	PE(32:0)
	24863410
	58808148
	626235.4

	PG(30:1)
	4275486
	8160213
	12722105

	PG(30:0)
	6008363
	1.75E+08
	59363270

	PE(33:1)
	2.47E+08
	12105.2
	8926.025

	PE(33:0)
	16023907
	83105.22
	1746.954

	PG(31:1)
	332310.2
	6416434
	9230995

	PG(31:0)
	15388280
	1.19E+08
	3.03E+08

	PE(34:1)
	2972643
	991.0627
	1330.766

	PE(34:0)
	421925.2
	0
	0

	PG(32:1)
	8976626
	12982460
	47013.6

	PG(32:0)
	9300852
	2.49E+08
	2526142

	PG(33:1)
	14385267
	4099.572
	5315.308

	PG(33:0)
	1136120
	1586933
	21021.18

	PG(34:1)
	676299
	29782.57
	1577.762

	PG(34:0)
	307179.4
	84087.82
	22645.27

	CL(56:0)
	0
	0
	0

	CL(57:0)
	0
	0
	0

	CL(58:0)
	0
	297423.6
	1285.562

	CL(59:1)
	0
	282779
	0

	CL(59:0)
	18658.11
	6913208
	40100.75

	CL(60:1)
	1720.881
	2450703
	62729.39


Table 8 Continued

	Phospholipid Species
	Butanol @ 2%/No FA Feeding
	Butanol @ 2%/Native FA Mixture
	Butanol @ 2%/Non-Native FA Mixture

	CL(60:0)
	79853.73
	33049056
	2403358

	CL(61:2)
	5226.289
	0
	9886.6

	CL(61:1)
	6497.846
	2571888
	1337158

	CL(61:0)
	64209.05
	24792770
	45721275

	CL(62:2)
	0
	4363.1
	0

	CL(62:1)
	5447.933
	3686812
	1716296

	CL(62:0)
	310629.9
	32001060
	1.07E+08

	CL(63:2)
	1243.305
	6109.086
	2486.92

	CL(63:1)
	110990.3
	1010209
	21943.71

	CL(63:0)
	236746
	17977424
	283318.5

	CL(64:2)
	45385.35
	16671.71
	13145.16

	CL(64:1)
	163021.9
	1285712
	7068.758

	CL(64:0)
	197092.1
	22998950
	1348.719

	CL(65:2)
	3377040
	0
	0

	CL(65:0)
	230157.1
	82113.72
	7944.025

	CL(66:2)
	62843715
	63500.63
	1038.921

	CL(66:1)
	20868002
	0
	17290.4

	CL(66:0)
	77048.37
	981.1345
	0

	CL(67:2)
	5862908
	397243.7
	7690.919

	CL(67:1)
	2831287
	15814.61
	0

	CL(67:0)
	337789.2
	1139.617
	0

	CL(68:2)
	11303277
	449054.7
	251510.9

	CL(68:1)
	1920356
	0
	997.0182

	CL(68:0)
	1228836
	2114.543
	0





[bookmark: _Ref82180385][bookmark: _Toc87009222]Table 9. Compiled master list of selected phospholipid species with averages across triplicate MZmine-aligned peak areas in B. subtilis 168 samples grown in varying concentrations of isobutanol.
	Phospholipid Species
	Butanol @ 2%/No FA Feeding
	Butanol @ 2%/Native FA Mixture
	Butanol @ 2%/Non-Native FA Mixture

	PE(28:1)
	0
	0
	0

	PE(28:0)
	88681.98
	22920.07
	124004

	PE(29:1)
	16060.34
	43523.12
	951.6202

	PE(29:0)
	575850
	356867.4
	147820.5

	PE(30:1)
	30066.44
	2058225
	210533.1

	PE(30:0)
	4087494
	18518012
	9276673

	PG(28:1)
	7931.904
	62211.01
	101002.3

	PG(28:0)
	1307605
	48022.75
	6125.438

	PE(31:1)
	37539.73
	118036.7
	16882.68

	PE(31:0)
	4690131
	30171038
	1.03E+08

	PG(29:1)
	90111.72
	2018740
	135423.4

	PG(29:0)
	7214106
	14275437
	31837.11

	PE(32:1)
	203023.2
	197819.3
	34521.33

	PE(32:0)
	8787904
	28581686
	941679.6

	PG(30:1)
	424768.5
	1903172
	2558364

	PG(30:0)
	45081214
	1.69E+08
	20565235

	PE(33:1)
	1624362
	102510
	158400.7

	PE(33:0)
	24837.15
	15764.39
	6950.741

	PG(31:1)
	349846.9
	1380529
	392038.4

	PG(31:0)
	33826234
	1.31E+08
	1.1E+08

	PE(34:1)
	0
	1149.018
	0

	PE(34:0)
	0
	0
	0

	PG(32:1)
	224798
	201946.8
	588706.7

	PG(32:0)
	32084016
	98237981
	680256.3

	PG(33:1)
	374243.6
	147899
	149695.3

	PG(33:0)
	442837.9
	332922.7
	8283.131

	PG(34:1)
	8953.018
	65414.1
	4680.28

	PG(34:0)
	82528.87
	3033.733
	2777.628

	CL(56:0)
	0
	0
	0

	CL(57:0)
	0
	0
	0

	CL(58:0)
	141575.3
	322244.7
	7065.146

	CL(59:1)
	1722.041
	11007.95
	6767.186

	CL(59:0)
	878101.2
	3101968
	6305.94

	CL(60:1)
	6808.397
	777474.8
	10765.17


Table 9 Continued

	Phospholipid Species
	Butanol @ 2%/No FA Feeding
	Butanol @ 2%/Native FA Mixture
	Butanol @ 2%/Non-Native FA Mixture

	CL(60:0)
	2104205
	52795456
	1980644

	CL(61:2)
	0
	29473.88
	10404.97

	CL(61:1)
	32565.18
	294512.6
	23644.45

	CL(61:0)
	1869504
	57004234
	18023752

	CL(62:2)
	0
	988.6198
	1089.754

	CL(62:1)
	36467.58
	73810.47
	125952.5

	CL(62:0)
	6595169
	49468729
	69474968

	CL(63:2)
	0
	5080.482
	3887.81

	CL(63:1)
	8400.446
	33588.98
	5984.15

	CL(63:0)
	4804776
	25920196
	43258.84

	CL(64:2)
	0
	26975.21
	18917.09

	CL(64:1)
	5269.045
	11987.9
	2843.565

	CL(64:0)
	1431652
	8332866
	8321.577

	CL(65:2)
	0
	0
	0

	CL(65:0)
	123710.9
	115335.7
	7535.365

	CL(66:2)
	242697.6
	14133.16
	2469.03

	CL(66:1)
	133054.3
	2471.504
	3034.468

	CL(66:0)
	0
	0
	150823.8

	CL(67:2)
	20165.88
	179256.7
	6324.368

	CL(67:1)
	160180.2
	1451.542
	5142.529

	CL(67:0)
	54165.12
	1051.971
	16471.02

	CL(68:2)
	219061.3
	131951.1
	49429.5

	CL(68:1)
	0
	1730.313
	263228.8

	CL(68:0)
	0
	995.2207
	1207.655





[bookmark: _Ref82180391][bookmark: _Toc87009223]Table 10. Compiled master list of selected phospholipid species with averages across triplicate MZmine-aligned peak areas in B. subtilis 168 samples grown in varying concentrations of THF.
	Phospholipid Species
	THF @ 6%/No FA Feeding
	THF @ 6%/Native FA Mixture
	THF @ 6%/Non-Native FA Mixture

	PE(28:1)
	0
	0
	0

	PE(28:0)
	9139550
	35793.56
	31521.66

	PE(29:1)
	7250.224
	702441.8
	3725.714

	PE(29:0)
	39094041
	3215731
	4379.504

	PE(30:1)
	161931.8
	1159493
	58857997

	PE(30:0)
	1.15E+08
	70076925
	290080.4

	PG(28:1)
	456696.4
	202590.1
	4186.08

	PG(28:0)
	23221180
	233718.6
	21984.09

	PE(31:1)
	676401.5
	168596.1
	29301.53

	PE(31:0)
	1.21E+08
	52198368
	13803786

	PG(29:1)
	2971259
	2460956
	64376.21

	PG(29:0)
	1.36E+08
	26241119
	14065.04

	PE(32:1)
	371773.1
	49922.46
	7449.387

	PE(32:0)
	77418738
	32249269
	67575.38

	PG(30:1)
	5074697
	5986384
	2041203

	PG(30:0)
	5.57E+08
	2.99E+08
	12265830

	PE(33:1)
	195959.4
	6851.178
	20798.73

	PE(33:0)
	891880.4
	35939.27
	2731.946

	PG(31:1)
	5872737
	6596172
	31679292

	PG(31:0)
	6.03E+08
	2.37E+08
	2.69E+08

	PE(34:1)
	0
	0
	0

	PE(34:0)
	144046.8
	0
	0

	PG(32:1)
	4959648
	3339953
	1362006

	PG(32:0)
	5.46E+08
	1.7E+08
	9174173

	PG(33:1)
	104279.7
	2183.747
	21454.24

	PG(33:0)
	18169813
	1086736
	11888.25

	PG(34:1)
	296208.4
	153264
	8072.067

	PG(34:0)
	3660594
	5221.21
	1092.83

	CL(56:0)
	0
	0
	0

	CL(57:0)
	325788.9
	0
	0

	CL(58:0)
	1934977
	116386.7
	4635.392

	CL(59:1)
	0
	8358.592
	6007.111

	CL(59:0)
	4486822
	7173426
	6885.485

	CL(60:1)
	3437.499
	591394.2
	1715.765


Table 10 Continued

	Phospholipid Species
	THF @ 6%/No FA Feeding
	THF @ 6%/Native FA Mixture
	THF @ 6%/Non-Native FA Mixture

	CL(60:0)
	11242015
	48990584
	9082.161

	CL(61:2)
	1202.391
	8203.671
	4232.763

	CL(61:1)
	73526.19
	781615
	722241.8

	CL(61:0)
	28351203
	56567725
	6325972

	CL(62:2)
	29469.43
	3805.132
	708678.4

	CL(62:1)
	106989.7
	644972.8
	16682636

	CL(62:0)
	39143723
	39675936
	54413784

	CL(63:2)
	22596.49
	41843.12
	0

	CL(63:1)
	87147.35
	124521.6
	30587.36

	CL(63:0)
	20497428
	22796240
	460525.6

	CL(64:2)
	4848.915
	17906.61
	5156.106

	CL(64:1)
	49055
	9918.969
	0

	CL(64:0)
	7631046
	9734290
	4139.545

	CL(65:2)
	0
	0
	0

	CL(65:0)
	210751.9
	5832.173
	0

	CL(66:2)
	885068.5
	275021.8
	4041.21

	CL(66:1)
	18731.61
	1165.368
	2422

	CL(66:0)
	2875.987
	0
	2818.574

	CL(67:2)
	2839581
	2194636
	9439.939

	CL(67:1)
	26394.04
	109628
	5791.713

	CL(67:0)
	14148.07
	1153.91
	13600.3

	CL(68:2)
	4547642
	3057167
	39246.24

	CL(68:1)
	0
	0
	1110.827

	CL(68:0)
	0
	0
	1061.127





[bookmark: _Toc87009180]Results and Discussion
[bookmark: _Toc87009181]Unmodified Bacillus subtilis phospholipidomics are in line with previous studies
To begin, the basic phospholipid profile of B. subtilis was examined. Figure 28 shows the raw sum peak areas for the major B. subtilis phospholipids PE, PG, and CL as detected in the main control sample of this study, with no major genetic modifications outside of the FadN knockout and no solvent modifications or fatty acid enrichments to growth and the cell culture. As mentioned previously, the phospholipids in this study contained a specific range of fatty acids, in line with previous studies using strains with modifications like what was used here, as well as head groups of the major expected phospholipid species in B. subtilis [231]. Additionally, because later experiments in this study explored the influence of fatty acid supplements to the composition of the lipidome, the range of expected phospholipids was further narrowed, resulting in a semi-targeted lipidome containing PG, PE, and CL species of fatty acid chain length 14-17 (corresponding to total fatty acid chain lengths of 28-34 in PG and PE and 56-68 in CL) were considered, alongside fully saturated and monounsaturated chains. This ensured that adequate comparison across sample conditions could be performed, though this could certainly lead to the exclusion of phospholipids with shorter fatty acid chains as a result of membrane damage or any potential lysophospholipid species present in the sample.


[image: Chart, bar chart

Description automatically generated]
[bookmark: _Ref82000578][bookmark: _Toc87009260]Figure 28. Comparison of the observed phospholipids (0-1 double bonds and FAs ranging from 14-17 carbons in length) for the no fatty acid feeding control of B. subtilis 168. 



Previously reported ratios for the general B. subtilis lipidome, across several commonly used strains, are shown below in Table 11. Generally, B. subtilis and other Gram-positive bacteria (Bacillus, Staphylococcus, and Streptococcus species) trend towards relatively even proportions of PG or PE, with some species even pushing towards PG being the dominant phospholipid, while Gram-negative bacteria (Escherichia coli and Pseudomonas species, among others) are traditionally driven by high ratios of PE [58, 186]. Both classes of bacteria trend towards low proportions of cardiolipin, though this occasionally increases within certain species where PE is not normally observed [58, 186]. There are also other lipids that can appear, including PS as a precursor/intermediate in PE production and PA as a more generic precursor to most other phospholipids, as well as acylglycerols, but they are not commonly viewed as main membrane structural components in bacteria specifically [57].
[bookmark: _Ref82000411]While the observed phospholipids were generally in line with previous studies, it is worth mentioning that B. subtilis 168 (the final row of Table 11) specifically has been previously reported to have lipid profiles contrary to what most other studies have reported for other B. subtilis strains. Older research has indicated that the phospholipid profile of B. subtilis was driven more by the presence of PG than the presence of PE. However, Nickels [231] showed the exact opposite, with PE being by far the most abundant phospholipid species across several sampling conditions. Here, while the general proportions would be more in line with older studies with increased levels of PG, the error bars of both PG and PE are within range of each other, and it bears mentioning the possibility of variable PG to PE ratios given prior research on the strain used here. 
[bookmark: _Ref82180754][bookmark: _Toc87009224]Table 11. Summary of a selection of previous studies on Bacillus subtilis lipidomics, demonstrating general proportions of major expected phospholipid species
	Previously Reported B. subtilis Phospholipid Ratios

	Source
	PG
	PE
	CL
	Other (if any)

	Op den Kamp, et al (1969) [217]
B. sub (Marburg)
Analysis:
TLC; Percentage using dry weight
	58% in pH 7 medium (36% PG + 22% lysyl-PG)

60% in pH 5.5 medium (18% PG + 42% lysyl-PG)
	30% in pH 7 medium

27% in pH 5.5 medium
	12% in pH 7 medium

13% in pH 5.5 medium
	N/A

	Clejan, et al (1986) [232]
B. sub BD99
Analysis:
TLC and phosphorus analysis [233]
	70%
	12%
	4%
	Others: 14%

	Kawai, et al (2004) [234]
B. sub 168
Analysis:
2D TLC; fluorescence
	Log: 55% (39.4% PG + 15.6% lysyl-PG)
	Log: 24.4%
	Log: 1.4%
	Log: acylglycerols 10.6%, others 8.6%

	
	T2: 63.8% (47.1% PG + 16.7% lysyl-PG)
	T2: 26.5%
	T2: 2%
	T2: acylglycerols 7.5%, others 1.4%

	
	T4: 49.7% (47% PG + 2.7% lysyl-PG)
	T4: 22.9%
	T4: 5.4%
	T4: acylglycerols 9%, others 13%

	Bernat, et al (2016) [171]
B. sub I’1a
Analysis:
MS/MS; signal intensity normalization
	55-58%
	33-37%
	5-8%
	PA: >1%

	Nickels, et al (2020) [231]
B. sub 168, ΔyusL strain
Analysis: MS/MS, mole fraction
	15%
	75%
	>1%
	Digalactosyl-diacylglycerol
(DGDG): 10%
PA: >5%


It is important to also understand that these B. subtilis samples contained genetic modifications in order to be able to understand fatty acid metabolism more fully within the cell and how it can be manipulated for future strain development. All samples analyzed in this study were ΔyusL strains of Bacillus subtilis; these strains contain a knockout of the FadN gene (Figure 29) which belongs to a family of bacterial genes associated with fatty acid degradation and related processes such as β-oxidation [235]. Without access to a fatty acid recycling pathway that can convert excess or waste fatty acids into more basic CoA molecules or other energy sources, this strain is forced to produce fatty acids only from scratch, not from recycled molecules of spent lipids, which becomes important in later analyses where cultures are also deprived of a natural way to produce fatty acids and must rely on exogenous feedstocks to supply fatty acids for their membranes. This not only empowers downstream research by theoretically improving comprehensive lipidome extractions due to a lack of any efficient way of removing fatty acids from the cell but should also fully prevent cells with the FabF knockdown (which is described later) from having access to anything but the fatty acids provided to them. This type of basic genetic manipulation could prove to be extremely powerful if lipidomics trends are discovered that would benefit from depletion or enhancement of a specific set of fatty acids or even certain species of phospholipids.
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[bookmark: _Ref82000592][bookmark: _Toc87009261]Figure 29.  KEGG pathway for fatty acid degradation in Bacillus subtilis 168 [236], with the highlighted gene FadN knocked out in the ΔyusL strain to prevent the cell from being able to efficiently recycle fatty acids into energy or back into new lipids [237].


[bookmark: _Toc87009182]Comparison of fatty acid feeding conditions confirms effectiveness of genetic modifications to fatty acid metabolism
The first perturbation that was tested was how B. subtilis responds to modifications in pathways regarding fatty acid biosynthesis, a key chokepoint in phospholipid development. To begin, a general comparison of phospholipid composition was performed across each of the B. subtilis fatty acid feeding conditions (Figure 30). It was not especially surprising to observe that the control samples, with intact fatty acid biosynthesis pathways and no additional fatty acid supplementation, trended towards similar fatty acid composition to the cultures with impaired fatty acid biosynthesis pathways that were fed the native mixture of fatty acids commonly observed within B. subtilis. In a similar manner, it was also not surprising to observe that the modified cultures fed the more restrictive non-native fatty acid mixture were much more limited in chain length (Figure 30A) and also had a much lower degree of unsaturation (Figure 30B). The former is expected given a lower overall average chain length of the fatty acids being provided to the cultures, but the drastic drop off in double bond presence was not.
The variability between feeding conditions is a result of the manipulation of the fatty acid biosynthesis pathway (Figure 31). B. subtilis synthesizes fatty acid precursors by a stepwise process, starting with acetyl-CoA obtained from the citric acid cycle and converting it into a precursor attached to an acyl carrier protein (ACP), known as acetyl-ACP. This initial precursor is successively elongated through several steps until it is transformed into hexadecanoyl-ACP, which is then used for phospholipid synthesis (Figure 32).
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[bookmark: _Ref82112604][bookmark: _Toc87009262]Figure 30. Comparison of A) chain length and B) degree of unsaturation of the fatty acids within phospholipids extracted from each feeding condition applied to B. subtilis 168. Stars indicate groups deemed significantly different from the no feeding control by the Student’s t-test.
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[bookmark: _Ref85555762][bookmark: _Toc87009263]Figure 31. KEGG pathway for fatty acid biosynthesis in Bacillus subtilis 168, with the highlighted gene FabF being knocked down in samples fed fatty acid mixtures [238].
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[bookmark: _Ref85555773][bookmark: _Toc87009264]Figure 32. KEGG pathway for glycerophospholipid metabolism in Bacillus subtilis 168 [239].





The key enzyme in this precursor formation is FabF, which encodes the Type II fatty acid synthase (FAS) 3-oxoacyl-ACP synthase 2 (Figure 33). FabF is crucial for enabling the elongation of acyl-ACP species via a transfer of two carbons from malonyl-ACP to the acyl-ACP species being elongated, and it has previously been shown to be upregulated in transcription in response to environmental antimicrobial agents such as cerulenin [240], implying that FabF could be a key gene in modulation of the fluidity of the cell membrane in B. subtilis. 
The ability of a cell to control the composition of the cell membrane is quite crucial, especially when faced with shifts in temperature, salinity, pH, and environmental composition. For example, bacteria cell membranes often contain higher proportions of phospholipids with shorter fatty acid chains and more degrees of unsaturation, as long and fully saturated fatty acids lead to compressed, rigid, and brittle membranes that are prone to cracking [241]. An increase in unsaturation within a given fatty acid corresponds to a subsequent decrease in freezing point compared to a fully saturated fatty acid of identical chain length, so an increased ratio of unsaturated to saturated fatty acids at colder temperatures works to lower the freezing point of the cell. 
Conversely, higher temperatures showed a preference for saturated fatty acids, desiring a more compact and rigid membrane [242]. A shift from shorter saturated fatty acids to longer, monounsaturated fatty acids has been shown to be a symptom of increasingly acidic growth conditions [243], and salinity shows very subtle trends pointing towards saline concentration breakpoints causing increased ratios of C18/C16 and unsaturated/saturated fatty acids [244].
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[bookmark: _Ref85555784][bookmark: _Toc87009265]Figure 33. Generic view of the two forms of fatty acid synthases (FAS) observed in most organisms. Type I FAS are largely observed in animals and fungi, while Type II FAS is the one observed in B. subtilis. FabF, the gene encoding the enzyme crucial for fatty acid elongation, is once more highlighted [238].



While many of these variables were not tested in this experiment specifically, it is important to understand that the cell membrane is a constantly changing element of the cell, readily changing in response to shifts in the extracellular environment.
Eliminating or interfering with the cell is capacity to easily modify the membrane would significantly affect the viability of the cell in challenging environments without easy access to other fatty acids, but potentially even more intriguing is the ability to force the cell to only use a selection of fatty acids that are supplied to it and then observe how the ratio of those fatty acids shifts as a function of growth condition. Here, strains of B. subtilis with no FabF knockdown and no additional fatty acid supplementation were tested against two different cultures with the FabF knockdown, one that was fed a mixture of six commonly observed fatty acids (iso-14:0, iso-15:0, anteiso-15:0, 16:0, iso-16:0, and iso-17:0) in B. subtilis and the other fed a more limited pool (only anteiso-15:0 and 16:0). This limitation of fatty acid access is the basis for the shifts observed in Figure 30, where significant changes in fatty acid length can be directly tied to limited natural fatty acid biosynthesis and restricted access to exogenous fatty acids in the culture.
Following fatty acid analysis was a broader look at phospholipid speciation across fatty acid feeding conditions (Figure 34). Phospholipid speciation follows most of the previous trends observed in older studies of B. subtilis (Figure 34A-C), with PG largely present as the dominant phospholipid species and PE present at lower quantities. Both of the cultures with impaired capabilities to self-produce fatty acids had notable relative drops in PE abundance compared to PG, possibly indicating that the FabF knockdown may have implications on phospholipid production outside of just biosynthesis of fatty acids. Notably, the cultures fed the non-native mixture of fatty acids showed a relative increase in the cardiolipin composition of their lipidome (Figure 34C), again potentially indicating that specific phospholipid genesis may not be as isolated from fatty acid biosynthesis as metabolic pathways would indicate. Simple rerouting of bacterial access to fatty acids did seem to have a relevant effect on the overall composition of the B. subtilis lipidome, even with the assumption being that there theoretically is no difference in major fatty acid composition outside of the origin of the molecule. 
Given a drastic shift towards PG and/or away from PE after manipulation of fatty acid biosynthesis pathways, as well as earlier observations of shifting fatty acid character, it is important to recognize the effects this could have on the permeability and stability of the membrane. Based on melting point alone, it can be inferred that increased PG (melting point of PG(28:0) is 23°C) and/or decreased PE (melting point of PE(28:0) is 50°C) within the membrane could be a sign of a more fluid, less stable membrane [245]. Therefore, there may be a correlation between alteration of the fatty acid composition of the membrane through forced feeding methods and the fluidization of the membrane. 
Variance in phospholipid speciation and fatty acid composition led to the mostly unsurprising observation of distinct phospholipid profiles across each feeding condition (Figure 34A). The unmodified, unfed cultures showed a lipid profile favoring phospholipids with a mixture of saturated and unsaturated fatty acids, trending towards longer carbon chains. Similarly, the cultures fed the native fatty acid mixture showed a range of phospholipids in line with expected carbon count, though the lipidome of these samples appeared to be slightly more favored towards unsaturated fatty acids.
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[bookmark: _Ref82002197][bookmark: _Toc87009266]Figure 34. Comparison of fatty acid feeding conditions in B. subtilis 168. Relative phospholipid content in the A) control cultures with no fatty acid supplementation, B) cultures fed a native mixture of fatty acids commonly observed in B. subtilis, and C) cultured fed a more restrictive mixture of fatty acids. D) Heatmap showing fold change differences of the 38 most significantly variable features (as determined by ANOVA). E) Principal component analysis (PCA) plot showing the degree of separation across the replicates of each feeding condition with a 95% confidence region.

The cultures fed the non-native fatty acid mixture were confirmed to have a significant presence of fully saturated phospholipids, with most of those species coming from cardiolipin, confirming the observations from Figure 30B and Figure 34C. Finally, while there were significant areas of overlap seen within individual analyses, the phospholipid profiles of the unfed and native fed cultures were confirmed to be relatively distinct from each other as well as from the non-native fed cultures (Figure 34E).
[bookmark: _Toc87009183]The effect of solvent present during growth on phospholipid composition
Potentially even more key for biofuels research is understanding the effect of organic compounds when the cell is grown in different environments. In addition to the desired biofuel products, which can be increasingly toxic at high concentrations [246], biofuel reactors are full of other chemicals that are necessary for breaking down raw cellulosic material into a state that can be processed by the microbial cultures. These can range from sodium hydroxide solutions [247] and sulfuric acid hydrolysis [248] to mixtures of tetrahydrofuran and water [249] and pyrolysis and Kraft reactions driven by metal catalysts [250]. While some methods may allow for removal of the lignin softening agents, it may not be possible to separate that step from the microbial processing step, which would lead to the microbes being exposed to unnatural environments. Combined with the assumed biofuels that would also be present within the reactor as they are being produced, this can quickly create a lethal environment for cells that are unprepared for such a challenge. 
The effects of alcohol on the cell have been studied quite thoroughly, with over 50 omics studies testing the effect of various alcohols, including ethanol, isopropanol, and n-butanol, on E. coli, C. acetobutylicum, and Synechocystis strains with different modifications to increase tolerance to the alcohol stress condition [246]. Increasing concentrations of alcohol does impart an inhibitory effect on the growth rate of a given bacterial cell culture, as well as forcing a shift away from unsaturated fatty acids and towards saturated fatty acids [208]. This does make sense upon consideration of the chemical properties of shorter-chained alcohols such as methanol and ethanol; as smaller molecules that share properties with water (polarity and the ability to hydrogen bond), there is a certain level of similarity with how they interact with the cell membrane, as they can freely diffuse across the membrane [251]. Under lethal concentrations of alcohol, it does follow that the cell would attempt to shift towards saturated fatty acids within the membrane in an attempt to increase membrane rigidity and lower permeability. 
Studies of this nature have also been done with Bacillus subtilis. As to be expected, the presence of alcohol has a significant effect on the growth rate of the cultures, as well as blocking the cell’s ability to sporulate at higher concentrations. The phospholipid inventory showed a noticeable effect as well, with increasing concentrations of ethanol resulting in a similar increase in phospholipid inhibition. Fatty acid composition was also affected; while methanol did not induce noticeable changes, ethanol did force the cell away from odd numbered fatty acids and towards even numbered fatty acids. These results were mirrored in a similar study with E. coli, indicating that alcohols can have a profound effect on membrane fluidity [219], though the effect is not always consistent among variable types of alcohols [252].
Some of these effects were observed across the several solvent conditions applied during growth of B. subtilis (Figure 35). The most profound changes were apparent in both the isobutanol and THF samples, where the fatty acid composition of the phospholipids showed noticeably shorter fatty acids with less overall unsaturation. Curiously, the cultures grown in butanol were generally similar in composition to that of the control samples, with only the chain length showing significant differences from that of the controls ample (and only very slightly). Given that both butanol and isobutanol are known to be toxic to bacteria [253], there would be an expectation of similarity in fatty acid profiles between the alcohols, but not between the unaltered control and the butanol cultures. There have been several reports on the effects of butanol and isobutanol on bacterial cells specifically in the context of lipids or lipid-derived structures [254-256], but many of those reports refer to a shift towards phospholipids with longer, saturated fatty acids, characteristic of an increased level of membrane rigidity to counteract toxic environments. 
Still, the drastic shift in fatty acid profile in both isobutanol and THF away from unsaturated fatty acid could be indicative of the bacterial cultures attempting to increase the rigidity of its membrane to attempt to keep those solvents from being able to diffuse through the membrane into the cell. The overall shortening of the fatty acid chains somewhat contradicts this, but the effect of straighter fatty acids is likely more relevant on membrane fluidity than a loss of one or two carbons in the fatty acid chain.
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[bookmark: _Ref82002283][bookmark: _Toc87009267]Figure 35. Comparison of A) chain length and B) degree of unsaturation of the fatty acids within phospholipids extracted from each solvent growth condition applied to B. subtilis 168. Stars indicate groups deemed significantly different from the no feeding control by the Student’s t-test.

Other studies have been done with B. subtilis that have indicated that different alcohols have noticeably different responses to the membrane as a function of the chain length of the alcohol; as a relatively polar alcohol, the shorter methanol and ethanol tend to localize near the polar headgroups [257], while increasingly longer alcohols settle deeper within the nonpolar fatty acid tails within the membrane [258]. Regardless, this was indicative of alcohol disruptive effects being focused on the outer edges of the bilayer as opposed to deep within, which further validates a shift towards longer fatty acids and thicker membranes in an attempt to keep any forced increases in fluidity somewhat isolated in a specific part of the membrane [259].
Understanding the response of the cell membrane and lipidome to various solvent conditions is critically important for future applications in biofuels and biotechnology. Being able to leverage specially crafted strains of bacteria to produce natural products for use in industry is fantastic in theory, but that level of mass production quickly creates toxic accumulations of alcohol, not to mention the chemicals and catalysts used for lignin degradation that are also present in noticeable concentrations within these biofuel reactors. Observation of trends that arise because of growth within a given solvent could provide insight into how to genetically engineer future strains that emphasize solvent resistances.
A summary of the results of growth within butanol, isobutanol, and THF are shown below, along with a control for comparison (Figure 36). Interestingly, upon examination of the general phospholipid profiles of each solvent growth condition, the butanol sample once again stands out, this time for either a lack of expected PG or more PE than expected (or a combination of both) (Figure 36B). While the control (Figure 36A), isobutanol (Figure 36C), and THF (Figure 36D) samples are largely in line with previous studies of B. subtilis, the butanol sample showed trends indicative of the Nickels study, though it bears mentioning that once again, the error bars for those samples indicate relative levels of PG and PE that are closer than the raw peak areas show. 
Inspection of phospholipids that exhibited significant fold change differences across conditions helped to deconvolute why the profile of butanol looked out of place, as well as confirm earlier observations from the fatty acid data (Figure 36E). A combination of heavy relative abundances in PE species as well as equally large drops in PG species led to the lipid speciation seen in Figure 36B. Closer inspection of the isobutanol and THF samples revealed phospholipids with fatty acid compositions in line with prior observations, with significant increases in shorter, saturated fatty acids. The control sample showed significant decreases those same phospholipids, potentially indicating a lower priority of the cell to maintain membrane fluidity in the lack of any sort of environmental threat. Finally, the full profile comparisons showed that the isobutanol and THF samples correlated highly with each other, while the control and butanol samples were more isolated both from each other and from the other samples (Figure 36F). These trends support previous studies which emphasize the preference of a shift away from unsaturated fatty acids and towards saturated fatty acids, with an especially strong preference in both the isobutanol- and THF-grown samples.
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[bookmark: _Ref82002317][bookmark: _Toc87009268]Figure 36. Comparison of fatty acid solvent growth conditions in B. subtilis 168. Relative phospholipid content in the A) control cultures, B) cultures grown in butanol, C) cultures grown in isobutanol, and D) cultures grown in THF. D) Heatmap showing fold change differences of the 42 most significantly variable features (as determined by ANOVA). E) Principal component analysis (PCA) plot showing the degree of separation across the replicates of each solvent growth condition with a 95% confidence region.


However, the shift away from longer fatty acids is not necessarily supported by previous studies [219]. Shorter, more unsaturated fatty acid chains would be indicative of lower efficiency interactions between the phospholipid tails and a subsequent increase in membrane fluidity. This would indicate that the cells are not trying to adapt and bolster their cell membranes but rather the membranes are becoming more porous, possibly an indication of damage. Still, previous studies have indicated that membrane fluidity is not the sole response to solvent tolerance and that the problem is multi-dimensional [260], and the presence of more saturated fatty acids could be more important than a slight shortening of chain length. That being said, visualization of membrane compositional shifts in line with expected membrane fluidity trends may help to inform future studies about how to engineer strains that can be more resistant to these solvent challenges.
[bookmark: _Toc87009184]A brief examination across all conditions 
Next, after examination of the fatty acid feeding experiments and solvent challenges in isolation, the phospholipid profiles were compared with all combinations of fatty acid and solvent feeding (Figure 37). Generally, samples that were not augmented with fatty acid mixtures during growth showed higher relative proportions of PE, while PG was often present in relatively higher amounts in the feeding conditions. Cardiolipin was also much more prevalent in samples that were fed fatty acid mixtures, as well as in samples that were exposed to solvent during growth. 
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[bookmark: _Ref85550480][bookmark: _Toc87009269]Figure 37. Individual phospholipid speciation comparisons across each B. subtilis 168 sample, with rows showing solvent growth conditions and columns showing fatty acid feeding conditions.


The cardiolipin shifts were especially interesting. Previous studies have shown that increased levels of cardiolipin within the membrane can have a negative effect on the stability of the membrane, indicating a more fluid structure [261]. This is more in line with the observation of increased relative levels of PG that also point towards increased membrane fluidity. It would stand to reason that B. subtilis would likely attempt to harden its membrane to protect the cell, but there have been studies showing that ethanol can force increased membrane fluidity [262], and butanol has been shown to be even more compromising to the cell due to increased penetration into the membrane and disruption of lipid hydrogen bonding. As a result, it may not be a complete surprise to observe increased fluidity of membranes stressed by organic solvents. Finally, persistent observation of increased ratios of PE continued across several conditions – while this is somewhat strange, it can be buoyed somewhat by the fact that in both the isobutanol and THF sample sets, both PG and PE abundances have large error, which is likely an indication of a membrane in transition. 
Figure 38 shows a heatmap demonstrating comparison of all conditions across all observed phospholipids. Three large clusters of samples are visible – the largely baseline samples with little modification to the fatty acid composition of the membrane, the collective of samples fed only the non-native mixture of fatty acids, and the rest of the samples within solvent growth conditions. The baseline samples were characterized by increased levels of phospholipids with longer, unsaturated fatty acids, which is in line with fatty acid feeding condition being the main driver behind association of those samples. 
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[bookmark: _Ref82002442][bookmark: _Toc87009270]Figure 38. Comprehensive analysis of all combinations of fatty acid feeding and solvent growth conditions in B. subtilis 168. 


Likewise, the cluster of samples fed the non-native fatty acid mixture were characterized by a more limited range of fatty acids, as well as phospholipids with fatty acids that would, in theory, be shorter than the provided fatty acids within the non-native mixture, possibly indicating the cell’s ability to do slight modifications to the fatty acids despite not being able to synthesize them. Finally, the other cluster, primarily composed of the solvent growth conditions of the native and non-feeding fatty acid samples, was primarily characterized by a notable presence of phospholipids with fully saturated fatty acids, alongside notable increases in cardiolipin compared to the other two clusters. 
[bookmark: _Toc87009185]Phospholipid derivatives and other lipid species
[bookmark: _Toc87009186]Aminoacylated phospholipids
One of the more intriguing aspects about phospholipids that often goes overlooked is the influence they have on the electronic nature of the membrane and the cell. The presence of phosphate ions within the structure of all phospholipids imparts an inherent negative charge to the membrane, which the cell can mask and neutralize through several different methods. In bacteria, this is often governed by whether the cell is Gram-negative or Gram-positive. Gram-negative bacteria often contain high concentrations of PE, and the zwitterionic character of that phospholipid is usually more than enough to keep a relative electric balance. Gram-positive bacteria are much lower in relative PE concentration, so their method of balancing out the negative phosphate charge involves the addition of amino acids to the head group of PG species within the membrane [93, 217]. Being able to maintain a more neutral charge in the membrane is vital to the survival of many microorganisms – the primary target of attacks by cationic antimicrobial peptides (CAMPs) released by other bacteria is the primarily negatively-charge cell membrane of other nearby bacteria, driven by the heavy presence of anionic PG and CL and zwitterionic PE. Being able to maintain a more balanced charge distribution across the cell’s surface aids in preventing attraction of such antimicrobials, which is why bacteria have evolved to modify their membrane phospholipid with cationic and zwitterionic amino acid residues [263].
Outside of antimicrobial resistance, there is not much else known about the function of aminoacylated phospholipids or the conditions necessary for the cell to produce them. Acidic environments are notable, with multiple studies showing that levels of both alanine- and lysine-modified phospholipids are increased when the cellular environment grows acidic [264, 265], and there are also studies showing that proportions of aminoacylated phospholipids are somewhat dependent on the growth phase of the cell [266, 267]. In Bacillus subtilis specifically, the presence of Lys-PG and Ala-PG leads to shifts in a number of physical characteristics of the cell, including production of more durable spores [268].
Variety within aminoacylated phospholipids is surprisingly diverse – there are multiple different aminoacylated variants for PG and CL, and there are even reports of aminoacylated PE species as well [92, 269]. In terms of the amino acids that have been observed as adducts to phospholipids, lysine and alanine are by far the most common, but arginine, ornithine, glycine, and serine variants have also been observed, and there have even been reports of N-succinylation in species that contain the lysine adducts of PG, similar to modifications withing bacterial proteins [270, 271].
Basic analysis of aminoacylated phospholipids by mass spectrometry has previously been reported [218, 269, 272, 273], with Atila and Luo demonstrating this specifically within Bacillus subtilis. Reported studies have used extraction procedures in line with most traditional lipidomics studies, with the chloroform-methanol method being the most common method [112, 272, 274, 275]. Thus, the MTBE method utilized here for comprehensive phospholipid extraction should be sufficient to extract aminoacylated phospholipids, if they were present within the samples. In brief, in addition to the range of commonly observed bacterial membrane phospholipids, the lipidomics analysis performed here was successful in enabling characterization of both the lysine and alanine PG variants that are expected within B. subtilis. Fully saturated lysine- and alanine-PG species were detected of fatty acid length 28-31, with lysine-PG species generally exhibiting higher abundance, as was previously reported (Figure 39) [269]. 
Lysine- and alanine-PG species did not appear in all samples. While there were traces of lysine-PG in all solvent conditions, alanine-PG was almost non-existent in both the isobutanol and THF-grown samples. Additionally, there was a noticeable trend correlating to fatty acid chain length; longer chain lengths were by far the more abundant lysine-PG species observed in the isobutanol- and THF-grown samples, while shorter chain lengths were generally favored among the alanine-PG species within the control and butanol-grown samples.
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[bookmark: _Ref82002590][bookmark: _Toc87009271]Figure 39. Summary of observed aminoacylated phospholipids observed in select B. subtilis 168 cultures with no fatty acid modification. A) Control, B) Butanol, C) Isobutanol, D) THF


The noticeable increase in abundance of lysine-PG species specifically within isobutanol- and THF-grown samples is curious. This would normally indicate the presence of CAMPs; a noticeable increase in lysine-PG should primarily point to the cell attempting to shift the electronic potential of the membrane in a positively charged direction [276, 277], but there is very little in previously reported literature about why these trends might be observed under conditions ignorant and devoid of antimicrobial agents, as the physiological causes behind the production of specific aminoacylated phospholipids and modifications to their fatty acid chain composition are not well understood. Ala-PG has been shown to affect membrane permeability, not only in the presence of CAMPS but also in response to other environmental challenges such as temperature, pH, and shifts in osmolarity [93]. Klein showed that in the case of a potent bactericidal molecule and weak acid in lactate, increased amounts of Ala-PG can decrease the permeability of the membrane, which could point to Ala-PG being important in the repelling of mildly acidic molecules. Similarly, links between increased concentrations of Lys-PG within the bacterial membrane and acidic growth conditions have also been reported previously [278].
With that context in mind, this might help to begin to explain some of the observed trends, even though this study does not deal as much with growth conditions with measured or adjusted pH so much as the composition of the growth media and environment. Generally, even though the physical properties of these aminoacylated phospholipids lead to decreased packing within the membrane, they are still quite effective at repelling strongly charged ions present within the cellular environment [278]. Examination of the fatty acid chain trends within the lysine-PG species trend well with what was previously observed within the generic lipidomes earlier, with longer chain lengths becoming increasingly prevalent within the isobutanol- and THF-grown species. Conversely, the alanine-PG species have a slight preference for shorter fatty acid lengths. Observation of these species, despite not being able to pull them out using the informatics methods described here, allows for further understanding of how B. subtilis attempts to remodel its membrane in order to face specific environmental challenges.
[bookmark: _Toc87009187]Lipoteichoic acid
Another key modification that occurs specifically within the cell envelope of Gram-positive bacteria is the presence of a much thicker cell wall because of not possessing an outer membrane. The cell wall is composed of layers of peptidoglycan, and the presence of teichoic acids (TA) bound to either the cell membrane via glycolipid (lipoteichoic acids, LTA [279]) or peptidoglycan (wall teichoic acids, WTA [280]) helps to act as an additional stabilization through a scaffold-like construction [281]. Both LTA and WTA are important factors in not only cellular shape but also with providing a level of antimicrobial resistance, though there is still a decent amount of uncertainty regarding their exact function [102, 282]. There are also implications involving human health, with lipoteichoic acids showing inflammatory [283, 284] and immunomodulatory [285, 286] effects while interacting with human cells. As a common member in the human gut microbiome, characterization of B. subtilis-derived lipoteichoic acid species could lead to better understanding of the mechanics behind inflammation of the human digestive tract. Additionally, as a key structural component of B. subtilis, shifts in composition or abundance of specific lipoteichoic acid species under certain conditions could help guide the future engineering of more effective strains for bioindustrial applications. 
Lipoteichoic acid in Bacillus subtilis is most observed as a series of glycerol-phosphate units, with scattered modifications of D-alanine and various sugars, that is free at one end to extend through the thick peptidoglycan cell wall to the exterior of the cell and anchored at the other end in the cell membrane by a glycolipid [287]. Of the five major types of lipoteichoic acid, the most basic Type I is the one most commonly observed, one of the varieties known to have D-alanine esterification sites [288], and the one being characterized here [102]. Thanks specifically to the presence of D-alanylation sites on these molecules, lipoteichoic acid functions not only as a key structural component of the cell but also yet another way for PE-deficient Gram-negative bacteria to neutralize the otherwise strongly negative charge of the cell surface through cationic accumulation, such as divalent Ca2+ and Mg2+, at those sites [288].
Traditional lipoteichoic acid extraction procedures follow an approach similar to methods used for lipid A extraction through the use of a hot phenol/water mixture [289] or, in more recent studies, a multistep extraction using butanol and a cell lysis technique (either lyophilization or sonication) [290, 291], though more generic lipid extraction approaches utilizing the CME methods of Bligh-Dyer have also been shown to be effective [292]. Here, the Matyash MTBE extraction was sufficient to provide extraction of lipoteichoic acid species within the same organic partition as a large scale lipidome. 
Luo demonstrated a thorough framework for LC-MS/MS analysis of the various components of lipoteichoic acid using B. subtilis strain 168. In their study, a complete dissection of B. subtilis lipoteichoic acid components was performed, showing off the membrane anchor point, the core backbone of the lipoteichoic acid molecule, and how alanylation occurs, as well as what these various forms look like through the lens of an LC-MS/MS measurement. A similar examination was applied to regions of the MS1 spectra of tested B. subtilis samples to determine whether these lipoteichoic acid species were extracted using MTBE and if they could be analyzed via HILIC-MS/MS. 
In brief, while these measurements were not able to identify the glycolipid anchor of lipoteichoic acid (DAG-Glc2) or the bis-alanylated primer DAG-Glc2-P-Gro-Ala2, two series of lipoteichoic acid primers were detected, the base form DAG-Glc2-P-Gro and the mono-alanylated form DAG-Glc2-P-Gro-Ala, with total fatty acid chain lengths ranging from 28:0 to 32:0 (for the base form) and 33:0 (for the mono-alanylated form) as seen below (Figure 40). 
The base, unmodified Type I LTA was most observed across all solvent conditions, with the D-alanyl esterification being expressed in lower abundances. In general, both the base LTA as well as the D-alanyl variant were more abundant in the isobutanol- and THF-grown cultures; LTAs showed some level of presence in the control as well, but the butanol-grown samples only contained very low abundances of LTAs. This may be a direct result of the growth environment – the potential challenges caused by an increasingly toxic organic environment are known to cause shifts in the composition of the cell membrane, so it stands to reason that there may be downstream modifications or side effects that would influence the other exterior structural components of Bacillus subtilis to help the cell survive such an environment.
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[bookmark: _Ref82002651][bookmark: _Toc87009272]Figure 40. Summary of observed lipoteichoic acid species observed in select B. subtilis 168 cultures with no fatty acid modification. A) Control, B) Butanol, C) Isobutanol, D) THF E) Generic structure of DAG-Glc2-P-Gro. F) Generic structure of DAG-Glc2-P-Gro-Ala.  


Perhaps more interesting was the trend of total fatty acid chain length observed across the different growth conditions (Figure 40B and C). LTAs in both the control and butanol-grown samples were only significantly present at lower fatty acid chain lengths, with both the control and butanol-grown samples showing a strong preference towards the 29:0 variant of the base LTA and a steady decline in abundance with increasing chain length. The D-alanyl variant was even more restrictive, with the butanol-grown samples showing next to no extraction at all. Conversely, the isobutanol- and THF-grown samples followed very similar trends to each other, with significant presence at all observed fatty acid chain lengths but showing much higher abundances at comparatively longer chain lengths than the control and butanol-grown samples.
The noticeable drop in LTAs in butanol-grown samples is particularly interesting, but a potential answer for why that set of samples specifically was deficient in LTAs may lie within common TA extraction protocols. As mentioned earlier, the most prevalent methods for extracting LTAs are either a mixture of hot phenol and water [289, 293] or, more recently, the use of butanol [290]. It was noted that the butanol extraction procedure was generally much more effective than the hot phenol/water method at extracting more intact LTAs, as well as retaining any substitutions (like D-Ala) that may have been presence, which may explain why the washed cell pellets that were used for this analysis may have been deficient in LTAs. For the butanol-grown cultures specifically, it is entirely possible that a significant number of LTAs were simply lost during preparation of the bacteria because of the high reported efficiency of butanol as a method for LTA extraction.  
[bookmark: _Toc87009188]Discussion/Conclusions

Application of various fatty acid feeding conditions and solvent challenges, both in isolation and in tandem, to cultures of B. subtilis with genetic modifications forcing priority of phospholipid synthesis to be largely controlled by experimental design allowed for thorough probing of how B. subtilis adapts to increasingly difficult growth conditions through modification of its cellular membrane. Observation of phospholipid shifts show that B. subtilis will generally prefer shorter, saturated fatty acids as a part of the phospholipids comprising the cell membrane as increasingly harsher solvents are applied, while phospholipid speciation generally remains consistent across all sampling conditions, with some minor variation in PE and CL relative proportions. Probing across all sampling conditions indicated that relative increases in PG and CL could have a negative impact on membrane fluidity, possibly indicating targets for genetic manipulation to help aid in strengthening the membrane. Additionally, inspection of various phospholipid derivative species show that B. subtilis actively works to counteract imbalances in the electronic character of the cell and membrane through the use of amino acid augmentation. 
However, one of the biggest findings here was confirmation that manipulation of the bacterial cell membrane by customization and restriction of fatty acids was possible without significant risk to the cell. While there are still many questions that remain unanswered about how the genetic manipulation of fatty acid biosynthesis affects other aspects of phospholipid synthesis, the general concept has been shown to be successful. Applying this further, the ability to customize bacteria with isotope-labeled phospholipids will enable advanced neutron scattering studies to better understand the mechanics behind membrane assembly as well as track how specific phospholipids or fatty acids localize within the membrane [85]. The utility of customizable membranes will help to guide future studies, potentially targeting not only the fatty acid mechanisms of the cell shown here but also specific phospholipid species that may be enriched or downregulated in specific circumstances.
Comprehensive analysis showed that B. subtilis has a high level of specificity within its ability to reorganize, recharacterize, and remodel its membrane to adapt to a wide variety of shifts in cellular environment. Manipulation of the relative ratios between the major phospholipids PG, PE, and CL were indicative of a concerted cellular effort to maintain a high level of control over the fluidity of the cell membrane, as well as through modification of both the phospholipid head groups as well as modulation of the length and saturation of the fatty acid tails of the phospholipids. Even more fascinating was that while there were noticeable effects when B. subtilis was put under a heavy amount of stress, not every stressor affected the cell in the same manner, even across stressors that are close in chemical character (as was the case with butanol and isobutanol). These types of sensitive responses to changing conditions could be key to isolating specific trends in membrane change and composition for later experiments to leverage in order to help attune future B. subtilis strains to have increased tolerance to these harsh environments. 



[bookmark: _Toc87009189]CHAPTER 5: PSEUDOMONAS PUTIDA GROWTH IN SIMULATED WASTEWATER CONDITIONS REVEALS SHIFTS IN PHOSPHOLIPID PROFILE INDICATIVE OF MEMBRANE DAMAGE
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[bookmark: _Toc87009190]Abstract

Pseudomonas putida has been shown to be surprisingly resilient, versatile, and effective in catabolizing chemicals contained within several different wastewater streams towards biological upgrading to valuable fuels, chemicals, and materials. Observing how chemicals in various wastewater streams impact the phospholipid inventory of the cell membrane could provide a glimpse into how P. putida attempts to adapt and survive in complex chemical mixtures found in aqueous waste streams. To this end, a lipidomics platform was deployed to examine differences in the lipidome of the gene-reduced P. putida strain EM42 in different compounds commonly observed in various types of wastewater, as well as a mock wastewater stream. Significant membrane remodeling was observed in response to different compounds, particular in the phospholipid profile and potential changes in fatty acid moieties. Lipid variants specific to P. putida, such as alanylated phosphatidylglycerol and lipid A, were also considered. The observation of membrane trends such as the rise of possible cyclopropane fatty acids and shifts in phospholipid composition offer a template from which to build reverse engineer P. putida for increased toxicity tolerance towards wastewater streams and other potential bioremediation applications.
[bookmark: _Toc87009191]Introduction

Pseudomonas putida has long been known as a versatile microbe for research. While not directly useful for any type of medicinal research in human beings, the preferred soil and water habitats of P. putida make it a tantalizing target for environmental research. With rapid acquisition of the genome sequencing [294, 295] and metabolic modeling [296, 297] information over the last 60 years since it was discovered, P. putida is a well understood organism from which to build creative experiments, with slight tweaks of key synthetic pathways providing the possibility of dozens of potentially valuable natural products for industry [298].
One of the most impressive functionalities of P. putida lies in its potential in bioremediation. This microbe specifically has been shown to be incredibly effective and versatile when it comes to the sheer variety of molecules that have been shown to be able to be broken down by the microbe, which has enabled researchers to test out P. putida as a microbial cleaner for all types of environmental hazards. These include fossil fuels [299-302], aromatic compounds [303-305], halogenated organic compounds [306, 307], metals [308-311], environmentally hazardous waste streams [312-314], and lignin [315], among others. Often, the compounds lingering around in wastewater streams can be hazardous to the environment and/or human life, with many halogenated hydrocarbons [316-318] and phenolic compounds [319-321] having been shown to be either carcinogenic or toxic to animal and human life. Similarly, large spills of oil [322, 323] or other chemicals [324, 325] can pollute and cripple the spill site for years to come, potentially with no way to feasibly remediate the area.
P. putida KT2440 is commonly reported as a flexible cellular factory [294, 326], and it can easily modified to for renewable production of industrially relevant chemicals from a variety of sugars and waste streams [327, 328]. However, there are bottlenecks involved that hamper the feasibility in practice. One major drawback is toxicity tolerance towards compounds found in lignocellulosic hydrosylate and other waste streams. This issue is found in many microorganisms, and its investigation provides an important area of research that can provide significant generally benefits for industrially relevant microbial hosts.
P. putida EM42, a heavily gene-reduced variant of P. putida KT2440, was constructed to remove several genes that are largely irrelevant in research and industrial settings but are sinks for reducing equivalents such as ATP and NAD(P)H [329]. P. putida EM42 was made through the deletion of eleven chromosomal regions that contain 300 genes, including the entirety of the cellular machinery comprising the flagella [330], the primary motility tool of P. putida, as well as all regions encoding for prophages [331] and several deoxyribonucleases that have been shown to make incorporation of plasmids more difficult [332]. The combined removal of all these genes resulted in the formation of a highly manipulable cell-factory in P. putida EM42 that can efficiently route energy into whatever cellular processes a researcher desires to explore. 
While in theory leverage of bacteria as a cheap, renewable agent of bioremediation is a fantastic idea, the health of the bacteria needs to be recognized. Constant exposure to the very compounds the bacteria is attempting to decompose or transform can be incredibly harmful over long periods of time; studies have shown that sustained growth is often only viable for a few days and no longer than around a week after introduction barring adaptations to survive [333]. This has led to the development of bacterial strains that have been optimized to both transform waste chemicals with increased tolerance to those same chemicals [334]. This has proven to be a major area of research, involving efforts in genetic engineering, modeling, and a plethora of potential targets for bioremediation [335].
These efforts are not limited to genetics – there has been a rising interest in utilizing the information provided by shifts in the composition of the cell membrane to better engineer efficient microbes [336]. Lipidomics can offer a unique look at how the microbe directly reacts to environmental molecules [38, 337]. Potentially hazardous organic molecules can directly interact with the membrane [338], and as the first contact of the cell with the environment, it stands to reason that the lipid composition of the membrane could be influenced by extracellular contact, either in a positive way (through reconstruction to better adapt to the environment) or negative way (membrane damage). Because these environmental contaminants often come from several different classes of molecules, often wildly varying in chemical characters, two different conditions could have drastically different effects on the membrane of a microbe that is a target for potential bioremediation use.
In this study, a thorough investigation of the lipidome response of Pseudomonas putida to several known wastewater contaminants was performed. A selection of compounds spanning a variety of classes of organic compounds as well as a variety of different waste streams were selected to test the response of the bacteria to exposure. The organic compounds were selected to cover multiple different compound classes that would be expected within various wastewater streams, though compounds like halogenated organic compounds and heavy metals were largely ignored for safety reasons. A mock wastewater solution was also formulated, containing not only the compounds listed below but also several others within those organic classes. Untargeted lipidomics was performed on P. putida cultures grown in these samples, targeting the major classes of phospholipids known to exist in P. putida and examining how each compound affects the composition of the cell membrane, both in isolation as well as compared to each other and the composite mock wastewater solution. Additionally, as done with the prior study in B. subtilis, regions of interest that contained phospholipids and lipid derivatives that are under-reported in databases, such as aminoacylated phospholipids and the potential of lipid A, were explored and characterized. This study aims to identify shifts and changes in the lipid membrane of P. putida that can be linked to the growth conditions of the bacteria, which could lead to potential targets for future genetic modification of fatty acid and phospholipid-producing enzymes that aid in cellular survival. 
[bookmark: _Toc87009192]Experimental Approach 
[bookmark: _Toc87009193]Preparation of P. putida cell cultures
Cultures of the gene-reduced variant of P. putida KT2440, EM42 [329], were prepared within a selection of chemicals to simulate growth in several different wastewater conditions. For cell culture, glycerol stocks of EM42 were inoculated in 5 mL of Luria Broth (LB) media for approximately 16 hours at 30°C, shaken at 225 rpm. Cells were centrifuged at 4000 rpm for 5 mins, the supernatant was discarded, and the cells were resuspended within 1 mL of M9 salts with 20 mM glucose. The OD600 was measured before cells were subcultured within shaker flasks with an initial OD600 of 0.1.
For each wastewater simulated condition, 300 mL of M9 medium with 20 mM glucose was prepared for each condition. The pH of the media was adjusted to 7.2 and filter sterilized before use. Into each 300 mL bottle was added the simulated wastewater conditions as follows (Table 12, Figure 41):  0.1622 g of p-cresol to make a 5 mM solution, 48.7 µL of formaldehyde to make a 0.75 mM solution. 125.6 µL of 2-cyclopentenone to make a 2 mM solution, 0.6847 g of vanillin to make a 15 mM solution, and 3.6915 g of sodium acetate to make a 150 mM solution. Additionally, 25 mL of mock wastewater solution was prepared as per Table 13; to obtain a 3% mock wastewater solution for cultures, 10 mL of the stock was added to 290 mL of the M9 medium, the pH adjusted to 7.2, and the resultant solution filter sterilized.
Cells were centrifuged at 4000 rpm for 5 minutes, after which the supernatant was removed and discarded, and the cells were resuspended in 1 mL of M9 salts with 20 mM glucose. The OD600 was measured prior to analysis, and cells were shaken in flasks with a starting OD600 of 0.05. The OD600 was measured every 3 hours for 12 hours, and samples were saved once they reached an approximate OD600 of 1.0. 100 mL of cell culture were split and stored in four, 50 mL centrifuge tubes and centrifuged at 3000 x g for 10 minutes. The supernatant was removed and discarded, and cells were stored at -80°C for transportation.
[bookmark: _Ref81935950]

[bookmark: _Ref82180771][bookmark: _Toc87009225]Table 12. Chemical classes and origins of chemicals used to simulate various wastewater streams
	Compound
	Organic class
	Removal Methods/Origin

	Sodium acetate/acetic acid
	Carboxylic acid
	General treatment [339-341]
Sugar processing [342]
Recovery from waste streams [343, 344]

	p-Cresol
	Phenol derivative
	General treatment [345-347]

	Formaldehyde
	Aldehyde
	Removal/treatment [348-350]

	2-cyclopentenone
	Ketone
	Pyrolysis plant wastewater [351-353]
Derivatives also appear in waste from kraft mills [354, 355], olive mills [356], coal coke [357]

	Vanillin
	Phenolic aldehyde
	Lignin waste converted to vanillin [358-360]
E. coli previously shown to be capable of creating it [361]
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[bookmark: _Ref81935960][bookmark: _Toc87009273]Figure 41. Individual wastewater components being examined.

[bookmark: _Ref81935943][bookmark: _Toc87009226]Table 13. Composition of the mock wastewater solution
	Substrate
	Representative Chemical Class
	Medium Composition

	
	
	g/L
	mM

	Acetic acid
	Organic Acid
	4.14
	68.94

	Formic acid
	
	0.98
	21.29

	Formaldehyde
	Aldehyde
	1.07
	35.63

	Furfural
	
	1.39
	14.47

	Acetone
	Ketone
	2.06
	35.47

	Catechol
	Phenol
	4.57
	41.51

	Phenol
	
	2.94
	31.24

	o-cresol
	
	0.92
	8.51

	m-cresol
	
	2.14
	19.79

	p-cresol
	
	0.72
	6.66

	3-methyl catechol
	
	1.14
	9.18

	4-methyl catechol
	
	0.96
	7.73

	Methanol
	Alcohol
	1.14
	35.58

	Propan-1-ol
	
	0.25
	4.16

	Butan-1-ol
	
	0.29
	3.91



[bookmark: _Toc87009194]MTBE-based extraction of P. putida lipidome
Samples were delivered as frozen cell pellets (on average, 50-200 mg in weight) in 50 mL centrifuge tubes. Cultures were thawed and washed with 1 mL phosphate-buffered saline (PBS). Because the cell cultures were large, each pellet was split approximately in half, the resultant dissolved pellets were centrifuged, and the PBS supernatant was removed, with sample weights of the pellets being recorded. For lipid extraction, a modified version of the Matyash method was used with MTBE, as previously described in Chapter 2 [114].
[bookmark: _Toc87009195]LC-MS/MS lipidomics analysis
Before sample processing, samples were loaded into auto-sampler vials (10 µL of sample, 5 µL sample injection volume). No ionization agent was added to samples prior to injection, as the additive in the HILIC-specific chromatography solvents used here (specifically, 5 mM ammonium acetate) are sufficient for ionization, both in positive- and negative-ion mode. Samples were run in batches, with technical blanks added in between similar sampling conditions for quality control as well as to monitor potential carry-over and standards run at frequent intervals to monitor consistency. Chromatographic separations and tandem mass spectrometry analysis were performed as previously described in Chapter 2 for HILIC separations in negative polarity mode, utilizing the same equipment (HPLC pump and mass spectrometer) and settings (chromatography runs and tandem MS analysis). 
[bookmark: _Toc87009196]Lipidomics data analysis 
Bulk processing of the raw LC-MS/MS files was performed using the free, open-source software packages MZmine (version 2.53) [99, 230] and LIQUID (version 7.4.6988) [98] alongside manual annotation. MetaboAnalyst was used for statistical analysis and generation of figures; peak area lists created from LIQUID features and MZmine-aligned files were used for this. For comparison of phospholipid species, the sum average peak areas of PG and CL were normalized to the sum average peak area of PE as described in Chapter 3. Peak areas of phospholipid features were normalized by sample weight prior to statistical analysis. The methodology behind each of these steps is further explained in Chapter 2.
Here, files for each sample within a biological replicate were generated in LIQUID; after filtering to remove low-scoring features and duplicates, any feature that was observed in at least two of the three biological replicates was retained. The lists for each triplicate across all sampling conditions were compiled into one master list, which was then annotated with aligned peak areas generated by MZmine. The results of that are shown in Table 14 (both glucose conditions), Table 15 (2-cyclopentenone and formaldehyde), Table 16 (p-cresol and sodium acetate) and Table 17 (vanillin and the mock wastewater solution).
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[bookmark: _Ref82180786][bookmark: _Toc87009227]Table 14. Compiled master list of phospholipid species validated by MS2 spectra in LIQUID with MZmine-aligned peak areas in P. putida EM42 samples grown in the two glucose control conditions.
		Phospholipid Species
	Glucose (Mid Exponential)
	Glucose (Late Exponential)

	CL(64:1)
	8E+06
	3E+06
	7E+06
	2E+06
	6E+05
	9E+05

	CL(64:2)
	2E+07
	2E+07
	2E+07
	6E+07
	6E+07
	5E+07

	CL(64:3)
	7E+05
	1E+06
	6E+05
	1E+07
	1E+06
	1E+07

	CL(65:1)
	0
	0
	0
	0
	0
	0

	CL(65:2)
	2E+05
	3E+05
	3E+05
	1E+06
	5E+05
	4E+05

	CL(66:2)
	3E+07
	4E+07
	4E+07
	8E+06
	6E+06
	5E+06

	CL(66:3)
	2E+07
	3E+07
	2E+07
	2E+08
	2E+08
	2E+08

	CL(67:2)
	7E+05
	3E+05
	3E+05
	0
	0
	0

	CL(67:3)
	8E+05
	1E+06
	8E+05
	6E+06
	6E+06
	3E+06

	CL(67:4)
	0
	0
	0
	9E+05
	4E+05
	4E+05

	CL(68:0)
	7E+05
	1E+06
	2E+06
	6E+06
	1E+06
	7E+06

	CL(68:1)
	5E+06
	3E+06
	6E+06
	5E+06
	9E+06
	4E+06

	CL(68:2)
	1E+07
	4E+07
	5E+06
	5E+07
	3E+07
	5E+07

	CL(68:3)
	2E+07
	3E+07
	3E+07
	1E+08
	2E+08
	1E+08

	CL(68:4)
	2E+07
	2E+07
	2E+07
	2E+08
	2E+08
	1E+08

	CL(69:3)
	3E+05
	0
	0
	4E+05
	3E+05
	3E+05

	CL(69:4)
	5E+05
	3E+05
	5E+05
	4E+06
	1E+06
	0

	CL(70:2)
	2E+07
	3E+06
	6E+06
	6E+06
	1E+07
	6E+06

	CL(70:3)
	4E+06
	6E+06
	6E+06
	4E+07
	6E+07
	5E+07

	CL(70:4)
	4E+06
	6E+06
	5E+06
	4E+07
	4E+07
	3E+07

	CL(71:3)
	0
	0
	0
	0
	2E+05
	0

	CL(71:4)
	0
	0
	0
	0
	0
	0

	CL(72:2)
	5E+05
	7E+05
	1E+06
	2E+06
	2E+06
	5E+05

	CL(72:3)
	1E+06
	4E+05
	7E+05
	2E+06
	2E+06
	9E+05

	CL(72:4)
	0
	4E+05
	2E+05
	1E+06
	1E+06
	7E+05

	PA(34:1)
	3E+06
	9E+06
	4E+06
	3E+05
	1E+06
	3E+06

	PA(35:2)
	3E+07
	5E+06
	6E+06
	8E+06
	2E+06
	1E+06

	PA(36:2)
	1E+06
	2E+05
	3E+05
	2E+05
	1E+05
	3E+05

	PE(16:1)
	6E+07
	3E+07
	5E+07
	1E+08
	1E+08
	2E+08

	PE(18:1)
	9E+07
	1E+08
	1E+08
	3E+08
	3E+08
	2E+08

	PE(32:0)
	1E+08
	5E+07
	5E+07
	4E+07
	1E+07
	1E+07

	PE(32:1)
	1E+09
	1E+09
	1E+09
	2E+09
	9E+08
	1E+09

	PE(32:2)
	8E+07
	7E+07
	9E+07
	4E+08
	9E+08
	7E+08
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	Phospholipid Species
	Glucose (Mid Exponential
	Glucose (Late Exponential)

	PE(33:1)
	2E+06
	1E+06
	2E+06
	4E+06
	3E+06
	1E+07

	PE(33:2)
	9E+07
	8E+07
	7E+07
	1E+08
	9E+07
	9E+07

	PE(34:0)
	2E+07
	3E+06
	1E+07
	1E+07
	1E+07
	3E+06

	PE(34:1)
	7E+08
	8E+08
	7E+08
	1E+09
	6E+08
	6E+08

	PE(34:2)
	9E+08
	1E+09
	1E+09
	2E+09
	1E+09
	2E+09

	PE(36:0)
	0
	5E+05
	0
	0
	0
	0

	PE(36:1)
	1E+07
	2E+07
	7E+06
	9E+06
	3E+06
	2E+07

	PE(36:2)
	2E+08
	2E+08
	2E+08
	3E+08
	2E+08
	2E+08

	PE(37:2)
	0
	0
	2E+05
	0
	0
	0

	PE(38:1)
	0
	0
	0
	0
	0
	0

	PE(38:2)
	2E+05
	7E+05
	5E+05
	9E+05
	6E+05
	2E+05

	PG(30:0)
	6E+06
	5E+06
	3E+06
	3E+06
	8E+05
	3E+05

	PG(30:1)
	7E+06
	1E+07
	7E+06
	6E+06
	5E+06
	7E+05

	PG(32:0)
	3E+06
	1E+06
	1E+06
	2E+05
	0
	0

	PG(32:1)
	1E+09
	2E+09
	2E+09
	1E+09
	1E+09
	8E+08

	PG(32:2)
	6E+05
	3E+07
	9E+07
	9E+07
	9E+07
	4E+07

	PG(33:0)
	2E+06
	1E+06
	0
	6E+05
	2E+06
	5E+05

	PG(33:1)
	3E+07
	4E+07
	3E+07
	3E+07
	2E+07
	3E+07

	PG(33:2)
	8E+06
	1E+07
	8E+06
	7E+06
	7E+06
	1E+07

	PG(34:0)
	2E+05
	3E+05
	3E+05
	0
	0
	0

	PG(34:1)
	9E+08
	1E+09
	1E+09
	1E+09
	7E+08
	6E+08

	PG(34:2)
	2E+09
	3E+09
	2E+09
	2E+09
	2E+09
	1E+09

	PG(34:3)
	0
	4E+05
	2E+06
	7E+05
	8E+05
	0

	PG(35:1)
	8E+05
	7E+05
	9E+05
	6E+05
	8E+05
	0

	PG(35:2)
	3E+07
	5E+07
	3E+07
	4E+07
	3E+07
	2E+07

	PG(36:0)
	3E+06
	1E+07
	5E+06
	3E+06
	3E+06
	2E+06

	PG(36:1)
	7E+07
	1E+08
	7E+07
	6E+07
	2E+07
	4E+07

	PG(36:2)
	3E+08
	5E+08
	3E+08
	4E+08
	3E+08
	2E+08

	PG(37:2)
	0
	0
	0
	2E+05
	0
	0

	PG(38:1)
	3E+05
	4E+05
	6E+05
	7E+05
	3E+05
	0

	PG(38:2)
	5E+06
	8E+06
	5E+06
	6E+06
	5E+06
	2E+06

	PS(34:1)
	1E+06
	7E+05
	6E+05
	1E+06
	8E+05
	2E+06

	PS(34:2)
	0
	0
	0
	0
	2E+05
	0

	PS(35:1)
	9E+06
	1E+07
	9E+06
	3E+07
	3E+07
	3E+07

	PS(35:2)
	2E+06
	2E+07
	4E+06
	6E+07
	5E+07
	6E+07
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	Phospholipid Species
	Glucose (Mid Exponential)
	Glucose (Late Exponential)

	PS(36:2)
	0
	0
	0
	0
	0
	3E+05

	PS(O-35:1)
	0
	0
	0
	0
	0
	0

	PS(P-33:0)
	3E+07
	2E+07
	1E+07
	6E+06
	1E+06
	4E+05
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[bookmark: _Ref86316772][bookmark: _Toc87009228]Table 15. Compiled master list of phospholipid species validated by MS2 spectra in LIQUID with MZmine-aligned peak areas in P. putida EM42 samples grown in 2-cyclopentenone and formaldehyde.
	Phospholipid Species
	2-Cyclopentenone
	Formaldehyde

	CL(64:1)
	0
	8E+06
	1E+07
	1E+06
	1E+06
	2E+06

	CL(64:2)
	3E+07
	3E+07
	3E+07
	5E+07
	4E+07
	4E+07

	CL(64:3)
	1E+06
	0
	2E+06
	7E+06
	8E+06
	1E+06

	CL(65:1)
	6E+05
	1E+06
	7E+05
	0
	0
	0

	CL(65:2)
	6E+06
	6E+06
	4E+06
	2E+06
	0
	5E+05

	CL(66:2)
	8E+07
	8E+07
	7E+07
	6E+06
	2E+06
	8E+07

	CL(66:3)
	6E+07
	5E+07
	6E+07
	1E+08
	1E+08
	9E+07

	CL(67:2)
	0
	1E+07
	4E+06
	0
	0
	0

	CL(67:3)
	1E+07
	1E+07
	8E+06
	5E+06
	3E+06
	1E+06

	CL(67:4)
	0
	0
	0
	3E+05
	0
	2E+05

	CL(68:0)
	5E+06
	2E+06
	3E+06
	2E+06
	3E+05
	1E+07

	CL(68:1)
	5E+06
	2E+07
	1E+07
	2E+07
	4E+07
	5E+06

	CL(68:2)
	2E+07
	4E+07
	4E+07
	5E+06
	8E+07
	5E+07

	CL(68:3)
	8E+07
	8E+07
	7E+07
	1E+08
	1E+08
	9E+07

	CL(68:4)
	3E+07
	3E+07
	4E+07
	7E+07
	8E+07
	6E+07

	CL(69:3)
	3E+06
	8E+06
	4E+06
	3E+05
	0
	0

	CL(69:4)
	4E+06
	4E+06
	4E+06
	2E+06
	0
	2E+05

	CL(70:2)
	2E+07
	1E+07
	2E+07
	5E+06
	3E+07
	4E+07

	CL(70:3)
	3E+07
	3E+07
	2E+07
	5E+06
	2E+07
	2E+07

	CL(70:4)
	1E+07
	2E+07
	1E+07
	2E+07
	2E+07
	2E+07

	CL(71:3)
	9E+05
	4E+05
	2E+05
	0
	0
	0

	CL(71:4)
	0
	3E+05
	2E+05
	0
	0
	0

	CL(72:2)
	2E+06
	4E+05
	3E+06
	9E+05
	4E+05
	3E+06

	CL(72:3)
	3E+06
	2E+06
	3E+06
	7E+05
	3E+06
	1E+06

	CL(72:4)
	2E+06
	2E+06
	2E+06
	1E+06
	6E+05
	1E+06

	PA(34:1)
	2E+07
	4E+06
	1E+07
	7E+06
	2E+06
	1E+06

	PA(35:2)
	1E+08
	6E+07
	2E+08
	4E+07
	6E+06
	1E+07

	PA(36:2)
	2E+07
	6E+06
	1E+07
	3E+05
	2E+06
	4E+05

	PE(16:1)
	5E+07
	2E+07
	1E+07
	2E+07
	2E+06
	4E+07

	PE(18:1)
	6E+06
	2E+06
	1E+07
	6E+07
	9E+07
	6E+07

	PE(32:0)
	8E+07
	4E+07
	3E+07
	1E+07
	9E+06
	6E+07

	PE(32:1)
	1E+09
	7E+08
	1E+09
	9E+08
	1E+09
	2E+09

	PE(32:2)
	2E+08
	2E+08
	2E+08
	2E+08
	3E+08
	2E+08

	PE(33:1)
	2E+06
	1E+07
	2E+07
	2E+06
	3E+06
	2E+06
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	Phospholipid Species
	2-Cyclopentenone
	Formaldehyde

	PE(33:2)
	3E+08
	4E+08
	3E+08
	4E+08
	2E+08
	6E+07

	PE(34:0)
	2E+06
	3E+07
	1E+06
	8E+06
	2E+06
	2E+07

	PE(34:1)
	8E+08
	7E+08
	8E+08
	6E+08
	7E+08
	1E+09

	PE(34:2)
	1E+09
	7E+08
	1E+09
	8E+08
	1E+09
	1E+09

	PE(36:0)
	81389
	0
	0
	0
	0
	0

	PE(36:1)
	6E+07
	5E+07
	4E+07
	3E+06
	3E+06
	1E+07

	PE(36:2)
	2E+08
	2E+08
	2E+08
	2E+08
	2E+08
	3E+08

	PE(37:2)
	0
	0
	1E+05
	0
	0
	2E+05

	PE(38:1)
	0
	1E+05
	63629
	0
	0
	0

	PE(38:2)
	2E+06
	3E+06
	2E+06
	2E+05
	0
	1E+06

	PG(30:0)
	2E+05
	5E+05
	5E+05
	7E+05
	0
	3E+06

	PG(30:1)
	4E+06
	7E+06
	9E+06
	2E+07
	5E+06
	1E+07

	PG(32:0)
	1E+06
	2E+06
	8E+06
	6E+06
	0
	2E+07

	PG(32:1)
	8E+08
	1E+09
	2E+09
	3E+09
	7E+08
	2E+09

	PG(32:2)
	3E+07
	5E+07
	6E+07
	2E+08
	1E+08
	2E+08

	PG(33:0)
	2E+06
	0
	1E+05
	7E+06
	0
	4E+05

	PG(33:1)
	1E+08
	1E+08
	1E+08
	1E+08
	6E+06
	3E+07

	PG(33:2)
	1E+07
	2E+07
	2E+07
	3E+07
	4E+06
	1E+07

	PG(34:0)
	90624
	0
	0
	0
	0
	8E+05

	PG(34:1)
	7E+08
	1E+09
	1E+09
	2E+09
	3E+08
	1E+09

	PG(34:2)
	1E+09
	8E+08
	7E+08
	4E+09
	1E+09
	4E+06

	PG(34:3)
	5E+05
	1E+06
	5E+05
	2E+06
	4E+05
	3E+06

	PG(35:1)
	1E+06
	8E+05
	3E+06
	5E+05
	0
	1E+06

	PG(35:2)
	1E+08
	1E+08
	2E+08
	1E+08
	8E+06
	4E+07

	PG(36:0)
	1E+06
	3E+06
	2E+06
	1E+07
	2E+06
	5E+06

	PG(36:1)
	3E+07
	5E+07
	3E+07
	1E+08
	2E+07
	1E+08

	PG(36:2)
	3E+08
	4E+08
	5E+08
	8E+08
	2E+08
	5E+08

	PG(37:2)
	1E+06
	6E+05
	5E+05
	2E+05
	0
	0

	PG(38:1)
	5E+05
	8E+05
	3E+05
	6E+05
	0
	1E+06

	PG(38:2)
	4E+06
	6E+06
	6E+06
	1E+07
	2E+06
	9E+06

	PS(34:1)
	6E+06
	1E+06
	2E+06
	2E+06
	5E+05
	1E+06

	PS(34:2)
	0
	0
	84021
	0
	0
	0

	PS(35:1)
	3E+07
	2E+07
	5E+07
	2E+07
	5E+06
	8E+06

	PS(35:2)
	2E+06
	4E+06
	3E+06
	4E+07
	8E+06
	1E+07

	PS(36:2)
	1E+05
	2E+05
	0
	0
	0
	0

	PS(O-35:1)
	3E+06
	3E+06
	6E+05
	0
	0
	0


Table 15 Continued

	Phospholipid Species
	2-Cyclopentenone
	Formaldehyde

	PS(P-33:0)
	6E+07
	5E+07
	8E+07
	7E+05
	1E+07
	7E+05





[bookmark: _Ref86316796][bookmark: _Toc87009229]Table 16. Compiled master list of phospholipid species validated by MS2 spectra in LIQUID with MZmine-aligned peak areas in P. putida EM42 samples grown in p-cresol and sodium acetate.
	Phospholipid Species
	p-Cresol
	Sodium acetate

	CL(64:1)
	5E+06
	1E+07
	6E+06
	3E+05
	0
	0

	CL(64:2)
	5E+07
	9E+06
	5E+06
	5E+06
	2E+06
	7E+06

	CL(64:3)
	4E+05
	0
	0
	0
	0
	3E+05

	CL(65:1)
	4E+06
	0
	0
	0
	0
	0

	CL(65:2)
	1E+07
	2E+06
	5E+05
	3E+06
	6E+06
	2E+07

	CL(66:2)
	2E+08
	1E+07
	7E+06
	1E+07
	8E+05
	4E+06

	CL(66:3)
	1E+08
	2E+07
	1E+07
	5E+07
	3E+07
	5E+06

	CL(67:2)
	2E+07
	5E+06
	1E+06
	3E+07
	1E+06
	6E+07

	CL(67:3)
	2E+07
	3E+06
	1E+06
	7E+07
	3E+07
	1E+08

	CL(67:4)
	1E+06
	0
	0
	7E+06
	6E+06
	4E+06

	CL(68:0)
	8E+05
	4E+06
	8E+06
	5E+05
	0
	0

	CL(68:1)
	4E+07
	2E+07
	7E+06
	6E+06
	0
	4E+06

	CL(68:2)
	3E+07
	1E+07
	1E+07
	5E+06
	2E+07
	1E+07

	CL(68:3)
	2E+08
	5E+07
	3E+07
	9E+07
	3E+07
	2E+08

	CL(68:4)
	8E+07
	3E+07
	1E+07
	1E+08
	5E+07
	1E+08

	CL(69:3)
	1E+07
	2E+06
	4E+05
	6E+07
	3E+07
	3E+07

	CL(69:4)
	1E+07
	2E+06
	4E+05
	9E+07
	2E+07
	6E+07

	CL(70:2)
	6E+06
	9E+06
	3E+06
	8E+06
	6E+05
	4E+06

	CL(70:3)
	3E+07
	9E+06
	3E+06
	2E+07
	3E+07
	9E+07

	CL(70:4)
	2E+07
	6E+06
	2E+06
	5E+07
	2E+07
	1E+08

	CL(71:3)
	0
	0
	9E+05
	6E+06
	4E+06
	2E+06

	CL(71:4)
	1E+06
	0
	0
	2E+07
	9E+06
	4E+07

	CL(72:2)
	8E+05
	3E+06
	3E+06
	3E+06
	2E+06
	2E+06

	CL(72:3)
	4E+06
	4E+05
	0
	2E+06
	6E+05
	7E+06

	CL(72:4)
	1E+06
	0
	0
	5E+06
	2E+06
	1E+07

	PA(34:1)
	6E+07
	1E+08
	6E+07
	6E+07
	2E+07
	1E+07

	PA(35:2)
	3E+07
	3E+07
	5E+07
	3E+08
	4E+07
	2E+08

	PA(36:2)
	2E+06
	3E+06
	4E+06
	7E+07
	2E+07
	4E+07

	PE(16:1)
	5E+07
	4E+07
	5E+07
	2E+08
	5E+06
	1E+08

	PE(18:1)
	3E+08
	5E+08
	4E+08
	6E+08
	2E+08
	5E+08

	PE(32:0)
	3E+07
	5E+08
	3E+08
	2E+07
	1E+06
	1E+07

	PE(32:1)
	6E+08
	5E+08
	7E+08
	1E+09
	5E+08
	6E+08

	PE(32:2)
	2E+08
	5E+07
	3E+07
	1E+08
	5E+07
	2E+08

	PE(33:1)
	3E+07
	6E+06
	2E+07
	3E+08
	9E+07
	4E+07

	PE(33:2)
	5E+08
	5E+07
	9E+07
	1E+08
	3E+07
	6E+07


Table 16 Continued

	Phospholipid Species
	p-Cresol
	Sodium acetate

	PE(34:0)
	9E+06
	2E+08
	1E+08
	1E+07
	2E+06
	7E+06

	PE(34:1)
	7E+08
	1E+09
	1E+09
	1E+09
	3E+08
	4E+08

	PE(34:2)
	6E+08
	7E+08
	6E+08
	2E+09
	8E+08
	1E+09

	PE(36:0)
	9E+06
	1E+07
	7E+06
	0
	0
	0

	PE(36:1)
	1E+08
	2E+08
	2E+08
	1E+07
	1E+07
	3E+07

	PE(36:2)
	1E+08
	1E+08
	1E+08
	5E+08
	2E+08
	4E+08

	PE(37:2)
	5E+05
	0
	0
	4E+06
	0
	3E+06

	PE(38:1)
	0
	1E+06
	3E+05
	4E+05
	0
	0

	PE(38:2)
	1E+06
	7E+05
	4E+05
	4E+06
	0
	3E+06

	PG(30:0)
	2E+07
	3E+06
	2E+06
	3E+07
	3E+06
	2E+07

	PG(30:1)
	0
	0
	4E+05
	3E+06
	2E+06
	2E+06

	PG(32:0)
	1E+08
	8E+07
	9E+07
	0
	1E+06
	2E+06

	PG(32:1)
	5E+08
	4E+08
	4E+08
	8E+08
	5E+08
	5E+08

	PG(32:2)
	3E+06
	0
	0
	7E+07
	5E+07
	5E+07

	PG(33:0)
	9E+06
	3E+06
	1E+06
	3E+07
	3E+07
	2E+07

	PG(33:1)
	9E+07
	8E+07
	8E+07
	5E+08
	3E+08
	4E+08

	PG(33:2)
	1E+07
	4E+06
	2E+06
	2E+08
	1E+08
	1E+08

	PG(34:0)
	2E+06
	3E+06
	3E+06
	0
	0
	0

	PG(34:1)
	7E+08
	7E+08
	6E+08
	1E+09
	7E+08
	9E+08

	PG(34:2)
	5E+08
	5E+08
	4E+08
	2E+09
	2E+09
	2E+09

	PG(34:3)
	0
	0
	0
	2E+07
	4E+06
	1E+07

	PG(35:1)
	9E+06
	1E+07
	1E+07
	3E+05
	0
	2E+08

	PG(35:2)
	4E+07
	4E+07
	4E+07
	2E+09
	1E+09
	1E+09

	PG(36:0)
	6E+06
	3E+06
	4E+06
	5E+06
	7E+06
	1E+07

	PG(36:1)
	1E+08
	1E+08
	9E+07
	5E+07
	6E+07
	1E+08

	PG(36:2)
	1E+08
	1E+08
	1E+08
	1E+09
	6E+08
	8E+08

	PG(37:2)
	0
	5E+05
	4E+05
	4E+07
	0
	4E+07

	PG(38:1)
	7E+06
	9E+06
	6E+06
	2E+06
	2E+06
	2E+06

	PG(38:2)
	6E+06
	7E+06
	7E+06
	3E+07
	2E+07
	2E+07

	PS(34:1)
	9E+05
	0
	0
	6E+07
	1E+07
	5E+07

	PS(34:2)
	7E+06
	1E+07
	1E+07
	0
	2E+05
	2E+05

	PS(35:1)
	8E+05
	6E+05
	1E+06
	1E+08
	2E+07
	7E+07

	PS(35:2)
	0
	2E+06
	1E+06
	1E+08
	5E+07
	9E+07

	PS(36:2)
	0
	0
	0
	7E+07
	3E+07
	6E+07

	PS(O-35:1)
	0
	3E+06
	3E+06
	0
	0
	0

	PS(P-33:0)
	5E+06
	3E+07
	2E+07
	8E+06
	6E+06
	0


[bookmark: _Ref82078277][bookmark: _Toc87009230]Table 17. Compiled master list of phospholipid species validated by MS2 spectra in LIQUID with MZmine-aligned peak areas in P. putida EM42 samples grown in vanillin and the mock wastewater solution.
	Phospholipid Species
	Vanillin
	Mock Wastewater

	CL(64:1)
	3E+05
	0
	3E+05
	5E+05
	5E+05
	7E+05

	CL(64:2)
	2E+07
	2E+07
	2E+07
	8E+06
	6E+06
	3E+06

	CL(64:3)
	2E+06
	4E+05
	6E+06
	1E+06
	8E+05
	3E+05

	CL(65:1)
	0
	0
	0
	0
	0
	0

	CL(65:2)
	6E+05
	1E+06
	7E+05
	2E+05
	0
	0

	CL(66:2)
	4E+07
	4E+06
	4E+06
	1E+05
	0
	4E+05

	CL(66:3)
	1E+08
	8E+07
	9E+07
	2E+07
	2E+07
	8E+06

	CL(67:2)
	6E+05
	3E+05
	3E+05
	0
	0
	0

	CL(67:3)
	7E+06
	1E+07
	5E+06
	6E+05
	4E+05
	0

	CL(67:4)
	3E+06
	7E+05
	2E+06
	0
	0
	0

	CL(68:0)
	3E+06
	1E+06
	3E+06
	4E+05
	2E+06
	0

	CL(68:1)
	4E+06
	6E+06
	6E+06
	2E+06
	6E+05
	2E+06

	CL(68:2)
	5E+06
	4E+06
	4E+06
	7E+06
	9E+06
	4E+06

	CL(68:3)
	1E+08
	2E+08
	1E+08
	2E+07
	2E+07
	8E+06

	CL(68:4)
	1E+08
	1E+08
	1E+08
	2E+07
	2E+07
	8E+06

	CL(69:3)
	7E+05
	4E+06
	3E+05
	0
	0
	0

	CL(69:4)
	6E+06
	9E+06
	6E+06
	3E+05
	3E+05
	0

	CL(70:2)
	7E+06
	3E+06
	8E+06
	6E+06
	9E+06
	3E+05

	CL(70:3)
	1E+07
	3E+07
	3E+07
	4E+06
	5E+06
	1E+06

	CL(70:4)
	4E+07
	5E+07
	4E+07
	4E+06
	4E+06
	1E+06

	CL(71:3)
	0
	0
	0
	0
	0
	0

	CL(71:4)
	0
	4E+05
	0
	0
	0
	0

	CL(72:2)
	2E+06
	3E+06
	2E+06
	1E+06
	0
	0

	CL(72:3)
	2E+06
	3E+06
	2E+06
	4E+05
	0
	0

	CL(72:4)
	2E+06
	6E+06
	2E+06
	1E+05
	1E+05
	0

	PA(34:1)
	2E+06
	4E+05
	1E+06
	3E+05
	0
	6E+05

	PA(35:2)
	4E+06
	1E+06
	3E+06
	4E+07
	6E+07
	4E+05

	PA(36:2)
	2E+06
	6E+05
	5E+05
	7E+05
	3E+05
	7E+05

	PE(16:1)
	2E+08
	2E+08
	2E+08
	7E+07
	6E+07
	5E+07

	PE(18:1)
	7E+08
	4E+08
	9E+08
	8E+07
	7E+07
	3E+07

	PE(32:0)
	3E+07
	7E+06
	6E+06
	2E+07
	2E+07
	2E+07

	PE(32:1)
	1E+09
	5E+08
	8E+08
	3E+08
	3E+08
	3E+08

	PE(32:2)
	1E+08
	3E+08
	2E+08
	9E+07
	5E+07
	1E+07

	PE(33:1)
	2E+06
	4E+06
	3E+06
	1E+06
	1E+06
	4E+05

	PE(33:2)
	8E+07
	5E+08
	2E+08
	2E+06
	5E+07
	7E+06


Table 17 Continued

	Phospholipid Species
	Vanillin
	Mock Wastewater

	PE(34:0)
	2E+07
	1E+07
	1E+07
	2E+06
	1E+06
	3E+06

	PE(34:1)
	8E+08
	3E+08
	7E+08
	2E+08
	2E+08
	2E+08

	PE(34:2)
	2E+09
	2E+09
	2E+09
	4E+08
	4E+08
	5E+08

	PE(36:0)
	0
	0
	0
	0
	0
	0

	PE(36:1)
	9E+06
	1E+07
	5E+06
	7E+06
	1E+07
	7E+06

	PE(36:2)
	4E+08
	3E+08
	4E+08
	5E+07
	6E+07
	6E+07

	PE(37:2)
	4E+05
	3E+05
	0
	0
	0
	0

	PE(38:1)
	0
	0
	2E+05
	0
	0
	0

	PE(38:2)
	2E+06
	1E+06
	1E+06
	3E+05
	0
	0

	PG(30:0)
	5E+06
	8E+06
	3E+06
	1E+05
	6E+05
	0

	PG(30:1)
	6E+06
	8E+06
	7E+06
	1E+06
	1E+06
	6E+05

	PG(32:0)
	2E+06
	2E+06
	6E+05
	0
	1E+06
	0

	PG(32:1)
	1E+09
	1E+09
	1E+09
	3E+08
	4E+08
	2E+08

	PG(32:2)
	1E+08
	2E+08
	1E+08
	3E+06
	2E+07
	6E+05

	PG(33:0)
	1E+06
	3E+06
	3E+06
	0
	3E+05
	0

	PG(33:1)
	4E+07
	5E+07
	4E+07
	7E+06
	1E+07
	6E+06

	PG(33:2)
	3E+07
	4E+07
	3E+07
	1E+06
	5E+06
	6E+06

	PG(34:0)
	0
	0
	0
	0
	0
	0

	PG(34:1)
	1E+09
	1E+09
	1E+09
	2E+08
	3E+08
	2E+08

	PG(34:2)
	2E+09
	3E+09
	3E+09
	5E+08
	6E+08
	5E+08

	PG(34:3)
	3E+06
	4E+06
	4E+06
	0
	0
	2E+05

	PG(35:1)
	2E+06
	6E+05
	1E+06
	0
	0
	0

	PG(35:2)
	7E+07
	1E+08
	8E+07
	6E+06
	1E+07
	7E+06

	PG(36:0)
	4E+06
	2E+06
	4E+06
	8E+05
	2E+06
	1E+06

	PG(36:1)
	3E+07
	2E+07
	3E+07
	2E+07
	2E+07
	2E+07

	PG(36:2)
	2E+06
	8E+08
	7E+08
	7E+07
	1E+08
	8E+07

	PG(37:2)
	2E+05
	8E+05
	5E+05
	0
	0
	0

	PG(38:1)
	8E+05
	1E+06
	1E+06
	0
	0
	0

	PG(38:2)
	1E+07
	1E+07
	1E+07
	1E+06
	2E+06
	1E+06

	PS(34:1)
	3E+05
	2E+06
	2E+06
	0
	1E+05
	0

	PS(34:2)
	0
	0
	0
	0
	1E+05
	0

	PS(35:1)
	8E+06
	1E+07
	8E+06
	9E+05
	1E+06
	0

	PS(35:2)
	7E+05
	2E+06
	2E+07
	9E+05
	2E+06
	8E+05

	PS(36:2)
	0
	0
	0
	0
	0
	0

	PS(O-35:1)
	0
	0
	0
	0
	0
	0

	PS(P-33:0)
	1E+07
	2E+06
	1E+07
	2E+05
	7E+05
	6E+05


[bookmark: _Toc87009197]Results and Discussion
[bookmark: _Toc87009198]The lipids of the gene-reduced strain Pseudomonas putida EM42 align similarly to the commonly researched strain P. putida KT2440
Figure 42 shows the phospholipid composition of the major observed species within cultures grown only in glucose and to mid and late exponential phase. In general, the phospholipid trends are in line with reported values for P. putida phospholipid profiles, but there is a distinct difference in phospholipid speciation between mid and late exponential phase cultures with respect to PE to PG ratio.  Studies on eukaryotic organisms show that growth phase was linked to increases in PG and PE species and decreases in PC [362], though studies on E. coli and B. subtilis indicated that exponential growth did not induce drastic shifts in phospholipid composition, though stationary phase and sporulation could involve mild changes [218]. Still, specific changes between each phase do not appear to be well reported [17].
Table 18 shows a selection of previous reports on P. putida lipidomics, with reported ratios of the three main expected phospholipid species PE, PG, and CL, as well as a representative sample of the closely related P. aeruginosa. Unlike with B. subtilis, P. putida membranes are usually dominated by PE (as is to be expected in most Gram-negative bacteria [186]), with PG occupying a lower fraction of the overall lipidome and cardiolipin existing in a similar low percentage as with other bacteria. As can be seen in Figure 43, there are no genes present in P. putida KT2440 that encode specifically for production of PC, which is a known component of the closely related P. aeruginosa, but genes do exist for synthesis of PE (4.1.1.65), PG (3.1.3.27), and cardiolipin (ClsA/B/C). 
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[bookmark: _Ref81935917][bookmark: _Toc87009274]Figure 42. Phospholipid composition by peak area of P. putida EM42 cultures grown in glucose to A) mid exponential phase and B) late exponential phase


[bookmark: _Ref82180505][bookmark: _Toc87009231]Table 18. Previous phospholipid profiling studies performed on several strains of Pseudomonas putida, as well as representative P. aeruginosa profiles to exemplify the differences within a genus.

	Previously Reported P. putida Phospholipid Ratios

	Source
	PE
	PG
	CL
	Other (if reported)

	Pinkart & White, 1997 [363]
Strains: MW1200 and Idaho
Mole percentage
	MW1200: 55.97%
	MW1200: 28.79%
	MW1200: 11.24%
	MW1200: PA: 2.4%; PS: 1.56%

	
	Idaho: 73.93%
	Idaho: 14.21%
	Idaho: 6.6%
	Idaho: PA: 1.12%; PS: 0.78%

	Rühl, et al, 2012 [172]
Strains: KT2440, DOT-T1E, S12, VLB120
Ratio of peak area of species to overall area
	KT2440: 62%
	KT2440: 33%
	KT2440: 4%
	N/A

	
	DOT-T1E: 64%
	DOT-T1E: 33%
	DOT-T1E: 3%
	

	
	S12: 59%
	S12: 38%
	S12: 3%
	

	
	VLB120: 72%
	VLB120: 24%
	VLB120: 4%
	

	Wang, et al, 2015 [364]
Strains: KT2442
Comparison of standard peak areas to tested samples
	79.9%
	12.7%
	7.4%
	N/A

	Hancock & Meadow, 1969 [365]
Strains: P. aeruginosa 8602
Molar composition by phosphorus assay
	6 hr.: 83.2%
8 hr.: 80.6%
14 hr.: 71.8%
24 hr.: 70.8%
	6 hr.: 14%
8 hr.: 17.8%
14 hr.: 12.1%
24 hr.: 11.8%
	NA
	For bis-PG:
6 hr.: 2.8%
8 hr.: 1.5%
14 hr.: 8.1%
24 hr.: 8.4%

	Tashiro, et al, 2011 [366]
Han, et al, 2018 [367]
Deschamps, et al, 2021 [368]
P. aeruginosa
	No defined proportions, but presence of PG, PE, and CL confirmed, as well as the P. aeruginosa-exclusive PC
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[bookmark: _Ref81936146][bookmark: _Toc87009275]Figure 43. KEGG pathway of glycerophospholipid metabolism within Pseudomonas putida KT2440 [369]


Table 18 also shows that there is infrequent reporting of PA and PS species within P. putida. While those are not inherent species being produced as a part of the membrane, PA is a generic phospholipid precursor produced from glycerol 3-phosphate (1.1.1.91) or the phosphorylation of diacylglycerol (2.3.1.51 & 2.7.1.107), and PS is specifically synthesized (2.7.8.8) as a direct precursor and intermediate in the production of PE (4.1.1.65), so while observation of these phospholipid species is not necessarily expected, it is not surprising either.
While there are published studies on the lipid profile of the parent strain P. putida KT2440, there currently are no lipid profiling studies on the gene-reduced form of P. putida EM42. While none of the gene deletions present in P. putida EM42 explicitly influence any part of phospholipid synthesis and recycling, the loss of the flagella gene and flagella as a major structural component embedded within the membrane could theoretically cause changes in membrane composition. Indeed, there have been studies reporting on the differences in membrane content between the region surrounding the mounting point of the flagella and the rest of the cell membrane, indicating PG was depleted in the flagellar membrane region and PE was enriched [370]. There are also reports that decreased flagellar formation could be linked to cellular deficiencies in PG and CL [371], which was supported by observation of increased levels of cardiolipin in the flagellar sheath [372]. With that in mind, while removal of the flagella does not constitute a massive shift in the composition of the cell membrane, it still stands to reason those observable shifts in the overall lipid profile of the cell might be evident as a result. 
Despite a significant difference in cellular construction, the Gram-negative P. putida and Gram-positive B. subtilis largely share the same genes encoding for fatty acid biosynthesis (Figure 44), with P. putida expressing FabA and FabB, which are historically only observed in Gram-negative species such as P. putida or the commonly researched E. coli [373]. Similarly, FabI and FabL are not observed in P. putida, as they are genes specific to B. subtilis [374], and the Gram-negative counterpart in FabV is what is observed here [375]. While not necessarily odd observations, it is intriguing to see how simultaneously similar and different two species can be within the same pathway.
[bookmark: _Toc87009199]A high-level view of P. putida phospholipid speciation and characteristics
To begin, general information about the composition and variance across phospholipid inventories in each of the sampling conditions was collected. First, given prior information about the major phospholipid components of P. putida being PE and PG, the ratio of PE to PG across each of the sampling conditions was examined (Figure 45). While all samples generally conformed to previous studies [172], several samples stood out. The samples grown in the mock wastewater solution as well as p-cresol showed noticeably elevated amounts of PE within their lipidomes. The p-cresol and mock wastewater solution trending together may not be completely unexpected, given the mock wastewater solution contains several cresol isomers as well as other aromatic molecules (Table 13). Given previous studies indicating that Gram-negative bacteria exhibit a higher sensitivity to p-cresol than Gram-positive species [376], this could possibly be indicative of the cresol species being highly influential on how the lipidome of P. putida adapts within the mock wastewater solution. 
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[bookmark: _Ref81937311][bookmark: _Toc87009276]Figure 44. KEGG pathway for fatty acid biosynthesis in Pseudomonas putida KT2440. [377]
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[bookmark: _Ref82032708][bookmark: _Toc87009277]Figure 45. Ratio of PE to PG across all sampling conditions of P. putida EM42. Stars indicate species deemed significantly different from the mid exponential glucose control by the Student’s t-test.



Next, the composition of the fatty acid portion of the phospholipid inventory was examined, with an examination of average fatty acid chain length (Figure 46) as well as average degree of unsaturation (Figure 47). When compared to the mid exponential glucose control, two samples were determined to contain, on average, significantly longer fatty acids – the samples grown in sodium acetate and vanillin. Both of those samples also contained higher degrees of unsaturation, as well as the other glucose sample, grown to late exponential phase. 
With this information in hand, statistics showed that the samples grown in sodium acetate, vanillin, and p-cresol demonstrated significant differences in lipidome composition, and as such, further examination of each condition was explored to try to elucidate if specific phospholipids drove those changes, as well as the biological implications of those shifts in phospholipid profile. Additionally, given the mock wastewater composition is composed of molecules derived from similar chemical classes, the changes in phospholipid profile in the mock wastewater solution were also examined.
[bookmark: _Toc87009200]p-Cresol shows notable relative increases in fully saturated fatty acid content
To begin, the sample showing the most variance in average phospholipid ratio between PE and PG was examined (Figure 48). Interestingly enough, upon closer inspection of the phospholipids that varied the most between sample and control (as determined by a p-value cutoff of 0.05 or less), there was not an obvious trend within the p-cresol samples of the presence of more PE species. Both the glucose control and p-cresol samples contained specific PE species that showed significant fold change increases compared to the other condition. 
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[bookmark: _Ref82033557][bookmark: _Toc87009278]Figure 46. Average fatty acid chain length of phospholipids across all sampling conditions of P. putida EM42. Stars indicate species deemed significantly different from the mid exponential glucose control by the Student’s t-test.
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[bookmark: _Ref82034063][bookmark: _Toc87009279]Figure 47. Average degree of unsaturation of phospholipids across all sampling conditions of P. putida EM42. Stars indicate species deemed significantly different from the mid exponential glucose control by the Student’s t-test.
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[bookmark: _Ref81942845][bookmark: _Toc87009280]Figure 48. A) Heatmap, B) PCA plot (with 95% confidence regions), and C) volcano plot (left indicating preference to the control and right indicating preference to the sampling condition) comparing the lipid profiles of p-cresol to the mid exponential glucose control in P. putida EM42.


What might be more curious is relative increases in the p-cresol samples of several PG and PE species containing fully saturated fatty acid chains, as well as a relative increase in phospholipids containing longer fatty acids (Figure 48A). This was in line with previous studies that have investigated the influence of exposure to p-cresol and other phenolic species on the fluidity of the bacterial membrane. It was found that the ratio of saturated to unsaturated fatty acids being produced and incorporated into the cell membrane increased as the concentration of p-cresol that the bacteria was exposure was also increased [378]; other phenols were found to induce similar activity as well [379]. An overall lengthening of phospholipid fatty acids as well as a decrease in unsaturation would indicate an overall increase in the rigidity of the cell membrane. Closer examination of the fully saturated phospholipids compared between the glucose control and p-cresol further confirmed this (Figure 49), with most of the selected phospholipids showing significantly increased presence in the p-cresol samples.
[bookmark: _Toc87009201]The mystery of odd-numbered fatty acids appearing within P. putida phospholipids within sodium acetate-grown cultures
Next, sodium acetate was examined, noted earlier as having phospholipids with significantly longer fatty acids and higher degrees of unsaturation (Figure 50). Compared to p-cresol, sodium acetate contained a wide variety of phospholipids that significantly differed from the glucose control samples (Figure 50A), and variance supported the (Figure 50B & C). Upon examination of the lipidome of the sodium acetate samples, a feature that stood out was the notable increase of phospholipid species containing odd-numbered fatty acids. 
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[bookmark: _Ref82037056][bookmark: _Toc87009281]Figure 49. Heatmap of the fully saturated phospholipids compared between the glucose control and p-cresol samples in P. putida EM42
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[bookmark: _Ref82038025][bookmark: _Toc87009282]Figure 50. A) Heatmap, B) PCA plot (with 95% confidence regions), and C) volcano plot (left indicating preference to the sampling condition and right indicating preference to the control) comparing the lipid profiles of sodium acetate to the mid exponential glucose control in P. putida EM42.


In general, bacteria are unlikely to produce odd-numbered fatty acids as a part of normal metabolism. Even concerted efforts to force bacteria to produce odd-numbered fatty acids result in very moderate improvements in overall proportion of even- to odd-numbered fatty acids [380]. Typical fatty acid metabolism in most organisms is driven by the sequential addition of two carbons onto fatty acid precursors [381], which in bacteria almost always contain even numbers of carbon, such as is the case with P. putida [172], and as shown earlier (Figure 44) fatty acid precursors are often constructed as even-numbered chains. There have been reports that incorporation of specific amino acids, such as valine, leucine, and isoleucine, can result in the genesis of odd-numbered fatty acid chains [382], but that is not widely reported as a prevalent phenomenon in bacteria.
An alternative explanation might help to deconvolute this - bacteria are well known for incorporating modifications into phospholipid fatty acids [383]. These modifications can include the addition of short, branched chains [384] and conversion of double bonds to cyclopropane [385] or hydroxyl groups [172, 386]. While hydroxyl groups would be relatively easy to spot as a distinct feature using mass spectrometry, the simple addition or movement of carbons resulting from branching or double bond conversion to cyclopropane could be much more subtle. The modification of a fatty acid to contain a cyclopropane (Figure 51) or a branched chain (Figure 52) can easily masquerade as a more basic fatty acid. 
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[bookmark: _Ref82038650][bookmark: _Toc87009283]Figure 51. Comparison of the mass-equal palmitoleic acid (top) and the cyclopropane variant 8-(2-pentylcyclopropyl)octanoic acid (bottom).
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[bookmark: _Ref82038658][bookmark: _Toc87009284]Figure 52. Comparison of the mass-equal palmitic acid (top) and the branched fatty acid 14-methlypentadecanoic acid (bottom).

This creates unique scenarios in mass spectrometry where fatty acid modifications are often overlooked due to a lack of required measurement depth needed to definitively characterize phospholipids with cyclopropane modifications to fatty acid chains. Often, specialized detection methods are necessary to characterize these variants, such as GC/MS [387, 388], NMR [389], or ultraviolet photodissociation mass spectrometry [390]. Indeed, GC/MS analysis on P. putida EM42 revealed the presence of branched chain fatty acids, though it is worth mentioning that the method used was not optimized to detect cyclopropane fatty acids and therefore were not represented in the results (Table 19). However, they have been shown to exist within P. putida, with their synthesis having been linked to environmental stress conditions [391-393].
Cardiolipin species also appear to be – both the glucose control and sodium acetate samples have cardiolipin species that were significantly more abundant in each sample. Further examination of the cardiolipin species revealed similar trends to those observed within the fatty acid profiles (Figure 53) – the cardiolipin species within the sodium acetate samples had notably longer fatty acids with high degrees of unsaturation. Previous studies have shown that CL content within the membrane can be affected by osmotic shock, often with reciprocal effects on the relative proportion of PE [394]. While there were no conditions applied that specifically simulated the effects of osmotic shock on P. putida, the presence of sodium acetate as a salt theoretically would have some level of effect on the ionic product of water, and as such, it stands to reason that the ratio of PE to CL might shrink compared to the glucose control samples, which not only was confirmed but also visible across several other samples (Figure 54).
[bookmark: _Ref81939561][bookmark: _Ref82180581][bookmark: _Toc87009232]Table 19.  GC-MS data of the fatty acid composition of Pseudomonas putida EM42
	Fatty Acid Detected
	Percentage

	
	Run 1
	Run 2
	Run 3

	Capric acid (10:0)
	1.28%
	0.42%
	0.88%

	Lauric acid (12:0)
	35.41%
	13.31%
	20.83%

	Myristic acid (14:0)
	0.55%
	0.34%
	0.42%

	Palmitic acid (16:0)
	14.68%
	24.47%
	20.46%

	Palmitelaidic acid (16:1; trans-7)
	11.66%
	11.58%
	10.53%

	Palmitelaidic acid (16:1; cis-9)
	0.81%
	0.33%
	0.49%

	Palmitoleic acid (16:1; cis-7)
	9.71%
	6.96%
	7.04%

	Margaric acid, iso (i17:0)
	16.50%
	21.09%
	22.55%

	Stearic acid (18:0)
	0.00%
	0.95%
	0.77%

	Vaccenic acid (18:1, trans-7)
	2.41%
	6.90%
	4.91%

	Vaccenic acid (18:1, cis-7)
	6.99%
	13.64%
	11.13%
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[bookmark: _Ref82039215][bookmark: _Toc87009285]Figure 53. Heatmap of the cardiolipin species compared between the glucose control and p-cresol samples in P. putida EM42.
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[bookmark: _Ref82040621][bookmark: _Toc87009286]Figure 54. Ratio of PE to CL across all sampling conditions of P. putida EM42. Stars indicate species deemed significantly different from the mid exponential glucose control by the Student’s t-test.


[bookmark: _Toc87009202]Vanillin reveals increased presence of lysophospholipids
The other growth condition found to contain notably increased levels of phospholipids with longer, more unsaturated fatty acids was the vanillin-grown cultures. However, upon investigation of the significantly differing phospholipids compared to glucose, the changes induced by the presence of vanillin are much more subtle (Figure 55). Surprisingly, the phospholipid profile of vanillin-grown P. putida cells resembled those of the control cells grown to late exponential phase, though one significant difference stands out. The vanillin-grown P. putida cells appeared to contain noticeably elevated levels of lysophospholipids. The role of lysophospholipids within bacteria is somewhat unclear, with the only known major function in bacteria being an intermediate in phosphatidic acid synthesis, which itself is a precursor to most other phospholipids; they also have a role in the biosynthesis of lipid A as well as reduction of stress induced by membrane curvature [395]. However, there have been studies that have shown that accumulation of lysophospholipids within the membrane have a negative impact on membrane rigidity, increasing permeability, as well as being a major player in bacterial membrane remodeling [396]. Likewise, the effect of vanillin on cell membranes is also poorly understood, with only very general reports that the presence of vanillin leads to elevated melting points of the membrane [397]. Vanillin is a known toxin to bacteria that have been engineered to produce it and numerous proteins have been identified that exhibit changes in the presence of vanillin [398].
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[bookmark: _Ref82041503][bookmark: _Toc87009287]Figure 55. A) Heatmap, B) PCA plot (with 95% confidence regions), and C) volcano plot (left indicating preference to the sampling condition and right indicating preference to the control) comparing the lipid profiles of vanillin to the mid exponential glucose control in P. putida EM42.


Lysophospholipids have also been shown to have significant influence on membrane fluidity. Because of the shape of lysophospholipids and the presence of only a singular fatty acid tail, lysophospholipids often present themselves within the membrane as having a conical shape, as opposed to many traditional two-tail phospholipids which are often more cylindrical in shape [399]. This is not universal – both PA and PE have headgroups that are small enough to still invoke a conical shape (with the thin part of the cone being the headgroup), even with two fatty acids, while other phospholipids such as PG, PS, PC, and PI all have rather large headgroups that result in more cylindrical shapes. A shift towards lysophospholipids results in a net shift towards inverted cones, where the thin part of the cone actually lies with the fatty acid tail [400]. This modulation of cylindrical and conical phospholipids in the membrane has an obvious effect on membrane curvature [401, 402], but what might not be so obvious is the effect on lipid packing. In P. putida, a rod-shaped phospholipid with a PE-dominated membrane, significant introduction of lyso-PE species, which would likely be more cylindrical in shape, into the membrane would likely force changes in both membrane curvature and alter the fluidity of the membrane. 
Outside of the lysophospholipids observed, most of the trends observed within the vanillin phospholipids were echoed from the profiles of the sodium acetate samples – there was a noticeable uptick in longer, more unsaturated fatty acids in line with prior observations of fatty acid character, with cardiolipin species representing a significant portion of those phospholipids. Odd-numbered fatty acids appearing within phospholipids also continued to be observed.
[bookmark: _Toc87009203]A brief examination of the lipid profiles of the mock wastewater solution
Finally, a broader look at the general influence of the mock wastewater on P. putida was performed (Figure 56), though the response of the mock wastewater solution was noticeably poor compared to the other samples. This could be indicative of impaired cell growth, but it is more likely that elements of the complex mock wastewater were extracted along with the lipids, causing issues with detection via LC-MS. Therefore, the lipid profiles may not be that helpful, and the general observations of phospholipid character become more important, as well as consideration of the influences of individual growth conditions that are representative of larger chemical categories.
[bookmark: _Toc87009204]A brief look across all phospholipid profiles
Examination of all conditions revealed further emphasis of previously observed trends, as well as some new observations (Figure 57). Formaldehyde, which was not discussed due to no appreciable differences compared to the control sample, was notable because of how variable the spread across replicates was. While this might be due to sampling or instrumentation error, the known toxicity of formaldehyde towards bacteria [403] would mean that lack of any appreciable differences would be highly unexpected. The wide variance across replicates could be indicative of more generalized issues within the cell (Figure 57B) – the . Additionally, relatively even ratios of PE and PG could be indicative that significant membrane remodeling is occurring as a result of the presence of the small and simple formaldehyde, which can easily penetrate through relatively rigid membranes thanks to its chemical structure, and the variance between replicates could be a visual representation of a changing membrane construction.
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[bookmark: _Ref82042528][bookmark: _Toc87009288]Figure 56. A) Heatmap, B) PCA plot (with 95% confidence regions), and C) volcano plot (left indicating preference to the sampling condition and right indicating preference to the control) comparing the lipid profiles of the mock wastewater solution to the mid exponential glucose control in P. putida EM42
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[bookmark: _Ref81937372][bookmark: _Toc87009289]Figure 57. Full comparison of the phospholipid profiles across all conditions. A) Heatmap. B) PCA plot. General phospholipid profiles for C) the mock wastewater solution, D) 2- cyclopentenone, E) formaldehyde, F) p-cresol, G) sodium acetate, and H) vanillin in P. putida EM42.


[bookmark: _Toc87009205]Phospholipid derivatives and other lipid species
[bookmark: _Toc87009206]Aminoacylated phospholipids
Unlike in B. subtilis, P. putida is much more limited in the reported presence and abundance of aminoacylated phospholipids within the membrane. While B. subtilis is known to have phospholipids with lysine and alanine head group modifications, P. putida has only been reported to contain alanylated phosphatidylglycerol (Ala-PG) and at much lower proportions, with Ala-PG only representing 0.5-5% of the total lipid pool [92]. 
Indeed, upon extraction of expected Ala-PG species, using trends on expected fatty acid lengths within the samples described here, a very limited pool of Ala-PG species was observed (Figure 58). Previous studies on the parent species KT2440 [172] and earlier data suggested that normal fatty acid chains within P. putida PG species would be of length 16 and 18, with 17 showing a mild presence potentially under stress, and a range of zero to two double bonds per phospholipid. Upon analysis, this was limited to only alanylated derivatives of PG(32:2) and PG(32:1) - no other species were detected above the noise threshold set while analyzing within MZmine. This is important to note because it bears mentioning that Ala-PG species were reported to be a much smaller overall component of the P. putida lipidome, compared to rates that were 3-34% higher for just one of the two aminoacylated species observed in B. subtilis samples. It is entirely possible that data processing could have artificially modified and reduced the effective analysis-accessible pool of Ala-PG. Of the samples that did show some level of Ala-PG, the 2-cyclopentenone samples were the only ones to have significantly elevated levels of Ala-PG.
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[bookmark: _Ref81945475][bookmark: _Toc87009290]Figure 58. Ala-PG species observed within P. putida EM42 strains inoculated with different wastewater simulated conditions. Stars indicate species deemed significantly different from the mid exponential glucose control by the Student’s t-test.




There are limited studies on Ala-PG as it pertains to what can induce changes of it within the membrane. Arendt et al examined the relative proportion of Ala-PG across several different bacteria and conditions, including P. putida. That experiment found that acidic conditions were often linked to elevated levels of Ala-PG within the membrane [22]. Curiously, the exact opposite trend was observed here – the two sampling conditions either directly fed acetic acid (sodium acetate) or the mock wastewater solution containing both acetic and formic acid were found to contain nearly no Ala-PG. 
[bookmark: _Toc87009207]Discussion/Conclusions

Growth of P. putida within several compounds commonly found within various wastewater streams and subsequent analysis of the lipid profiles of the cultures allowed probing of the differences that arose within the microbial cell membrane. While the comprehensive mock wastewater solution was not very informative in isolation, several of the individual solvent growth conditions indicated changes in the cell membrane indicative of shifts in fatty acid composition of the phospholipids or the genesis of cyclopropane fatty acids as an indicator of increased chemical tolerance. 
One critical area that could act as a complementary study to the above research is a focused analysis of the fatty acid content of these samples. Given preliminary evidence that fatty acid saturation and cyclopropane fatty acids could have a significant effect on the action of P. putida to protect itself from chemical toxicity, GC-MS FAME analysis could yield even more information about the relative proportions of specific fatty acid properties, such as chain length, saturation, and presence of chain modifications. 
Additionally, future strains of P. putida that push the boundaries of what can be modified within the cell membrane are still of interest (Figure 59). The ability to control expression of genes controlling specific phospholipid production or modifications to the fatty acid content of phospholipids could enable the creation of elegant custom strains of P. putida designed to withstand specific conditions through the customization of cell membrane production, with preliminary work having already been undertaken to that effect [404]. Indeed, strains of various bacteria have been produced that can have elevated production of phospholipids and/or variations of fatty acids (through overexpression of specific genes), such as PS/PE species (pssA) [405, 406], cardiolipin (clsA) [407, 408], cis double bonds (FabA and FabB) [409, 410], trans double bonds (Cti) [411, 412], and cyclopropane fatty acids (cfaB) [393, 413]. 
The results shown here indicate that those could be a viable route for future strain development. Observation of specific shifts in PE/PG ratios in both the mock wastewater and p-cresol samples (as well as PE/CL ratio shifts across all other sampling conditions) could point towards manipulation of PE biosynthesis as a potential route for increased durability in P. putida. Additionally, the observation of moderately strange trends in fatty acid length in several sampling conditions opens up further studies probing the exact composition of phospholipid fatty acid content could mean that better understanding of the links between P. putida fatty acid biosynthesis under certain conditions could lead to membrane optimization through manipulation of fatty acid biosynthesis.
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[bookmark: _Ref81946553][bookmark: _Toc87009291]Figure 59. Genes of interest for future engineered strains of P. putida encoding A) regulation of fatty acid cis double bonds (FabA and FabB) and B) production of PS and PE production (pssA) and cardiolipin (ClsA), as well as those regulating trans unsaturated fatty acids (Cti) and cyclopropane fatty acids (cfaB) (unshown) [377, 414]

Presented here was a comprehensive lipidomics experiment examining the effects of various known wastewater contaminants on the composition of the phospholipid membrane of P. putida. Analysis revealed that individual contaminants resulted in increased amounts of lyso-phospholipids and phospholipids with odd-chain fatty acids, theorized to be cyclopropane fatty acids, while the mock wastewater sample resulted in overall decreased phospholipid yields. Key shifts in phospholipid speciation, fatty acid chain length, and degree of unsaturation tied to specific pollutants could be incredibly informative moving forward to help with future P. putida strains that can be applied to various wastewater bioremediation applications. 
[bookmark: _Toc289175833]

[bookmark: _Toc87009208]CHAPTER 6: OVERVIEW AND OUTLOOK ON UTILIZATION OF LIPIDOMICS IN BIOLOGICAL RESEARCH


[bookmark: _Toc87009209]Dissertation in summary

Current approaches to  comprehensive cellular analyses have proven to be capable of excellent coverage of a wide range of cell-bound molecules that provide information on cellular function and survival, but there is still plenty of work to be done in order to fully leverage the data to the fullest. While access to efficient cell preparation techniques and extraction methods and state of the art instrumentation is key to quality omics research, recognition of the limitations within data analysis and informatics is equally important, and proper utilization of every pool of potential extractable analytes is still an ongoing challenge for researchers wishing to understand or optimize biological systems. Lipidomics is not immune to those struggles, requiring high level instrumentation to generate rich data sets and no small amount of guesswork and manual interpretation to begin to pull apart the intricacies of the data contained within. 
Still, if a more comprehensive approach to analysis of a system’s lipidome can be constructed, lipidomics can be an incredibly powerful analysis tool for beginning to understand the cell’s primary response to the environment. Understanding those considerations, this dissertation was constructed with two primary questions in mind. The first related to basic analytical chemistry – is it possible to construct a HILIC-MS/MS lipidomics platform that can detect bacterial phospholipids and other related molecules with high levels of sensitivity and reproducibility? The second is more biological in nature – what can be inferred about cell health and membrane fluidity from observation of changes, trends, and modifications in the cell membrane and lipidome of bacterial species exposed to fluctuating growth environments?
Chapter 1 laid out a brief overview on the state of the field of lipidomics and where the strengths and weaknesses currently lie, as well as introducing the outline of the dissertation. Chapters 2 and 3 focused on method development and rigorous testing of extraction methodologies, proper use of a HILIC-MS/MS platform, and exploration of informatics packages to fully understand and interpret data sets. The platform was optimized via consideration of feasible techniques for extraction, analysis, and informatics, with validation being performed through the use of standards and test samples. Selection of extractions was carefully performed with both lipid extraction efficiency, ease of use, and potential future applications in multiomics experiments. The choice of stationary phase was strongly driven by compatibility with lipid extracts and the balancing act of elution and mobile phase construction, with HILIC proving to be the easier than RP in terms of bulk elution of lipids. Similarly, negative mode ionization was preferred over positive mode because of the expected phospholipids present in bacterial sample sets. With use of nano-electrospray tandem mass spectrometry on the rise, that particular platform was utilized for increased sensitivity and the ability to validate phospholipids with high quality fragmentation data. Finally, a number of lipidomics informatics packages and approaches were considered, and a custom approach utilizing software with processing capabilities as well as efficient utilization of the MS2 fragmentation data was crafted. While MTBE lipid extractions and use of HILIC, nanoscale chromatography, and nano-electrospray ionization are not necessarily novel techniques for lipidomics, the simultaneous application of all four techniques to bacterial lipidomes and mock reactor/wastewater conditions is an exciting prospect for future studies. 
Chapters 4 and 5 took advantage of the methods formulated in Chapters 2 and 3 and applied them to real life datasets. Chapter 4 examined the Gram-positive microbe Bacillus subtilis, specifically examining lipid profile shifts as a function of limited and controlled fatty acid access as well as the effects of growth in solvents simulating the conditions of a biofuel reactor, while Chapter 5 was an examination of the effects of wastewater components, as well as a composite solution of chemicals found within wastewater, on the lipidome of the Gram-negative microbe Pseudomonas putida. Distinct trends in how phospholipid speciation and fatty acid composition changed in direct relation to not only distinguished specific solvents were connected to specific solvents, as well as inferences about how more general chemical classes might influence those same bacteria. The influence of lipid modifications was also made apparent, with aminoacylated phospholipids being a significant contributor to both B. subtilis and P. putida as well as observation of lipoteichoic acids in the former and potential fatty acid modifications in the latter. As a whole, the shifts and trends in phospholipid speciation as a function of changing growth environment were incredibly valuable, potentially enabling development of better bacterial strains that can be beneficial to real world industrial or experimental applications. 
[bookmark: _Toc87009210]What challenges remain in lipidomics?

Many of the unsolved issues within lipidomics are technical points that are shared across all variations of omics analyses. Ensuring a robust analysis from start to finish through the use of specific extractions, separations, and mass detection is key, and optimization of each of those parameters helps to shape future experiments. Back-end validity is also necessary, with accurate annotation of features within a class of molecules and the ability to predict or detect potential modifications or unknown variants of critical importance. That being said, the biggest challenges currently facing lipidomics are limitations within informatics as well as proper utilization and interpretation of data.
As mentioned in Chapters 2-3, informatics within omics datasets can be a tricky problem to solve. Between filtering through the many different program options available and trying to assess the depth with which to analyze sample sets, it can be difficult, if not impossible, to locate a singular program that fulfills every desire on the checklist of a given experiment. For most omics experiments utilizing a LC-MS/MS approach, a basic wish list for an informatics package likely includes an entry level ease of use, proper utilization of MS1 scans, the ability to process MS2 fragmentation data, some level of data processing and consolidation, and depending on the experiment, utilization of isomer and retention time data. 
It becomes quickly apparent that this is not something that is not easy to find. Even here, it was necessary to research numerous programs and use two, which did not even completely fulfill the needs of the experiment and required further manual interpretation of the spectra in order to probe further. Many programs available are extremely efficient at specific tasks – some are wonderful for basic data manipulation and file consolidation and alignment; others are specialized to handle the processing of very specific datasets or classes of molecules. There is also the issue of programs being locked behind either a vendor paywall or only being compatible with files that come from a certain type of instrument – many of those might be applicable to the needs of a specific experiment but it is impossible to assess them. 
So where does that leave lipidomics informatics? Even though the field is slowly growing, it is still very much a field built on the back of metabolomics, and as such, comprehensive libraries of lipids are still hard to come by, and those that do exist focus mainly on variations in head group or fatty acid chain length/saturation. Modifications to head groups or the fatty acid chains themselves are well reported in literature but not well represented within databases as of the time of writing, and those variables might be just as, if not more informative, to many biological questions as simple variation in chains or headgroups. To keep lipidomics advancing in a positive direction, there needs to be a concerted effort to consolidate all of these into one place, programs that can not only do basic data manipulation but also have truly comprehensive libraries as well as algorithms that can use known lipid modifications and predict their presence or absence based on high quality mass spectra.
The other important advancement that needs to be done in lipidomics is proper utilization of data. That does not mean that current and past lipidomics studies are incorrect or invalid, but there could be a case to be made, with the described informatics challenges in mind, that lipidomics studies have not fully utilized their data sets. While current lipidomics pipelines can generate incredibly relevant and useful observations (as described in detail in this dissertation), the depth of those measurements is limited by time investment and the power of whatever informatics platform is selected. That often results in a decision between topical comparisons across general phospholipid and fatty acid categories and delving into specific lipid variants and/or modifications that require specialized approaches or manual interpretation; taking on both can quickly escalate into a massive time investment. Balancing expected results and potential unknown sample pools of interest can always convolute this, and the best way to help solve these issues is advancement of informatics technology to the point where much of this process can be automated where currently methods require multiple different programs and approaches to even approach a complete analysis. 
As for sample preparation, Chapters 4 and 5 highlighted one of the big challenges of current lipidomics studies as it pertains to examination of lipidomes from organisms that could be industrially relevant given the right circumstances and properties in that not all organic solvents induce equal changes within organisms. It is important to keep in mind that even within a specific chemical category, rather drastic differences can be observed in the general lipidome profile. Chapter 4 showed that bacterial growth within butanol and isobutanol, two relatively similar molecules whose only difference is the location of a singular CH3 group within the molecule, resulted in rather drastically different lipid profiles, while isobutanol and THF, which share very little in terms of molecular shape and chemical properties, resulted in relatively similar lipid profiles. Chapter 5 further explored this from a slightly different angle and showed solvents spanning a wide range of molecular classes induced changes in a number of areas, including fatty acid chain length, head group speciation, and the possible presence of modified lipids. All of these factors point towards deep dives into specific solvent conditions as potentially being very useful moving forward, especially when examining field samples for what might be the main driver behind changes in the organisms present.
[bookmark: _Toc87009211]Where does lipidomics go from here?

The power of lipidomics lies in answering very simple questions that arise from broader observations of systems biology – in simpler organisms, lipids help to identify how cells react to changing environmental states, while the lipids of plants and animals are not as limited to just the cell and can be more broadly applicable to the health of the organism as a whole. While there may not be as many discrete ways to infer changes as fields such as genomics, proteomics, and metabolomics, where modifications are more readily identifiable at the core of the organism or through biomarker observation, the ability to monitor the composition of lipids within the membrane of the cell is uniquely applicable. Not only is it possible to actively monitor changes in phospholipid composition and infer how those changes relate back to the environment of the cell, but the more exciting prospect is being able to leverage knowledge of beneficial and detrimental changes in the composition of the phospholipid membrane and use that to engineer organisms to produce more optimal cell membranes. The uses of such organisms are widespread, with the beginnings of such approaches shown throughout this dissertation. 
Lipidomics has an incredible well of untapped potential as a diagnostic technique as well. Many biochemical studies utilize gene mutations, protein modifications, and the genesis of unique biomarkers to detect when something within a system has changed or gone wrong, but there is a case to be made for utilization of lipids, a class of molecules that is easily extracted within a solvent layer most discard for other omics measurements and one that is potentially more diagnostic than any of those other detection methods because of the proximity of lipids to the outside world. Currently, utilization of every part of a biological system is still not fully realized, and it is only a matter of time before scientists fully understand the ramifications of properly using all parts of the cell. Related to that, in a broader sense, the rising interest of single pot multiomics analysis platforms plays very well into that. The full utilization of DNA, proteins, metabolites, and lipids, accessible with one singular extraction, sounds like the correct and optimal way to approach biochemistry from an analytical standpoint, but research has not quite caught up to that. 
Finally, a more general note on informatics is appropriate. As mentioned in the previous section, lipidomics appears to present much more serious challenges than other disciplines in terms of comprehensive reporting of basic lipids. Every omics discipline has long struggled with detection, reporting, and accessibility of modifications and novel species within their given field because of how transient and inconsistent they can be within samples, but lipidomics still has the feel of a field that has only begun to scratch the surface of potential, only really having widespread access to the most common lipids. Lipidomics needs to advance informatics specifically to fully take advantage of MS2 data for discrimination of overlapping masses between lipid classes as well as use relatively predictable modifications (amino acids, sugars, proteins, etc.) for additional search algorithms. MS3 measurements may also become the norm for lipidomics as well to be able to examine fatty acid chain composition for double bonds, double bond location, and areas of oxidation or acylation, though this does come with the stipulation of having access to instrumentation that can process samples at that level of fragmentation. With these considerations in mind, there is strong hope for lipidomics to become more widely spread applicable to a variety of analyses that may currently only utilize a specific part of the cell, as well as taking advantage of using comprehensive measurements of all extractable parts of a sample to characterize biological systems in a more complete manner.
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391.	MuñOz-Rojas, J.S., et al., Involvement of Cyclopropane Fatty Acids in the Response of Pseudomonas putida KT2440 to Freeze-Drying. Applied and Environmental Microbiology, 2006. 72(1): p. 472-477.
392.	Pini, C., et al., Regulation of the cyclopropane synthase cfaB gene in Pseudomonas putida KT2440. FEMS microbiology letters., 2011. 321(2): p. 107-114.
393.	Pini, C., et al., Cyclopropane fatty acids are involved in organic solvent tolerance but not in acid stress resistance in Pseudomonas putida DOT-T1E. Microbial Biotechnology, 2009. 2(2): p. 253-261.
394.	Romantsov, T., Z. Guan, and J.M. Wood, Cardiolipin and the osmotic stress responses of bacteria. Biochimica et biophysica acta, 2009. 1788(10): p. 2092-2100.
395.	Zheng, L., et al., Biogenesis, transport and remodeling of lysophospholipids in Gram-negative bacteria. Biochimica et Biophysica Acta (BBA) - Molecular and Cell Biology of Lipids, 2017. 1862(11): p. 1404-1413.
396.	Lin, Y., et al., Substrate Selectivity of Lysophospholipid Transporter LplT Involved in Membrane Phospholipid Remodeling in Escherichia coli. Journal of Biological Chemistry, 2016. 291(5): p. 2136-2149.
397.	Wargenau, A., et al., Evaluating the Cell Membrane Penetration Potential of Lipid-Soluble Compounds Using Supported Phospholipid Bilayers. Analytical Chemistry, 2018. 90(19): p. 11174-11178.
398.	Pattrick, C.A., et al., Proteomic Profiling, Transcription Factor Modeling, and Genomics of Evolved Tolerant Strains Elucidate Mechanisms of Vanillin Toxicity in Escherichia coli. mSystems, 2019. 4(4).
399.	Ailte, I., et al., Addition of lysophospholipids with large head groups to cells inhibits Shiga toxin binding. Scientific Reports, 2016. 6(1): p. 30336.
400.	Zhukovsky, M.A., et al., Phosphatidic acid in membrane rearrangements. FEBS Letters, 2019. 593(17): p. 2428-2451.
401.	Sreekumari, A. and R. Lipowsky, Lipids with bulky head groups generate large membrane curvatures by small compositional asymmetries. The Journal of Chemical Physics, 2018. 149(8): p. 084901.
402.	Kamal, M.M., et al., Measurement of the membrane curvature preference of phospholipids reveals only weak coupling between lipid shape and leaflet curvature. Proceedings of the National Academy of Sciences, 2009. 106(52): p. 22245-22250.
403.	Chen, N.H., et al., Formaldehyde Stress Responses in Bacterial Pathogens. Frontiers in microbiology, 2016. 7.
404.	Henson, W.R., et al., Biological upgrading of pyrolysis-derived wastewater: Engineering Pseudomonas putida for alkylphenol, furfural, and acetone catabolism and (methyl)muconic acid production. Metabolic engineering, 2021. 68: p. 14-25.
405.	Bartoli, J., et al., The Long Hunt for pssR —Looking for a Phospholipid Synthesis Transcriptional Regulator, Finding the Ribosome. Journal of Bacteriology, 2017. 199(14): p. JB.00202-17.
406.	Mutalik, V.K., et al., Dual-barcoded shotgun expression library sequencing for high-throughput characterization of functional traits in bacteria. Nature Communications, 2019. 10(1).
407.	Tan, B.K., et al., Discovery of a cardiolipin synthase utilizing phosphatidylethanolamine and phosphatidylglycerol as substrates. Proceedings of the National Academy of Sciences, 2012. 109(41): p. 16504-16509.
408.	Douglass, M.V., F. Cléon, and M.S. Trent, Cardiolipin aids in lipopolysaccharide transport to the gram-negative outer membrane. Proceedings of the National Academy of Sciences of the United States of America, 2021. 118(15): p. e2018329118.
409.	Dodge, G.J., et al., Structural and dynamical rationale for fatty acid unsaturation in Escherichia coli. Proceedings of the National Academy of Sciences, 2019. 116(14): p. 6775-6783.
410.	Hayashi, S., et al., Control Mechanism for Carbon‐Chain Length in Polyunsaturated Fatty‐Acid Synthases. Angewandte Chemie : international edition, 2019. 58(20): p. 6605-6610.
411.	Kondakova, T., S. Kumar, and J.E. Cronan, A novel synthesis of trans-unsaturated fatty acids by the Gram-positive commensal bacterium Enterococcus faecalis FA2-2. Chemistry and physics of lipids, 2019. 222: p. 23-35.
412.	Neumann, G., N. Kabelitz, and H.J. Heipieper, The regulation of thecis-trans isomerase of unsaturated fatty acids in Pseudomonas putida: correlation between cti activity and K+-uptake systems. European Journal of Lipid Science and Technology, 2003. 105(10): p. 585-589.
413.	Taylor, F.R. and J.E. Cronan, Cyclopropane fatty acid synthase of Escherichia coli. Stabilization, purification, and interaction with phospholipid vesicles. Biochemistry, 1979. 18(15): p. 3292-3300.
414.	Wolrab, D., et al., Oncolipidomics: Mass spectrometric quantitation of lipids in cancer research. TrAC Trends in Analytical Chemistry, 2019. 120.



[bookmark: _Toc87009213]VITA

David Thomas Reeves was born and raised in Knoxville, Tennessee, where he graduated from Knoxville Catholic High School. He obtained a Bachelor of Science degree, double majoring in Chemistry and Japanese, from the University of Notre Dame in South Bend, Indiana in 2013. He then obtained a Masters of Arts in Japanese Language, Literature, and Culture from the University of Massachusetts, Amherst in Amherst, Massachusetts in 2015, publishing a thesis on the translation and interpretation of the works of Aoki Rosui, an author of ghost tales written in classical Japanese. In 2015, he applied for and was accepted for a competitive fellowship with the Bredesen Center for Interdisciplinary Research and Graduate Education as a graduate research fellow, and in the following year, he joined Dr. Robert Hettich’s biological mass spectrometry group at Oak Ridge National Laboratory, studying the metabolite and lipid profiles of environmentally and industrially relevant bacterial species by liquid chromatography-mass spectrometry. He is graduating with a Doctor of Philosophy in Energy Science and Engineering in December 2021.

image2.png
cis-palmitoleic acid

X-

N+/ HO\/\
H O/\/ ™~ NH,
choline ethanolamine
(@]
OH
HO OH HO OH
glycerol NH,
serine
OH
HO OH
HO OH
OH

inositol




image3.png
a [ 11T 11T BT N N T X





image4.png
Retention Time
Elution of increasingly
non-polar molecules

C18
bonded
to silica

Polar -> Non-Polar
Hydrophilic -> Hydrophobic

Retention Time
Elution of increasingly
hydrophilic molecules

Sulfobetaine
bonded to
silica

~ :

NN




image5.png




image6.png
Velos Pro

Orbitrap analyzer

i bt

S ST S S |

Wpon T

G

*

=

fp

A=





image7.emf

image8.png
7 LIQUID: Lipid Informed Quantitation and Identification - o x

Single Target | Global Analysis | Fragment Search

CAUsers\dreevesd\OneDrive - University of Tennessee\Data\Elkins B sub runs 121\Kyle and Elins  sub 121\Wiaster Set . LQUID V746088
precursor Mss rrs |10 D plot [CD Piot Isotopic Profile
HCD MassEror. |10 PG(160/17:1)
MS/MS Spectrum - CID - 731 // Precursor Scan - 727 (733.5007 m/2) | 5c0c
CDMassEror  [100 11605
loization Mode: [Negatve ¥ 5| — e || P
<l T | B
Losd Lipid Targets H
[] Average Spectra  # of Targets: 7686 astot _ 11205
Results P Scan: |1 g aosoo LA
B H [ TR R
Process Targets! P £ H miz
Scan Lpid scoe | 2 g H - Xic
2 b soex
Dlfeo7_|patrmo/iz 08 | | 400 ] g = astas ] recusor
C[e93 [PG(150/15:0) 2846 £
(8650 |CL(17:1/160/160/160) [ 2670 S gy
O[412 |PG(160/160) 2517 T 242 E3206
Cfor1_[patrorisn 2500 2k % T o
lers freisoron 2es g : g oy
Cl[756_|Peis0/16) 2222 sg Ed 2 i = : ;
Olfsrs_[pera0/150) 2003 i3 H s 1000
CI[2011 | cLi60/17:1/160/171) [ 2388 00e00 L T bt Sean #
C1[2215 [pere0/170) 259 m E a0 50 e 0 StartScan: (738 Stop Scars 738
Cl[7s1_[pea/in 2340 mz Target Lipid Info
Cllos [perason S Observed MS/MS | Theoretical MS/MS Adduct Hychogen
Ole__[an+0r60160169 2261 Annotated MS/MS Peaks Target m/z 7335020
Clfe617 [cLiso/ma/i60/17:1) 2222
Hle Teatoniog S Type mz Intensity Annotation Empirical Formula  C39HT4010P1
Cl[s161 |Ctii60/17:1/160/171) 2205 (e} 200074133 Ceii10062 Observed Info
Clle712 {cis0/t71/160/181) [2204 G0 2270085 633 Carin207p Observed miz 500
Cl[1279 [pecrma/in 2120 G0 255200 [assen PPM Error a7
C[1315 [peci6/i6 2179 b 267215 186578 1) LC Apex Scan 738
[Dlzess_[curra/teo/i6a/i7n l217s G0 2012018 42477 LPA-H20-H (16:0) Retention Time (min) 293
o 4032018 Jeer2 LpA-H20-H (17:1) Intensity 511606
Export Selected Results D 1400.2578 978 LPA-H (16:0) Area Under Curve 5108786
D 465.2664 | 26248 M-FA (17:1)
Export All Results D 4772988 |7803 M-FA (16:0)





image9.png
MTBE
Organic
Layer

Water/
Methanol
Aqueous
Layer

Water/
Methanol
Aqueous

Layer

Chloroform,
Organic
Layer




image10.png
>

Relative Abundance

Relative Abundance

o

Relative Abundance

3% NL 23766
e e 5610000.6620000
. [M-Na*]: m/z 661.41 F Fivs-chsiFul
. ms [100,00-2000.00]
£ MS IM_25ugmi_1
403
MTBE
203
o 3211422 515 980 1401 1679 2074 2258 2687 2922 3470
23} NL 51366
1004 mz=
0 6610000662 0000
F_FTMS - cNSI Full
0] ms [100,00-2000.00]
MS im_25ugml_c_1
403
Chloroform
24 5
01055 450 )% 062 1140 1447 1625 2114 2466 2843 3305
571 NL: 37066
1004 -
0] 661.0000-662.0000
F_FTMS - cNS| Ful
0 ms [100.00-2000.00]
MS im_25ugmi_m_1
409
Methanol
207
o154 a1 /\021 725 1151 1461 1688 2160 2288 2701 2045 3223
T T T T T T )
0 5 1 15 20 2 20 3
Time (min)
448 NL 22985
100 PE(28:2) mz=
3 M-H']: m/z 63041 Frie s
-H* - CNSIFull
. - [M-HT: m/z 63041 (S SRS
£ 479 WS M_250gml_1
403
501 MTBE
203
JERT 585 741 127 1688 1894 2074 2203 2470 3055 3188
100 L 500ES
630.0000.631.0000
F-FTMS - c NS Full
ms [100.00-2000.00]
MS im_25ugmi_c_1
Chloroform
1861 2085 2530 2676 3068 3226
NL: 6.99E5

630.0000-631.0000
FFTMS -CNSI Ful
‘ms [100.00-2000.00)
MS im_25ugmi_m_1

Methanol
1772 2220 2709 3210
2 30 35
Time (min)
NL653E5
1009 CL(56:4) mz=
3 6150000616 0000
o [M-2Na*]>: m/z 615.38 F Fivs-chsiFul
0] ms [100,00-2000.00]
MS IM_25u0mi_1
403
MTBE
203
o 1436 1674 2046 2544 2843 3064 3461
NL221E6
1004 ?
0] 615.0000.616.0000
FFTMS - cNSI Ful
0 ms [100.00-2000.00]
MS im_25ugmi_c_1
403
Chloroform
203
o 1438 1840 2163 2507 2836 3244
'NL: 1.97E6
1004 el
6150000616000

o 8 8 28 8
PR

109 1414 1801 2006 2247 2650 2088 3450
7 T T

F-FTMS -c NSl Ful
ms [100.00-2000.00]
MS im_25ugmi_m_1

Methanol

T J
15 20 25 30 35

Time (min)

Standard Mix:

Differential lon Mobility
System Suitability
Synthetic Standard
Mixture
(Avanti Polar Lipids)

1 mg/mL each diluted to
25 pg/mL:
PG(14:1/14:1)
PE(14:1/14:1)
CL(14:1/14:1/14:1/14:1)




image11.png




image12.png
)

I/

/




image13.png




image14.png
Relative Abundance

Relative Abundance

348 NL:261E6

100 lon Mobility mz=
. 663.0000-664.0000
& (diluted to 25 pg/mL) FFMs«cnsiFu
0 " ms [100.00-2000.00]
Positive Mode MS IM_25ugm_pos_1
40
PG(28:1)
20
01258 388 501 1084 1204 1567 1928 2266 2608 2743 3238
362 NL: 1.30E7
100 miz=
80- 632.0000-633.0000
F: FTMS + ¢ NSI Full
60 501 ms [100.00-2000.00]
MS IM_25ugml_pos_1
40
PE(28:1)
2 807 1035
o 1.19 A 1181 17.01 21.37 2426 26.66 3158 3484
100 051 1429 :‘I;l} B4E3
533 -
80 1277.0000-
1278.0000 F: FTMS +
60 cNSI Full ms
2325 [100.00-2000.00] MS
“ 1519 IM_25ugml_pos_1
16.44 2105 |2369 2631
20 CL(56:4)
[ o e e e B — USRI B e s e
0 10 15 20 25 30 35
Time (min)
396 - NL: 237E6
1003 lon Mobility miz=
E ) 661.0000-662.0000
& (diluted to 25 pug/mL) FFus-cnsiFul
ms
e Negative Mode [100.00-2000.00]
207 MS im_25ugmi_1
PG(28:1)
204
o 321 (422 515 980 1401 1679 2074 2258 26.87 2922 3470
[x NL: 229E5
1003 miz=
80 630.0000-631.0000
F:FTMS - ¢ NSI Full
325 ms
60 1479 [100.00-2000.00]
MS im_25ugmi_1
407
PE(28:1)
20
o 1272 16.88_18.94 20.74 2203 2470 30.55 31.88
1004 NL: 6.53E5
80 615.0000-616.0000
F: FTMS - ¢ NSI Full
60 ms
[100.00-2000.00]
MS im_25ugml_1
407
CL(56:4)
20
o 1436 1674 2046 2544 2843 3064 3461
——
0 15 20 25 30 35

Time (min)




image15.png
EM42

EM42
-cti

KT2440

KT2440
-cti

HILIC NEG HILIC POS

o
X X

wCL mlLyso-PE mPA mPE mPG mPS




image16.png
HO

HO

HsN

B.




image17.png
RT: 0.00 - 35.01
1 221

el
NL: 2.86E6

miz= 661.0000-662.0000
F: FTMS - c NSI Ful ms
[50.00-1800.00] MS
lonMob_10ugml_10ulinj_tes
t_HILIC test_1
@
2
°
g
3
<
2
s
]
['d
16 776 1250 1648 2045 2396 2557 2822 3129 3296
réer s ]
10 15 20 25 30 35
Time (min)
lonMob_10ugmi_10ulinj_test_HILIC_test_1#237-1111 RT: 161-7.75 AV: 5 NL: 6.00E4 @
T: Average spectrum MS2 661.41 (237-1111)
22519
Parent lon
Fatty m/z 661
Acid
3 14:1 Loss of fatty acid  Neutral loss of
S
8 m/z 225 (14:1) from parent  glycerol (74 Da)
3
3 ion m/z 587
2
]
4 662.41
m/z 435
361.18
45323 s
209.02 | 241.18 27918 316.64 37919 41290 50413 532.96 574.36 629|‘38
T B e TR i e e e e o B A S
200 250 300 350 400 450 500 550 600 650

mz




image18.png
RT: 0.00 - 35.01
1005 5

=
NL: 2.06E6
m/z= 630.0000-631.0000
F: FTMS - ¢ NSI Full ms
[50.00-1800.00] MS
lonMob_10ugmi_10ulinj_tes

t_HILIC test_1
8
2
]
2
5
3
<
2
ke
]
['4
221
1641 1694 1961 2359 27.02 2884 3160
e e e A )
5 10 15 20 25 30 35
Time (min)
lonMob_10ugmi_10ulinj_test_HILIC_test_1#233-2590 RT: 1.59-18.03 AV: 9 NL: 3.92E4 @
T: Average spectrum MS2 630.41 (233-2590)
22519
1005
Fatty
Acid
. 14:1
2
5
g m/z 225
3
<
2
ko
]
['4
Epoxidated PE
head group 222
m/z 196

3 40422

E 196.04 25817 27896 32228 361.18 | 45927 49504 556,32 980.26 612.14

L i B I e e L A B e e e e e

200 250 300 350 400 450 500 550 600




image19.png




image20.png
RT: 0.00 - 35.01
229

1005

Relative Abundance

415 631 908 11.89 1372

17..

24 1892

2189 2434
. .

29,
T

=
NL: 2.03E6
m/z= 615.0000-616.0000
F:FTMS - ¢ NSI Full ms
[50.00-1800.00] MS
lonMob_10ugmi_10ulinj_tes
t_HILIC test_1

50 3182 3471

T
15

et

25

T
20

Time (min)

T
30

|
35

lonMob_

T: Average spectrum MS2 615.38 (272-557)

Relative Abundance

10ugmi_10ulinj_test_HILIC_test_1#272-557 RT: 186-387 AV:2 NL: 6.16E4

miz

22519
Fatty .
Acid Loss of fatty acid
14:1 (14:1) from parent
m/z .225 100550 10N
m/z 1005
Doubly charged parent
ion with neutral loss
ot of 56 Da
51129 m/z 587
Parent ion
o m/z 1230
g2l 643.40
E | 28125 43522 67844 77939 | 86271 990.39 1101.05 122649
0000 400 500 &0 700 | 800 | 90 1000 1100 1200 "




image21.png
¥ O
TO
- ¥ O
o—
T O
O/P\ %
/ o
o z O
</
£ / o
: :

HOOC




image22.png
el

RT: 0.00 - 35.01
1004 244 NL: 3.15E6
3 m/z=674.0000-675.0000
F: FTMS - ¢ NSI Full ms
[50.00-1800.00] MS
lonMob_10ugmi_10ulinj_tes
t_HILIC test_1
o
e
S
s
2
H
B
>
['4
17.54 1877 2045 2411 2830 3152
15 % % %0 3
Time (min)
lonMob_10ugml_10ulinj_test_HILIC test_1#284-890 RT: 1.95-6.22 AV: 3 NL: 9.63E4 @
T: Average spectrum MS2 674.40 (284-890)
587.37
Parent lon
Loss of fatty acid m/z 675
Fatty .
Acid (14:1) and serine
from parent ion Neutral loss
g 14:1 of serine
e
g m/z 225
3 m/z 362 (89 Da)
N
£ m/z 587
¢
361.18
22519 379.19
219}3\5|24] 18 26543 302.87 343.11 390.98 430.12 46622 506.32 57366 |590.69 64226 678.14

T

T
200 250 300 350 400 450 500 550 600 650
miz




image23.png
RT: 0.00 - 35.01
244

=
NL: 2.84E6
m/z= 587.0000-588.0000
F: FTMS - ¢ NSI Full ms
[50.00-1800.00] MS
lonMob_10ugmi_10ulinj_tes

t_HILIC test_1
8
g
3
t
3
<
2
s
s
['4
53
E 13.10 17.54 1877 2236 2573 2891 30.75 31.97
O A M e e e e LA eaediand i et e e e et e
0 15 20 25 30 35
Time (min)
lonMob_10ugmi_10ulinj_test_HILIC_test_1#99-4430 RT: 0.66-30.81 AV: 7 NL: 407E4 @
T: Average spectrum MS2 587.37 (99-4430)
361.18
22519 H
Fatt Loss of fatty acid
atty
. (14:1 from parent
Acid .
14:1 on
37919
o
2 e03 m/z 225
8 361
8 m/z
3
<
2
©
s
['q
Parent lon
m/z 587
588.38
0; 171.01 199.96 267.81 316.30 353.86 409.80 436.77 484 2! 538.32 55527
150 200 250 300 350 400 450 500 550 600

mz




image24.png
0% D20
25% D20 |} R ’T’-m - "
O 1 e e =
50% D20 |i” = » . ]
’ ! ‘JH“IL N
75% D20 | I T, = o "
’ i m.‘nﬂn_ Al P
H O]
100% D20 | - B





image25.png
s El

0%D20 1.
i s il uee“?"' |n-== e live e psmame me s wonme e sen e e o

25% D20

e sououn s s lIE" i mH\

50%D20 |- UI ‘ I
i o e e mmers o “nnHHf'. ‘.ww-"'ﬁ\mlul H”\Ih muﬂm. mIHHH P e

75% D20 -
; sn e mn e ol s e e

100% D20

E e o
Jomn  an e e e ml ﬁ.‘.muum. m\lm um

Sms oo w9 ey enss  wom s e





image26.png
0% D20

25% D20 1.
50% D20 1.
75% D20 |.

100% D20 ;.

e e e s A e

i "'% i il

(T T v T s s

i m,..‘u\llmﬂ‘ an\HInhﬂHm“lh el





image27.png
0% D20

25% D20

50% D20

T g

75% D20 1.
i i - - il S
T Er
100%D20 i, " e ‘ -
H il = i R i 1 | il Y s A u \ “ i \\‘H MH





image28.png
B. subtilis 168 Control Phospholipid Profile

1E+09
900000000
, 800000000
[
£ 700000000
X
T 600000000
o
E 500000000
wv
Ea 400000000
@ 300000000
Z
200000000
100000000
0

PG

PE
Phospholipid Species

CL




image29.png
FATTY ACID DEGRADATION

== Fatty scid elongation
|
1= === == Gierlipid metabolism

Hexaecaoate & —{ 12,1 45|-#-O%—{LLL102| O 16 Hexadbcanol
Faryad) g

16 Hoxadooual
L]
?Hexudzcamyl—CaA
)
Lpumio
camitine. 5t
Gl
I 3 3 3 3
¥ Hexa- Tetra 16
n P P— -
drogmost dregost ol et gt
a0 |[iae)ises 5T g
e el el e reea il e e i e ree i e 5
[ L Tse)aes] |[ar)iaes] |(serffises] |Hes T
$rz fre, Ipapeel  Imede | Lmep
Kooyl | g feae F e fa
e 5
Gl |Eaas | [ G (@
55 55 o) 53
3 ey 3 i St ¥ By, ST
Qe Qe St Qe [ B
Cok Cok o o
11135][ 111211 11.135](111210 [ERED N 11135][ 111211 1143511211 11.135]
3-Oxo- 3-Oxo- 3.0x0- 3.0x0- 3-Ox0-
¥ texa- Yt ¥ 30 b4 b4  hestoucetyt-Cob
Qx| Qe Seiemamont & oo & et Jommemt ot
deeanogt dreanogt A A A s )
PEINTIng 25114 PERNTINg PERNTINg 25114 25116) 2515] (‘s s dgriion
i
b b o d o d s o d
Long:chain.fatty acidO%——{ 621 20— Lore-chain acyhfacylcanier roteis] BostyhCot E'f* —-t{ Butorass netoolien )
| Jre—— e
ciseis 3,6 Dodscatienogl Cok O 5338 |—#O tanscisLawo-26-dienoghCol } didaboxyiate metsbolism
(R)-3- Hydroxgbutmoyl-Cob, O 5123 —#O(S)-3-Hydroxybutanoyl-Coh
bkt J
o (o] g 313 [Py eeidfiraisa
A S o & —
114153 119920 lZSZ"LlMM&U hoxyftty
AR
Rabedoxin (ed) Q¥ = AJ’R\nhndnxm(ax) L4141 |0 o Hyrroxy fatty arid
e,

00071 113021
(¢) Kanehisa Laboratories





image30.png
Fatty Acid Chain Length

Degree of Unsaturation

A.

16.6
16.4
16.2

16
15.8
15.6
15.4
15.2

15
14.8

0.5
0.45
0.4
0.35
03
0.25
0.2
0.15
0.1
0.05

Fatty Acid Chain Length

*

No Feeding Native
Fatty Acid Feeding Condition

Degree of Unsaturation

Non-Native

*

=

No Feeding Native
Fatty Acid Feeding Condition

Non-Native




image31.png
FATTY ACID BIOSYNTHESIS

-
Acetyi.Coa ¥
(Pt wotsoton
FASN T ——
FasL
FSH
w51 | FaD
et b4 Fas
st bl ¥ Malongt o]
FASH FabB FASH FabB FASH FabB FASN FabB FASH FabB FASN FabB FASH FabB FabB
Fabil | Fabv | [ Eas2 Fas2 Fas2 Fas2 Fas2 Fas2 Fas2 Fu
P Far Far Far Far Far Far Far
Fs Fs P Fs Fs Fs Fs
¥ ¥ ¥ Y 3-Oxo- ¥ 3-Oxo- 4 ¥
SR 1 LaOnateruart] Lz Oncectusost LaOtmonrart S e  ET——— & 3 Orocetacseamost-fogl
S bonl I I L] L P % g
TS || 7 TSN || Fa6 FiSH [ FabG FiSH [ FabG TSN | 76
Fhs2 | Cara Fhs2 |[ cera Fa52 || oaRa Fa52 || oaRa Fa52 [ core N
[Pl N [ [Pl [Pl [Pl
Y ¥ (R)-3 Hytoxy| ¥ (R)-3 Hydroxye | Y ¥ ®an;
SRyt SRzt i & ®-3-Hyoxy: & (R)-3-Hydrox
oot oo e Sedbctno o cetheahogt o
g 5 Kfacyl & eyl S e i fen
FiSH || Fabi FiSH || Fak FAS [ Fabis FAS [ Fabis FiSH || Fabis
w51 || oz Fa51 ][ Pz w51 || oz w51 || oz Fas1 ][ Rz Fo | Fez
Fu | 2 P ) N o) N o) Fu | D2
Yo ¥ rans Hex- Y b ¥ ans Dodec- ¥ trars Tetradec- ¥ trans Heyadse- b
§ Zerost-lr] Q2o tien Qlemoyiten | g Totost il Q2o § Fetogt lird § Fetogt il Q o Ortabe 2ot
S e . e L L i
e S B rare T e o e e e e g e
T FabL. T FabL. T FabL. T FabL. T FabL. T: FabL T FabL = FabK.
= FabV = FabV = FabV = FabV = FabV = FabV = FabV
MECK MECK MECK MECK MECK MECK Hera oo
Y Y Y Y v v costle] ¥ drconogtfnr]
(T 114192 [ 114192 g -l
A Hexanp o) { (e—— Decamost gl fr— fr— b bt
53314 e oo
I en | Gz o v 3121 v 31214 | B3N o BBn
| |
o Duc-
| p ceedtel] Y g [ = 3 g g
| Ocanot scid Decanoi acid Dotsncicacd  Ttrboanoiccid Hexadbooroicacid Ochdscanoicacid  Octackeonoi scid
! il
v b4
g
Lok sotmabtelon) 1 O 1 N
e W e e = —
e e —
Genenl foms TpelRAS TpeltFas
(il P, Bactri) (Bactie, Plats) Inmitchoreria (Arias, Furg)
AetsiCob hetsiCon
- b RS o
12 [ZIP) [ZIP)
titon g Medong ot O Madong Gt S#—{G21—O Mtonate
Malongi-Cos —OacP —T]
Fan [543 sestio T [E338] woaT
o
S tongh e S tongh e
E4t [ )
" P (23141 |[23008] FaF Gism] e [GSM
msia SR STy e
Fs [E315 PETE g
1000 FbG [y e
Y
! (R):3.Hypoxy- ()3 Hyory-
Elongaion Qustlet] S stlet]
o 1 t
Ik )
i
Qs Erosh e oL ——
Pl
FabL [131104] L FabK.
12010 Py
L g - 3
I I !
} 3122131214 } }
¥ Long-chain i ¥ Long.ctain | v
Tominaton Lt oo
7 iy | Paiied ! Coo o]
6213 ¥ 6213 M
e Long chainacshrogl
L dor g (Fessbommost-for)
Long chainacshCoh Long chainacshCoh

00061 5125720
(¢) Kanelisa Laboratories





image32.png
GLYCEROPHOSPHOLIPID METABOLISM

Jr—
ehpaer
P T v {31 }wo Bt
Heptaprenst
Glerolpid metablion gt
. EEEOSHAt ) o b (0 perangigerangt)
1 g 23-Bis O-(geranyleeransh-
iz »0—{25141 02512} »0—27767» 027830 Sizlimem b phosgio L wine
| mClyent P56 Gt rrfTaTr) RSO e
Lbestanglmero-
I 23Bis-(0 - O3 Hisphoctitne
| [z £mm 23O shyen- 3 P 3113 ‘ZPhnphngmh
1.1.194] sn-Glyrerol-3p = LPCAT 3142
Glgrerone.p O% RS z77zg+l SO e »o
L1321 oscen CDP- “L 31132 ; EXKE] pp i XS anClyrerol. 3P
1153 i St 16 Jixte
2117 2 hcylanglyrer
33141 3115231 25) (3115 Ao gl
EEEFI F et
CDP-choline cholig  [3713; 2316
v Lhet oy 2ot PN M s 0 O-beetsteoine
[ e = oo [ S 5T R ETE]
! posion w,,, [,
4 Bt | Drs [ BoB | oTs § el
(e g oot ) FEVEY PR 311103
3144 Nt . ——— & Pynuvat metaboliam
arnine phosphate 1
12DicY L Serine.phospho- L3 S
[ fi e i Py i
Shglym 271107] G141% 2232 -
271174 £ fai "ty
3144 2784 2
bemmee iz, L o0
37714 - -
GPlanchorbissyntesis or. Prostp. 2135
P amive . Ethusolsmine Diethnolarine  Trethanolaive
36.1.26] 3143 thanolar ethanolarine
1 Lestenglypero- [T —
T P el 00 ()
oz {2721t 37524 FaT]o0 STiab»o snGilyeen- Luine
PP EXVES R A -y e e
R BTy el CDP-disey- ! I tanolanize
Fphosphebosal et opra T iy XU R EYVY) o
v & 28 i 2752 > Tz EXVE N Yy R
Inositol ghosphaty wetbolime ) | 177 25 ERESNN I 231400
1. I 2 heylonglyero 3
Phosphatidst- 3L 3 pospangipen- | ‘hosphoetianplamine
Q e bopioiiae gl
31321 Gl s
Colin TP ontie oot
LCLAT] e glyeerol 3143] 12Discyi
o o »ol;
<ot 2154 4 314 sivgleinl
Morglyso- Cub Sinoacst.
cardiolipin O phosphatdyiglyvercl
CkC LPGAT
Lphosphatidelyerct
o0sg4 1191

(¢ Kanehisa Laboratories





image33.png
>

Average Sum Peak Area

Average Sum Peak Area

o]

Average Sum Peak Area

1E+09

800000000

600000000

400000000

200000000

0

250000000

200000000

150000000

100000000

50000000

0

400000000
350000000
300000000
250000000
200000000
150000000
100000000
50000000
0

Control/No FA Feeding

PG PE CL
Phospholipid Species

Native FA Mixture

PG PE CcL
Phospholipid Species

Non-Native FA Mixture

T

PG PE cL
Phospholipid Species

PC2(24%)

£ mogemN N

T 0NN

20NN,
T n0upes o

2 pa0upees o

2 wanos oswen

Srmogumssion

1 wanos osnen

& wanos onyomEN,

)

© Nai
o

ive/Control

No Feeding/Control
Non-Native/Control

0

PC1(57.6%)





image34.png
Fatty Acid Chain Length

Degree of Unsaturation

A.

16.6
16.4
16.2

[
a

15.8
15.6
15.4
15.2

[y
v

14.8
14.6

0.5
0.45
0.4
0.35
03
0.25
0.2
0.15
0.1
0.05

Fatty Acid Chain Length

*
I I "

No Feeding Butanol Isobutanol

Solvent Growth Condition

Degree of Unsaturation

=l

THF

No Feeding Butanol Isobutanol

Solvent Growth Condition

THF




image35.png
!
¢
£
H

Average Sum Peak Area

Average Sum Peak Area

Average Sum Peak Areas

16409
900000000
800000000
700000000
600000000
500000000
400000000
300000000
200000000
100000000

0

500000000
450000000
400000000
350000000
300000000
250000000
200000000
150000000
100000000
50000000
0

100000000
90000000
80000000
70000000
60000000
50000000
40000000
30000000
20000000
10000000

0

186409
166409
148009
126009

16408

500000000

600000000

400000000

200000000

3

Control E.

3 PE o
Phaspholipid Species

Butanol

3 PE o
Phospholipid Species

Isobutanol
i - —
PG 3 a
Phospholipid Species
THF
PG 3 a

Phospholipid Species

PC2(197%)

Scores Plot

© Butanal
Contr
© leomnanat
T
°
°
o
o
° o
e s 0

PC1(576%)

olass.

2 Wlevaro
Control

1 [llisobuanct
THE

o

K

2




image36.png
Average Sum Peak Area

©
o
-
<
;
©
3]
a
£
>
A
o
00
o
g
<

Average Sum Peak Area

Average Sum Peak Areas

1E+09
900000000
800000000
700000000
600000000
500000000
400000000
300000000
200000000
100000000
0

500000000
450000000
400000000
350000000
300000000
250000000
200000000
150000000
100000000
50000000
0

100000000
90000000
80000000
70000000
60000000
50000000
40000000
30000000
20000000
10000000

0

1.8E+09
1.6E+09
1.4E+09
1.2E+09
1E+09
800000000
600000000
400000000
200000000
0

Control
No FA Feeding

PG PE
Phospholipid Species

Butanol
No FA Feeding

PG PE
Phospholipid Species

Isobutanol
No FA Feeding

PG PE

Phospholipid Species

THF
No FA Feeding

1.

Phospholipid Species

CL

CL

I
cL

CL

250000000

200000000

150000000

100000000

Average Sum Peak Area

50000000

450000000
400000000
@ 350000000
% 300000000
)
& 250000000
§ 200000000
g" 150000000
2 100000000
50000000
0

400000000
350000000
300000000
250000000
200000000
150000000
100000000

Average Sum Peak Area

50000000

0

600000000

500000000

400000000

300000000

200000000

Average Sum Peak Area

100000000

Control
Native FA Mixture

PG PE
Phospholipid Species

Butanol
Native FA Mixture

PG PE

Phospholipid Species

Isobutanol
Native FA Mixture

1.

Phospholipid Species

THF
Native FA Mixture

PG PE

Phospholipid Species

CL

CL

-

CL

Average Sum Peak Area Average Sum Peak Area Average Sum Peak Area

Average Sum Peak Area

400000000

350000000

300000000

250000000

200000000

150000000

100000000

50000000

0

250000000

200000000

150000000

100000000

50000000

250000000

200000000

150000000

100000000

50000000

300000000

250000000

200000000

150000000

100000000

50000000

0

Control
Non-Native FA Mixture

NS

PG PE
Phospholipid Species

Butanol
Non-Native FA Mixture

7

PG PE
Phospholipid Species

Isobutanol
Non-Native FA Mixture

. I

Phospholipid Species

THF
Non-Native FA Mixture

PG PE

Phospholipid Species

CL

CL

CL

CL




image37.png
ITHE, Non Natwe FA Matre





image38.png
Average Sum Peak Area

Average Sum Peak Area

1600000

1400000

1200000

1000000

800000

600000

400000

200000

0

40000000

35000000

30000000

25000000

20000000

15000000

10000000

5000000

0

Control B.
2000000

1800000

1600000

1400000

1200000

1000000

800000

400000

ﬁ 200000
- 0

(28:0)  (29:0)  (30:0)  (31:0) = (28:0)  (29:0)  (30:0)  (31:0)

(o)
o
(=)
(=]
o
o

Average Sum Peak Area

Alanine Lysine
Aminoacylated Phospholipid Species

Isobutanol D.

80000000
70000000
60000000
50000000

40000000

30000000

20000000

‘ 10000000

- - - - 0

(28:0)  (29:0) (30:0) (31:0) = (28:0) (29:0) (30:0)  (31:0)

Average Sum Peak Area

Alanine Lysine
Aminoacylated Phospholipid Species

(28:0)

(28:0)

Butanol

- Iil = -

(29:0)  (30:0)  (31:0)  (280)  (29:0)  (30:0)

Alanine Lysine
Aminoacylated Phospholipid Species

THF

R o R .
(29:0)  (30:0) (31:0) (28:0) (29:0)  (30:0)

Alanine Lysine
Aminoacylated Phospholipid Species

(31:0)

(31:0)




image39.png
Average Sum Peak Area

Average Sum Peak Area

4000000

3500000

3000000

2500000

2000000

1500000

1000000

500000

0

10000000
9000000
8000000
7000000
6000000
5000000
4000000
3000000
2000000
1000000

0

&=
(28:0)

(28:0)

Control

I

(29:0) (30:0) (31:0) (32:0) (28:0) (29:0) (30:0) (31:0) (32:0)
DAG-Glc2-P-Gro DAG-Glc2-P-Gro-Ala
Lipoteichoic Acid Species
Isobutanol
‘ I « I = H o
(29:0) (30:0) (31:0) (32:0) (28:0) (29:0) (30:0) (31:0) (32:0)

DAG-Glc2-P-Gro DAG-Glc2-P-Gro-Ala

Lipoteichoic Acid Species

T
O
o
I

@)

?

/O

N\

Q
I

Qo

T I
[e) O
/ o
Z
° o)
I
\
v}

OH

OH

Ry

Average Sum Peak Area

Average Sum Peak Area

3500000

3000000

2500000

2000000

1500000

1000000

500000

0

12000000

10000000

8000000

(o)
o
(=)
(=]
o
o
o

4000000

2000000

i

(28:0)

(28:0)

R

)

Butanol

" L

(30:0) (31:0)

I _ .
(28:0) (29:0) (30:0)

(29:0) (32:0) (31:0)

DAG-Glc2-P-Gro DAG-Glc2-P-Gro-Ala

Lipoteichoic Acid Species

THF
(29:0) (30:0) (31:0) (32:0) (28:0) (29:0) (30:0) (31:0)

DAG-Glc2-P-Gro DAG-Glc2-P-Gro-Ala

Lipoteichoic Acid Species

HQ

e

HO, R
o\
o
HO'
0

\&&OH

IO

an|
~

OH

R,

(32:0)

(32:0)




image40.png
OH Ox M

)j\o H _CHjs

(0]
CHs3 OH
p-cresol Acetic acid Vanillin
Waste from landfills Aqueous waste streams Byproduct of lignin
and fossil fuel mining and industrial processes degradation

0 @)

O
2-cyclopentenone Formaldehyde
Waste from pyrolysis and Sewage, combustion, and

various processing mills industrial processes




image41.png
Average Sum Peak Area

Average Sum Peak Area

Glucose (Mid Exponential Phase)

4.5E+09
4E+09
3.5E+09
3E+09
2.5E+09
2E+09
1.5E+09
1E+09
500000000
0

PE PG

Phospholipid Species

CL

Glucose (Late Exponential Phase)

6E+09

S5E+09

4E+09

3E+09

2E+09

1E+09

PE PG

Phospholipid Species

mi—
CL




image42.png
GLYCEROPHOSPHOLIPID METABOLISM

Jr—
ehpaer
A v {231 }wo Bt
Heptaprenst
Glerolpid metablion gt
. EEEOSHAt ) o b (0 perangigerangt)
1 g 23-Bis O-(geranyleeransh-
iz »0—{25141 02512} »0—27767» 027830 Sizlimem b phosgio L wine
| mClyent P56 Gt rrfTaTr) RSO e
Lbestanglmero-
I 23Bis-(0 - O3 Hisphoctitne
| [z £mm 23O shyen- 3 P 3113 ‘ZPhnphngmh
1.1.194] sn-Glyrerol-3p = LPCAT 3142
Glgrerone.p O% RS z77zg+l SO = EEEE e Y »o
L1321 e CDP- “L 31132 ; EXKE] pp i YT anClyrerol. 3P
1153 i St 16 Jixte
2117 2 hcylanglyrer
33141 FER¥E] PEIVE | PEIED Ao gl
EEEFI F et
CDP-choline cholig  [3713; 2316
v Lhet oy 2ot PN M s 0 O-beetsteoine
[ e = oo [ S 5T R ETE]
! posion w,,, [,
4 Bt | Drs [ BoB | oTs § el
(e g oot ) FEVEY PR 311103
3144 Nt . ——— & Pynuvat metaboliam
arnine phosphate 1
12DicY L Serine.phospho- L3 S
[ fi e i Py i
Shglym 271107] G141% 2232 -
271174 £ i "ty
3144 2784 =
bemmee izt L o0
37714 - -
GPlanchorbissyntesis or. Prostp. 2135
P amive . Ethusolsmine Diethnolarine  Trethanolaive
36.1.26] 3143 thanolar ethanolarine
1 Lestenglypero- [T —
T P el 00 ()
oz {2721t 37524 FaT]o0 STiab»o snGilyeen- Luine
PP EXVES R A -y e e
R BTy el CDP-disey- ! I tanolanize
Fphosphebosal et opra T iy XU R EYVY) o
v & 28 i 2752 > Tz ERVE N YY) R
Inositol ghosphaty wetbolime ) | 177 25 ERESNN I 231400
1. I 2 heylonglyero 3
Phosphatidst- 3L 3 pospangipen- | ‘hosphoetianplamine
[ i gl
31321 Gl s
Colin [P ontie oot
LCLAT] e glyeerol 3143] 12Discyi
o o »ol;
<ot 2154 4 314 sivgleinl
Morglyso- Cubi Sinoacst.
cardiolipin O phosphatdyiglyvercl
CET LPGAT
Lphosphatidelyerct
o0sg4 1191

(¢ Kanehisa Laboratories





image43.png
FATTY ACID BIOSYNTHESIS

-
Acetyi.Coa ¥
(Pt wotsoton
FASN T ——
FasL
FSH
w51 | FaD
et b4 Fas
st bl ¥ Malongt o]
FASH FabB FASH FabB FASH FabB FASN FabB FASH FabB FASN FabB FASH FabB FabB
Fabil | Fabv | [ Eas2 Fas2 Fas2 Fas2 Fas2 Fas2 Fas2 Fu
P Far Far Far Far Far Far Far
Fs Fs P Fs Fs Fs Fs
¥ ¥ ¥ Y 3-Oxo- ¥ 3-Oxo- 4 ¥
SR 1 LaOnateruart] Lz Oncectusost LaOtmonrart S e  ET——— & 3 Orocetacseamost-fogl
S bonl I I L] L P % g
TS || 7 TSN || Fa6 FiSH [ FabG FiSH [ FabG TSN | 76
Fhs2 | Cara Fhs2 |[ cera Fa52 || oaRa Fa52 || oaRa Fa52 [ core N
[Pl N [ [Pl [Pl [Pl
Y ¥ (R)-3 Hytoxy| ¥ (R)-3 Hydroxye | Y ¥ ®an;
SRyt SRzt i & ®-3-Hyoxy: & (R)-3-Hydrox
oot oo e Sedbctno o cetheahogt o
g 5 Rfacyl & Lyl S e i fen
FiSH || Fab TS || ok FiSH [ Fabis FiSH |[ Fabis FiSH || P
w51 || bz Fas1 ][ Rz w51 || bz w51 || bz Fas1 ][ Fubz Fo | Fez
Fu | 2 P ) N o) N o) Fu | D2
Yo ¥ rans Hex- Y b ¥ ans Dodec- ¥ trars Tetradec- ¥ trans Heyadse- b
§ Zerost-lur] Q2o tien Qlemoyiten | Y Toost il Q2o § Fetogt lird § Fetogt iyl Q o Ortabe 2ot
S . . . L L i
e S B rar T e e e e g S g e
T FabL. T FabL. T FabL. T FabL. T FabL. T: FabL T FabL = FabK.
= FabV = FabV = FabV = FabV = FabV = FabV = FabV
MECK MECK MECK MECK MECK MECK Hera oo
Y Y Y Y v v costle] ¥ drconogtfnr]
(T 114192 [ 114192 g -l
A Hexanp o) { (e—— Decamost gl fr— fr— b bt
53314 e oo
I en ] Gz o v 3121 v 31214 | B3N o BBn
| |
o Duc-
| p ceedtel] Y g [ = 3 g g
| Ocanot scid Decanoi acid Dotsncicacd  Ttrboanoiccid Hexadbooroicacid Ochdscanoicacid  Octackeonoi scid
! il
v b4
g
Lok sotmabtelon) 1 O 1 N
e W e e = —
e e —
Genenl foms TpelRAS TpeltFas
(il P, Bactri) (Bactie, Plats) Inmitchoreria (Arias, Furg)
AetsiCob hetsiCon
- b RS o
12 [ZIP) [ZIP)
titon g Medong ot O Madong Gt S#—{G21—O Mtonate
Malongi-Cos —OacP —T]
Fan [543 sestio T [E338] woaT
o
S tongh e S tongh e
E4t [ )
" Fas 51123008 FaF Gism] e [GSM
msia SR STy e
Fs [E315 PETE g
1000 FbG [y e
Y
! (R):3.Hypoxy- ()3 Hyory-
Elongaion Qustlet] S stlet]
o 1 t
Ik )
i
Qs Erosh e oL ——
Pl
FabL [131104] L) FabK.
15010 P
L g - 3
I I !
} 3122131214 } }
¥ Long-chain i ¥ Long.ctain | v
Tominaton Lt oo
7 iy | Paiied ! Coo o]
6213 ¥ 6213 M
e Long chainacshrogl
L dor g (Fessbommost-for)
Long chainacshCoh Long chainacshCoh

00061 5125720
(¢) Kanelisa Laboratories





image44.png
45

Ratio of Average Sum Peak Areas, PE/PG
= N w
= wn N} wn w wn

=
wn

Phospholipid Speciation, PE/PG

Sampling Conditions




image45.png
Average Fatty Acid Carbon Chain Length

17.2
17.1
17 *
<
o
c
9169
]
Q
<
>16.8
2
i
(]
© 167
g
<
16.6
16.5
16.4
A AN AN -
@ @ é’é o"& \\be, e,"o \’b,@ \\\\0
& & R N < o S S
& N & <& td 5 W Y
& & & & & N &
<F < N K & S
O & & & © S
N N ey o S
'-)Q’ ,_)Q, @ v
& &
e o

Sampling Conditions




image46.png
Average Degree of Unsaturation
o o o o o o o o
[N w IS wn o N ) ©

©
i

Average Fatty Acid Degree of Unsaturation

Sampling Conditions




image47.png
-log10(p)

Scores Plot

B.
2
© Gucose ma enp)
© pliasor
ousnees
B [
g . ©
b
°
3 3 3 H i g
b
H H H
' 2 o 4
PC1(621%)
By
Fow
A5
“oy, el -
ey, )
© [ o
oy, . . R
.
F o~
- -
o4 ! e
T T T T
6 4 2 [ 4 6

log2 (FC)




image48.png
olass

Gucose mit exp
rooo) M1 Wlecrss
o0 o5

peqzo,

pes) O

P5e40) | o5

cus0,

reczo il

peceo l1s

sl
ersaioal
1m0





image49.png
-log10(p)

Scores Plot

log2 (FC)

= G ria o
o e
o
H °
S
o
et . . : .
R S S S
H H H £ i £ PCL(73%)
5.
N
0
N 5O
| - L
5%
Uy, e * S,
< -7 :
%Y.
| " +
2y . »
. . o
o .
. .
1 N o D B
) L S
<, o ) oo¥
org) R .
o L
T T T T T T T
-8 -6 -4 -2 2 4 6





image50.png
\/\/\/\/\/\/\/\”/OH

e}

Monoisotopic mass: 254.2246 Da

HO




image51.png
]

WOH

Monoisotopic mass: 256.2402 Da

OH




image52.png
Prr—

k3 s 30|

ka0 |

2 swiese unges

P——

& swise unges

cuiaty
cue0)
cuiaty)
cuatz)
cuse2)
cuer)
cuiy
L)
cuer)
L)
Lz
cuss2)
Lo
cuerz)
cue)
Lo
sy

15
B I
03
o
03
1

| IB

Gucose mid exp
 Socum scetste




image53.png
120
g 100
S~
w
o
5
©
Y 80
<
-~
©
[
a
E 60
wv
()
oo
o
Z 40
=
(o)
0
T
< 20
0
N
&
&
‘(;\Q %
& <@
& N
& £
o S
& <
N\ (‘}Q

Phospholipid Speciation, PE/CL

N
) )
Q“’& é@}b
d(}o ‘<°\

Sampling Conditions




image54.png
-log10(p)

Scores Plot

] © Gucose ma e
© Vanin
g
5 ©
g
2 ° o
<
N i
i i i : - © T
) ) 2 o 4
PC1(613%)
S
-?"\3‘
woq, F <
"9 . oy %"e,
o F oo
CPCEN »
s, . »
7y e S
N Fozy, . re
° 0
&
Sl
ot
. F oo
o4 Fo
T T
-4 -2

log2 (FC)





image55.png
-log10(p)

log2 (FC)

B Scores Plot
Ey———
© W
~ o
H °
57 ®e
] o
<4
"
“ o 2 .
PC1(849%)
- ow©
F o<
)
Sl
Lot o
Bl
.
W
L N
o NI L
. & o o
N Loee
Foo
o
T T -
2 4 5




image56.png
i

2w
va]

24|

e
[roye—
260 pussong|
P
[
PR

2w
comnn

rv—

FrOp—
Ep—
20 m ssemg)|
e ]

R——

svoe unges|

Tosaod

pr—

g

N

B. ‘Scores Plot
s Bl
B
w ©
4
S o
J A ©°
©
PC1(356%)
— exipneme
D. o
§ e
| e
i
}
[
w T = =

Formaldehyde

Is

Pesgotpaspces

Sodium Acetate

Pngotpiaspces

presol

Frosgotiaspcs
Vanillin
Propoiiaspcs





image57.png
5000000

4500000

4000000

3500000

3000000

2500000

2000000

Average Sum Peak Areas

1500000

1000000

500000

& &
& &
&R
xZ
&
13
S§
9
S
&

Alanylated PG

Sampling Conditions

W Ala-PG(32:2) ®Ala-PG(32:1)




image58.png
A.
RCTo R

=B
2 B EE B2
S -
- FabA % =g
,,.%P Sy
ol

-
b
-

) oo BRI
o e ot 5;,9:.@‘0-*

L3t M..%..‘

it p—





image1.png
Comprehensive
understanding of
organism’s DNA and
basic function

Ability to manipulate
protein production
through addition of
beneficial genes or

deletion of unwanted

genes

Proteomics

Comprehensive
understanding of the
protein inventory of an
organism

Variability in protein
expression across
time/conditions

Metabolomics

Comprehensive
understanding of
phenotypes and basic
cellular function

Shifts in biomarkers
and chemical signals
throughout normal life
and as a function of
shifts in cellular
environment

Lipidomics

Comprehensive
understanding of
cellular lipids, often
(but not limited to)
membrane
composition

Shifts in lipid
concentration as a
function of changes in
cellular environment





