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ABSTRACT
The three-dimensional genome structure is critical for the regulation of gene expression and DNA damage repair. Our previous study characterized the alteration of genome architecture following radiation-induced DNA damage. However, it is still unknown how radiation-induced DSBs are distributed across the genome, how the initial genome structure influences the distribution of DSBs, how the modification of chromatin structure through pretreatment impacts DNA damage, and how the anti-cancer drugs alter 3D genome organization in healthy cells. CHAPTER II summarizes one of the key phenomena in alteration of 3D genome organization, compartment shifting, across multiple situations. CHAPTER VI focuses on the potential mechanism of 3D genome reorganization after radiation-induced DNA damage. CHAPTER IV identifies the distribution of radiation-induced DSBs in BJ-5ta and GM12878 cells and how the distribution correlates with the initial 3D genome architecture using END-seq. CHAPTER III used HDACi to modulate chromatin architecture and examined the impact of enhanced genomic accessibility on radiation-induced DNA damage. CHAPTER V explores how an anti-cancer drug curaxin impacts cell viability, DNA damage response, and 3D genome organization in non-cancerous cells. Overall, these findings suggest that the initial 3D genome structure is important to determine the genomic susceptibility to radiation-induced DNA damage, which could be applied in cancer therapy.
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INTRODUCTION
[bookmark: _Hlk85401829][bookmark: _Hlk85401857]The genome is the genetic material of an organism, providing the blueprint for each living cell, and so its integrity and stability are essential to life. However, DNA is exposed to a risky situation. In humans, oxidative DNA damages arise at least 10,000 times per cell per day. Besides oxidative DNA damage, there are several endogenous and exogenous sources of DNA damage, such as Reactive Oxygen Species (ROS), Ultraviolet Radiation (UV), ionizing radiation (IR), and chemical reagents. IR is the most deleterious type of damage that affects DNA structure and causes double-strand breaks (DSBs). DSBs are the most cytotoxic DNA lesions, which can cause the loss of genetic information, translocations, and cell death. The organism developed a series of mechanisms to maintain the stability and integrity of our genetic information[1]. Two distinct pathways, homologous recombination (HR) and non-homologous end joining (NHEJ), contribute to DSB repair in eukaryotes[2, 3]. The importance of adequate DNA repair is highlighted by the catastrophic consequences of its misregulation, such as premature aging, neurodegenerative disorders, Ataxia telangiectasia, Werner syndrome, and Xeroderma pigmentosum[4, 5]. 
[bookmark: bookmark=id.2et92p0][bookmark: bookmark=id.3znysh7][bookmark: bookmark=id.tyjcwt][bookmark: _heading=h.8spijiaujxo4][bookmark: bookmark=id.3dy6vkm][bookmark: bookmark=id.1t3h5sf][bookmark: _heading=h.tehxwv987qg9]In eukaryotes, DNA is hierarchically packaged into the nucleus instead of a linear molecule. At the chromosome level, each chromosome only occupies an area of 1-2μm defined as chromosome territories, and its position varies in different cell types, and also affects the surrounding chromatin that interacts with it[6]. Inside each chromosome territory, dense and less dense chromatin were observed in different areas of the nucleus by the electron microscopy[7]. With the advent of the first applications of genome wide chromosome conformation capture technologies Hi-C, a ‘plaid’ contact pattern is dominantly visible in higher eukaryotes both within and between chromosomes, which represents A and B compartments, respectively, classified by performing principal components analysis (PCA) along the chromosome[8-10]. The A compartment tends to be gene-rich, GC-rich, euchromatic, transcriptionally active while the B compartment is more likely gene-poor, GC-poor, heterochromatic, and transcriptionally inactive. At a finer scale, topologically associating domains (TADs), in which regulatory elements and their target genes are framed, can be identified as interacting squares along the diagonal in Hi-C data[11-13]. TADs are separated by boundary elements, such as transcriptional repressor CCCTC-binding factor (CTCF), which blocks the interaction between adjacent domains. There is an increase in evidence that the disruption of TAD boundaries can lead to the misregulation of enhancer and promoter and cause human disease, such as polydactyly and syndactyly[14-17].
Chromosome conformation capture studies have revealed the human genome is organized in a three-dimensional (3D) structure which influences the appropriate DNA repair[18]. For instance, different repair pathways are used at double-strand break sites (DSBs) when they occur in heterochromatin, rDNA, or transcribed loci[19-21]. During DSB repair, DNA end accessibility is regulated by chromatin modifications to facilitate the accurate repair process, DSB signaling, and DSB mobility. Previous studies proposed a DSB-anchored cohesin-mediated loop extrusion model that could mediate spreading of γ-H2AX at DSBs, and showed that compartment switching mediated by nuclear actin polymerization contributes to DSB clustering and repair, indicating a vital function of 3D genome architecture on DNA damage and repair[22, 23]. Moreover, a previous study reported that translocations occur more often when two genomic sequences are in close spatial proximity. These translocations can result in the misregulation of genes and be oncogenic[9]. Together, these studies indicate a pronounced role of 3D genome organization in DNA damage response and DNA repair.
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[bookmark: _Toc289175833][bookmark: _Toc211461729]

Chromosome COMPARTMENTALIZATION: CAUSES, CHANGES, CONSEQUENCES, AND CONUNDRUMS


[bookmark: _Toc289175834]A version of this chapter was originally published by Heng Li, Christopher Player, Priyojit Das, Rachel Patton McCord:
Li H. Playter C., Das P., McCord R.P. “Chromosome Compartmentalization Causes, Changes, Consequences, and Conundrums.” Trends Cell Biol 2024 Sep; 34(9): 707-727.
The “Outstanding questions” of the published article has been removed. H.L. and R.P.M. wrote the manuscript with contributions from C.P. and P.D. All authors prepared figure panels and contributed to the literature review and reference compilation.   
[bookmark: _Toc211461730]Abstract
[bookmark: _Toc289175835]The spatial segregation of the genome into compartments is a major feature of 3D genome organization. New data on mammalian chromosome organization across different conditions reveal important information about how and why these compartments form and change. A combination of epigenetic state, nuclear body tethering, physical forces, gene expression, and replication timing (RT) can all influence the establishment and alteration of chromosome compartments. We review the causes and implications of genomic regions undergoing a 'compartment switch' that changes their physical associations and spatial location in the nucleus. About 20–30% of genomic regions change compartment during cell differentiation or cancer progression, whereas alterations in response to a stimulus within a cell type are usually much more limited. However, even a change in 1–2% of genomic bins may have biologically relevant implications. Finally, we review the effects of compartment changes on gene regulation, DNA damage repair, replication, and the physical state of the cell.








[bookmark: _Toc211461731]Spatial compartmentalization of the genome
[bookmark: _Toc289175837]The idea of genome spatial compartmentalization has a long history in chromosome research. From the alternating banding patterns observed in metaphase chromosomes [1], to the patches of dense and less dense chromatin seen in electron microscopy [2], to the prominent alternating contact patterns visible in genome wide chromosome conformation capture (Hi-C) [3], it is clear that different chromatin types are spatially segregated into different locations in the nucleus, and that compartmentalization is one of the main principles structuring the genome [4]. In the past decade, research from many different angles has helped to answer key questions about compartments, such as how they are formed, when and how they change, and what implications they have for other biological processes such as gene regulation.
[bookmark: _Toc211461732]Observing and classifying compartments
[bookmark: _Toc211461733]Contact maps reveal compartmentalization in plaid patterns
Complementary experimental techniques can identify and quantify genome spatial compartments, and combining insights from different approaches helps decipher the principles and functions of compartmentalization.  This review will focus extensively on compartments detected with Hi-C contact maps, which report interactions captured by formaldehyde crosslinking and proximity ligation. In Hi-C, compartments are visible in the alternating plaid patterns of contacts within and between chromosomes (Figure II.1A) [3, 5].  Compartments are often quantified and visualized by first normalizing for the stereotypical decay in contacts with linear genomic distance. Then, calculating the correlation of each row with each column generates a map which represents how well the interaction pattern of each genomic locus matches or is opposite to the interaction partners of other loci. (Figure II.1B).  Applying principal components analysis (PCA) to the correlation or contact map can classify regions along the chromosome as belonging to the A or B compartment [3, 5, 6]. Because the plaid contact pattern is typically strong, the first principal component usually captures the compartment segregation and, using gene density or GC content as a guide, the sign of the first eigenvector is assigned so that A compartment regions are positive and B compartment regions are negative (Figure II.1C). Analysis of other properties of these regions has revealed that A compartment regions generally tend to be euchromatic and transcriptionally active while B compartment regions are more likely heterochromatic and transcriptionally inactive (Figure II.2). However, recent results, reviewed here, clarify the potential misconception that all genes in the A compartment will be active and vice versa. Orthogonal experimental methods such as Genome Architecture Mapping (GAM) and Split Pool Recognition of Interactions by Tag Extension (SPRITE) can also generate contact maps which exhibit plaid interactions and PCA compartment classification similar to Hi-C [7, 8].  SPRITE can provide additional information about which regions interact simultaneously in clusters in different cells, clarifying that not all regions in the same compartment are colocalized in every cell (Figure II.1C). Recent imaging and single cell techniques have further shown that, at least in the case of differentiated cells, A and B compartment segregation can be detected in individual cells, though heterogeneity exists across the cell population (see Box 1).
[bookmark: _Toc211461734]Varying approaches to classify compartments
[bookmark: _Int_6owMDnYi]Overall, there is good congruence between different methods of detecting compartments, but exactly how compartments are quantified may influence the apparent biological significance of potential compartment changes. Compartments can be classified at lower or higher resolution, and this can affect conclusions about the correlation between transcription and compartmentalization and whether certain specific regions change compartmentalization or not [9]. Additionally, the A compartment can be subdivided into regions containing active genes vs. inactive genes, and the B compartment into different types of heterochromatin. Therefore, some studies segregate compartments into subcompartments, which can be detected by using distinctive patterns in interchromosomal data and correlating these patterns with enrichment of different epigenetic marks [5] or by incorporating information from both the first and second principal components of intrachromosomal maps [10].  Other studies classify genomic regions into 3 distinct compartments  [11, 12].  Recent work shows that while a 2-state model can explain the majority of the patterns detected in Hi-C, a 4-state model most accurately captures additional complexity in the compartment structure [13]. Comparing the 4-state and the 6-state subcompartment model highlights an important consistent feature that polycomb-mediated B compartment regions clearly segregate from other B compartment heterochromatin (Figure II.1C). Importantly, some of the “additional states” in models with more than two compartments can also be captured by considering the continuous quantitative values of the eigenvector from PCA in traditional A/B compartment analysis [14].
Overall, while there appear to be some important biological features that can be captured best (in particular, distinguishing types of heterochromatic interactions) by considering more than two compartments, for the purposes of this review we will primarily refer to a two state, A/B model with quantitative eigenvector value providing additional information about the strength of compartment classification at a given region. This captures a large portion of the important information and enables us to compare consistently across the numerous studies that use this classification. Future work will be needed to develop approaches that can classify distinct heterochromatin compartment types consistently across cell types and conditions.
 
[bookmark: _Toc211461735]Molecular factors that establish chromosome compartmentalization
Compartmentalization is observed across many diverse species and genomes (Box 2), but how are compartments formed?  Increasing evidence suggests that compartmentalization is established by a combination of chromosome tethering to nuclear structures and phase-separation like interactions between regions of similar epigenetic state [15, 16].  It is important from the beginning to address the potential misconception that if a factor is important for compartment formation, disrupting that factor should completely destroy compartments. In the case of topologically associating domain (TAD) structures, removing one protein, such as CTCF, causes dramatic loss of structure.  Compartments, by contrast, appear to be formed by the combination of many different factors across different regions of the genome, so disrupting one contributor may have only subtle effects. 
The enrichment of different histone modifications within the A vs. B compartment (Figure II.2) was noted early on, and this relationship is so strong that spatial compartment identity can even be computationally predicted using only histone marks along the linear genome [17, 18].  Recent work has contributed mechanistic understanding to this strong correlation, finding that proteins associated with different histone modifications can facilitate phase separated condensate formation. Liquid-liquid phase separation (LLPS) is formed by intermolecular interactions via electrostatic attractions, aromatic stacking, hydrophobic and hydrogen bond interactions [19, 20]. Interactions between proteins like HP1 and H3K9 methylation or BRD4 and acetylated histones can modulate and orchestrate intranuclear condensates, contributing to genome compartmentalization [21]. Other proteins can interact with certain histone modifications to tether genomic regions to nuclear structures such as the lamina, further influencing compartmentalization [22]. Subcompartments classified based on contact patterns distinguish between B compartment regions that tend to be lamin associated domains (LADs) from those that are nucleolar associated [23, 24]. Lamina tethering and attractions within compartments exist in balance so that the spatial arrangement of compartments can change if one is disrupted. For example, a decrease in lamin B receptor expression can lead to inversion of chromatin positioning, which, in rod photoreceptor cells of nocturnal mammals, fosters useful optical properties. Without lamin B tethering, strong attractions within the B compartment cause heterochromatin that was formerly on the periphery to relocate to the nuclear interior [23, 24]. Despite the relocation, A and B compartments remain separate without lamin tethering. Indeed, some evidence suggests that, after mitosis, the B compartment re-forms before LADs become established [25].  
Recent research that disrupts or removes candidate proteins and evaluates compartment changes is starting to reveal what other chromatin proteins are involved in building and maintaining compartments, as we discuss in detail in the section on compartment changes below.

[bookmark: _Toc211461736]When, why, and how does compartmentalization change?
To discover the mechanisms responsible for chromosome compartmentalization and its biological implications, it is helpful to find conditions in which these compartments change, either in natural biological settings or under artificial perturbations (Figure II.3). Compartment switches involve certain chromatin regions moving from spatial interactions with euchromatin to heterochromatin interactions or vice versa (A-B or B-A changes).  Compartment change can also involve an overall loss or weakening of A/B segregation. Growing numbers of studies report the compartment changes that occur in different conditions, but there is disagreement about how much change is required for these differences to be considered “substantial”.  Here, we review and compare the types and extent of compartment changes observed in different scenarios (Table 1). We classify the causes of compartment change into two groups: intrinsic and extrinsic.  We call changes “intrinsic” when they happen through a biological process within the cell such as cell differentiation and “extrinsic” when they are caused by external manipulations or stimulation such as environmental condition changes or experimental mutation or deletion of proteins.
[bookmark: _Toc211461737]Intrinsic compartment changes are widespread during cell state transitions
Intrinsic sources of compartment change include internal transitions of state, such as cell differentiation and cancer progression. These transitions often involve compartment changes in large portions of the genome. For example, during in vitro human cardiomyocyte differentiation from human embryonic stem cells, 19% of the genome changes compartment, and 13% of the genome switches compartments during neural differentiation of mouse embryonic stem cells [26, 27]. In the case of de-differentiation, 20% of the genome switched compartments when pre-B-cells were reprogrammed into pluripotent stem-like cells [28]. In transdifferentiation, when a B leukemia cells were converted into macrophages, around 14% of genomic regions change compartments [29]. When mouse embryonic fibroblasts (MEFs) were reprogrammed by somatic cell nuclear transfer, compartments first dramatically weakened, then re-consolidated into a different compartment state by the 8-cell stage, where 14% of regions showed altered compartments compared to the original MEFs [30]. In a large scale comparison of compartmentalization across diverse human cell types, about 40% of genomic regions maintained a constant compartment identity across all cell types [31]. These observations provide important context for the consideration of compartment changes in other experimental scenarios: if only 60% of regions ever switch compartments, then a 20% observed change likely reflects major biological differences, while extreme changes (such as 70% of regions switching) are not likely to occur.  
Many of the compartment changes during cell differentiation likely involve cell passage through mitosis.  During mitosis, as chromosomes are individualized and dramatically compacted, A/B compartmentalization is completely lost and must be re-established in the next G1 phase [32-35]. Thus, each cell division provides a window during which new associations can be formed between chromosome regions and with structures such as the nuclear lamina [36]. 
Compartment changes are also a hallmark of cancer initiation and progression, and the degree of compartment change observed in cancerous vs. healthy cells reported in diverse studies are on par with the differences observed between different cell types. Compared to the human primary mammary epithelial cell (HMEC), five conventionally classified subtypes of breast cancer (luminal A, luminal B, HER2+, TNBC A, and TNBC B) exhibit, on average, 21% of compartment switches. In particular, BT549, which is a more aggressive cell line, shows the highest percentage (24%) of compartment switches [37]. Likewise, 16-24% of genomic regions show A/B compartment switching when primary pancreatic ductal carcinoma cell lines (PANC1 and BxPC3) are compared with an immortalized normal epithelial cell line (HPNE)[38] [39]. Metastatic pancreatic cancer cells (Capan-1) show even more dramatic changes (31%) than primary pancreatic cancer cells [39]. A similar result was found in a study of modeling prostate cancer progression, where localized cancer cell lines showed 18% of regions changing compartments while bone metastatic lines exhibited 22% of regions altered [40]. In these studies, cancer-relevant genes are often found to change gene expression coordinately with compartment switches, suggesting that the compartment change may facilitate oncogenesis. The dramatic compartment changes observed during cancer progression coincide both with the frequency of epigenetic regulator mutations in cancer [41] and with the idea that cancer involves a loss and reprogramming of cell identity [42].
[bookmark: _Toc211461738]Extrinsic compartment changes due to external stimuli
Some extrinsic experimental manipulations mimic stimuli that could be experienced by cells in vivo. Transient environmental stimuli can lead to gene expression changes with very few compartment switches.  For example, in response to heat shock or inflammatory signals (cytotoxic factor, TNF-α), compartments remain highly correlated between the control and treatment conditions [43, 44]. Sometimes, though, even minor compartment changes can be biologically meaningful.  For example, while few regions changed compartments overall when neutrophils were exposed to the activator phorbol 12-myristate 13-acetate (PMA), the specific few regions that shifted toward the A compartment were enriched for genes involved in the neutrophil defense response [45]. Similarly, SARS-CoV-2 induced only ~3-4% compartment changes in human A549 cells, but these changes correlated with transcriptional suppression of interferon response genes by the virus [46]. Cells responding to DNA damage experience few compartment switches overall [47], but the changes that do occur may help shift broken DNA toward repair foci [48].
Other extrinsic physicochemical treatments provoke more dramatic changes in compartments. Exposing cells to high salt concentrations causes loss of A/B compartmentalization [49]. This high salt condition also leads to the dissociation of chromosome architecture proteins CTCF and cohesin from the chromatin and visible chromosome compaction, but it is not clear which molecular changes lead to the loss of compartmentalization [49, 50]. Notably, the re-establishment of physiological salt conditions nearly completely restores the initial distribution of compartment segregation. Inducing cells to migrate through constrictions smaller than their nucleus also results in substantial A/B compartmentalization changes and a shift in cell fate [51]. In this scenario, the “extrinsic” factor of nucleus constriction is combined with an “intrinsic” EMT-like cell fate change, and, in line with this, the degree of compartment change is consistent with other observations of cancer progression.    
Physical perturbation experiments have revealed the striking robustness of compartmental interactions.  A/B compartment interactions are maintained during hypoosmotic swelling of isolated nuclei [52] and when the chromosome is cut into pieces as small as 7 kb in size by a restriction enzyme [53].  Compartments fall apart when genome fragments become smaller than 6 kb, and the timecourse over which these interactions dissociate indicates that compartment interactions between constitutive heterochromatin regions are intrinsically stronger than interactions between polycomb-bound heterochromatin [53]. Likewise, the quantitative strength of certain types of compartmental interactions decreases when the chromatin fiber is decondensed and the whole nucleus expanded by low salt conditions, and these effects become more dramatic with increasing treatment time [52, 54].
[bookmark: _Toc211461739]Extrinsic compartment changes due to targeted protein or interaction type disruptions
Many extrinsic manipulations disrupt candidate factors or interaction types to test hypotheses about mechanisms that form compartments. Such experiments are critical to tease apart which factors are only correlated with vs. help cause compartmentalization. Some of these perturbations reveal clear evidence that factors are or are not involved in compartment formation, while other experiments require more nuanced interpretation.
Disrupting proteins that tether chromatin to nuclear scaffolds clearly affects A/B compartmentalization.  Depleting nuclear matrix (NM)-associated protein, Heterogeneous Nuclear Ribonucleoprotein U (HNRNPU), results in compartment switching in 7.5% of the genome [55]. Likewise, removing Lamin B1 results in chromatin redistribution and detachment of chromatin from the nuclear lamina in human tumor cells, leading to 6.8% of genomic regions switching compartments [56].  Similarly, the Lamin A mutation that leads to Hutchinson Gilford Progeria syndrome results in a loss of compartment strength and about 7% of the genome switching compartments in patient fibroblasts [57, 58], while smaller amounts of switching are observed in a cardiomyocytes haploinsufficient for lamin A [59].
Other proteins are clearly less involved in compartment formation and maintenance. Degrading the insulator protein CTCF affects the definition of topologically associating domain (TAD) boundaries while leaving A/B compartments intact [60]. Likewise, few compartment changes are found in cohesin-deficient thymocytes compared to control [61]. The loop extruding activity of the cohesin complex can in fact disrupt compartmental interactions, so cohesin degradation can lead to compartment strengthening as this antagonistic factor is removed [54, 62]. Therefore, cell types with lower cohesin levels, such as differentiated neutrophils, have strong compartments, and increases in cohesin occupancy (NIPBL and SMC1) after calcium stimulation of neutrophils weakens compartments as loop extrusion increases [63].
[bookmark: _Toc211461740]Cell type, specific experimental conditions, and chromatin context influence whether compartments change
The results of some experiments do not so easily answer the question “are compartments maintained or disrupted?” Often, it is not easy to define how much compartment change should be considered "substantial" enough to follow up with further study. For example, depleting HMGN nucleosomal binding proteins had little effect on compartmentalization, even though these proteins are enriched in the A compartment [64]. On the one hand, such results are good evidence that proteins may co-occur with compartments without being essential for their maintenance. However, the HMGN study identified certain 5 Mb scale regions that do show dramatic compartment switches, and further investigating these specific changes might reveal why certain compartment states are affected by HMGN proteins and their interactions with other epigenetic modifiers.   
The roles of certain proteins in compartmentalization may also be cell type-specific, causing perturbation experiments to yield different conclusions in different cell types. Linker histone H1 proteins act as transcriptional repressors and promote chromatin compaction, but the triple H1 (H1c, H1d, H1e) knock-out does not change contact profiles, gene expression, or the distribution of A and B compartment regions in mouse embryonic stem cells [65]. In stark contrast, H1.2/H1.4 (H1c/H1e) depletion in human breast cancer T47D cells causes ~20% of the genome to switch compartments! [66] A clue to help interpret such a discrepancy comes from the further observation that H1 depletion prompts B to A compartment shifts and de-repression of stem cell genes in mouse germinal center B cells and T cells [67, 68].  Thus, it is likely that H1 binding is important to maintain B compartmentalization in differentiated cell types that need to maintain repression of stem cell genes, and therefore is not as important in stem cells.
In other cases, variations in experimental details may influence observations. Various studies have used 1,6-hexanediol (1,6-HD) to disrupt hydrophobic interactions and probe the importance of liquid-liquid phase separation (LLPS) to compartmentalization [69]. These experiments have employed widely varying 1,6-HD concentrations, timing, and cell types, leading to variable results, but overall, this LLPS disrupting treatment consistently causes compartment shifts.  A 5% 1,6-HD treatment of HeLa cells for 15 minutes resulted in 14% of regions switching compartments [70] while a 20 minute treatment with 10% 1,6-HD caused 6% of bins to change compartment in K562 cells [71]. Careful timecourse monitoring of the response of mouse embryonic stem cells to 1.5% 1,6-HD showed that switches to the A compartment are more common on short (2 minute) timescales followed by more switches to the B compartment after 30 minutes, with, again, 14% of bins changing overall [72]. In some reports, since many regions maintain their compartment status, these results are interpreted to mean that there is a limited role for these hydrophobic LLPS interactions in compartment formation.  However, when compared to the observation that only 14-30% of regions change during cell type differentiation, the degree of compartment switching after hydrophobic LLPS interaction disruption appears more biologically meaningful.
[bookmark: _Toc211461741]Targeted epigenetic perturbations cause compartment changes in a context dependent manner
Perturbations that alter histone modifications reveal that multiple forces combine to determine chromosome compartmentalization. Targeting the Krüppel-associated box (KRAB) repressor to repeat sequences using a CRISPR system dramatically increased H3K9me3 at the targeted genomic regions [73]. But, despite the usual correlation between H3K9me3 and the B compartment (Figure II.2), only 8% of A compartment regions targeted by KRAB actually switched to the B compartment after H3K9me3 increase. Similarly, when EZH2 or SUV39H1 were targeted to certain loci by a lacO/lacR system, the increased H3K27me3 or H3K9me3 at these loci caused compartment changes for only some regions [74]. Altering epigenetic marks can induce compartment switches, but only in the right context (Figure II.4). Switches to the B compartment occur more easily when the region: 1) experiences a threshold level of histone mark change, 2) has a low to moderate initial level of gene activity and active modifications, 3) is in close enough proximity to other B compartment regions, and 4) there is enough excess of heterochromatin binding proteins to help facilitate new associations of the newly marked regions [73, 74].  In the opposite direction, targeting transcription activators to genes can cause those genes to be repositioned from the nuclear periphery to the interior.  This relocalization is not dependent on transcription, since it can be induced by an acidic peptide that recruits cofactors and decondenses chromatin but does not affect transcription [75]. It is not clear, however, what epigenetic modification changes or new protein associations occur in this case to accomplish chromatin locus positioning changes or how far around the targeted gene this effect spreads.
[bookmark: _Toc211461742]Boundary shifting is the most common form of compartment change
Compartment changes can be classified into three categories by how the region of change relates to its neighbors: 1) a small region of different compartment state is absorbed into a larger block of uniform state 2) a boundary is shifted so that neighboring chromatin is pulled into a new compartment state or 3) a small region is flipped out away from its original state into a different spatial arrangement than its neighbors (Figure II.5). The first two cases both involve shifting of existing compartment boundaries (Figure II.5B), and are consistent with the long-standing concept of epigenetic modification spreading [76].  Indeed, given the strong associations between histone modifications, compartments, and phase separation [5, 11, 31, 77, 78], the most likely mechanism by which any compartment switch occurs is through alteration of histone modifications in the switched region. Alterations that allow heterochromatin or euchromatin to spread into a neighboring region could result in a compartment boundary shift. Epigenetic region boundaries are maintained through a balance of chromatin modifier proteins. Both limiting concentrations of heterochromatin writer proteins and recruiting active mark writing proteins can help maintain boundaries between heterochromatin and euchromatin [79-81], and therefore shifting this balance of chromatin modifier expression could cause shifting of compartment boundaries.  Boundary shifting is the most common form of compartment change observed in differentiation trajectories. For example, during human cardiogenesis, in the development of mature immune cells from hematopoietic stem and progenitor cells (HSPCs), or in the induced differentiation from mouse embryonic stem cells (mESCs) to neurons, the majority of compartment flipping (B to A) happens at the borders of compartments (Figure II.5B, right) [26, 27, 82]. Likewise, exogenously added heterochromatin marks are more likely to lead to compartment switches when added to an A compartment that is adjacent to an existing B compartment [73]. 
Many studies have found that A/B compartment boundaries coincide with TAD boundaries [26, 82, 83].  Accordingly, compartment boundary shifts often occur at the unit of one TAD, switching one TAD from B to A or A to B [83].  This often raises the idea that CTCF sites at TAD boundaries restrict chromatin modification spread [76].  However, though CTCF site deletion has been found to enable the spread of active marks and gene activation across a boundary, this spread was only very local and did not destroy the epigenetic boundary overall [84].  In general, removing CTCF or deleting only a boundary does not destroy spatial compartments [60, 85], indicating that TAD boundaries do not create compartmentalization. Indeed, much evidence suggests that A/B compartmentalization and the bounded loop extrusion responsible for forming TADs are two independent mechanisms of genome folding [4]. Current methods to detect boundaries formed by loop extrusion usually also identify compartment boundaries, making it difficult to untangle factors important for each of these folding mechanisms and their biological impact. Developing additional methods to distinguish between “loop extrusion-like” and “compartment-like” signatures in contact maps will be critical to future research. 
Sometimes, small compartments can be absorbed into a larger uniform compartment when neighboring boundaries shift toward. This phenomenon is observed, for example, after the migration of invasive human melanoma cells (A375) through tight constrictions [51].  This absorption of a smaller compartment into a larger compartment might be energetically favorable. It is less common that specific regions become separated from their neighbors to associate with a new compartment (“flipping out”, Figure II.5A), and when this occurs it is likely triggered by a particular localized event.  For example, after DNA damage occurs in the B compartment, the region around the DNA double strand break can flip out to associate with the A compartment [48]. Similarly, the rare cases in which isolated regions break away into a new compartment during mESC neural differentiation coincide with the activation or repression of specific genes [26].
[bookmark: _Toc211461743]Some chromosome regions may have high “switchability”
Notably, many instances of compartment switching occur at regions that already have a weaker compartment identity as measured by the PC1 value (see example of HMEC to T47D switch highlighted in Figure II.5A). In chromatin tracing data [86], these regions tend to lie at the boundaries between compartments in the nuclear space. Such weakly compartmentalized regions may be poised to switch compartments in response to stimuli.  Indeed, certain regions of the genome have been found to change their compartments more often than others [31], suggesting that there may be inherently “switchable” regions.  These variable compartment regions also coincide with regions found to be more likely to alter their lamin association. Some gene poor regions are “constitutive LADs”, stably associated with the nuclear lamina and the B compartment across individual cells in a population and across many cell types, and some gene dense regions are “constitutive interLADs” and consistently in the A compartment [87, 88]. Other genomic regions, typically of intermediate gene density, are facultative LADs which are more likely to switch their compartment and lamina association [30, 88].  The idea that certain regions are prone to switches while others are resistant is strengthened by the observation that inducing epigenetic changes can cause compartment switches in certain genomic regions and not others [73].
[bookmark: _Toc211461744]What forces and factors cause compartment switches?
What causes genomic regions to move and form associations with a new compartment?  The breakdown and re-establishment of compartments at each cell division provides a clear opportunity for new compartment associations to form [32, 34, 35].  But, compartment switches can still happen in terminally differentiated cells such as neutrophils with no cell division [45]. Altered epigenetic modifications could make it more favorable for new interactions to occur, but, since motion of chromatin regions is generally slow [89, 90], other forces may be needed for a region to undergo spatial rearrangement during interphase. ATP-dependent processes, such as transcription, replication, and loop extrusion, can both induce and constrain chromatin motion [91, 92].  Cohesin-mediated loop extrusion can reel in neighboring genomic regions, and this force appears to foster larger blocks of chromatin in the same compartment.  However, this same cohesin activity generally compacts the chromosome and makes longer distance interactions less likely [93].  Other candidate forces that could help facilitate compartment switches include physical forces that change the shape of the nucleus [51] and the polymerization of actin in the nucleus [48, 94]. A general gain of inter-compartment (A-B) interactions and an overall weakening of compartment strength (see Table 2.1 for examples of conditions that weaken compartment strength) may also make compartment switches more likely.
[bookmark: _Toc211461745]What is the biological importance of compartmentalization?
[bookmark: _Toc211461746]Gene expression regulation – compartmentalization biases activation likelihood for phenotype stability
The general correlation between compartment status and gene expression has been found consistently across numerous studies: genes in the A compartment are more likely to be active and genes in the B compartment are more likely to be inactive [3, 38, 51, 95, 96].  Compartment switches are often correlated with gene expression changes [26-28, 37, 40, 57, 66, 67, 82, 83]. In some cases, these associations are quite specific: during human cardiogenesis, for example, a small A compartment boundary shift switches the key cardiac muscle structural gene alpha-actinin (ACTN2) into the A compartment as its expression turns on [27]. But such correlations raise the question: are compartment shifts helping to enable gene expression change or are the shifts occurring as a byproduct of gene expression change? Studies that monitor the temporal progression of A/B compartmentalization and gene expression changes in different systems have revealed that the relationship may vary by genomic region and condition.  In both a cellular differentiation timecourse [26] and a cellular response to stimulus timecourse [97], some genes changed expression nearly simultaneously with compartment change, but other genes did not change expression until well after the compartment switch. This suggests that, in some regions, a switch from the B to the A compartment must occur first, enabling later gene activation.  But in other regions, both gene expression and compartmentalization are affected simultaneously by a common influence, such as a change in epigenetic state, and the compartment shift is not itself required to initiate the change the gene expression. In this latter case, is there any gene regulatory importance to the compartment shift or is it just an irrelevant byproduct of transcription change?  It is important to note that gene activation and repression often occurs without any change in compartment status [43, 61, 64], and that forcing a region to switch into the A compartment [75] or B compartment [74] does not necessarily immediately activate or repress gene expression. But, in general, a gene positioned in the A compartment is more likely to be differentially regulated in response to a treatment or stimulus [29, 38, 61, 98].  So, switching a gene to the A compartment likely positions it for future regulation while a switch to the B compartment may stabilize the gene’s resistance to regulation [26].  Just as feedback loops can help to maintain a stable cell fate change even after an initial stimulus has faded [99], compartment rearrangements provide another mechanism to stably encode cell fate changes [81] .
How does a switch into the A compartment facilitate gene activation?  Such a switch not only involves epigenetic changes at a gene itself (Figure II.6), but also may influence other aspects of gene regulatory networks such as cis-regulatory elements (CRE), trans-acting genetic factors, and non-coding RNAs. In β-actin knockout cells, for example, regions that switch from the B to A compartment show accumulation of enhancer-associated epigenetic marks like H3K27Ac [100]. Differentially expressed genes in B to A switching regions often also gain enhancer interactions, contributing to their transcriptional regulation [101]. In olfactory receptor (OR) gene regulation, for example, this type of spatially regulated enhancer interaction can help select one OR for expression in a given neuron out of >2,000 possible genes [102] . OR genes are generally silenced by aggregation into a few heterochromatic foci, and only one OR allele in each neuron shifts to the euchromatic compartment to become stably expressed, where it contacts a multi-enhancer hub [102, 103]. Similarly, the transcriptional activation of the interferon gene IFN-β in response to virus infection involves interactions with distant NF-κB bound enhancer elements from three distinct genomic loci [104]. These examples suggest that distal regulatory elements could move spatially to execute their function in a separate hub, and regions including these regulatory elements would flip their compartment status during this process.
[bookmark: _Toc211461747]Replication timing
DNA replication timing (RT) is controlled by replication machinery recruitment to the DNA, and a variety of evidence shows that this occurs later in heterochromatic regions at the nuclear periphery and nucleolus [105, 106]. Thus, RT domains are spatially segregated in the nucleus and correspond to the A/B compartment pattern. In differentiated cells, A compartment regions tend to replicate early while B compartment regions replicate late.  Replication timing and compartments are more weakly correlated in mESCs, but loci whose replication timing changes during neural differentiation of these cells are spatially repositioned and have matching changes in their A/B compartmentalization (Figure II.6) [26, 107]. RIF1, a known regulator of chromatin organization and RT control, binds to the late-replicating genomic regions and colocalizes with lamin B1 [108]. The deletion of RIF1 disrupts the RT program, accompanied by changes in histone modifications and 3D genome architecture [109]. Although the correlation of RT to 3D genome organization and transcriptional regulation has been acknowledged for decades, the causal and mechanistic links remain elusive. Does a switch to the A compartment make chromatin more accessible for early replication?  Or does a shift in replication timing help reprogram the 3D genome?  As with the relationship between compartments and gene regulation, there seems to be some evidence for both.  There are cases in which a replication-dependent alteration of histone modifications could result in altered compartment identity [109], but also cases where a physical shift in chromosome region localization alters replication timing [110].
[bookmark: _Toc211461748]DNA Damage Repair
Chromosome compartmentalization can also influence the process of DNA damage repair. Chromosome compaction in the B compartment may provide some inherent protection against DNA damage [111]. But, when damage does occur in heterochromatin, DNA double strand break (DSB) movement and compartment alteration may be needed to accomplish repair.  Particularly for the homologous recombination (HR) pathway of repair, DSB mobility can enhance the homology search for donor sequences, eliminate the challenges for DSB repair from local repetitive sequences, and form DSB repair foci [112-114].  Alterations to chromosome structure during DNA repair can involve shifting of DSBs toward the edge of a heterochromatin domain [115] and alterations to histone modifications to enable chromatin relaxation around DSBs [116]. 
Overall, a picture emerges that compartment switching occurs during chromatin mobility in response to DNA damage. Recent studies have shown that DSB spatial clustering involves compartment alterations. Some work classifies this clustering as a separate “D” compartment [117], while other work describes this rearrangement in the context of the A/B compartment model, with certain regions shifting from the B toward the A compartment for repair, facilitated by actin polymerization [48]. Compartment changes and DNA replication timing control may work together to influence DNA repair mechanisms. The homologous recombination pathway used in S and G2 for faithful DSB repair requires a homologous copy or sister chromatid of the broken locus. Genomic regions in the A compartment that replicate earlier would have a higher chance of using this template-dependent repair. Thus, a shift toward the A compartment might also facilitate repair through a shift to early replication timing.
[bookmark: _Toc211461749]Physical nucleus properties
Some aspects of chromosome positioning and genome compartmentalization may be more important for nucleus physical properties than they are for gene expression or DNA replication control. In a dramatic example, as mentioned earlier, the spatial re-arrangement of heterochromatin and euchromatin compartments in rod photoreceptor cells of nocturnal mammals alters the optical properties of the retina [23, 24].  In other cases, the spatial arrangement of chromatin compartments may help tune the mechanical properties of the nucleus and the cell’s mechanoresponse.  Recent research is revealing that the nucleus, as the largest and stiffest organelle, is a key determinant of the cell’s physical interaction with its environment and can sense external forces through cytoskeletal interactions or its own deformation [118] [119]. Chromatin structure influences the elasticity of the nucleus, with increases in histone acetylation causing a decrease in the nucleus spring constant [120].  Relatedly, alterations to histone modifications, chromatin arrangement in the nucleus, and spatial compartments are associated with a cell’s ability to squeeze its nucleus through tight constrictions during confined migration [51, 121, 122]. Spatial rearrangement of heterochromatin inside the nucleus occurs in response to cell growth on softer or stiffer substrates [123] or cell compression [124], again indicating the links between the cell’s mechanical environment and chromatin structure.  The nucleus can serve as a molecular ruler, triggering signaling cascades when it becomes compressed [125, 126], and therefore alterations in the chromosome structure that change the overall size or stiffness of the nucleus could be used to tune this compression signaling. Thus, some compartment changes in response to a stimulus or biological condition may have physical rather than gene regulatory consequences. Further, which regions experience compartment change and therefore gene regulatory effects may be tightly coupled to the physical state of the cell. The relationship between A/B compartmentalization and nucleus physical properties needs further investigation, particularly in cases such as cardiomyopathy, where the nucleus physical properties have been implicated in disease pathogenesis [127].
[bookmark: _Toc211461750]Concluding Remarks
Recent research has highlighted genome spatial compartmentalization as a major feature of 3D genome organization. Compartmentalization is shaped by a combination of factors, primarily epigenetic marks and lamina tethering, but also transcription, replication timing, and other chromatin proteins. The segregation of genomic regions into compartments likely helps cells to maintain a memory of their fate, and major changes in compartmentalization therefore facilitate stable cell fate changes.  While compartment organization differs in important ways between cell types, about half of the genome exists in a fairly constant spatial compartment organization that is an inherent property of chromosome regions and not likely to change, even when epigenetic modifications are made. Certain regions of the genome are responsible for the large majority of compartment changes observed in different conditions. This fact should shape how we interpret changes to compartmentalization in a given experiment. Biologically meaningful compartmentalization changes may involve only a small percentage of the genome, and specific compartment shifts can enable key gene regulation or DNA repair of damaged regions. Investigation in the coming years will enable us to understand and even manipulate genome compartmentalization toward goals such as more efficient cellular reprogramming and epigenetic cancer therapies.
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[bookmark: _Toc211461752]APPENDIX

[bookmark: _Toc211462111]Figure II.1. Detecting compartments using Hi-C and chromatin tracing. 
A) Compartmentalization is visible as plaid patterns of interaction in contact maps from IMR90 (data from [5]) both within chr21 (top) and between chr21 and chr22 (bottom). B) Calculating the distance-normalized correlation map emphasizes the compartment pattern.  C) A comparison of two-state (A/B, 1st row), Rao subcompartment [5] (2nd row), and deGeco [13] 4-state (3rd row) classification of compartments.  Genomic positions along each track correspond to the IMR90 chr21 positions in the correlation map in panel (B). A1/A2 and S1/S2 generally overlap with the A compartment while B1/B2 and S3/S4 overlap with the B compartment. Bottom row: SPRITE can capture multi-way contacts that can represent different ways compartments interact in different cells. D) and E) Chromatin tracing data from two different IMR90 cells (from [128]) shows the position of chromosome regions (beads) in the 3D space of the nucleus.  Beads are colored by PCA-derived A/B compartment assignment (D) or Rao subcompartment (E) to show that these regions are indeed spatially segregated in individual cells.  Bottom row shows a rotated view of the same structure.  
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[bookmark: _Toc211462112]Figure II.2. Epigenomic features typically associated with the A and B compartments.
A cartoon showing simplified typical correlation patterns between A/B compartments (Hi-C PC1), transcriptional levels, chromatin accessibility, and ChIP-seq signals for nuclear lamina association (lamin A/C and lamin B) and five key histone modifications (active marks H3K27ac, H3K4me1, H3K36me3 and repressive marks H3K9me3 and H3K27me3), and replication timing (green=early, cyan=late).
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[bookmark: _Toc211462113]Figure II.3. What conditions can change compartmentalization?
The most dramatic compartment changes are typically observed during differentiation and reprogramming or cancer progression (orange). Exogenous stimuli such as infection/inflammation, DNA damaging agents, or hexanediol treatment and internal protein changes such as lamin mutations can lead to minor to moderate compartment changes (blue).  Other extrinsic factors (hypotonic swelling, heatshock) or protein alterations (CTCF removal) have very little to no effect on compartment identity (grey) (see Table 2.1 for specific citations and examples).
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[bookmark: _Toc211462114]Figure II.4. Factors influencing whether an epigenetic change will cause compartment switch.
Genomic regions in the A compartment possess characteristics that make them less likely (Region 1) or more likely (Region 2) to switch to the B compartment after targeted epigenetic changes.  Region 1 is spatially far from the B compartment, gene dense with high transcription, and has many active chromatin marks.  Region 2, in contrast, has only moderate gene expression, intermediate histone modifications, and is proximal to the B compartment.  The switch to B is also more likely if there is a high level of expression of heterochromatin-associated proteins (represented by yellow ovals). 
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[bookmark: _Toc211462115]Figure II.5. Types of changes in A/B compartmentalization.
Compartments can change either by an internal region of a compartment flipping out to associate with the opposite compartment (A) or by boundary shifting on one or both sides (B). Left panels: a cartoon of what this type of compartment change could look like in the path of the chromosome (red = A, blue = B). Middle panels: what the PCA quantification of this type of compartment change looks like. Right panels: Examples of these types of compartment changes from real data.  Top: flipping out observed in a comparison of different types of breast cancer (adapted with permission from: Kim et al., 2022 [37]).  Bottom: boundary shifting observed in the differentiation from ESC to cardiomyocyte (adapted with permission from: Bertero et al., 2019 [27]) 
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[bookmark: _Toc211462116]Figure II.6. Coordinated changes in A/B compartments, gene expression, and replication timing in differentiating cells.
Cell differentiation is accompanied by rearrangement of 3D chromatin structure, chromatin modification and gene regulation. The shift of a chromosome region from B to A compartment (top panel to bottom panel) coincides with changes in replication timing from late (green) to early (yellow), shifts in histone modifications (see dotted zoom inset) and increases in expression of genes in the region. 














[bookmark: _Toc211462324]Table II.1. Quantifying the compartment changes caused by different conditions.
	Category
	Condition
	Changes
	%a
	Compartment strength
	Author, Year
	PMID

	Differentiation
	Compendium of different cell types
	60% change across different tissues and cell types
	60
	
	Schmitt, 2016
	[31]

	Differentiation
	human B cell differentiation
	28% change, A I B compartment
	28
	
	Vilarrasa-Blasi, 2021
	[96]

	Cancer
	metastatic vs. normal/primary pancreatic cancer cells (Capan-1, HPNE, PANC-1)
	26%, 30% changes, A to B is more common than B to A
	28
	
	Ren, 2021
	[39]

	Cancer
	triple-negative breast cancers vs. HMEC
	24% change
	24
	
	Kim, 2022
	[37]

	Cancer
	pancreatic cancer (PANC1 and BxPC3) vs. normal epithelial (HPDE6C7)
	24% changes, A to B more common than B to A
	24
	
	Du, 2022
	[38]

	Reprogramming
	B cell to Pluripotent Stem Cells
	20% change, A to B is equal to B to A, 10%
	20
	
	Stadhouders, 2018
	[28]

	Cancer
	Prostate cancer cell lines vs. normal epithelium
	Epithelial to localized cancer = 18% switch, Epithelial to Bone Metastatic = 22%
	20
	
	San Martin, 2021
	[40]

	H1 knockout
	H1 (H1.2, H1.4) knock-down T47D cells
	20% change, A to B is equal to B to A
	20
	
	Serna-Pujol, 2022
	[66]

	Differentiation
	hEMCs to Cardiomyocytes
	19% change, B to A is more common than A to B
	19
	
	Bertero, 2019
	[27]

	DNA damage
	Induced site-specific DNA damage in MEF cells 
	~16% changes, B to A is far more common than A to B
	16
	
	Zagelbaum, 2023
	[48]

	Hydrophobic disruption
	HeLa cells, 5% 1,6-HD treatment for 15min
	14.5% changes
	14
	
	Ulianov, 2021
	[70]

	Differentiation
	B cell to iMac (transdifferentiation)
	14% change, A to B is more common than B to A
	14
	
	Stik, 2020
	[29]

	Hydrophobic disruption
	mESCs under 1.5%-HD for 30min
	14% changes 
	14
	
	Liu, 2021
	[72]

	Reprogramming
	Somatic cells reprogramming of MEFs by Somatic cell nuclear transfer (SCNT)
	14% change
	14
	
	Zhang, 2020
	[30]

	[bookmark: _Toc211462325]Table II.2. Continued

	Differentiation
	mESC neural differentiation
	13% changes, B to A 7%, A to B 6%
	13
	
	Miura, 2019
	[26]

	Protein knockout
	RIF1 KO in H9, HAP1, HCT116 cells
	no specific percentage, but substantial number shown in Fig. 3d and S20b
	10
	weaken A, strengthen B
	Klein, 2021
	[109]

	Epigenetic change
	KRAB domain targeted to genomic regions, U2OS cells
	8% of targeted regions switch A to B 
	8
	
	Feng, 2020
	[73]

	Differentiation
	HSPCs to mature immune cells
	1218 genomic regions, B to A is more common than A to B
	7
	
	Hu, 2018
	[82]

	Lamin Mutation
	HGPS
	3% P17, 12% P19
	7
	decreased
	McCord, 2013
	[57]

	Lamin Mutation
	HGPS
	~7% P13 change Progeria vs. Child or Healthy Parent
	7
	decreased
	San Martin, 2022
	[58]

	Lamin Mutation
	MDA-MB-231, WT vs. lamin B1 KO
	A to B 2.9%, B to A 3.9%
	7
	
	Chang, 2022
	[56]

	Protein knockout
	depletion of HNRNPU in mouse hepatocytes
	A to B 4.9%, B to A 2.6%
	7
	
	Fan, 2018
	[55]

	Hydrophobic disruption
	K562 cells under 10%-HD for 20min
	6.2% changes 
	6
	
	Shi, 2021
	[71]

	Actin knockout
	β-actin KO in MEF
	A to B 2.3%, B to A 2.8%
	6
	
	Mahmood, 2023
	[101]

	Actin knockout
	β-actin KO/HET in MEF
	Compartment switching 6% in KO, 3% in HET
	6
	
	Mahmood, 2021
	[100]

	H1 knockout
	H1 (H1c, H1d, H1e) -knockout mouse T cells
	4% B to A, 1% A to B, 
10.5% shift toward A (Fig. 2b)
	5
	weaken B, strengthen A
	Willcockson, 2021
	[68]

	Exogenous stress
	[bookmark: _Int_QoDOjYki]hyperosmotic stress (60min, 110mM NaCl) in T47D cells
	no specific percentage, change reversible after recovery
	5
	decreased
	Amat, 2019
	[49]

	Physical perturbation
	A375 human melanoma sequential constricted migration
	4.52% total changes, 
B to A 2.89%, A to B 1.63%
	5
	weaker B compartment
	Golloshi, 2022
	[51]

	Protein knockout
	Cohesin degradation in mouse hepatocytes
	finer compartment divisions
	5
	increased 
(1.8-fold)
	Schwarzer, 2017
	[62]
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	Protein knockout
	HMGN1/2 double knockout in MEF, rBs, and iPSCs
	no exact % change, certain regions shift depending on cell type
	5
	
	He, 2022
	[64]

	Infection/ Inflammation
	PMA or E. coli induced neutrophil activation
	not specified, but minor
	4
	
	Denholtz, 2020
	[45]

	Infection/ Inflammation
	SARS-Cov-2 infected A549 cells
	3%-4% changes, A compartment is weakening
	3
	loss of A compartment strength
	Wang, 2023
	[46]

	Infection/ Inflammation
	Calcium stimulation of neutrophils (cohesin increases)
	2.3% switch B to A, 1% A to B
	3
	decreased
	Zhu, 2021
	[63]

	H1 knockout
	germinal center B cells with loss of H1c and H1e
	2% B to A, 0% A to B, 16% shift toward A, 1% shift toward B
	3
	weaken B, strengthen A
	Yusufova, 2020
	[67]

	Lamin Mutation
	hiPSC-CMs with a haploinsufficient mutation for lamin A/C
	1.2% change, B to A is more common than A to B
	1
	
	Bertero, 2019
	[59]

	H1 knockout
	WT and triple H1 (H1c, H1d, H1e) KO embryonic stem cells
	Not exactly quantified, but "very little change"
	1
	
	Geeven, 2015
	[65]

	Protein knockout
	RAD21-deificient thymocytes (cohesin)
	very little change
	1
	
	Seitan, 2013
	[61]

	DNA damage
	X-ray irradiation of human fibroblasts, lymphoblasts
	very little change (1% of bins)
	1
	
	Sanders, 2020
	[47]

	Infection/ Inflammation
	IMR90 cells exposed to TNF-alpha
	very little change
	1
	
	Jin, 2013
	[44]

	Liquid chromatin
	Restriction enzyme digestion of isolated nuclei
	very little change
	1
	
	Belaghzal, 2021
	[53]

	Exogenous stress
	Low salt swelling of GM12878 cells
	no change
	0
	weaker B compartment
	Sanders, 2022
	[52]

	Exogenous stress
	K562 cells under 30min of Heat shock
	no change
	0
	
	Ray, 2019
	[43]

	Protein knockout
	CTCF degradation in mESCs
	no change
	0
	10% decreased
	Nora, 2017
	[60]


a(% quantifies roughly what portion of genomic regions switch compartments in each condition)



Text Boxes
Box 1: Compartmentalization in Single Cells 
[bookmark: _Hlk209000264][bookmark: _Hlk209000235]Compartments detected from Hi-C contact frequency maps represent the average of a cell population. Chromatin image tracing approaches, and to some extent single cell Hi-C and SPRITE approaches, can reveal whether this spatial segregation of compartments really exists in individual cells.  Sequential fluorescence hybridization coupled with superresolution microscopy enables tracing of chromosomes and assignment of 3D spatial coordinates of chromosome locations in individual cells [86, 128, 129].  These data show that while there is substantial heterogeneity in the paths of chromosomes in individual cells, regions classified by contact analysis as belonging to the A or B compartment really are spatially segregated in differentiated cell types such as lung fibroblasts (Figure 1D-F) [128], liver cells [130], neurons [131], and even lung cancer cells [132].  Subcompartment separation is also observed within individual cells (Figure 1F). Notably, the “B1” regions, which are enriched for H3K27me3, are positioned near the A/B compartment interface while “B2” regions, which have high lamin and nucleolar associations, are more spatially distant from A compartment regions. (Figure 1F). Comparisons between Hi-C and 3D image tracing in differentiated cells also show that genomic regions with weaker compartment eigenvector values (closer to zero) tend to be positioned at the interface of compartments.  
[bookmark: _Hlk209000272]Stem cells appear to be an important exception to this observation that compartments are visible in individual cells.  Chromatin image tracing performed on embryonic stem cells revealed a striking degree of mixing between A and B compartment regions in individual cells, even though a plaid compartment pattern is visible when all the cells are averaged together [93]. 
[bookmark: _Hlk209000277]Single cell Hi-C contact maps suffer from data sparsity, but computational tools that use data imputation [133] or aggregate information from more genomic bins [134] suggest that A and B compartments can be detected from the contacts within an individual cell. Single cell compartmentalization patterns inferred from each region’s contact frequency with other bins of high or low CpG content have been successfully used to classify individual cells into different blood and brain cell types [134]. Single cell SPRITE, which captures clusters of interactions rather than pairwise contacts, also detected compartment contact patterns in single cells.  Regions segregated by a compartment boundary in averaged data followed the expected compartmentalized contact pattern in about 65% of individual cells [135].   
[bookmark: _Hlk209000301]Even when compartment segregation is observed in individual cells, there is substantial variation in the organization between cells. Some computational approaches have classified sub-clusters of chromosome conformations within a cell population [136], such that shifts in compartment strength at a population level could reflect a shift in how many cells fall into these different sub-clusters.  Certain chromosome regions appear to be more variable in their positioning between individual cells while other regions are more consistent across cells [136-138].   
Box 2: What types of genomes employ chromosome compartmentalization?
Spatial segregation of chromosome regions into compartments is a conserved feature in many organisms across distant evolutionary relationships, in both plant and animal cells [6, 9, 139, 140]. A notable exception appears to be organisms with short chromosomes and high gene density with little intergenic space. In budding yeast, for example, long range organization of gene regulation is minimal, and chromosomes are primarily organized by centromere and telomere interactions rather than compartments [141, 142].  Similarly, the short chromosomes of C. elegans segregate into a large-scale compartment pattern where chromosome ends interact with each other and are separated from the middle by perinuclear anchoring and chromatin state [139].  However, recent evidence has revealed a plaid-like fine scale compartment pattern within C. elegans chromosomes as well [143].  Such small-scale compartmentalization has been observed in Drosophila and even human [9], within the larger scale patterns initially observed.  This challenges a common misconception that compartments are built hierarchically from TADs and exist only at large length scales.  Instead, compartmentalization can exist in organisms where TAD structures are largely absent (such as C. elegans), and the principles that form compartments work across length scales and largely independently from mechanisms of TAD formation. 
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[bookmark: _Toc211461754]Abstract
Radiation therapy plays a prominent role in breast cancer treatment, but high doses of radiation damage both healthy and cancerous cells. Therefore, additional research is needed into combination therapies that could preferentially radiosensitize cancer cells compared to surrounding healthy tissue without causing deleterious side effects. Histone deacetylase inhibitor drugs (HDACis) have been tested as radiosensitizers in both basic research and clinical trials, but the long exposure often used in these treatments and lack of data from matched healthy cells leave aspects of their effects unclear. Here, we show that transient (2 hour) trichostatin A (TSA) treatment of cancerous and non-tumorigenic breast epithelial cell lines increases immediate DNA damage and decreases long-term cell survival in both cell types at high radiation doses. At an intermediate radiation dose (1 Gy), however, TSA treatment selectively radiosensitizes the cancer as compared to the non-cancer cell line. These results suggest that the radiosensitizing effects of TSA are not only dependent on extended treatment effects on cell survival and DNA repair, but also include an increase in DNA damage resulting from short-term chromatin decompaction. This work sets the stage for future investigation into how initial chromatin state in cancer vs. non-cancerous cells lead to differential effects of epigenetic treatments and intermediate radiation doses.
[bookmark: _Toc211461755]Introduction
Breast cancer is the second most common cancer in women in the United States, and incidence rates have recently increased sharply in young women [1]. Radiotherapy is a primary treatment for breast cancer, where high-energy radiation kills cancer cells by damaging their DNA beyond repair. However, radiation can damage DNA in both cancer cells and surrounding healthy tissues. Therefore, there is a need to develop approaches to preferentially sensitize cancer cells while protecting healthy cells and to understand how different cell types respond to radiation. Previous work suggests that radiation-induced DNA damage can be impacted by chromatin compaction. Decondensed nuclei showed more DNA damage signal upon high-dose irradiation than condensed nuclei [2]. A computational simulation similarly predicted that DNA compaction influences radiation-induced DNA damage [3]. Other imaging evidence has shown that ionizing radiation results in DNA repair foci preferentially localized in less compact euchromatin. [4, 5] Therefore, chromatin compaction is a potential target for radiosensitivity.  
The human genome is generally organized into two spatial compartments, euchromatin (A compartment) and heterochromatin (B compartment) [6] which exhibit differential histone modifications and compaction. Generally, heterochromatic regions tend to be methylated on histone H3 at lysine 9 and/or lysine 27, while euchromatic regions instead exhibit acetylation on these same histone tails. [7-10]. Histone acetylation neutralizes the positive charges on lysine-rich histone tails, weakening their interactions with the negatively charged DNA and making chromatin less compact and more accessible [11]. 
Trichostatin A (TSA) is a pan-Histone deacetylase inhibitor (HDACi), that results in increases in histone acetylation, chromatin decompaction [12], and chromosome structure changes [13, 14]. TSA has been previously studied as an anti-cancer agent [15] and was found to increase the radiosensitivity of numerous types of human cancer cells, such as human colon cancer, non-small-cell lung cancer, chronic myelogenous leukemia, squamous cell carcinoma, and breast cancer [16-22]. These studies have shown that long-term treatments (at least 12 hours) with TSA can sensitize cancerous cells to radiation by inducing cell cycle arrest, diminishing DNA damage repair, inhibiting cell autophagy, and enhancing cell apoptosis. However, the numerous secondary effects and impacts on cell viability from TSA alone that happen with long-term treatment make it difficult to assess the contribution of chromatin decompaction itself to the amount of DNA damage experienced by cancer cells and the radiosensitizing effects of TSA treatment.  The increases in histone acetylation caused by TSA happen rapidly, with substantial changes even detected within 30 minutes [12], so a much shorter treatment than 12 hours could be used to evaluate the effect of chromatin changes on radiosensitivity more directly.  In other contexts, transient TSA treatments (3 hours) induced chromatin decondensation and nuclear deformation in adult meniscal fibrochondrocytes [23]. Likewise, our previous studies indicated that treating 500 nM TSA treatment for 2 hours is sufficient to increase histone acetylation and chromatin accessibility and change chromosome structure in A375 cells [14, 24]. Therefore, we aim to test the hypothesis that increasing chromatin accessibility by transient TSA treatment will enhance cell sensitivity to radiation.
Another key factor often missing from existing HDACi radiosensitivity studies is a matched comparison between healthy and cancer cells.  Many studies demonstrate the radiosensitizing effects of TSA on cancer cells, but with no comparison of healthy cell response, it is unclear whether the treatment would influence all cell types equally or preferentially target cancer cells.  Here, we use non-tumorigenic breast epithelial cells (MCF-10A) and human breast cancer cells (MCF-7) to investigate the influence of initial genome structure on the cellular response to X-ray radiation. Unlike other breast cancer cell lines (BT-474 and MDA-MB-231), MCF-7 cells do not exhibit pre-existing mutations in DNA damage repair pathways [25]. We find that 2 hours of TSA treatment increases the acetylation level in both healthy and cancerous breast epithelial cells. This transient TSA treatment increases the DNA damage caused by subsequent 5 Gy irradiation in both MCF-10A and MCF-7 cells. However, only MCF-7 cells, not MCF-10A cells, show increased DNA damage after TSA treatment followed by a lower dose of irradiation (1 Gy). These different responses to radiation after TSA treatment led to a distinction in long-term cell survival rate, indicating that transient pre-treatment of TSA enhances the radiosensitivity to breast cancer cells, but not normal breast cells, to moderate doses of radiation.
[bookmark: _Toc211461756]Results
[bookmark: _Toc211461757]Short dose of TSA treatment does not alter cell viability or proliferation in healthy and cancerous breast epithelial cells
To assess the impact of chromatin decompaction on cancer and healthy cell radiosensitivity, we used 2-hour TSA treatment of non-cancerous MCF-10A breast epithelial cells and breast cancer MCF-7 cells. This length of treatment has been shown to change acetylation and chromatin compaction in various cell types in other studies [12, 14]. To determine how this TSA treatment affects the viability of MCF-10A and MCF-7 cell lines, we examined the cell metabolic activity with the MTS assay. The cell viability was not affected by this transient TSA treatment when the concentration of TSA was increased up to 1000 nM in both healthy and cancer cells (Figure III.1a). Further, a trypan blue exclusion assay showed no significant differences in cell proliferation or cell death after 250-1000 nM TSA treatment in either MCF-10A or MCF-7 cells (Figure III.1b).
[bookmark: _Toc211461758]Choosing a TSA concentration that increases histone acetylation in healthy and cancerous breast epithelial cells
[bookmark: _Hlk206664042]To measure the increase of acetylation caused by TSA treatment, we measured immunofluorescence signal of H3K9Ac. In both healthy cells (MCF-10A) and cancerous cells (MCF-7), we observed an elevated level of acetylation of H3K9 in cells exposed to TSA for 2 hours (Figure III.2a, Figure III.6). The acetylation signal reached its maximum between 250 and 750 nM treatment concentrations, so we selected the 500 nM concentration as a midpoint for downstream radiosensitivity testing (Figure III.2b).
[bookmark: _Toc211461759]Effect of TSA treatment on radiation-induced DNA damage depends on radiation dose
We next tested whether the increased acetylation and chromatin decompaction caused by the 2-hour 500 nM TSA treatment would enhance cancer and non cancer cell radiosensitivity to ionizing radiation (IR). We first measured the induction of DNA double strand breaks (DSB) by TSA alone using immunofluorescence to label the DNA damage marker γ-H2AX (phosphorylation of the histone variant H2AX). Notably, DNA damage was not induced significantly by 500 nM TSA treatment for 2 h in either MCF-10A or MCF-7 cells (Figure III.3a and b, Figure III.7). To determine the influence of TSA on the amount of radiation-induced DNA damage, we next examined the γH2AX foci 30 minutes after 5 Gy X-ray exposure in both MCF-10A and MCF-7 cells pretreated with DMSO or 500 nM TSA for 2 h. In both cancer and healthy cell lines, this high dose of X-ray irradiation produced a significantly higher level of γH2AX signal when cells were pretreated with TSA, as compared to X-ray treatment alone (Figure III.3b).  However, a distinction in γH2AX signal was observed in MCF-10A compared to MCF-7 cells pretreated with TSA followed by 1 Gy X-ray irradiation (Figure III.3c). In non-cancerous MCF-10A cells, pretreatment with TSA did not increase vulnerability to damage after 1 Gy irradiation. In contrast, DNA damage produced by 1 Gy irradiation increased significantly when MCF-7 breast cancer cells were pretreated with TSA (Figure III.3d, Figure III.7d). Overall, pretreatment with TSA enhanced DNA damage with a lower dosage of irradiation in cancerous MCF-7 cells, but not in healthy MCF-10A cells.
[bookmark: _Toc211461760]Transient TSA treatment leads to altered long term radiation survival in both healthy and cancer cells
To determine how the increased initial DNA damage observed after TSA treatment and irradiation would impact the cells over time, the long-term proliferative capacity of the cells after treatment was determined by a clonogenic assay. MCF-10A and MCF-7 cells were pretreated with TSA for 2 hours, followed by 0, 1, 2 Gy and 5 Gy radiation and then colony growth over 14 days. Clonogenic survival was significantly reduced in both MCF-10A and MCF-7 cells exposed to increasing dosages of radiation, but the effects were more dramatic for cancer cells: the relative colony formation was 40% for MCF-10A cells but only 5% for MCF-7 cells after 5 Gy radiation (Figure III.4a and b). Exposure to combination treatment with TSA and irradiation diminished cell survival compared to radiation alone at certain radiation doses. Notably, and in line with the differential γH2AX results, combination treatment significantly reduced the colony formation in MCF-7 cells after only 1 Gy radiation, while TSA treatment at this radiation dose showed no significant impact on colony formation in MCF-10A cells (Figure III.4b). Taken together, the results show that TSA’s differential impact on initial DNA damage formation after 1 Gy in breast cancer vs. non-cancer cells translates into a differential effect on long term survival in these cell types.
[bookmark: _Toc211461761]Discussion
As cancer is a major cause of death in the U.S. every year, developing effective combination therapies is a major priority [28, 29]. Radiation therapy can be used to eliminate cancer cells when it damages their DNA beyond repair and causes the cells to die within the next cell cycle. However, certain cancer cells showing radioresistance are able to escape and survive radiotherapy, while healthy tissue can also be damaged by radiation [30, 31]. Therefore, it is important to develop treatments that can be combined with radiotherapy to preferentially sensitize cancer cells to radiation. In this study, we used TSA, a well-known HDAC inhibitor which preserves the acetylation on histone tails and increases chromatin accessibility, to increase the radiosensitivity of cells in culture. We observed a significant enhancement of radiosensitivity when cells are pretreated with a transient treatment of TSA (2 h).
TSA has been previously studied as a tumor inhibitor and enhancer of radiosensitivity when combined with radiation [32, 33]. Most studies have focused on the influence of TSA in cancer cells, such as human glioblastoma, non-small cell lung cancer, colorectal carcinoma, tongue squamous cell carcinoma, esophageal squamous cell carcinoma[20, 34-37]. However, none of these studies showed the effect of TSA on the surrounding healthy cells after radiation, so it was important to evaluate whether TSA would also influence the radiosensitivity of healthy cells. In this study, non-cancerous and cancerous MCF-10A and MCF-7 cells were used to investigate the distinction of their responses to TSA-induced radiosensitivity. We also aimed to investigate the radiosensitizing impact of TSA that stems specifically from its chromatin altering activity rather than secondary effects on cell proliferation or viability. Longer term treatments with TSA (16-48 h) have been found to impact cell proliferation in multiple cancer cell types[17, 20, 21, 35, 37]. We found that a 2-hour treatment with TSA allowed us to focus its impact on histone acetylation. This timing of treatment produced substantial increases in acetylation without affecting cell viability or proliferation.
In the current study, we found that the amount of DNA damage induced by high doses of radiation (5 Gy) was significantly increased in cells pretreated with TSA.  It is notable, however, that this increase was observed in both tumorigenic and non-tumorigenic cell lines.  This result suggests that HDACi treatment would radiosensitize not only the cancer cells, but also healthy cells in the area surrounding a tumor, to high doses of radiation.  This highlights the importance of studying matched non-cancerous cells when the effect of a potential cancer treatment is considered. However, we did observe a differential effect of TSA on cancer vs. healthy cell DNA damage induction at a lower dose of 1 Gy irradiation, where the TSA increased the resulting amount of DNA damage in cancer cells but not healthy cells. 
Our clonogenic assay showed that cellular survival of IR followed these initial DNA damage differences.  While MCF-7 cells showed higher sensitivity to 1 Gy radiation after TSA treatment, TSA did not significantly reduce cell survival in MCF-10A cells after 1 Gy radiation. Our results therefore suggest that there may be optimal HDACi timing and radiation dosage combinations that would preferentially reduce the growth of cancer cells in comparison to healthy cells and would be advantageous in therapeutics. 
Our results highlight an important mechanism by which HDACi treatment enhances radiosensitivity: even short-term chromatin opening can result in more sites of DNA damage being produced by the same radiation treatment.  TSA treatment can affect DNA repair pathways [38], so when a cell survival effect of TSA and IR is observed in a clonogenic assay, numerous factors, including inhibition of DNA repair, could be involved.  Our study attempts to minimize the effect on DNA repair pathways by shortening the TSA treatment.  We also note that the long-term survival of our cell populations is correlated with the amount of initial DNA damage we measure soon after irradiation, before repair has occurred.  So, while TSA effects on DNA repair are important, our results suggest that TSA’s effect of increasing the amount of DNA damage caused by the radiation in the first place plays a key role.  
Our data raise important future questions and lay the groundwork for future investigation of several key issues: how do differences in initial epigenetic state between cancer and non-cancerous cells lead to different responses to the same deacetylase inhibitor treatments?  How does a lower dose of radiation lead to a differential response between cancer and non-cancerous cells?  We can speculate that higher doses of radiation saturate the cell with damage so that differences between cancer and healthy cell responses become less apparent. We know that the regions of the genome opened by HDACi treatment and the extent of decompaction depends on the initial chromatin state of the cell [12, 14].  So, we can further speculate that the initial chromatin state differences between cancer and healthy cells lead to a differential impact of TSA on chromatin and therefore differential vulnerability to DNA damage at non-saturating radiation doses.  However, more work is needed to investigate these possibilities.  
These results suggest that future work should explore the possibility of using transient, localized HDACi treatments combined with a lower radiation dose in breast cancer therapy. It also opens up possibilities for new combination approaches using targeted radionuclide therapy to further minimize off target impacts.
[bookmark: _Toc211461762]Materials and Methods
[bookmark: _Toc211461763]Cell culture and treatments
MCF-10A (RRID: CVCL_0598) and MCF-7 (RRID:CVCL_0031) cells were purchased from ATCC (CRL-10317 and HTB-22 respectively). MCF-10A cells were cultured in Mammary Epithelial Cell Growth Medium BulletKit (Lonza CC-3150; following the ATCC instruction, 100 ng/ml Cholera toxin was used to make the complete growth medium instead of GA-1000 provided with kit) at 37°C supplied with 5% CO2. MCF-7 cells were cultured in complete Eagle’s Minimum Essential Medium (ATCC 30-2003; 10% FBS. 1% Pen-Strep, 10 µg/ml Insulin) at 37°C supplied with 5% CO2. Cells were verified to be negative for mycoplasma. TSA was purchased from Tocris (1406, UK), dissolved in dimethyl sulfoxide (4-X, ATCC) and stored at -20°C with a stock concentration of 10 mM.
[bookmark: _Toc211461764]X-ray irradiation
Cells were irradiated using a RS 2000 X-ray Irradiator (RadSource). A 2 Gy/min dose rate was executed with cells at indicated dosage (160 kV; 25 mA). After irradiation, cells were either fixed or transferred back to an incubator and kept at 37°C with 5% CO2.
Cell proliferation and viability assays
[bookmark: _Toc211461765]MTS assay
Cell viability was determined using the CellTiter 96 Aqueous One Solution Cell Proliferation Assay System (Promega) with novel tetrazolium compound [3-(4,5-dimethylthiazol-2-yl)-5-(3-carboxymethoxyphenyl)-2-(4-sulfophenyl)-2H-tetrazolium, inner salt; MTS]. To determine the optimal incubation time for cellular reduction of MTS to produce soluble formazan, various numbers of MCF-10A and MCF-7 cells were added to 96 well plates and incubated with MTS reagent for 1-4 hours. The linear regression analysis showed the coefficient of determination (r2) was above 0.995 in both MCF-10A and MCF-7 cells under 2 hours incubation, indicating a linear response between cell number and absorbance of formazan product at 490 nm (Figure III.5). For treatment assays, MCF-10A and MCF-7 cells were seeded in 96-well plates, at an initial density of 25,000 cells per 1 ml of medium, 24 h before TSA treatments. Cells were incubated with various concentrations of TSA (250 nM, 500 nM, 750 nM, 1000 nM) for 2 h; cells with no TSA (DMSO only) were included for the negative control. After TSA treatment, 20µL MTS reagent was added into each well and incubated at 37°C with humidified 5% CO2 for 2 h. Absorbance at 490 nm was measured using a microplate reader (BioTek 800 TS, Agilent). 
[bookmark: _Toc211461766]Trypan blue exclusion assay 
Cell proliferation and viability were measured using the trypan blue exclusion assay. MCF-10A and MCF-7 cells were seeded in 6-well plates, at an initial density of 1,000,000 cells per 1 mL of medium, 24 h before TSA treatments, respectively. Cells were incubated with various concentrations of TSA (0 nM, 250 nM, 500 nM, 750 nM, 1000 nM) for 2 h; cells with fresh medium were included for the negative control. After TSA treatment, cells were trypsinized and centrifuged at 1,000 rpm for 5 minutes. An aliquot of cell suspension was mixed with 0.4% trypan blue and loaded on a hemacytometer. Cell counts were examined using the automated cell counter (Corning).
[bookmark: _Toc211461767]Immunofluorescence
MCF-10A and MCF-7 cells were seeded on Poly-D-Lysine coated 35 mm dishes with No. 1.5 glass coverslips (MatTek) prior to TSA treatment and X-ray exposure. At specific timepoints, cells were fixed in 4% formaldehyde for 20 minutes at room temperature and washed three times with PBS for 5 minutes each. Cells were permeabilized and blocked in blocking buffer (10% goat serum, 0.5% triton in PBS) for 1h at room temperature, following which the primary antibody H3K9ac (RRID:AB_732920, Abcam, ab32129, 1:250), γ-H2AX (RRID:AB_2799949, Cell Signaling Technology, CST-80312, 1:250) was diluted into antibody dilution buffer (5% goat serum, 0.25% triton in PBS) and incubated overnight at 4°C. Cells were washed in PBS for 5 minutes three times and incubated in secondary antibody buffer (Alexa fluor 488 goat antibody anti-mouse, RRID:AB_2556548, Invitrogen, R37120) for 30 minutes at room temperature in the dark. Cells were then washed with PBS for 5 minutes three times. Coverslips were removed and put on slides with ProLong Diamond Antifade Mountant with DAPI (Invitrogen, P36962). Samples were stored at 4°C overnight and imaged using a Leica SP8 confocal microscope equipped with a 63x oil immersion objective.
[bookmark: _Toc211461768]Clonogenic assay
The clonogenic assay was used to determine cell survival after X-ray exposure and adapted as described previously(De et al., 2019). MCF-10A and MCF-7 cells were seeded at an initial density of 1,000 cells/well and 1,500 cells/well in 6-well plates, respectively and allowed to attach for 24 h. Cells were treated with DMSO or TSA (500 nM) for 2 h followed by exposure to the indicated dose (0, 1, 2, or 5 Gy) of X-rays. Cells were then transferred back to an incubator and kept at 37°C with 5% CO2 for 14 days. Colonies were fixed and stained with 0.5% crystal violet containing 10% methanol prepared in PBS. Images were acquired using the Odyssey DLx Imaging System (LICORbio). Colonies containing at least 50 cells were counted (Franken et al., 2006).
[bookmark: _Toc211461769]ImageJ analysis
Confocal microscopy images (.lif) were loaded into ImageJ (RRID:SCR_003070) with the Bio-Formats Importer plugin. For each image, the slices of the Z-stack were summed. Nuclei boundaries were established through thresholding of the DAPI signal. Merged nuclei were split with the Adjustable Watershed plugin. Nuclei with areas below 50 μm2 were excluded. To measure signal intensity, the mean grey value of γH2AX or H3K9ac signal across Z-slices was recorded for each bounded nucleus. Nuclei were excluded from quantification if the γH2AX signal was widespread and uniform rather than in foci.
[bookmark: _Toc211461770]Data availability  
Confocal images and other relevant data are available at:  https://data.mendeley.com/datasets/vk8bs2fx3v/1 (doi: 10.17632/vk8bs2fx3v.1)
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[bookmark: _Toc211462117]Figure III.1. Effects of TSA on cell viability and proliferation.
(a) Influence of TSA (0, 250, 500, 750 and 1000 nM) on cell viability and cell proliferation of MCF-10A (red) and MCF-7 (blue) cells, using the MTS assay. Data is presented as mean ± SEM of 3 biological replicates which each contain 6 technical replicates. MTS absorbance values indicate the level of cell metabolic activity measured in each sample and are normalized to the value of the no treatment (0 nM) well. (b) Influence of TSA (0, 250, 500, 750 and 1000 nM) on cell proliferation and viability of MCF-10A (red) and MCF-7 (blue) cells, using a trypan blue exclusion assay. Bars indicate the mean ± SEM of total cell counts for 3 biological replicates after 2 h of TSA treatment. Points along the dotted line indicate the percentage of live cells (negative for trypan blue) in each condition.



















[bookmark: _Toc211462118]Figure III.2. TSA enhances histone acetylation. 
(a) MCF-10A (top) and MCF-7 (bottom) cells were treated with indicated concentration of TSA (0, 250, 500, 750 and 1000 nM) for 2 h, and stained with DAPI (Blue) and anti-H3K9ac (Green) in the indicated treatments. Images are maximum projections of Z-stacks. Scale bar: 20 µm. (b) Quantification of average H3K9ac intensity per nucleus area.  Bars show mean +/- SEM averaged across all measured nuclei (5 fields imaged per condition, N=150 – 300 nuclei per condition) (**** p < 0.0001 for pairwise one-tailed t-tests between each increasing concentration)
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[bookmark: _Toc211462119]Figure III.3. TSA enhances X-ray induced DNA damage in healthy and cancer cells differently for different radiation doses.
(a) MCF-10A (left) and MCF-7 (right) cells were pretreated with or without 500 nM TSA, irradiated with 5 Gy X-rays, and stained with DAPI (Blue) and anti-γH2AX (Green) 30 minutes after radiation. Scale bar: 20 µm. (b) Quantification of average γH2AX intensity per nucleus area as in (A) Bars show mean +/- SEM averaged across all measured nuclei (5 fields imaged per condition, N=250 – 350 nuclei per condition). (c) MCF-10A (left) and MCF-7 (right) cells were pretreated with or without 500 nM TSA, irradiated with 1 Gy X-rays, and stained with DAPI (Blue) and anti-γH2AX (Green) 30 minutes after radiation. Scale bar: 20 µm. (d) Quantification of average γH2AX intensity per nucleus area as in (c) Bars show mean +/- SEM averaged across all measured nuclei (5 fields imaged per condition, N=150 – 300 nuclei per condition) (**** p < 0.0001, one-way ANOVA.).
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[bookmark: _Toc211462120]Figure III.4. Effects of TSA on healthy and cancer cell proliferation after radiation. 
(a) MCF-10A (left) and MCF-7 (right) cells were pretreated with or without 500 nM TSA, followed by 0, 1, 2, 5 Gy radiation. Representative images of colony formation were measured 14 days after indicated treatments. (b) The number of colonies in each treatment from (a) were quantified and then normalized to the number of colonies in samples without radiation. n = 2 biological replicates (with three technical replicates per biological replicate). Bars show mean +/- SEM averaged across all replicates (* p<0.05, two-way ANOVA).
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[bookmark: _Toc211462121]Figure III.5. Establishing optimal MTS assay conditions.
Various numbers of MCF-10A or MCF-7 cells were seeded into wells of a 96-well plate 24 hours prior to each MTS assay.  Cells were then incubated for the indicated time (1, 2, 3, or 4 h) with MTS reagents, and absorbance was measured to indicate cellular metabolic activity. Each point represents the mean ± SD of 6 replicates. The correlation coefficient indicates a linear response between the cell number and absorbance.  Two-hour incubation was chosen as the optimal timing based on having the best correlation coefficient for MCF-7 and a strong correlation for MCF-10A as well.

[bookmark: _Toc211462122]Figure III.6. TSA enhances histone acetylation – biological replicate experiment.
This figure presents data from an independent biological replicate of the experiments shown in Figure 2. (a) MCF-10A (top) and MCF-7 (bottom) cells were treated with indicated concentration of TSA (0, 250, 500, 750 and 1000 nM) for 2 h, and stained with DAPI (Blue) and anti-H3K9ac (Green) in the indicated treatments. Images are maximum projections of Z-stacks. Scale bar: 20 µm. (b) Quantification of average H3K9ac intensity per nucleus area.  Bars show mean +/- SEM averaged across all measured nuclei (5 fields imaged per condition, N=150 – 300 nuclei per condition) (**** p < 0.0001 for pairwise one-tailed t-tests between each increasing concentration). 
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[bookmark: _Toc211462123]Figure III.7. TSA enhances X-ray induced DNA damage in healthy and cancer cells differently for different radiation doses – biological replicate experiment. 
This figure presents data from an independent biological replicate of the experiments shown in Figure 3.  (a) MCF-10A (left) and MCF-7 (right) cells were pretreated with or without 500 nM TSA, irradiated with 5 Gy X-rays, and stained with DAPI (Blue) and anti-γH2AX (Green) 30 minutes after radiation. Scale bar: 20 µm. (b) Quantification of average γH2AX intensity per nucleus area as in (a) Bars show mean +/- SEM averaged across all measured nuclei (5 fields imaged per condition, N=250 – 350 nuclei per condition) (** p<0.01, **** p < 0.0001, one-way ANOVA.). (c) MCF-10A (left) and MCF-7 (right) cells were pretreated with or without 500 nM TSA, irradiated with 1 Gy X-rays, and stained with DAPI (Blue) and anti-γH2AX (Green) 30 minutes after radiation. Scale bar: 20 µm. (d) Quantification of average γH2AX intensity per nucleus area as in (c) Bars show mean +/- SEM averaged across all measured nuclei (5 fields imaged per condition, N=150 – 300 nuclei per condition) (**** p < 0.0001, one-way ANOVA.).
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THE MULTISCALE DISTRIBUTION OF RADIATION-INDUCED DNA DAMAGE AND ITS IMPACT ON LOCAL GENOME STRUCTURE
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[bookmark: _Toc211461774]Abstract
The three-dimensional genome structure is critical for the regulation of gene expression and repair of DNA damage. While previous work has characterized genome-wide sites of DNA damage caused by etoposide or nucleases, the distribution of double-strand breaks (DSBs) caused by external radiation and how these interact with the 3D genome organization is less well understood. Here, we measure the genomic landscape of radiation-induced DNA damage using END-seq in fibroblasts and lymphoblasts after exposure to 5 Gy X-rays. We identify frequently broken regions and investigate the 3D genome properties around these breaks with Hi-C data. We observe that the distribution of robust breaks correlates with transcriptional and chromatin features of the genome. Transcriptionally active and decondensed regions, such as chromosome 19, the A compartment, and topologically associating domain (TAD) boundaries, show pronounced break probability. We also find evidence of DSB-induced loop formation in the vicinity of frequent radiation-induced breaks. Our data reveal that pre-existing 3D genome architecture influences the distribution of radiation-induced DSBs and that these breaks reshape local chromatin landscapes, advancing our understanding of genome instability.





[bookmark: _Toc211461775]Introduction
Ionizing radiation (IR) is a potent genotoxic agent that can induce various types of DNA damage, most notably double-strand breaks (DSBs), compromising genomic integrity and contributing to mutagenesis, carcinogenesis and cell death. Thus, appropriate and faithful repair of DSBs is essential for maintaining genomic integrity. Previous research has reported numerous ways that DNA damage and repair can be influenced by the packaging of DNA into the nucleus in the 3D genome structure1, indicating that the local genomic landscape might influence the recognition of DNA damage and the selection of DNA repair pathways2,3. 
In eukaryotes, DNA is folded into the nucleus in a multi-scale packaging called three-dimensional (3D) structure. With the advent of genome-wide chromosome conformation capture technology Hi-C, chromatin is generally divided into two spatial compartments by principal components analysis (PCA) of the Hi-C contact matrix. A and B compartments correspond to the euchromatic, open, and transcriptionally active regions and heterochromatic, condensed, and transcriptionally inactive regions, respectively4-6. Additionally, topologically associating domains (TADs) and loops are organized by CCCTC-binding factor (CTCF) and cohesin-driven loop extrusion to foster appropriate gene regulation7. Emerging evidence suggests that the spatial organization of the genome within nucleus plays a crucial role in the detection, signaling and repair of DSBs. TAD structure has been reported to confine the spatial propagation of phosphorylated H2AX (γH2AX), a marker of DNA damage8. Studies on restriction enzyme-induced DSBs have shown that DSBs at transcriptionally active loci are physically relocated toward the nuclear periphery, showing shifts in compartmentalization, and that cohesin-mediated loop extrusion occurs at DSBs and contributes to their clustering9-11. Nuclear actin polymerization can facilitate these compartment switches and contribute to the DSB clustering and repair12. Additional studies have reported a strengthening of TAD boundaries after site specific nuclease damage as well as externally induced damage by UV and X-ray irradiation10,13,14. Given the influence of 3D genome structure after DNA damage, it suggests a vital function of 3D genome organization in DNA damage and repair.
IR can induce DNA damage both through direct interaction with DNA and indirectly via the ionization of water molecules, leading to the generation of free radicals and reactive oxygen species (ROS) that damage DNA, lipids and proteins. These processes produce a wide variety of DNA lesions at stochastic positions across the genome15. However, early studies showed that chromosomal aberrations may tend to arise in euchromatin16-18. Euchromatin is generally accessible with lower nucleosome density than heterochromatin. Cells with lower nucleosome occupancy or partially depleted histone proteins are sensitive to IR-induced DNA damage19,20. In line with the given results, imaging-based foci assays and computational simulation models have reported that condensed chromatin or heterochromatin protects against DNA damage by IR21-24. These results indicate that DSB susceptibility may be influenced by local chromatin accessibility. Accordingly, it is important to understand whether the 3D genome organization impacts the induction of DNA damage by IR and whether IR-induced DNA breaks alter the local genome architecture.
Numerous sequencing-based techniques such as BLISS, BLESS, DSBCapture, Damage-seq and END-seq have been previously used to capture the genome-wide distribution of DSBs caused by agents that tend to act at particular genomic locations25-29. For example, END-seq experiments revealed that DSBs pile up near TAD boundaries after the inhibition of topoisomerase with etoposide30. Despite the stochastic nature of radiation-induced DNA breaks, Kaya et al. measured the distribution of UV-induced damage at TAD boundaries using Damage-seq13, and Brambilla et al. reported that the distribution of IR-induced DSBs correlated with nucleosome occupancy, as determined by BLISS in mouse cells20. Here, we quantify X-ray induced DSBs using END-seq, where, in contrast to the techniques employed in the studies mentioned above, cells are embedded in an agarose gel plug without fixation.  We examine two different human cell types and use a multiscale analysis to identify sites of frequently occurring DSBs and to compare their distribution to other features and 3D genome structure. We found that while the number of robust breaks is correlated with the size and nuclear position of each chromosome, the break probability is determined by the DNA accessibility at each genome structure length scale (chromosome, compartment, TAD) in both cell types. By examining the alterations in 3D genome organization at 30 min and 24 h after IR, we found stripe patterns at sites of frequent IR-induced breaks in fibroblasts, suggesting these breaks nucleate increased loop extrusion as has been observed in the AsiSI-model10.
[bookmark: _Toc211461776]Results
[bookmark: _Toc211461777]Radiation-induced robust breaks are identified by END-seq
To characterize the genomic distribution of radiation-induced DSBs, we used human fibroblasts (BJ-5ta) and lymphoblasts (GM12878). These cell types have notably different nucleus geometries, chromosome territory positions, and inherent radiosensitivity31-34, allowing us to determine whether we can detect meaningful patterns of DNA damage that correlate with these nucleus architecture and genome structure differences. We have also previously characterized the 3D genome response to irradiation in these cell types at 30 min and 24 h after exposure to 5 Gy X-rays35. About 100 - 150 DSBs are generated in each cell exposed to 5 Gy X-ray36. To accurately map the position of radiation-induced DSBs, we used the sensitive and quantitative method END-seq37.  BJ-5ta and GM12878 cells were collected immediately after X-ray exposure and processed following the END-seq protocol (Figure IV.1a).
As a positive control for the END-seq method, we used the AsiSI (DIvA) system38, which is induced by 4OHT (4-hydroxytamoxifen) and digests the DNA at an 8 bp target sequence (GCGATCGC) across the genome, generating DSBs (Figure IV.6a). We detected sharp and intense peaks precisely aligned at predicted AsiSI sites after a 4 h 4OHT treatment in U2OS-ER-AsiSI and BJ-5ta-ER-AsiSI cells, while negligible signal was observed in undamaged conditions (Figure IV.6b). Additionally, we identified cell-type specific END-seq peaks at certain predicted AsiSI sites, indicating that the action of the restriction enzyme AsiSI is dependent on the accessibility of genomic landscape in the given cell line (Figure IV.1c). Relatedly, as previously reported, we observe that a subset of predicted AsiSI sites show no END-seq peaks2 (Figure IV.7a). Overall, END-seq detects a similar set of AsiSI induced breaks when compared to the previously published BLESS method39 (Figure IV.7b-c). These results suggest that END-seq has the capacity to capture double-strand breaks, and also to show differential peaks in different cell types.
To investigate the distribution of radiation-induced DSBs genome wide, we devised an analysis pipeline using replicates of END-seq signal across the genome before and after X-ray irradiation to determine the most frequently damaged regions (Figure IV.1b). First, we observed that extremely strong signals were detected at telomere and centromere regions, where repetitive sequences are enriched and prone to fragility40-42. To eliminate the effect of non-IR-induced DNA breaks, we excluded telomeres, centromeres and gap regions from our further analyses. Then, genome-wide END-seq signals were binned (50 kb) and normalized across conditions, and regions showing consistent enrichment in both replicates were selected based on a threshold of log2(X-ray/Control) > 1 (Figure IV.8a). Regions passing this criterion were identified as ‘robust breaks’ in each cell line and were used for all subsequent analyses of radiation-induced DNA damage distribution (Figure IV.8b). Each robust break bin is associated with a 
“break frequency”, which is the sum of END-seq reads in that bin. Unlike AsiSI-induced DSBs, where break frequency is very high for the limited number of predicted sites that are both accessible and cleavable but then drastically decreases, radiation-induced DSBs show a relatively homogeneous break frequency (Figure IV.8c, d). This indicates that there are many break sites that experience a similar extent of DNA damage across the cell population.
[bookmark: _Toc211461778]Radiation-induced DSBs are determined by the chromosome features
Firstly, we detected the number of robust breaks in each chromosome and observed that, in both fibroblasts and lymphoblasts, chromosome size was generally correlated with the total number of breaks (Spearman’s rank correlation (SCC) of 0.96 and 0.94 in fibroblasts and lymphoblasts, respectively) (Figure IV.2a). We next considered whether the divergent radial positioning of chromosomes in fibroblasts compared to lymphoblasts33,34 would have an impact on whole chromosome break counts. We previously predicted, using 3D reconstructions of Hi-C data and DNA damage simulations, that differences in chromosome arrangements between these cell types would result in different amounts and rates of initial repair of DSBs32. We performed correlation analysis on the relative spatial distance to the nuclear center31 for each individual chromosome in fibroblasts and lymphoblasts. The number of robust breaks is positively correlated with the spatial arrangement of each chromosome within the nucleus, with chromosomes located closer to the center of the nucleus exhibiting significantly less DNA damage (Figure IV.2b).
We found that chromosome X is an outlier to the trend described above. Though its size is similar to chromosome 7 and chromosome 8, it exhibited an extraordinary number of breaks, so we examined the location of these breaks across the whole chromosome in detail. First, we note that the BJ-5ta cells are male and thus have only a single X chromosome with no inactivation. For these cells, the robust break sites were distributed evenly across the chromosome.  In contrast to the fibroblasts, the female GM12878 lymphoblast cell line showed an asymmetrical distribution of DNA breaks, with a significantly higher incidence on the q arm compared to the p arm (Figure IV.9a). These female cells have one active X and one inactivated X chromosome.  Interestingly, despite a higher total number of robust breaks on the q arm, the total break frequency was higher on the p arm, indicating that p-arm breaks are more recurrent and concentrated in specific regions (Figure IV.9b). We hypothesized that this difference between chromosome arms in the female cell line could reflect the known uneven pattern of X chromosome inactivation, in which there are more genes that escape inactivation on the p arm of the X chromosome43,44.  Indeed, when we analyzed published RNA-seq data for GM12878 cells, we found that there is a higher gene expression density on the p arm, as reflected by the sum of RNA-seq counts normalized by length45,46 (Figure IV.9c). This suggests that the p arm of the inactive X chromosome more frequently experiences breaks in a few locations across the population, associated with the few highly expressed genes on this arm. Meanwhile, the q arm experiences more independent break locations, but each at lower frequency.
To further assess the impact of gene expression and gene density on the susceptibility to DSBs, we examined break frequency of genomic regions on autosomes. Of note, a significant difference of break frequency was observed between two autosomes of similar size, chromosome 18 and chromosome 19. Though the total number of robust break locations was higher in chromosome 18, chromosome 19 showed a higher break frequency compared to chromosome 18 in both fibroblasts and lymphoblasts, corresponding to its higher gene density (Figure IV.2-3, Figure IV.10). These results indicate another association between break frequency and higher gene density and elevated gene expression activity, suggesting a potential link between transcriptional activity and radiation-induced genomic instability.
[bookmark: _Toc211461779]Open genomic landscapes experience more frequent radiation-induced DNA damage
The intensity of radiation-induced DNA damage across different genomic regions is influenced by chromatin compaction, as shown by both quantification of DSB signal (H2AX immunofluorescence) and computational modelling studies21,24. To characterize the distribution of robust DNA damage sites across different layers of genomic organization, we compared break locations with our previously generated Hi-C datasets in fibroblasts and lymphoblasts exposed to 5 Gy X-rays at 30 min and 24 h post-irradiation14. 
Hi-C studies have shown that the genome is broadly spatially organized into two compartments, A and B, which tend to have different accessibility, transcription levels, and histone modifications47. We next examined whether genomic regions in these distinct chromatin landscapes display differential levels of DNA damage following radiation exposure. To determine the distribution of robust breaks into each compartment, 250 kb binned matrices were identified as A or B compartments by the first eigenvector from PCA. We observed that the break frequency in A compartment was significantly higher than in B compartment in both fibroblasts and lymphoblasts.  As with the contrast between chromosome 18 and 19, however, enrichment analysis showed that the number of robust break locations was higher within B compartments. (Figure IV.4a, Figure IV.11a). These results were also consistent with our observations described above of higher break frequency at fewer robust break locations for certain regions of chromosome X.
Compartment switches in response to changes in conditions have been identified as one of the chromosome reorganizations which may influence biological function, including gene regulation, DNA damage and repair6. Previous studies reported that compartments with AsiSI-induced DSBs were partially switched by either nuclear actin polymerization or in PER2-dependent manner12,48. However, only a few compartment shifts were observed after exposure to IR14. To investigate whether compartment flips occur at sites of frequent DNA breaks after IR, we identified switched compartments at 30 min and 24 h after IR in both BJ-5ta and GM12878 and calculated the proportion of the compartments containing robust breaks. Although less than 1% compartments flipped in BJ-5ta at 30 min post-IR, we observed a marginal majority harboring robust breaks, suggesting that these sites of frequent DNA breaks might give rise to the reconfiguration of compartmentalization as observed in enzyme induced DNA damage12 (Figure IV.4b, Figure IV.11b). In contrast to this effect in fibroblasts, GM12878 cells showed only a few shifted compartments that included strong DNA breaks. This might be due to a distinct response to DNA damage in different cell types and stages of the cell cycle.
Topologically associating domains (TADs) are the fundamental unit of 3D genome organization, in which regulatory elements and their target genes are organized, and can be identified as interacting squares along the diagonal in Hi-C data. According to the loop extrusion model, TAD formation is mediated by the cohesin complex, which extrudes DNA into a loop until it is halted by boundary elements, such as CTCF7,49,50. Similar to the TAD boundary strengthening which we previously observed after IR, an increase in boundary strength was revealed following UV exposure, and DNA repair activity was enriched at most insulated TAD boundaries13,14. TAD boundaries are enriched for insulator proteins, housekeeping genes and transfer RNA genes, and consequently boundary regions exhibit higher chromatin accessibility compared to the rest of DNA7,51,52. Indeed, quantitative analysis revealed a significant enrichment of DSBs at TAD boundaries in either endogenous or etoposide-induced DSBs53. Therefore, we examined the abundance of DNA damage at boundary sites after IR. To measure the probability of DNA breaks at TAD boundaries, we examined the number of robust breaks within TAD boundaries and non-boundary regions. Notably, break counts were significantly higher at TAD boundaries than non-boundaries, suggesting that boundary regions show pronounced vulnerability to radiation (Figure IV.4c).
Overall, our results suggest that DSB probability is impacted by DNA accessibility in a multiscale genome organization after IR.
[bookmark: _Toc211461780]Loop extrusion signatures are identified at robust DSBs
Fundamental genomic structures, including TADs and loops, are established and maintained through cohesin-dependent dynamics. While cohesin was initially identified to remain sister chromatids together from the beginning of S phase, there is strong evidence showing the role of cohesin in maintaining genome stability and preventing the mobility of DSBs from mis-joining of distant DSB ends54. Notably, the enrichment of cohesin at DSBs locally leads to the increase of DNA looping in both G1 and G2 phase after AsiSI-induced or CRISPR-Cas9 induced DSBs, which may facilitate the propagation of γH2AX signal and the homology search10,55,56. To investigate whether loop extrusion can be observed at IR-induced DSBs, we conducted a comparative analysis of Hi-C contact maps generated before and after IR exposure (Figure IV.5). Our analysis focused on cis contact frequencies in the vicinity of robust DSBs to assess local chromatin architecture changes potentially affected by DNA damage. Differential Hi-C contact maps (24 h - Control) revealed evident stripe-like patterns flanking DSB sites in both fibroblasts and lymphoblasts, indicating the loop extrusion activity. In contrast, only subtle changes were observed in the differential maps (30 min - Control), suggesting that local chromatin reorganization around robust DSBs is limited at early time points.
[bookmark: _Toc211461781]Discussion
Recent studies have mapped the restriction enzyme-induced and UV-induced DNA breaks and depicted the altered landscape of 3D genome organization at break sites10,12,13. While we previously characterized the effects of irradiation on 3D genome structure, how these changes correlate with the landscape of radiation-induced DNA breaks needed further study14. In this study, we focused on how the initial 3D genome organization impacts the distribution of ionizing radiation-induced DSBs and how local genome structures are reshaped by DNA break sites. Accordingly, we have performed a sensitive method (END-seq) to map the high frequency DSBs after exposure to 5 Gy IR and aligned to our Hi-C data14.
It has long been characterized that ionizing radiation tends to induce DNA damage randomly distributed across the whole genome. In line with this expectation, our sequenced sites of damage are distributed throughout chromosomes and do not produce the kind of focused peaks observed after AsiSI induction or etoposide.  However, this widespread nature of the damage does not preclude the existence of patterns. Investigations of chromosomal aberrations have shown that breakpoints preferentially occur in Giemsa-labeled regions (G-bands) in chromosomes in mammalian lymphocytes, corresponding to euchromatin16-18,57. Although IR-induced breaks were enriched in heterochromatin in plant58,59, these data also demonstrated that the distribution of radiation-induced DNA breaks are non-random and influenced by the existing chromatin structure. Moreover, studies report that a reduction of histone proteins results in an increase in DNA damage19. A sequencing-based method (BLISS) has shown the consistent result that regions with lower nucleosomal occupancy are more susceptible to DNA double-strand breaks20. In addition, with staining of DSB foci, multiple studies revealed that heterochromatin, corresponding to condensed genomic regions, protects DNA from radiation-induced DNA damage21-23. Similar results have been reported by a computational simulation model24. Thus, these data indicate that DSB probabilities might be influenced by the DNA accessibility. To illustrate how chromatin accessibility associates with the genomic distribution of DSBs after IR exposure, we conducted a multiscale analysis of DSB distribution across hierarchical levels of chromatin organization, including chromosome territories, A/B compartments, and TADs. At the chromosome scale, DNA breaks occur more frequently in open and gene-rich chromosomes (e.g., chr 19) compared to condensed and gene-poor chromosomes (e.g., chr 18). At the compartment level, transcriptionally active A compartments exhibit more frequent DNA damage than transcriptionally inactive B compartments. At the TAD level, TAD boundary regions, which are more accessible to insulator proteins and transcriptional machinery, are more prone to DNA damage than internal TAD regions. 
Across our analyses, comparison of the number of robust break bins and break frequency revealed an inverse relationship across the chromosome structure hierarchy. Higher break frequency was accompanied by a lower number of robust break locations in accessible regions (chromosome 19, p arm of chromosome X, and A compartments), whereas lower break frequency was associated with a higher number of individual sites of robust break in condensed regions (chromosome 18, q arm of chromosome X, B compartments). These findings suggest that open chromatin may be more susceptible to damage in a larger fraction of cells, but at a more focused, limited set of genomic loci, while condensed chromatin may experience less frequent breaks at more independent locations, perhaps reflecting stochastic damage followed by slower repair kinetics in this type of chromatin.
Our results also showed that an unusually large number of robust breaks occur on chromosome X in both cell types. This may indicate that repair is inefficient on chromosome X. The inactive X chromosome is condensed and transcriptionally silent in female cells and chromosome X and Y lack a homologue in male cells. Given that DNA repair efficiency is impaired by heterochromatin60-62 and the absence of a homologous template, we propose that DNA damage is accumulated and persistent on chromosome X. In lymphoblasts, robust breaks on chromosome X were unevenly distributed, with a significantly higher recurrence on the p arm despite a greater total number of breaks on the q arm. This asymmetry corresponded with a higher gene expression density on the p arm. It has been shown that the majority of genes escaping from X-chromosome inactivation are distributed in the short arm of chromosome X and they mainly locate at the proximal or the distal third of the short arm63-66. This suggests that transcriptional activity may contribute to site-specific susceptibility. While only a subset of DNA breaks align with loci of known escaping genes, this hypothesis requires further investigation to assess whether the remaining break-prone regions may escape X-chromosome inactivation in this particular cell type, leading them to be more sensitive to radiation.
In line with the difference of DSBs distribution on chromosome X in fibroblasts and lymphoblasts, we found that the same dose of IR induces distinct number of robust breaks in each chromosome across different cell types. This observation suggests that differences in nuclear architecture may contribute to cell-type specific DNA damage patterns. Our simulations on the arrangements of chromosomes using Hi-C data by G-NOME represented the divergent cell nucleus model32. Compared to the flattened nucleus model in fibroblasts, lymphoblast nucleus shows a spherical configuration, with most chromosomes positioned near the nuclear periphery, causing a more uniform distribution of robust breaks across chromosomes. These findings highlight the importance of initial 3D genome organization in shaping the susceptibility of individual chromosomes to DNA damage. Meanwhile, we observed cell-type specific alterations in 3D genome organization after IR. Compared to fibroblasts, lymphoblasts showed fewer compartment shifts associated with robust breaks and weaker stripe-like patterns flanking DSB sites. While previous work has observed compartment shifts after DNA damage in fibroblasts, compartment shifts after IR have not been previously measured in lymphoblasts. We hypothesize that these differences may be caused by the cell cycle state, as fibroblasts were mostly in G1 phase, while lymphoblasts were unsynchronized.
While phosphorylation of H2AX is widely used to monitor the DNA damage response, γH2AX can spread over neighboring chromatin for 1-2 Mb and appear as diffuse nuclear foci, indicating a lack of resolution of precisely identify DSB sites. With the advent of genome-wide DSBs mapping technology END-seq, it is possible to detect AsiSI-induced DSBs at annotated sites at nucleotide resolution37. However, IR-induced DNA damage does not occur at reproducible single nucleotide positions in all cells.  IR induces DNA damage through directly interacting with DNA molecules and indirectly ionizing water to generate free radicals and ROS which can damage DNA, lipid, and proteins, leading to the complexity of IR-induced DSBs15. Compared to DSBs which are consistently and faithfully cleaved by AsiSI in each cell, it is much more rare for IR-induced DSBs to occur at the same location across cells in the population. Therefore, although we identified thousands of regions enriched for IR-induced frequent DSBs, the current resolution is limited to 50 kb.  Further studies are needed to determine whether there exist any more precise hotspots of DNA damage after irradiation.
Compared to the BLESS and BLISS methods of mapping DSBs, END-seq embeds native cells in agarose gel plugs, thereby protecting genomic DNA from artifacts introduced by formaldehyde fixation and mechanical processing. However, endogenous DNA repair machinery may become activated prior to lysis, potentially affecting the detection of certain types of DNA breaks. DSBs are primarily repaired through two major pathways: non-homologous end joining (NHEJ) and homologous recombination (HR), which differ in their repair fidelity and regulation across cell cycle67. It has been shown that proteins involved in DSB signaling and scaffolding, such as 53BP1, Ku70/80 and DNA-PKcs, are recruited within seconds to 30 minutes to DSB sites68-71. Moreover, real-time estimation of DNA repair protein dynamics has revealed the recruitment of XRCC4 to DSBs within 30 minutes, although it is slower than Ku70/8071. This suggests a fast response and repair by the NHEJ pathway, decreasing the ability of END-seq to detect these lesions. Concurrently, we observed an increasing enrichment of frequent breaks switching from A to B compartments in fibroblasts, similar to the movement seen in transcription-coupled DSBs which are repaired by HR at the nuclear envelope9. An optimized experiment is required to investigate DSBs repaired by NHEJ in the future.
Overall, our study sheds light on the distribution of robust radiation-induced DNA breaks, which have higher frequency in the open and transcriptionally active regions, as well as the alterations of 3D genome organization at these sites in both fibroblasts and lymphoblasts. Our results demonstrate that END-seq can detect the differential patterns of radiation-induced DNA damage across various cell types, providing a means to assess how pre-treatment conditions influence the distribution of genomic susceptibility.
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[bookmark: _Toc211461783]Cell culture and treatments
BJ-5ta (RRID: CVCL_6573) and GM12878 (RRID: CVCL_7526) cells were purchased from ATCC (CRL-4001) and Coriell respectively. The U2OS-ER-AsiSI cell line was kindly provided by Gaëlle Legube (Centre de Biologie Intégrative). The BJ-5ta-ER-AsiSI cell line was kindly provided by Fabrizio d'Adda di Fagagna (Istituto Fondazione di Oncologia Molecolare ETS). BJ-5ta cells were cultured in a complete medium (4:1 mixture of Dulbecco’s Modified Eagle’s Medium (DMEM, Corning, 10-013-CV) and Medium 199 (M199, Gibco, 11150-059), supplemented with 10% FBS, 1% Pen-Strep, 1% L-glutamine and 0.01 mg/ml hygromycin B) at 37°C supplied with 5% CO2. GM12878 cells were cultured in complete Roswell Park Memorial Institute Medium 1640 (Gibco, 11875-093; 15% FBS, 1% Pen-Strep, 1% L-glutamine and 0.01 mg/ml hygromycin B) at 37°C supplied with 5% CO2. BJ-5ta and GM12878 cells were cultured and passaged as previously described. For irradiation experiments, BJ-5ta adhesion cells were grown to confluency, and GM12878 suspension cells were grown to a density of 1 ´ 106 cells per 1 mL medium prior to X-ray exposure. U2OS-ER-AsiSI cells were cultured in a complete DMEM GlutaMAX medium (Gibco, 10566-024), supplemented with 10% FBS, 1% Pen-Strep, 1 mM sodium pyruvate and 1 µg/mL puromycin) at 37°C supplied with 5% CO2. BJ-5ta-ER-AsiSI cells were cultured in a complete medium (4:1 mixture of DMEM and M199, supplemented with 10% FBS, 1% Pen-Strep, 1% L-glutamine, 0.01 mg/ml hygromycin B and 1 µg/mL puromycin) at 37°C supplied with 5% CO2. U2OS-ER-AsiSI and BJ-5ta-ER-AsiSI cells were cultured and passaged with puromycin selection. For DNA damage induction, both cells were seeded without puromycin treatment and treated with 300 nM 4-hydroxytamoxifen (4OHT) for 4 h and 6 h, respectively. 4OHT (Sigma, H7904) was dissolved in dimethyl sulfoxide (4-X, ATCC) and stored at -80°C with a stock concentration of 10 mM. All cells were verified to be negative for mycoplasma. 
[bookmark: _Toc211461784]X-ray irradiation
Cells were irradiated using a RS 2000 X-ray Irradiator (RadSource). A 2 Gy/min dose rate was used to deliver a total of 5 Gy X-rays (160 kV; 25 mA). After irradiation, cells were immediately processed for the subsequent experiments.
[bookmark: _Toc211461785]END-seq
END-seq was performed in U2OS-ER-AsiSI, BJ-5ta-ER-AsiSI, BJ-5ta and GM12878 cells as described29 for two biological replicates. Cells were immediately collected and embedded into an agarose gel plug (Bio-Rad Laboratories) after exposure to 5 Gy X-rays (BJ-5ta and GM12878 cells) or 4OHT treatment (U2OS-ER-AsiSI and BJ-5ta-ER-AsiSI cells). Exonuclease VII and exonuclease T (New England Biolabs) were used to process and cleave damaged ends. The biotinylated Illumina adapter 1 was added and ligated to the 3’ dA-tailing blunted ends. After removing extra adapter 1, the agarose plug was melted and released DNA was extracted and sheared to a target medium size of 175 bp a Covaris sonicator (Covaris, M220). The cycle setting on sonicator was peak power 50, duty 14, cycles/burst 200, 420 s, 4-7 °C. 
Biotin-labeled DNA was pulled down using streptavidin coated beads (Dynabeads MyOne C1) and the new ends created by sonication were blunted and dA-tailed, allowing ligation of Illumina adaptor 2. The hairpins of adaptors were digested with USER enzymes (NEB). DNA was amplified with primers including unique barcodes. Pooled PCR libraries were sequenced at the University of Colorado Anschutz Medical Campus Genomics Core on an Illumina NovaSeq 6000 platform.
[bookmark: _Toc211461786]END-seq data processing
END-seq data were aligned on human reference genome GRCh37 (hg19) using Bowtie2 and processed into counts per bin using MACS272-74. Raw data for each aligned dataset were normalized in each genomic bin by dividing the counts by total read count for each sample (counts per million) and exported as bigwig (file format) for further analysis.
[bookmark: _Toc211461787]Analysis of DSBs-induced via AsiSI
To identify which of the 1211 AsiSI sites were actively cleaved in U2OS-ER-AsiSI and BJ-5ta-ER-AsiSI cells, bigwig files created as described above were uploaded to the Galaxy web platform and processed with computeMatrix tool to quantify the average END-seq signal within 1 kb windows centered on each site75,76. The average END-seq signal was ploted in profile and heatmap by using plotProfile and plotHeatmap tools76. AsiSI sites in U2OS-ER-AsiSI cells were defined as robust DSB sites if the average END-seq signal within 0.6 kb windows centered on each site was greater than 0.4 in both replicates.
[bookmark: _Toc211461788]Analysis of DSBs induced via X-ray 
To determine the distribution of radiation-induced DSBs in BJ-5ta and GM12878 cells after exposure to 5 Gy X-rays, bigwig files including both X-ray treated and untreated control conditions, created as described above were used in the following pipelines. Read counts were aggregated into 10 kb genomic bins. Gap annotations, including centromeres and telomeres and known artifacts, were downloaded from the UCSC Genome Browser and extended by 1 Mb on each side to account for edge effects and low-complexity sequences.
A threshold to detect artifactually high signal outside of known gaps was defined as the 99.9th percentile of signal intensities in non-gap regions. Bins within the extended gap regions exceeding this threshold were flagged in each replicate and treatment condition (R1-X-ray, R2-X-ray, R1-control, R2-control). To ensure consistency and avoid replicate-specific artifacts, the flagged bin sets were merged to generate a unified exclusion list for each cell type. This list was applied to all replicates to remove bins with potential mapping artifacts.
Filtered 10 kb bins were aggregated into 50 kb bins to improve signal robustness. For each 50 kb bin, the log₂ ratio of signal intensity between X-ray treated and control conditions was calculated. Bins with log₂ ratios greater than 1 in both replicates were defined as robust double-strand break (DSB) regions, reflecting at least a twofold increase in signal relative to control. To avoid division by zero or inflation from low counts, a pseudocount of 0.00001 was added to all signal intensity values prior to ratio calculation. This threshold () was selected to capture regions with consistent enrichment of DSBs occurring after X-ray across replicates. 
[bookmark: OLE_LINK1]Throughout the remaining analyses, DSBs were quantified in two ways: Break Counts = total number of 50 kb bins classified as “robust breaks” by criteria above (log₂ ratio > 1 in both replicates).  Break Frequency = sum of signal intensity for the X-ray treated condition within bins classified as “robust breaks”, computed separately for each replicate (R1 and R2).
[bookmark: _Toc211461789]Correlation Between Chromosome Length and DSB Counts
Chromosome length information (hg19 assembly) was obtained from the UCSC Genome Browser. The relationship between chromosome length and the number of robust DSB regions was evaluated by first normalizing total chromosome length, subtracting the length of gap-proximal regions excluded during signal filtering.
For BJ-5ta cells, DSB counts on autosomes were divided by two, while counts in sex chromosomes (chr X and chr Y) were left unchanged. For GM12878 cells, DSB counts on all chromosomes were divided by two. This normalization reflects the effective haploid genome content, enabling comparison at the single-copy level.
Spearman correlation coefficients were calculated between normalized chromosome lengths and Break Counts per chromosome.
[bookmark: _Toc211461790]Hi-C data analysis
Raw Hi-C data reads were available and accessible in Gene Expression Omnibus (GEO) under accession number GSE136899. The data analysis was performed same as the previous study14. 
Briefly, compartment and TAD boundary analysis were performed using matrix2compartment.pl and matrix2insulation.pl scripts in the cworld-dekker pipeline available on GitHub (https://github.com/dekkerlab/cworld‐dekker), respectively. The principal component analysis was performed on 250 kb binned matrices and determined the A and B compartments. Compartment switches were identified as regions exhibiting an absolute change in PC1 values greater than 0.01 compared to the control sample. TAD boundaries were called on 40 kb binned matrices and insulation score was calculated by InsulationScore method77.
[bookmark: _Toc211461791]Integration of Hi-C and END-seq data 
Assignment of A/B Compartments and Compartment Shift Analysis
Robust DSB bins (50 kb size) were assigned compartment identity based on Hi-C data described above using PyRanges78. Enrichment analysis of robust DSBs located in A or B compartments were calculated separately for each cell type.
Compartment scores from Principal Components Analysis were compared between control and X-ray treated conditions (30 min and 24 h). Regions showing A-to-B or B-to-A transitions with an eigenvector value change > 0.01 were defined as compartment switches and intersected with robust DSBs. The enrichment of robust DSBs in switching compartments was assessed using Fisher's exact tests. For both control vs. 30 min and control vs. 24 h comparisons, contingency tables were constructed to compare bins with or without DSBs across regions with or without compartment flips.
TAD Boundary Analysis
TAD boundary coordinates for BJ-5ta and GM12878 were intersected with robust DSBs using PyRanges78. For each chromosome, total break counts were computed and partitioned into boundary and non-boundary groups for each chromosome. Effective lengths of boundary regions (summed boundary intervals) and non-boundary regions (chromosome length minus boundary length and excluded gap regions) were calculated and used to normalize DSB counts to the megabase level.
Box plots were generated to compare break counts between boundary and non-boundary regions. Statistical significance was assessed using the Mann–Whitney U test.
Position analysis
The radial position of each chromosome in the nucleus was obtained from previously published data79. Robust DSB counts were summed per chromosome, with counts on autosomes divided by two as described above. 
Scatter plots were generated to visualize the relationship between chromosome position and normalized DSB frequency. Spearman correlation was computed to assess the association.
Chromosome X Arm-Level Analysis
[bookmark: OLE_LINK2]RNA-seq data for BJ-5ta and GM12878 were obtained from the Gene Expression Omnibus (GEO) under accession numbers GSE24783145 and GSM566412746. Cytoband annotations were downloaded from the UCSC Genome Browser to define chromosomal arms, using the centromere coordinates to identify the p and q arms of chromosome X. Robust DSBs were then assigned to either arm based on genomic coordinates.
Box plots were generated to visualize the distribution of DSB frequency across the two arms. Statistical significance was assessed using the Mann–Whitney U test. To evaluate transcriptomic differences, gene counts on each arm were summed and normalized by effective arm length to obtain counts per megabase. Bar plots were generated to display the normalized total expression on the p and q arms.
Pileup Analysis of Hi-C Signal at DSB Sites
To examine local chromatin architecture around robust DSBs, pileup Hi-C maps were generated using cooltools80. DSBs were first ranked by the sum of X-ray–minus–control End-seq signals across replicates: (Xray_R1 − CTR_R1) + (Xray_R2 − CTR_R2). The midpoint of each DSB region was used as the anchor, with a flanking window of ±25 kb applied to extract the local contact matrix.
For each cell type, pileup maps were generated separately for control and X-ray treated samples. Differential maps were computed by subtracting the control signal from the treated condition to highlight structural changes associated with DSB induction.
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[bookmark: _Toc211461793]APPENDIX

[bookmark: _Toc211462124]Figure IV.1. Overview and analytics of END-seq. 
a. Schematic of the END-seq workflow. Cells are irradiated with 5 Gy X-rays and collected and embedded into an agarose gel plug. Damaged ends are processed and ligated with adapters. Amplified PCR library is ready to sequence with the Illumina NovaSeq platform. b. Schematic illustrates the process of analyzing break frequency overlapping with differential 3D genomic landscape.
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[bookmark: _Toc211462125]Figure IV.2. Chromosomal-level patterns of robust DNA break counts. 
a. Scatter plots showing the relationship between the length of chromosomes and the number of robust breaks in BJ-5ta (top) and GM12878 (bottom) cells. b. Scatter plots exhibiting the relationship between the position of chromosomes within the nucleus and the number of robust breaks in BJ-5ta (top) and GM12878 (bottom) cells.  All p-values are from Spearman correlation test as indicated in figures.
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[bookmark: _Toc211462126]Figure IV.3. Chromosomal-level patterns of robust DNA breaks by break frequency. 
a, b. Boxplots representing the break frequency in each 50 kb window for all chromosomes in replicate 1 in BJ-5ta (a) and GM12878 (b) cells. Boxes are colored by chromosomes. Dashed lines represent the median value across all chromosomes.  Boxes show 25th percentile, median, and 75th percentile with whiskers showing up to 1.5 times the interquartile range. Numbers of bins on each chromosome are shown above each box.






[bookmark: _Toc211462127]Figure IV.4. Distribution of DNA breaks relative to 3D genome organization layers.
a. Boxplots representing the break frequency in each 50 kb window for A (red) and B (blue) compartments in BJ-5ta (left) and GM12878 (right) cells in replicate 1. b. Bar plots showing the counts of 250 kb bins with (sky blue) or without (rose) robust breaks within compartments that shifted between control and 30 min post-irradiation, including A to B and B to A, in BJ-5ta (left) and GM12878 (right) cells. c. Boxplots representing the counts of robust breaks per megabase within TAD boundary regions (dark purple) or non-boundary regions (lime) in BJ-5ta (left) and GM12878 (right) cells. Boxes show 25th percentile, median, and 75th percentile with whiskers showing up to 1.5 times the interquartile range. Numbers of bins on each chromosome are shown above each box. P-value calculated using Mann-Whitney U test.
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[bookmark: _Toc211462128]Figure IV.5. Loop extrusion at robust DSB 24 h after IR. 
a, d. Hi-C contact matrix centered on a selected robust DSB in nonirradiated (control) BJ-5ta (a) and GM12878 (d) (50-kb resolution, 5-Mb window). b, e. Hi-C contact difference matrix (30 min after X-ray – Control) centered on the robust DSB in BJ-5ta (b) and GM12878 (e) (50-kb resolution, 5-Mb window). c, f. Hi-C contact difference matrix (24 h after X-ray - Control) centered on the robust DSB in BJ-5ta (c) and GM12878 (f) (50-kb resolution, 5-Mb window).
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[bookmark: _Toc211462129]Figure IV.6. Genome-wide mapping of DSBs by END-seq in DIvA cell lines. 
a. Schematic of the DIvA cell line. Restriction enzyme AsiSI is fused to a modified oestrogen receptor, which responds to 4OHT. AsiSI-ER fusion protein is imported to the nucleus upon 4OHT treatment. AsiSI digests an 8 bp target sequence (GCGATCGC) across the genome and generates DSBs. b. Stably expressed AsiSI-ER cell lines, U2OS (top) and BJ-5ta (bottom), were treated with 4-OHT to induce DSBs at specific genomic loci. END-seq signal shows reproducible peaks in two replicates after AsiSI induction at a known AsiSI cut site (arrow) c. An example of a cell type specific DNA damage site where END-seq signal shows consistent DSBs at a known AsiSI site (arrow) in BJ-5ta-ER-AsiSI cells but not U2OS-ER-AsiSI cells.
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[bookmark: _Toc211462130]Figure IV.7. Identification of robust AsiSI-induced DSBs. 
a. Average END-seq signal profile and heatmap for the 1211 predicted AsiSI sites in the human genome in U2OS-ER-AsiSI (left) and BJ-5ta-ER-AsiSI (right) cells before (-DSB, blue line) and after (+DSB, red line) induction.  b. END-seq data compared with previously published BLESS (+DSB) tracks39 on a 300 kb window around an AsiSI site (arrow) in U2OS-ER-AsiSI cells. c. Venn diagram depicting the robust DSBs at predicted AsiSI sites detected by BLESS (80) and END-seq (67) in U2OS-ER-AsiSI cells. A Fisher’s exact test determined that the overlap between DSBs detected in both BLESS and END-seq method is statistically significant.


[bookmark: _Toc211462131]Figure IV.8. Identification of robust breaks after IR. 
a. Scatter plots of two replicates showing the log2 ratio of END-seq signal between X-ray and Control in BJ-5ta (left) and GM12878 (right) cells. Shared breaks whose log ratios are greater than 1 in both replicates are labeled in yellow. b. Average break frequency profile (from biological replicate 1) centered on the 50 kb robust break site locations in the human genome in BJ-5ta (left) and GM12878 (right) cells without (CTR, blue line) and with (X-ray, red line) X-ray exposure. Break frequency is binned at 1 kb. c. Dotplot representing END-seq signal within a 1 kb window centered on 1211 predicted AsiSI sites in the human genome in U2OS-ER-AsiSI (left) and BJ-5ta-ER-AsiSI (right) cells. Sites are ranked in ascending order by increasing break frequency signal. d. Dotplot representing END-seq signal within 50 kb windows for the robust break sites in the human genome in BJ-5ta (left) and GM12878 (right) cells. Sites are ranked in ascending order by increasing signal.
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[bookmark: _Toc211462132]Figure IV.9. Asymmetric breaks and expression along chromosome X in GM12878. 
a. The distribution of robust breaks in chromosome X after IR BJ-5ta (top) and GM12878 (bottom) cells. Each tick mark represents a 50 kb bin classified as a robust break superimposed on the chrX diagram. b. Boxplots representing the break frequency in 50 kb windows on the p and q arm of chromosome X in GM12878 cells. c. Histogram showing the sum of RNA-seq signal normalized by chromosome arm length for the p and q arm of chromosome X in GM12878 cells.
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[bookmark: _Toc211462133]Figure IV.10. Distribution of robust breaks across chromosomes in a separate biological replicate. 
Boxplots representing the break frequency in 50 kb windows along chromosomes in BJ-5ta (a) and GM12878 (b) cells. Boxes are colored by chromosomes.
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[bookmark: _Toc211462134]Figure IV.11. Robust break enrichment analysis in A/B compartments and proportion of break-associated shifts at 24h after IR. 
a. Bar plots showing the enrichment analysis of robust breaks (obs/exp) located within A (red) and B (blue) compartments in BJ-5ta (left) and GM12878 (right) cells. b. Bar plots showing the counts of 250 kb bins with (sky blue) and without (rose) robust breaks within compartments that shifted between control and 24 h post-irradiation, including A to B and B to A, in BJ-5ta (left) and GM12878 (right) cells.





[bookmark: _Toc211461794]
The cancer drug CBL0137 disrupts multiscale genome organization in both cancer and healthy cells

























This work on this chapter is currently unpublished and will require further data analysis before publication.
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[bookmark: _Toc211461795]Abstract
CBL0137 has been shown to suppress oncogene transcription and impact 3D genome organization in cancer cells. Here, we investigate the impact on cell proliferation, DNA damage response, and 3D genome folding after CBL0137 treatment in both cancerous and non-cancerous cells. We found that CBL0137 inhibited cell proliferation and induced DNA damage in both fibrosarcoma and fibroblasts 24 h post-treatment, whereas an immediate response was evident exclusively in fibrosarcoma. Using Hi-C, we observed that multiscale reorganization of genome structure resulted from CBL0137 treatment, including alterations in whole chromosome Rabl-like configuration, weakening and changes in A/B compartments, inter-mixing of topologically associating domain (TAD) structure, and the formation of loop extrusion fountains. Using CUT&RUN, we demonstrated that CBL0137 causes widespread loss of CTCF DNA binding in both fibrosarcoma and fibroblasts. While this boundary protein is lost, the patterns of 3D genome structure change suggest an increased cohesin processivity after treatment. Taken together, we find that the effect of CBL0137 on cancerous cells also extends to non-cancerous cells and is accompanied by dramatic alterations in the 3D genome organization in both healthy and cancerous cells, indicating that its application in cancer therapy should be considered with caution.





[bookmark: _Toc211461796]Introduction
Cancer has become a vital challenge to the global public health. Each day, there will be more than 5600 new cancer diagnoses and 1700 cancer-related deaths in the US, respectively[1]. Although cancer treatments such as chemotherapy and radiotherapy have been utilized as the first choice for most cancers, the short-term and long-term side effects on surrounding non-cancerous cells and normal tissues are well known[2-7]. This highlights the need for alternative therapeutic strategies that selectively target cancer cells while reducing toxicity to non-cancerous cells.
There is growing interest in understanding how the spatial organization of the genome differs between healthy and cancer cells, and how such alterations contribute to tumorigenesis. Changes in three-dimensional (3D) architecture, including chromosomal translocations, compartment switches, TAD structure integrity, and enhancer-promoter interactions have been implicated in the dysregulation of gene expression programs in oncogenesis that drive malignant transformation, such as hyperproliferation, immune escape, and tumor cell development[8-11]. For example, the expression of oncogene MYC is frequently dysregulated through aberrant chromatin looping and boundary disruption, which enables tissue-specific-enhancer-promoter interactions or super-enhancer-promoter interactions in tumorigenesis[12-15]. Recently, curaxin drugs were selected for their effect on p53 and NF-κB which are dysregulated in most tumors[16]. CBL0137, the current leading curaxin drug candidate, has shown pronounced anticancer activity and is in multiple phase I/II clinical trials in treating patients with solid tumors and melanoma[17-25]. CBL0137 can intercalate into DNA, destabilize and reorganize nucleosomes, and has been shown to alter the 3D genome organization in fibrosarcoma[26-28]. CBL0137 has been shown to trap the Facilitates Chromatin Transcription (FACT) complex onto chromatin by altering DNA structure, and therefore is hoped to have differential effects on FACT-overexpressing cancer cells compared to healthy cells that express low levels of FACT.[18] However, CBL0137 has also been shown to disrupt the binding of the genome architecture protein CTCF not only in cancer cells, but also on isolated DNA molecules in vitro experiments[28, 29]. This suggests that CBL0137 would have 3D genome effects on non-cancerous cells as well, but the differential effects of this drug on chromatin architecture in cancer vs. non-cancerous cells have not been explored. 
Here, we use fibrosarcoma (HT1080) and fibroblasts cells (BJ-5ta) as a comparison to investigate the influences in cell proliferation, DNA damage response, the properties of nucleus and 3D genome architecture after CBL0137 treatment. We observe that CBL0137 affects cell viability and induces the activation of DNA damage response in both HT1080 and BJ-5ta cells, although the response in HT1080 cells is more rapid. These CBL0137-treated cells show multiscale alterations in 3D genome organization, including changes in Rabl-like configuration, intermixing compartments, TAD boundary weakening, and fountain formation, as well as partial dissociation of CTCF from its binding sites. We observe similar trends of 3D genome organization changes in both HT1080 and BJ-5ta cells, but some changes are attenuated in BJ-5ta compared to HT1080 cells. Our results provide additional insight into the mechanism of action of CBL0137 while suggesting that the side-effects of CBL0137 on surrounding non-cancerous cells should be considered carefully in therapeutic applications.
[bookmark: _Toc211461797]Results
[bookmark: _Toc211461798]Fibrosarcoma and fibroblast cells exhibit a reduced cell proliferation and activated DNA damage response after CBL0137 treatment
Previous studies have shown that CBL0137 can lead to significant inhibition of cell viability and change genome structure in cancerous cells[17, 28, 30]. To investigate the influence on cell viability and DNA damage response associated with CBL0137 treatment in cancerous and non-cancerous cells, we used CBL0137 to treat fibrosarcoma (HT1080) and its corresponding healthy cells, fibroblasts (BJ-5ta). Since one of our major goals was to compare the impact of CBL0137 on the 3D genome of these cell types, we chose our CBL0137 concentration to match previous work documenting 3D genome effects in HT1080 cells (3 µM)[28]. An MTS assay of HT1080 cells showed that cell viability was significantly reduced after 6 h treatment with CBL0137 (Figure V.1a). Interestingly, no change of cell viability was detected in non-cancerous BJ-5ta fibroblasts at this 6 h timepoint (Figure V.1a). Next, we evaluated nucleus morphology (DAPI) after CBL0137 treatment using immunofluorescence imaging (Figure V.1b). We found that CBL0137-treated HT1080 cells showed a smaller nucleus size compared with untreated cells. No significant differences in the nuclei sizes were observed in BJ-5ta cells after CBL0137 treatment. We next examined the effect of CBL0137 on the induction of DNA damage using immunofluorescence to label the DNA damage response marker γ-H2AX (phosphorylation of histone variant H2AX) (Figure V.1c). Consistent with the results of cell viability and nuclear morphology, right after the treatment, we found that CBL0137 induces DNA damage response only in cancerous cells HT1080, with no induction in non-cancerous cells BJ-5ta. These results indicate that CBL0137 alters cell viability, nuclear morphology, and DNA damage response only in cancerous cells after 6 h treatment.
To investigate whether the differences we observed reflected immediate CBL0137-induced effects or long-term cellular responses, we replaced the cell culture medium, removing the drug, after 6 hours of treatment and monitored the cells for a subsequent 24 h. Interestingly, both HT1080 and BJ-5ta cells showed a significantly reduced cell viability at 24 h after CBL0137 treatment, with the decline in HT1080 cells being more pronounced than BJ-5ta cells, revealing the rapid response to the CBL0137 treatment (Figure V.6a). Moreover, DNA damage was observed in both HT1080 and BJ-5ta cells at 24 h after CBL0137 treatment, accompanied by abnormal nuclear morphology and a low cell density (Figure V.6b). Taken together, our data indicates that although HT1080 cells respond more rapidly to the CBL0137 treatment, both HT1080 and BJ-5ta cells experience effects of CBL0137 at later post-treatment stage.
[bookmark: _Toc211461799]CBL0137 induces redistribution of CTCF within nucleus
CBL0137 has previously been shown to result in the partial depletion of CCCTC-binding factor (CTCF) from its binding sites in HT1080 cells[28]. To investigate whether CBL0137 impacts the CTCF binding affinity in the non-cancerous cells, we assessed the distribution of CTCF after CBL0137 treatment using immunofluorescence imaging (Figure V.2a). In line with previous work, we found that CBL0137-treated HT1080 cells showed a redistribution of CTCF within the nucleus, compared to the non-treated conditions. The Pearson correlation coefficient (R)quantitatively shows a significant reduction in colocalization of DAPI and CTCF fluorescence signals in CBL0137 treated cells (Figure V.2b). Interestingly, the rearrangement of CTCF fluorescence was even more dramatic after CBL0137 treatment in BJ-5ta cells, showing clusters of CTCF fluorescent signals that no longer overlap with DNA signal and appear to be located at the nucleoli. (white arrows, Figure V.2a, b). These results indicate that CBL0137 can cause a redistribution of CTCF within nucleus in both cancerous and non-cancerous cells.
[bookmark: _Toc211461800]CBL0137 induces evident alteration of genome architecture in cancerous and non-cancerous cells
Because of the vital contribution of CTCF in the mediation of genome topology and transcriptional insulation[31], we next examined the global effects of 3D genome organization after CBL0137 treatment in HT1080 and BJ-5ta cells. We performed Hi-C in both HT1080 and BJ-5ta cells treated with DMSO or 3 µM CBL0137 for 6 h. For HT1080 cells, we performed one replicate of the Hi-C experiment (R1) and compared the results to the previously published data (R2)[28]. For BJ-5ta cells, Hi-C experiments were carried out in BJ-5ta (R1) and BJ-5ta-AsiSI (R2) cells as independent biological replicates. Although the sequencing depth was much lower in the published HT1080-R2 data, the reproducibility results of two replicates in each cell line cluster well (Figure V.7a) (see Methods and Table V.1 for statistics, processing and detailed replication information). We observed an increase in interactions between centromeres in both HT1080 and BJ-5ta cells treated with CBL0137 (Figure V.2c, e, Figure V.8a, c). Moreover, the log ratio of contact frequency between CBL0137 and DMSO treatment reveals a loss of short-range intra-chromosomal interactions and an increase in interactions between chromosome arms (Figure V.2d, f, Figure V.8b, d). These results suggest the emergence of a more Rabl-like configuration after CBL0137 treatment with clustering of centromeres[32]. These changes were also evident when we analyzed the decay of contacts versus genomic distance across all chromosomes at a 100 kb bin size in all replicates. We observed that CBL0137 reduced short-range interactions at distances below 1 Mb, while increasing interactions at longer genomic distances, especially 10 Mb (Figure V.2g, h). Overall, CBL0137 impacts the genomic architecture in both cancerous and non-cancerous cells.
[bookmark: _Toc211461801]CBL0137 reduces chromatin compartmentalization
Since we observed increases in long-range interactions, we next performed principal component analysis (PCA) to classify A and B compartments by the first eigenvector. We observed that the majority of A and B compartments were maintained, but compartment segregation was diminished in 250 kb contact maps in both HT1080 and BJ-5ta cells after CBL1037 treatment (Figure V.3a). The 250 kb contact maps of DMSO and CBL0137 treatments show distinct intra-chromosome organization patterns. Upon CBL0137 treatments, the intra-chromosomal interactions become more expanded near the diagonal of the heatmaps, while the plaid patterns off the diagonal gradually diminish, suggesting the attenuation of A/B compartmentalization. Compartmentalization can be evaluated by saddle plots, which show that CBL0137 treatment reduces the intracompartment interactions (A-A and B-B), but enhances the intercompartment interactions (A-B and B-A) (Figure V.3b, c). We measured the strength of compartmentalization and observed a reproducible decrease in both HT1080 and BJ-5ta cells, indicating the intermixing of A/B compartments after CBL0137 treatment (Figure V.3d).
We next looked for genomic regions that showed compartment switches between DMSO and CBL0137 treatments. We identified regions that flip from A to B or B to A compartments in CBL0137-treated cells, as well as compartment shifts associated with alterations in compartment strength (Figure V.9a, boxed regions, for example). Quantifying the percentage of genomic regions (250 kb) that remained stable or dynamic revealed the first clear difference in genome structure response between cancer and healthy cells.  CBL0137 induced about 14% genomic regions switching in HT1080 cells, of which an equal proportion were AtoB and BtoA (Figure V.9b, d). BJ-5ta cells show less compartment switching (around 6%) across the genome and the majority of the switching is from the B to the A compartment (70%) after CBL0137 treatment.  Thus, while both cell types show similar overall loss of compartment strength with CBL0137 treatment, the cancer cells experience more compartment switches (Figure V.9c, e). 
[bookmark: _Toc211461802]Intermixing TAD structures and weakened TAD boundary strength after CBL0137 treatment
At a smaller length scale, as in previous work, we observed an increase in inter-TAD contacts and a decrease in the interaction within TADs in HT1080 cells (Figure V.4a, b, Figure V.10a, b). Similarly, the interaction within TADs is diminished and inter-TAD contacts increase after CBL0137 treatment in BJ-5ta cells, although the effect is somewhat less prominent in BJ-5ta cells compared to HT1080 cells (Figure V.4c, d, Figure V.10c, d). To quantify the alteration of TAD structures and TAD boundary strength, we identified TAD boundaries and measured the boundary strength by using the InsulationScore method[33]. This score reflects the number of contacts across a given genomic location, and TAD boundaries are identified as local minimum in the InsulationScore profile. In line with the changes in Hi-C contact maps, we observed weakening TAD boundaries after CBL0137 treatment in HT1080 and BJ-5ta cells (Figure V.4e, f, Figure V.10e, f). To assess the alteration in contacts at TAD boundaries across the genome, we generated the aggregate contact maps centered on TAD boundaries identified using the InsulationScore method with 40 kb bins in HT1080 and BJ-5ta cells (Figure V.4g, h, Figure V.10g, h). Following the exposure to CBL0137, we detected a reduction in interactions within TADs but enhanced interactions across TAD boundaries, indicating weakened boundary insulation in HT1080 and BJ-5ta cells. Moreover, the boundary strength detected by InsulationScore decreases in both HT1080 and BJ-5ta cells after exposure to CBL0137 (Figure V.4i). Overall, these data indicate that CBL0137 disrupts TAD structure in both healthy and cancer cells, but the cancer cells appear to be a bit more disrupted by the same treatment. 
Interestingly, where TAD boundaries are lost, we often see the emergence of structures perpendicular to the diagonal, often called “fountains”[34, 35] (elsewhere called “chromatin jets”[36]).  These structures (see inset, Figure 4c) have been shown to emerge when cohesin extrudes chromatin loops processively without interference from boundaries such as CTCF.  Therefore, the emergence of these structures in part reflects loss of CTCF from the chromatin that we observe.  However, the extent of the fountains also suggests that cohesin becomes even more processive in extruding chromatin loops, matching the patterns seen when CTCF loss is paired with the depletion of cohesin unloading factor, WAPL.[34]  Notably, the results we observe in preferential B to A compartment switches in BJ-5ta cells (Supplementary Figure 4) is also consistent with previously demonstrated effects of increased cohesin processivity[37]. 
[bookmark: _Toc211461803]CBL0137 mediated depletion of CTCF impairs 3D genome organization
TADs have been identified to facilitate proper gene regulation, constraining enhancer-promoter communication within the same TAD while inhibiting inappropriate interaction across TAD boundaries[38]. The chromatin architecture proteins CTCF and cohesin contribute to the formation of TAD structures[39, 40]. Building on our result shown above that CBL0137 treatment led to a significant dissociation of CTCF from DNA in both HT1080 and BJ-5ta cells (Figure 2a), we next investigated whether CBL0137 would dissociate CTCF from its binding sites in BJ-5ta cells as was previously shown in HT1080 cancer cells.[28]
We performed CUT&RUN genome-wide profiling of CTCF binding in CBL0137 untreated and treated BJ-5ta cells. We analyzed the CTCF binding occupancy of published ChIP-seq data and our CUT&RUN data in HT1080 and BJ-5ta cells, respectively. We found that the depletion of CTCF at TAD boundaries coincided with the diminished TAD boundary strength and intermingling TAD structure in both HT1080 and BJ-5ta cells (Figure V.5a, b, Figure V.11a, b). We next classified the CTCF occupancy into three categories- stable, lost, and gained- after CBL0137 treatment (Figure V.5c, d). Interestingly, we found that out of 110,849 identified CTCF bound sites, ~68.11% (75,499/110,849) are lost in BJ-5ta cells after CBL0137 treatment in comparison to ~42.56% (37,336/87,732) in HT1080 cells (Figure V.5e, f). Moreover, ~20.43% (22,637/110,849) and ~50.57% (44,363/87,732) CTCF sites are retained in BJ-5ta and HT1080 cells, respectively. In contrast, only less than ~10% CTCF sites gained following CBL0137 treatment in both cell lines. To validate that the alteration of CTCF binding results in the disruption of TADs formation, we plotted the average local contacts centered around paired CTCF sites (±200 kb) in each category. In line with our hypothesis, we observed a noticeable reduction of interaction between lost paired CTCF sites, as well as represented by an increase of contacts beyond these CTCF sites (Figure V.11c, d).
[bookmark: _Toc211461804]Discussion
CBL0137 has been studied to show significant efficacy in tumors. CBL0137 can activate p53 and suppress NF-κB activity, increase NOTCH1 expression, and disrupt transcription of critical oncogenic transcription factors, leading to cell cycle arrest, DNA repair deficiency and apoptosis[17-21, 24]. Moreover, CBL0137 can strengthen efficacy by combination therapy with chemotherapy or radiotherapy[17, 20, 22, 41]. However, the side effects of CBL0137 on cell cycle, DNA damage response and spatial genome structure have received less attention in non-cancerous cells. Here, we demonstrate that CBL0137 can impede cell proliferation, activate DNA damage response at post-treatment stage, as well as the unbinding of CTCF from DNA in both cancerous (HT1080) and non-cancerous (BJ-5ta) cells. Meanwhile, our results identify different 3D genome organizations specific to cells that have been treated with CBL0137 in both HT1080 and BJ-5ta cells. We find that such alterations occur at multiscale chromatin structures, such as Rabl-like structures, decompartmentalization, TAD structure intermixing, fountain formation, and CTCF depletion.
CBL0137 was selected to have effects on p53 and NF-κB to acquire anticancer efficacy without inducing genotoxicity[18]. Several studies have reported that CBL0137 doesn’t induce DNA damage as measured by Comet assay and γ-H2AX staining in cancer cells[18, 42]. However, our results indicate that DNA damage was induced immediately after CBL0137 treatment in HT1080 cells, and increased DNA damage response arose by 24 h post-treatment in BJ-5ta cells and was sustained in HT1080 cells. Indeed, multiple studies have pointed out evidence that DNA damage occurs after CBL0137 treatment. Song et al. showed evident comet tails in medulloblastoma cells with CBL0137 treatment[23]. Tallman et al. observed significant induction of DNA damage in glioblastoma cells after CBL0137 treatment[22]. Our findings further expand this observation to the non-cancerous cells, indicating that CBL0137 can lead to a potential influence in DNA damage response and cell proliferation in both healthy and cancer cells.  The fact that this effect continues at 24 hours after treatment, even when the drug is washed out of the culture, further suggests that the drug may remain intercalated in the DNA and continue to have effects on cells after the initial treatment is completed. Further study will be needed to clarify the effect of CBL0137 on healthy cells in vivo.
Upon binding DNA, CBL0137 induces widespread nucleosome destabilization, which generates superhelical tension that cannot be resolved due to concomitant topoisomerase inhibition, ultimately promoting the transition to alternative DNA structures[18, 30]. This destabilization has been shown to allow histone chaperones, like Facilitates Chromatin Transcription (FACT), to access and interact with histone octamers, reshaping the nucleosomal structure[43-46]. FACT is a heterodimer composed of SPT16 and SSRP1, with preferentially higher expression in tumor cells rather than in normal cells[47-50]. Previous studies identified the role of CBL0137 in induction of cell cycle arrest and apoptosis highly dependent on the expression of SSRP1[17, 21, 23]. In contrast to these studies, our MTS assay results in BJ-5ta cells indicate that the effect of CBL0137 on cell viability is independent of FACT, and CBL0137-induced physical alterations in DNA topology represent a general feature occurring in both cancerous and non-cancerous cells. Our Hi-C data further indicates that chromatin structure changes after CBL0137 are not restricted to cancer cells: following CBL0137 treatment, both HT1080 and BJ-5ta cells exhibited a consistent pattern of changes in chromatin structures (Rabl-like configuration, decompartmentalization, intermixing TAD structures).  However, we do observe some key differences in chromosome structure in cancer vs. healthy cells.  Notably, compartment switching was more prevalent in cancer cells, and this effect may be due to differential FACT expressions.  
While the binding of FACT undergoes changes, other DNA-binding proteins are also affected by CBL0137 treatment. Complementing previous work in cancer cells[28], our CUT&RUN results demonstrate that CBL0137 treatment partially dissociated CTCF from its binding sites in non-cancerous cells BJ-5ta, indicating that CBL0137-induced DNA topological changes could alter the CTCF binding affinity. Notably, CTCF binding induces DNA bending[51, 52], and therefore the CBL0137 DNA intercalating activity may alter the shape of DNA and therefore it’s recognition by CTCF. CTCF’s affinity for its binding sites is highly sensitive to the details of the DNA binding sequence and DNA methylation[53, 54]. Further work will be required to examine whether the altered local DNA methylation status impacts the effect of CBL0137 on CTCF binding affinity and whether the alterations of other DNA-binding proteins may also contribute to 3D genome reorganization after CBL0137 treatment.
CTCF plays a role in mediating the formation of chromatin loops and TAD boundary insulation, which blocks the interaction between adjacent domains[38]. To elucidate the function of CTCF in folding of genome structures, the acute depletion with an auxin-inducible degron, RNAi-knockdown and CRISPR-Cas9 have been used to decipher the contribution of CTCF to chromatin loops and TAD organization, as well as to gene regulation including post-mitotic reprogramming, cell-state transitions, and developmental progression[55-61]. Herein, with the partial dissociation of CTCF by CBL0137, our Hi-C data shows consistent results in disruption of chromatin loops and dramatic loss of TAD insulation in both HT1080 and BJ-5ta cells, indicating the broad role of CBL0137 in promoting the widespread of CTCF from DNA. In contrast, CBL0137 treatment also impairs compartmentalization, which was not observed in auxin-induced depletion of CTCF. In line with our effort, a study of double-degron in WAPL and CTCF found changes in segregation between A and B compartments and results in chromatin fountains similar to our observations[34].  This leads us to hypothesize that CBL0137 not only disrupts CTCF, but increases cohesin processivity in loop extrusion.  Future work will be needed to determine what other proteins CBL0137 might impact that would create this alteration in cohesin activity. Others have seen similar results in WAPL knockout with altered compartmentalization and loss of lamina-associated tethering[37]. Thus, future work will need to evaluate WAPL dissociation and chromatin domain detachment from the nuclear lamina after CBL0137 treatment.
[bookmark: _Hlk210693846]In summary, our study has shown that CBL0137 treatment impairs cell proliferation, induces DNA damage, and causes 3D genome reorganization with dissociation of CTCF in both cancerous and non-cancerous cells. The long-term effects of this drug on healthy cells will need to be a consideration in therapeutic uses of this potential cancer drug.  Additionally, the multiscale effects of this DNA intercalator on chromatin organization processes provide an opportunity for future studies to reveal how the local bending of DNA plays a role in genome organization.
[bookmark: _Toc211461805]Materials and Methods
[bookmark: _Toc211461806]Cell culture and treatments
HT1080 (RRID:CVCL_0317) and BJ-5ta (RRID:CVCL_6573) cells were purchased from ATCC (CCL-121) and ATCC (CRL-4001). BJ-5ta-ER-AsiSI cell line was kindly provided by Fabrizio d'Adda di Fagagna (Istituto Fondazione di Oncologia Molecolare ETS). HT1080 cells were cultured in complete Dulbecco’s Modified Eagle’s Medium (Corning; 10% FBS, 1% Pen-Strep, 1% L-glutamine) at 37°C supplied with 5% CO2. BJ-5ta cells were cultured in a complete medium (4:1 mixture of Dulbecco’s Modified Eagle’s Medium (Corning) and Medium 199 (Gibco), supplemented with 10% FBS, 1% Pen-Strep, 1% L-glutamine and 0.01 mg/ml hygromycin B) at 37°C supplied with 5% CO2. BJ-5ta-ER-AsiSI cells were cultured in a complete medium (4:1 mixture of DMEM and M199, supplemented with 10% FBS, 1% Pen-Strep, 1% L-glutamine, 0.01 mg/ml hygromycin B and 1 µg/mL puromycin) at 37°C supplied with 5% CO2. Cells were verified to be negative for mycoplasma. CBL0137 was purchased from Selleck Chemicals (S8483), dissolved in dimethyl sulfoxide (4-X, ATCC) and stored at -80°C with a stock concentration of 5 mM. 
[bookmark: _Toc211461807]MTS assay
Cell viability was determined using the CellTiter 96 Aqueous One Solution Cell Proliferation Assay System (Promega) with novel tetrazolium compound [3-(4,5-dimethylthiazol-2-yl)-5-(3-carboxymethoxyphenyl)-2-(4-sulfophenyl)-2H-tetrazolium, inner salt; MTS]. HT1080 and BJ-5ta cells were seeded in 96-well plates, at an initial density of 25,000 cells per 1 ml of medium, 24 h before CBL0137 treatments. Cells were incubated with 3 µM CBL0137 for 6 h; cells with no CBL0137 (DMSO only) were included for the negative control. The cells were further cultured for 0 h and 24 h after replacing medium. 20µL MTS reagent was added into each well and incubated at 37°C with humidified 5% CO2 for 2 h. Absorbance at 490 nm was measured using a microplate reader (BioTek 800 TS, Agilent).
[bookmark: _Toc211461808]Immunofluorescence staining
HT1080 and BJ-5ta cells were seeded on Poly-D-Lysine coated 35 mm dishes with No. 1.5 glass coverslips (MatTek) at least 24 h prior to 3 µM CBL0137 treatment and X-ray exposure. At specific timepoints, cells were fixed in 4% formaldehyde for 20 minutes at room temperature and washed three times with PBS for 5 minutes each. Cells were permeabilized and blocked in blocking buffer (10% goat serum, 0.5% triton in PBS) for 1h at room temperature, following which the primary antibody γ-H2AX (RRID:AB_2799949, Cell Signaling Technology, CST-80312, 1:250), CTCF (RRID:AB_11144295, Abcam Cat# ab128873, 1:1000) was diluted into antibody dilution buffer (5% goat serum, 0.25% triton in PBS) and incubated overnight at 4°C. Cells were washed in PBS for 5 minutes three times and incubated in secondary antibody buffer (Alexa fluor 488 goat antibody anti-mouse, RRID:AB_2556548, Invitrogen, R37120) for 30 minutes at room temperature in the dark. Cells were then washed with PBS for 5 minutes three times and incubated in DAPI (1:1000, Thermo Scientific, 62248) for 15 minutes at room temperature. Coverslips were removed and put on slides with Fluoromount-G (SouthernBiotech, 0100-01). Samples were stored at 4°C overnight and imaged using a Leica SP8 confocal microscope equipped with a 63x oil immersion objective.
[bookmark: _Toc211461809]Image analysis
Nuclear area was quantified using DAPI signal by delineating the nuclear region of interest (ROI) in Image J. Nuclei located at the image edges were excluded from analysis.
γ-H2AX fluorescence was quantified by measuring the mean fluorescence intensity within the nucleus and normalizing it to the nuclear area in ImageJ. The data was collected from 5 images in each condition. An unpaired Student’s t-test was used to determine statistical significance for all nucleus quantification.
The colocalization analysis between DAPI and CTCF immunofluorescence signal was performed with Coloc 2 plugin in Fiji. Briefly, images were imported into the Fiji and split into two fluorescence channels, DAPI (blue) and CTCF (green). With the identification of nucleus by ROI, the colocalization of fluorescence-intensities of DAPI and CTCF was evaluated by the Coloc 2 plugin. Pearson’ R value (no threshold) was measured inside the nucleus and used for quantitative analysis. Nuclei located at the image edges were excluded from analysis.
[bookmark: _Toc211461810]Hi-C
HT1080, BJ-5ta, and BJ-5ta-ER-AsiSI cells (~10 million per reaction) were treated with 3 µM CBL0137 for 6 h, respectively. HT1080 cells were fixed with 1% formaldehyde for 10 minutes. Crosslinked cells were then suspended in lysis buffer for cell membrane permeabilization and homogenization. BJ-5ta and BJ-5ta-ER-AsiSI cells were fixed with 1% formaldehyde for 10 minutes and collected nuclei. Hi-C experiments were performed using Arima-HiC Kit (Arima Genomics, A510008) following the protocol for Mammalian Cell Lines (A160134 v01) and preparing the libraries using NEBNext Ultra II DNA Library Prep Kit (A160141 v01). Sequencing was carried out at GENEWIZ from Azenta Life Sciences for the next-generation sequencing using Illumina NovaSeq platform and 150 bp paired-end reads.
[bookmark: _Toc211461811]CUT&RUN
BJ-5ta cells were treated with 3 µM CBL0137 for 6 h and collected (~0.5 million cells per reaction). CUT&RUN experiments were performed using ChIC / CUT&RUN Kit (EpiCypher, 14-1048) following the protocol (User Manual Version 5.1). Briefly, cells were isolated and lysed with lysis buffer (50 mM Tris-HCl, pH 7.5, 150 mM NaCl, 5 mM EDTA, pH 8.0, 0.5% NP-40, 1% Triton, 1% Protease Inhibitors (100x)) to collect cell nuclei. Washed nuclei were resuspended in Wash Buffer (Pre-Wash Buffer, Protease Inhibitors (100x), 1 M Spermidine, 1% BSA, 1% Tween 20) incubated with activated ConA beads for 10 minutes at RT. Sample slurry were collected by magnet and resuspended in Antibody Buffer (Cell Permeabilization Buffer, 0.5 M EDTA) and checked cell permeabilization by Trypan Blue staining. Samples were incubated with 0.5 µg primary antibody (CTCF, EpiCypher, 13-2014) overnight at 4 °C. For control reactions, IgG (13-0042k) and H3K27me3 (13-0055k) were added, respectively. Samples were incubated in Cell Permeabilization Buffer (Wash Buffer, 5% Digitonin) with pAG-MNase for 10 minutes at RT. Solubilized chromatin was released using Stop Master Mix (Stop Buffer, 0.25 ng E. coli Spike-in DNA) and collected using PCR & DNA Cleanup Kit (New England Biolabs, T1130S). 
Library preparation was performed using CUT&RUN Library Prep Kit (14-1001) following the protocol (User Manual Version 1.5). Briefly, to polish DNA ends and add dA-Tailing, 5 ng CUT&RUN DNA was mixed with End Repair Master Mix (End Prep Buffer, End Prep Enzyme) and incubated as follows: 20 °C for 20 minutes, 65 °C for 30 minutes. CUT&RUN DNA was ligated with Adaptor for Illumina, followed by U-excision to enable PCR amplification. Dual barcodes (i5 and i7 indexing primers) were used during PCR to create libraries. To better preserve short DNA fragments (CTCF binding sites), we modified the protocol of CUT&RUN Library Prep. Briefly, dA-Tailing temperature was decreased to 50 °C for 1 h to avoid short DNA melting and compensate for lower enzymatic activity. After adaptor ligation, 1.75 x volume of SPRIselect beads was used to recover more short fragments. After 12 cycles of PCR amplification, the reaction was cleaned up with 1.2x volume of SPRIselect beads. Sequencing was carried out at GENEWIZ from Azenta Life Sciences for the next-generation sequencing using Illumina NovaSeq platform and 150 bp paired-end reads.
[bookmark: _Toc211461812]Hi-C data analysis
Hi-C reads were aligned on human reference genome GRCh37(hg19) and processed with HiC-Pro pipeline using default settings (https://github.com/nservant/HiC-Pro). Hi-C count matrices were generated in multiple resolutions (20 kb, 40 kb, 100 kb, 250 kb and 2500 kb) and scaled down to 1 million interactions to allow comparisons between conditions in downstream analysis and plotting. For replication information, library quality and mapping statistics, see Table V.1.
Hi-C reproducibility assessment
A spearman correlation-based metric was used to assess reproducibility across all Hi-C datasets. Briefly, genome-wide interaction counts were binned at 40 kb. Correlations between each sample were calculated and represented in the matrix map. Due to the limitation of data resolution in chromosome Y in HT1080-R2, the data from chromosome Y in both HT1080-R1 and HT1080-R2 was excluded in this analysis.
To evaluate the consistence of Hi-C datasets between conditions in two replicates, topologically associated domain (TAD) boundaries were used across the entire genome to identify the alteration of boundary strength (InsulationScore) after CBL0137 treatment in both replicates (R1 and R2). A scatter plot with a regression line was represented.
Hi-C contact heatmaps and distance decay plots
Hi-C heatmaps were generated using the cworld-dekker pipeline available on GitHub (https://github.com/dekkerlab/cworld-dekker). To build the Hi-C contact heatmaps, compareMatrices.pl and heatmap.pl were used to create chromosome-level heatmaps on 2500 kb binned matrices, compartment-level heatmaps on 250 kb binned matrices, and TAD-level heatmaps on 20 kb binned matrices. 
Using 100 kb .mcool files with the cooltools pipelines for expected & contacts-vs-distance[62], we calculated the average contact frequency, P(s), at a given genomic distance (100 kb – 100 Mb) and plotted the smoothed and averaged P(s) curve representing contact probability decay vs. genomic distance for the whole genome.
Compartment analysis and saddle plots
Compartment analysis was performed by using matrix2compartment.pl in the cworld-dekker pipeline. The first eigenvector (PC1) of principal component analysis (PCA) was calculated to determine A or B compartments on 250 kb binned matrices. Stable compartments represent these 250 kb bins remaining positive or negative PC1 values after CBL0137 treatment. Compartment switches are defined as the alteration of PC1 value in the following cases after CBL0137 treatment, PC1 values go from positive to negative (A to B) or negative to positive (B to A).
Saddle plots for cis interactions were generated by using cooltools pipelines for Saddleplots. The ranked 100 kb PC1 values for each Hi-C dataset were binned into 40 equal quantiles.
TAD boundary and insulation analysis
TAD boundaries and InsulationScore were called using Hi-C matrices at 40-kb resolution with matrix2insulation.pl in the cworld-dekker pipeline. 
[bookmark: _Toc211461813]CUT&RUN data analysis
CUT&RUN reads were mapped on human reference genome GRCh37(hg19) and processed into counts per bin with pipeline CUT&RUNTools2.0[63]. Peak calling was performed with MACS3[64].
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[bookmark: _Toc211461815]APPENDIX

[bookmark: _Toc211462135]Figure V.1. Subtle effect of cell proliferation and DNA damage response in fibroblasts after CBL0137 treatment. 
a. HT1080 and BJ-5ta cells were treated with CBL0137 (3 µM) for 6 h. Cell viability was assessed using MTS assay (n = 3). Relative cell viability indicated the level of cell metabolic activity measured in each sample and was normalized to the value of no treatment (DMSO) well. Paired Student’s t test was used (** for p ≤ 0.01). b. Effect of CBL0137 on nuclear size was assessed with 4’,6-diamindino-2-phenylindole (DAPI)-stained HT1080 and BJ-5ta nucleus (n > 160), imaged by confocal microscope. Unpaired Student’s t test was used (** for p ≤ 0.01) c. Immunofluorescent visualization and quantification of γ-H2AX foci in HT1080 and BJ-5ta cells. Cells were stained with γ-H2AX (green) and DAPI (blue) after CBL0137 treatment (3 µM) for 6 h. Scale bar: 20 µm. Data represented the mean intensity of γ-H2AX signal per nucleus area, mean ± SEM (n > 140). Unpaired Student’s t test was used (**** for p ≤ 0.0001).
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[bookmark: _Toc211462136]Figure V.2. CBL0137 alters the distribution of CTCF and reorganizes the 3D genome organization in fibrosarcoma and fibroblasts. 
a, b. Immunofluorescent visualization (a) and colocalization analysis (b) of DAPI and CTCF foci in HT1080 and BJ-5ta cells. Cells were stained with CTCF (green) and DAPI (blue) after CBL0137 treatment (3 µM) for 6 h. Zoom-in detailed view of dashed box area shows in the right panel. Scale bar: 20 µm. Data represented the value of Pearson correlation coefficient (R) per nucleus (n > 100). Unpaired Student’s t test was used (**** for p ≤ 0.0001). c, e. Genome-wide contact heatmap for HT1080 (c) and BJ-5ta (e) cells DMSO (lower left) or CBL0137 (upper right) in 2.5 Mb bins. d, f. log2(CBL0137/DMSO) contact heatmap for HT1080 (d) and BJ-5ta (f) cells in 2.5 Mb bins. Insets reveal increasing interactions between chromosomes and in telomere-telomere interactions on chromosomes 1 and 2. g, h. Scaling plots representing average decay of contacts with distance across all chromosomes at a 100 kb bin size in HT1080 (g) or BJ-5ta (h) cells for DMSO and CBL0137 treatment in both replicates.
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[bookmark: _Toc211462137]Figure V.3. CBL0137 diminishes compartmentalization. 
a. 250kb binned Hi-C contact heatmaps of chr1 (chr1:150,000,000–200,000,000) for HT1080 and BJ-5ta cells following DMSO (lower left) and CBL0137 (upper right) treatment. b, c. Saddle plots representing chromatin compartmentalization in Hi-C replicate 1 in the treatment of CBL0137 in the HT1080 (b) and BJ-5ta (c) cells. The first eigenvector from each library was used to rank 100 kb genomic bins into equal quantiles. The average interaction frequency between these ranked bins was normalized to the expected interactions and used to build the saddle plot. Quantification of the preferential A-A, B-B, A-B, and B-A interactions for the top 20% of the strongest A and B loci are indicated within white-dash box at corners. d. Bar plot representing compartmentalization strength of each replicate in HT1080 and BJ-5ta cells.

























[image: ]
[bookmark: _Toc211462138]Figure V.4. CBL0137 reduces TAD boundary strength in fibrosarcoma and fibroblasts. 
a, c. Hi-C contact heatmap for chromosome 1: 50,000,000 – 56, 000,000 region in HT1080 (a) and BJ-5ta (c) cells DMSO (lower left) or CBL0137 (upper right) in 20 kb bins. Insets reveal the formation of ‘Fountains’ after CBL0137 treatment in BJ-5ta cells. b, d. log2(CBL0137/DMSO) contact heatmap for HT1080 (b) and BJ-5ta (d) cells in 20 kb bins at the same genomic regions as indicated in (a) and (c). e, f. InsulationScore profiles showing the flatter dip in CBL0137 (dotted) vs. DMSO (solid) at TAD boundary in HT1080 (e) and BJ-5ta (f) cells at the same genomic regions as indicated in (a) and (c). g, h. Aggregate contact maps (40 kb bins) at TAD boundaries called by the InsulationScore method in HT1080 (g) and BJ-5ta (h) cells: DMSO (left), log2(CBL0137/DMSO) (right). i. TAD boundary strength boxplots calculated by the InsulationScore in HT1080 and BJ-5ta cells in both replicates.
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[bookmark: _Toc211462139]Figure V.5. CBL0137 impacted global CTCF occupancy. 
a, b. Top, Hi-C contact matrix of a region of chromosome 3 in HT1080 (a) and BJ-5ta (b) cells with or without CBL0137 treatment. Below, insulation scores and CTCF tracks show at the selective window. c. Tornado plots representing the 3 clusters of CTCF peaks (stable, gained, lost) after CBL0137 treatment in HT1080 (left) and BJ-5ta (right) cells. d. Pie chart representing the number of CTCF peaks in each category in HT1080 (left) and BJ-5ta (right) cells.
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[bookmark: _Toc211462140]Figure V.6. Evident effect of cell proliferation and DNA damage response in fibrosarcoma and fibroblasts 24 h post-treatment. 
a. HT1080 and BJ-5ta cells were treated with CBL0137 (3 µM) for 6 h prior to 24 h incubation. Cell viability was assessed using MTS assay (n = 3) at 24 h post-treatment. Relative cell viability indicated the level of cell metabolic activity measured in each sample and was normalized to the value of no treatment (DMSO) well. Paired Student’s t test was used (*** for p ≤ 0.001 and **** for p ≤ 0.0001). b. Immunofluorescent visualization and quantification of γ-H2AX foci in HT1080 and BJ-5ta cells. Cells were stained with γ-H2AX (green) and DAPI (blue) at 24 h post-treatment. Scale bar: 20 µm. Data represented the mean intensity of γ-H2AX signal per nucleus area, mean ± SEM (n > 41). Unpaired Student’s t test was used (**** for p ≤ 0.0001).
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[bookmark: _Toc211462141]Figure V.7. Correlation analysis between replicated Hi-C samples.
a. Reproducibility correlation plot across all Hi-C datasets in HT1080 and BJ-5ta cells. b. Scatterplots representing the correlations of delta insulation score (CBL0137-DMSO) between replicated Hi-C samples in HT1080 (left) and BJ-5ta cells (right).
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[bookmark: _Toc211462142]Figure V.8. The alteration of 3D genome architecture after CBL0137 treatment in fibrosarcoma and fibroblasts in a separate biological replicate. 
a. c. Genome-wide contact heatmap for HT1080 (a) and BJ-5ta (c) cells DMSO (lower left) or CBL0137 (upper right) in 2.5 Mb bins. b, d. log2(CBL0137/DMSO) contact heatmap for HT1080 (b) and BJ-5ta (d) cells in 2.5 Mb bins. Insets reveal increasing interactions between chromosomes and in telomere-telomere interactions on chromosomes 1 and 2.










[bookmark: _Toc211462143]Figure V.9. Compartments switches occurring after CBL0137 treatment in fibrosarcoma and fibroblasts. 
a. 250 kb binned compartment tracks of chr18 between DMSO (top) and CBL0137 (bottom) treatment for both HT1080 (left) and BJ-5ta cells (right). Green boxes outline compartment regions which are switched from B to A after CBL0137 treatment. Yellow boxes outline compartment regions which are switched from A to B after CBL0137 treatment. b. Genomic regions divided by stable (86.2%) and switching (13.8%) A/B compartment in HT1080 cells replicate 1. Regions switching A/B compartment divided by types of transitions, A to B (52.5%) and B to A (47.5%). c. Genomic regions divided by stable (94.2%) and switching (5.8%) A/B compartment in BJ-5ta cells replicate 1. Regions switching A/B compartment divided by types of transitions, A to B (32.2%) and B to A (67.8%). d. Genomic regions divided by stable (85.2%) and switching (14.8%) A/B compartment in HT1080 cells replicate 2. Regions switching A/B compartment divided by types of transitions, A to B (50%) and B to A (50%). e. Genomic regions divided by stable (93.2%) and switching (6.8%) A/B compartment in BJ-5ta cells replicate 2. Regions switching A/B compartment divided by types of transitions, A to B (29.9%) and B to A (70.1%).
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[bookmark: _Toc211462144]Figure V.10. CBL0137 induces merged and enlarged TAD structures. 
a, c. Hi-C contact heatmap for chromosome 5: 118,500,000 – 126,000,000 region in HT1080 (a) and BJ-5ta (c) cells DMSO (lower left) or CBL0137 (upper right) in 20 kb bins. Insets reveal the formation of ‘Fountains’ after CBL0137 treatment in HT1080 cells. b, d. log2(CBL0137/DMSO) contact heatmap for HT1080 (b) and BJ-5ta (d) cells in 20 kb bins at the same genomic regions as indicated in (a) and (c).
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[bookmark: _Toc211462145]Figure V.11. CTCF-mediated loop extrusion after CBL0137 treatment. 
a, b. Hi-C contact matrix of a region of chromosome 3 in HT1080 (a) and BJ-5ta (b) cells with or without CBL0137 treatment (top). Insulation scores and CTCF tracks show at the selective window (bottom) in another example (example no.1 shown in Figure 5a, b). c, d. Pileup plots representing the averaged local Hi-C at classified CTCF sites, stable, lost and gained in HT1080 (c) and BJ-5ta (d) with or without CBL0137 treatment.
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[bookmark: _Toc211462327]Table V.1. Mapping statistics for Hi-C samples.

	Cell Line
	Condition
	Replicate
	Total Raw Reads
	Both Sides Mapped

	HT1080
	DMSO
	R1
	726506237
	451758040

	HT1080
	CBL0137
	R1
	805859269
	495205061

	HT1080
	DMSO
	R2
	239538955
	44969663

	HT1080
	CBL0137
	R2
	254249005
	44595290

	BJ-5ta
	DMSO
	R1
	892141061
	526633311

	BJ-5ta
	CBL0137
	R1
	1090525288
	612619703

	BJ-5ta
	DMSO
	R2
	844333776
	475652697

	BJ-5ta
	CBL0137
	R2
	837055475
	499526663



	Cell Line
	%Side1 Mapped
	%Side2 Mapped
	Low Qual %
	%Both Sides Mapped
	%Dangling Ends

	HT1080
	90.71
	92.31
	24.717
	62.18
	2.8

	HT1080
	90.32
	91.77
	25.032
	61.45
	3.56

	HT1080
	53.6
	48.31
	7.7
	18.77
	16.5

	HT1080
	50.04
	45.26
	7.001
	17.54
	29.39

	BJ-5ta
	87.71
	90.01
	23.61
	59.03
	2.85

	BJ-5ta
	84.85
	88.8
	23.835
	56.18
	3.99

	BJ-5ta
	85.15
	89.14
	24.199
	56.33
	5.64

	BJ-5ta
	87.5
	91.34
	23.947
	59.68
	4.03



	Cell Line
	Valid Pairs
	Unique Valid Pairs
	%Cis
	%Cis >20 kb

	HT1080
	432053895
	344499606
	83.53
	61.62

	HT1080
	469861731
	368129864
	75.6
	64.37

	HT1080
	35497221
	25524590
	76.03
	65.02

	HT1080
	28359829
	19616734
	73.44
	63.68

	BJ-5ta
	500831838
	361263645
	72.51
	58.63

	BJ-5ta
	575026298
	423458093
	66.01
	59.4

	BJ-5ta
	436203105
	335986306
	78.06
	61.93

	BJ-5ta
	470137719
	354106095
	73.88
	66.16
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Exploring the mechanism and function of 3D genome architecture changes after irradiation





























This work on this chapter is currently unpublished and will require further data analysis before publication.
Contribution: Heng Li designed the study, performed experiments, created the figures, and wrote the parts currently completed for this manuscript.
[bookmark: _Toc211461817]Abstract
Our previous study has characterized the changes in 3D genome organization after 5 Gy irradiation. One of the critical modification is TAD boundary strengthening. To understand the potential mechanisms of the increased segregation of TADs, we examined the expression level of two chromatin structural proteins, CTCF and cohesin. We found an evident enhancement of SMC1A expression in both BJ-5ta and GM12878 cells following 5 Gy irradiation. To study the function of the high expression of cohesin, we performed the data analysis with Hi-C and SCC1 ChIP-seq in the AsiSI-induced DNA damage model. We identified the enrichment of SCC1 at transcription start sites of DDR genes, indicating the presence of a mechanism to activate the DDR gene expression after DNA damage.














[bookmark: _Toc211461818]Introduction
[bookmark: _heading=h.xdzuhnu4zjo1]Our study has focused on how 3D contact patterns are protected or disrupted by DNA damage. Previous work from our lab has revealed that different cell types show differential changes in 3D genome interaction after X-ray irradiation. And TAD boundaries were in fact strengthened at 24 h after 5 Gy X-ray irradiation. This increased domain segregation requires a functional ATM protein, a key player in DNA damage response. ATM plays a role as an upstream mediator of a kinase cascade that integrates the detection of DNA damage to cell-cycle regulation, DNA repair, and apoptosis[1]. In response to DNA DSBs, ATM phosphorylates several downstream molecules including proteins such as SMC1A, Nbs1, Chk2, and p53[2]. CTCF and cohesin have been proved to be key players in both genome architecture and DNA damage response, which we hypothesize may lead to TAD border strengthening after IR. CTCF is recruited to chromatin in response to ATM signaling, and the depletion of CTCF increases genome instability[3, 4]. Cohesin, a target of ATM, is important to DNA damage response[5, 6]. As we mentioned before, CTCF and cohesin participate in the formation of TADs by loop extrusion. I hypothesize that CTCF and cohesin can be more recruited to sites of DNA damage and adjoining TAD boundaries thus bring regions within TADs together more frequently as they extrude loops[7].
[bookmark: _Toc211461819]Results
[bookmark: _Toc211461820]Examine the expression level of chromatin structural proteins
To determine whether the strengthening of TAD boundaries corresponds to the increase in the expression of chromatin structural proteins, I measured changes of CTCF and cohesin on the protein level.  Western blot was performed immediately before IR exposure and at 30 min and 24 h after exposure (5 Gy X-rays) in fibroblast and white blood cells, looking specifically at the chromatin bound fraction. (Figure VI.1a-b). The expression of SMC1A, a subunit of cohesin, significantly increases at 30 min and 24 h post IR in both cell lines. It is consistent with studies that SCC1 was extremely enriched around DSB sites and also accumulated on the global chromosome[8]. However, the expression of CTCF, SA-1, and SA-2 is not consistent in both cell lines, suggesting that redistribution of CTCF and cohesin along the chromosome after irradiation, not just absolute increases in protein levels, can explain the TAD boundary strengthening as well. Meanwhile, I observed inconsistent results on the change of CTCF protein level in different replicates in BJ-5ta cells. While trying to explain what factors might lead to such inconsistency, we noted a Previous study which showed that CTCF can be phosphorylated by LATS kinases under glucose deprivation, which impairs its DNA binding activity is impaired at certain location[9]. Therefore, I asked whether the lower amounts of CTCF detected in certain replicates could be caused by inadvertent cell starvation. Glucose transporter 1 (Glut 1) was used to estimate the glucose uptake capability and the expression of Glut 1 is negatively correlated with the concentration of glucose in the environment (Figure VI.1c)[10]. I investigated the expression level of Glut 1 in the samples cultured without a change in the culture medium or in cells cultured in non-glucose culture medium. The expression of Glut 1 was significantly decreased in both tested groups compared to control (Figure VI.1d). We further proved that CTCF protein level was decreased in both tested groups compared to control (Figure VI.1e). This demonstrated that differences in cell culture conditions, such as growing cells for a longer period of time before the irradiation experiment, could result in nutrient deprivation and CTCF level alterations that confound the measurement of CTCF increase.
Overall, we concluded that CTCF and cohesin levels on chromatin increased after X-ray irradiation, and this could play a role in TAD boundary strengthening.
[bookmark: _Toc211461821]Function of TAD boundary strengthening
To interrogate the potential function of TAD boundary strengthening, I hypothesized that TAD boundary strengthening occurs next to the DSBs, but X-ray is considered to induce DSB stochastically throughout the genome and the location of these DSBs is not consistent across the cell population. To better elucidate the existence of TAD boundary strengthening and identify the location of DSBs, I analyzed the Hi-C data from cell where the DSBs are induced via AsiSI (DIvA) system. In this system, the AsiSI enzyme is stably introduced into the U2OS cells and can be induced to cleave endogenous recognition sites (~100 DSBs) in the human genome. To determine how AsiSI-induced DNA damage affects genome organization, I collected and analyzed previously published Hi-C data and ChIP-seq data from both undamaged and damaged conditions[8]. I found that DNA damage caused a decrease in spatial interactions at short distance, which is in line with our Hi-C from X-ray-induced DNA damage sample, but I didn’t observe a loss of interactions between chromosome arms (Figure VI.2a). To determine whether TADs are affected after AsiSI-induced DNA damage, I identified TAD boundaries and calculated the boundary strength for each boundary using the InsulationScore method and observed an increase in boundary strength in the damaged condition (Figure VI.2b). To visualize the alterations in contacts around TAD boundaries, I plotted the average interaction profile around TAD boundaries called by InsulationScore method and observed a decrease in interactions across TAD boundaries and an increase in interaction within TADs after DNA damage (Figure VI.2c). To assess whether boundary strength is increasing adjacent to damaged sites, I performed TAD boundary strength analysis on selected 80 DSBs which were confirmed by γ-H2AX ChIP-seq and the BLESS Assay, but there is no significant difference whether the TAD border is adjacent to a DSB or not (Figure VI.2d). Since the boundary strengthening also involves an enhancement of interaction within TADs, I hypothesized that TAD boundary strengthening occurs next to the DNA damage and repair (DDR) genes, in turn contributing to the enhancer-promoter interaction and expression of those genes. I selected all the genes (525) that are either in DNA damage and response or DNA repair categories from Gene Ontology Resource and analyzed the TAD boundary strength near the DDR genes. I found that there is a significant difference in boundary strengthening between the TAD borders which are and are not adjacent to DDR genes (Figure VI.2e). To further confirm the improvement of TAD boundary strength next to DDR genes, I utilized the SCC1 ChIP-seq and profiled the enrichment of SCC1 at the TAD borders adjacent to DDR genes in both undamaged and damaged conditions. I observed an evidently sharp enrichment of SCC1 at the transcription start sites of DDR genes after DSB induction, and a less enrichment of SCC1 at the transcription start sites of random gene set, indicating an enrichment of SCC1 at DDR genes after DNA damage (Figure VI.2f).
[bookmark: _Toc211461822]Local interactions around DDR genes after DSB induction
To further investigate the interactions, especially enhancer-promoter interactions, around DDR genes, I created virtual 4C plot from Hi-C data with the promoter regions as a viewpoint for the genomic regions displayed. I observed a strong interaction between promoter and itself or enhancer regions within the same TAD, but less interaction across TAD boundaries indicating that the regulation of DDR gene expression was affected by the change of 3D genome structure (Figure VI.3a-b).
[bookmark: _Toc211461823]Changes of DDR gene expression after AsiSI induced DSBs 
Since increasing enhancer-promoter interaction generally correlates with gene expression, we next investigated differences in gene expression in cells that have induced DSBs. We performed RNA-Seq on both undamaged and damaged cells and identified 895 genes that were differentially expressed in damaged cells relative to control. These differential genes are enriched in pathways related to cellular response to DNA damage stimulus and cellular response to stress (Figure VI.4a-b). Otherwise, most DDR genes with an FDR adjusted p-value less than 0.05 are upregulated in damaged condition (Figure VI.4c) and SCC1 enriches more at the TSS of upregulated genes compared to downregulated genes and non-differential expressed genes (Figure VI.4d).
[bookmark: _Toc211461824]Discussion
Our study provides significant insight into the role of chromatin structural proteins, CTCF and cohesin, in the modification of 3D genome organization after 5 Gy irradiation. By measuring the expression levels of these proteins and their accumulation across the genome, we have reported the potential mechanisms that contribute to the segregation of TAD structures under radiation-induced DNA damage.
Our observations on increasing expression of SMC1A at 30 min and 24 h post-irradiation are consistent with previous findings that cohesin accumulates at DSB sites, indicating that cohesin plays an evident role after X-ray. To elucidate whether the TAD boundary strengthening is genome-wide or occurs adjacent to DSBs, we used U2OS-ER-AsiSI cell model, which can be activated with 4OHT to induce sequence-specific DSBs. Our analysis on published Hi-C data has revealed the similar TAD boundary strengthening as observed following 5 Gy irradiation, which suggests that TAD boundary strengthening is a general phenomenon after both in radiation-induced and restriction-induced DNA damage. Further analysis has shown that TAD boundary strengthening preferred to be observed adjacent to DNA damage and response genes instead of robust DSB sites, indicating that boundary strengthening serves a functional role in facilitating the expression of genes involved in DNA repair and cellular stress responses. The enrichment of cohesin at gene start sites of DDR genes has further supported the role of cohesin in mediating the interaction between enhancers and promoters, which in turn contributes to the upregulation of DDR gene expression shown in our RNA-seq data.
Our work has reported the potential mechanisms of TAD boundary strengthening after DNA damage in U2S-ER-AsiSI cells, but further investigation is needed to examine the enrichment of TAD boundary strengthening and cohesin around DDR genes after irradiation. Although TAD boundary strengthening is observed adjacent to DDR genes, whether other genes within the same TAD structures contribute to the segregation should be clarified. And the causative correlation between chromatin structural proteins and TAD boundary strengthening needs to be determined by knockout and overexpression of these genes.
[bookmark: _Toc211461825]Materials and Methods
[bookmark: _Toc211461826]Cell culture
Fibroblast (BJ-5ta) and Lymphoblastoid (GM12878) cell lines were used. Detailed information can be found in CHAPTER IV.
[bookmark: _Toc211461827]X-ray irradiation
Cells were irradiated with 5 Gy X-rays using a RadSource RS-2000 Biological Irradiator. Cells were collected at 30 min or 24 h post-irradiation.
[bookmark: _Toc211461828]Western blot
Cells were collected by centrifugation (1000 rpm, 5 min, room temperature) and resuspended in RIPA buffer supplemented with protease inhibitors and phosphatase inhibitors at indicated timepoints. Cells were lysed with the cytoplasm extraction buffer, nuclear lysis buffer and nuclear extraction buffer to extract cytoplasmic proteins soluble nuclear proteins, and insoluble nuclear proteins following the protocol (Nuclear Extraction Kit, ab219117). Following the lab protocol, denatured protein samples were loaded in a 4-12% Bis-Tris Plus gels (Invitrogen, NW04120BOX) and then transferred to PVDF membranes using the mini Bolt blotting System (Invitrogen, B1000). Membranes were blocked with blocking buffer and incubated overnight at 4 °C with antibodies: SMC1A (Abcam, 1:1000, Rabbit monoclonal, ab81306), SA-1 (Abcam, 1:2000, Goat monoclonal ab4457), SA-2 (Invitrogen, 1:1000, Rabbit monoclonal, 702499), CTCF (Abcam, 1:1000, Rabbit monoclonal, ab188408), γ-H2AX (Abcam, 1:1000, Mouse monoclonal, ab26350) and H3 (Abcam, 1:8000, Rabbit monoclonal, ab1791). H3 was used as a loading control. Detection was performed using the following secondary antibodies: goat anti-rabbit (1:10,000; IRDye 680RD; Licor), goat anti-mouse (1:10,000; IRDye 800CW; Licor) and donkey anti-goat (1:10,000; IRDye 800CW; Licor). Membranes were incubated in secondary antibody for 1 h at RT and scanned by using an Odyssey scanner (Licor) in both the red and green channels. Signal was quantitated using the Image Studio software (Licor).
[bookmark: _Toc211461829]Hi-C analysis
Data analysis can be found in CHAPTER IV.
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[bookmark: _Toc211462146]Figure VI.1. The expression of CTCF and cohesin after 5 Gy irradiation. 
a. Western blot analyses for loading control (H3), CTCF and subunits of cohesin. b. Quantification of western blot results. c. Quantification of Glut 1 expression normalized by ACTB with different glucose concentrations. d. Quantification of Glut 1 expression normalized by ACTB within different conditions. e. Quantification of CTCF protein expressions within different conditions.
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[bookmark: _Toc211462147]Figure VI.2. Data analysis in AsiSI-induced DNA damage model. 
a. log2(+DSB/-DSB) U2OS contact heatmap in 2.5 Mb bins. Inset reveals decreasing interactions across the genome in chromosomes 1 and 2. b. The change in strength for each TAD boundary after DSB induction was calculated by InsulationScore in two replicates. c. log2(+DSB/-DSB) heatmap of InsulationScore called TAD boundaries across the genome in U2OS cells. d. The change in strength for each TAD boundary adjacent to strong DSBs and the rest after DSB induction was calculated by InsulationScore in two replicates. e. The change in strength for each TAD boundary adjacent to DDR genes and the rest after DSB induction was calculated by InsulationScore in two replicates. f. Characterization of the enrichment of SCC1 at gene start sites of DDR genes list or random genes list.
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[bookmark: _Toc211462148]Figure VI.3. Increasing interaction between promoters and enhancers at DDR genes. 
a, b. Increasing contacts between promoters and enhancers at selective DDR genes were analyzed with Virtual 4C.
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[bookmark: _Toc211462149]Figure VI.4. DNA damage induces upregulated expression of DDR genes. 
a. GO pathway analysis in differential expression genes after DNA damage induction. b. Metascape pathway analysis in differential expression genes after DNA damage induction. c. Heatmap representing expression patterns at significantly differential expression genes in three replicates (p < 0.05). d. The enrichment analysis of SCC1 at upregulated genes, downregulated genes and non-differentially expressed genes.
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Conclusion

In CHAPTER II, I reviewed the causes and implications of genomic regions undergoing 'compartment switches', as identified by Hi-C, that changes their physical associations and spatial location in the nucleus. I found about 20–30% of genomic regions change compartment during cell differentiation or cancer progression, whereas alterations in response to a stimulus within a cell type are usually much more limited. However, a change of less than 2% of genomic bins was also observed during some biological processes. Finally, this chapter reviews the effects of compartment changes on gene regulation, DNA damage repair, replication, and the physical state of the cell was summarized.
In CHAPTER IV, using END-seq, I explore the distribution of robust radiation-induced DNA breaks, which have higher frequency in the open and transcriptionally active regions, as well as the alterations of 3D genome organization at these sites in both fibroblasts and lymphoblasts. This result provides a means to assess how pre-treatment conditions influence the distribution of genomic susceptibility. Given that, in CHAPTER III, TSA was used to modulate the 3D genome organization. As a pan-Histone deacetylase inhibitor (HDACi), TSA leads to an increase in histone acetylation, chromatin decompaction. We used non-cancerous and cancerous MCF-10A and MCF-7 cells to investigate the distinction of their responses to TSA-induced radiosensitivity that stems specifically from its chromatin altering activity rather than secondary effects on cell proliferation or viability. In contrast to 5 Gy, we did observe a differential effect of TSA on cancer vs. healthy cell DNA damage induction at a lower dose of 1 Gy irradiation, where the TSA increased the resulting amount of DNA damage in cancer cells but not healthy cells. 
In CHAPTER V, I have shown that a new epigenetic drug, CBL0137 treatment impairs cell proliferation and induces DNA damage, as well as CTCF unbinding from DNA in both cancerous and non-cancerous cells. In line with the dissociation of CTCF from DNA, I observe the similarities and divergences of alteration in multiscale genome architecture.
Overall, our data provides insights into the distribution of radiation-induced DNA damage and estimates the relationship between the distribution and pre-existing 3D genome organization, indicating the potential application of cancer therapy. Our data also explores the underlying influence of anti-cancer drug, CBL0137 and how it impacts cell metabolism and 3D genome organization in non-cancerous cells.
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